
ABSTRACT 

BILLEISEN, TERRI. Adult Flight Activity of the Sugarcane Beetle (Euetheola humilis 
Burmeister) and a Novel Immunomarking Technique to Examine Feeding Behavior in 
Sugarcane Beetle Adults and Black Cutworm (Agrotis ipsilon Hufnagel) Larvae. (Under the 
direction of Rick L. Brandenburg). 

 

The sugarcane beetle, Euetheola humilis, traditionally a pest of agricultural crops, has 

become a sporadic, but serious, pest of turfgrass on golf courses, athletic fields, home lawns, 

sod farms, and in pastures. Initially confined to the southeastern United States it has, in 

recent years, spread as far north as Maryland, west into Texas, and south into Florida. Little 

is known about sugarcane beetle ecology and behavior in turfgrass, including dispersal and 

feeding behaviors and the impact of damage to turf.  

A 3-year statewide blacklight trapping study was conducted to examine adult sugarcane 

beetle flight activity, sex ratio and egg production in females. Beetles exhibited a bimodal 

flight pattern with most adults appearing in late spring-early summer (Apr-Jun) (spring 

beetles) and in the fall (Sep-Oct) (fall beetles). A regression model was developed to 

determine the impact of several environmental parameters on adult flight activity. Adult 

beetle flight activity was highest in the month of May and females and males exhibited a 

synchronous emergence. Eggs were detected in females for the entire sampling period. 

An enzyme-linked immunosorbent assay (ELISA) technique to determine the precise 

location of black cutworm larval and sugarcane beetle adult feeding on turfgrass plants was 

developed. Specific sections of the turfgrass plant were rinsed of soil and debris, coated with 

an externally-applied protein (goat IgG) and re-planted in containers to which insects were 

added.  Black cutworm larvae fed on both foliar and root turfgrass plant tissue and protein 

detection could be detected for three days following plant treatment in the laboratory, in 



greenhouse, and in field trials. Sugarcane beetle adults fed primarily on foliar tissue in the 

laboratory but additional research is needed to verify feeding behavior under field conditions. 

Insecticide trials to examine the toxicity of five different active ingredients against two 

temporally-distinct populations of sugarcane beetle adults were conducted. Application 

timing had more impact on pesticide efficacy when compared to product selection or 

application rate. Adults flying in late spring-early summer were more susceptible to 

insecticides than adults flying in the fall.  

Our research helped confirm previous ecological studies of this pest on sugarcane and 

other agronomic crops relative to life cycle, biology, and behavior, and further develops 

management approaches. Additional research concerning this insect is summarized and 

discussed relative to the current pest status of this insect and potential management strategies. 
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BIOLOGY AND MANAGEMENT OF THE SUGARCANE BEETLE 

(COLEOPTERA: SCARABAEIDAE) IN TURFGRASS 

 

Terri Billeisen and Rick L. Brandenburg 
Department of Entomology, North Carolina State University, Box 7613, Raleigh, NC 27695 
 
 
 
ABSTRACT The sugarcane beetle, Euetheola humilis, traditionally a pest of agricultural 

crops, has become a sporadic, but serious pest of turfgrass on golf courses, athletic fields, 

home lawns, sod farms, and in pastures. Initially confined to the southeastern United States it 

has, in recent years, spread as far north as Maryland, west into Texas, and south into Florida. 

Little is known about sugarcane beetle ecology and behavior in turfgrass, including dispersal 

and feeding behaviors and the impact of damage to turf. Our research helped confirm 

previous ecological studies of this pest on sugarcane and other agronomic crops relative to 

life cycle, biology, and behavior to further develop better management approaches. 

Additional research concerning this insect is summarized and discussed relative to the current 

pest status of this insect and potential management strategies. 
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A Review of the Literature 

The origin of the sugarcane beetle, Euetheola humilis (Burm.), is not known, however it is 

important to carefully review the literature as nomenclature of this beetle has changed since 

its discovery in the U.S. In 1847, the beetle was first identified by the German zoologist 

Hermann Burmeister as Heteronychus humilis from specimens collected on travels to Brazil 

and Argentina (Burmeister 1847). The first recorded observation of sugarcane beetles in the 

United States occurred in 1856, when entomologist John LeConte identified two adult beetles 

collected from a rice field in Georgia. LeConte placed the beetle in the genus, Ligyrus, 

following communications with Burmeister who indicated the beetle had originally been 

placed in the incorrect genus. LeConte also re-named the species, rugiceps, (LeConte 1856) 

and subsequent papers referred to sugarcane beetles as L. rugiceps (LeConte) (Riley 1880, 

Comstock 1881, Howard 1888, Webster 1890, Titus 1905, Sherman 1914). In 1890, Henry 

Walter Bates, a British zoologist, proposed the genus Euetheola be created for the sugarcane 

beetle, asserting that Heteronychus was a misnomer (Bates 1890, Arrow 1911) —LeConte’s 

earlier proposed genus name change of Ligyrus, published in the Proceedings of the 

Academy of Natural Sciences of Philadelphia, may not have reached the European scientific 

community. Bates, therefore, renamed the sugarcane beetle using the new genus name and 

Burmeister’s original species name, Euetheola humilis. Bates also wrote that sugarcane 

beetle specimens had been recovered by various entomologists in both Mexico and Panama 

(Bates 1890). Prior to 1990, research papers and reports on sugarcane beetles published in the 

United States used the scientific name, Eutheola rugiceps (LeConte) (Phillips and Fox 1917, 

Phillips and Fox 1924, Osterberger 1931, Baerg and Palm 1932, Ingram and Bynum 1932, 
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Lyle 1933, Ritcher 1944, Eden 1954, Scott 1956, Henderson et al. 1958, Holman 1968, 

Régnière et al. 1981, Riley 1986, White 1990), acknowledging Bates’ genus name but 

retaining LeConte’s original species name. Papers published in South America in that time, 

however, have maintained the name Eutheola humilis (Burmeister) (Hempel 1920, 

Guimaraes 1944, Abrahao 1970). Since 1990, naming has been unified with all papers using 

Euetheola humilis (Burmeister) (Forschler and Gardner 1991, Forrest et al. 1995, Sanchez 

Soto 1997, Scavo and Joly 1998, Flanders et al. 2000, Buss 2006, Bernardi et al. 2008). 

Despite inconsistent naming, variations of Euetheola (Ligyrus) humilis (rugiceps) 

(Burmeister or LeConte) all refer to the sugarcane beetle.  

Distribution and Pest Status 

Since 1856, sugarcane beetle infestations have been recorded throughout the southeastern 

United States, north into Maryland and southern Ohio, as far west as Texas, and south into 

Florida (Brandenburg and Freeman 2012) (Fig. 1). Although currently a sporadic issue in 

managed turfgrass, sugarcane beetles historically have been agricultural pests in the United 

States (Comstock 1881, Howard 1888). Also, they have been recorded as pests in buildings 

(Guimaraes 1944), rice (Hempel 1920, Ferreira 1998), and cotton (Abrahao 1970) in Brazil. 

They have also been collected in southeastern Mexico (Bates 1890, Sanchez Soto 1997), 

Panama (Bates 1890) and been found damaging rice, corn, sweet potato, and sugarcane in 

Venezuela (Scavo and Joly 1998). 

Description 

Sugarcane beetle eggs are white, shiny, and smooth (Titus 1905) and from oviposition until 

hatching, they almost double in size and triple in volume (Baerg and Palm 1932). The larvae  
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are typical, “C-shaped” white grubs with red-orange head capsules (Phillips and Fox 1917). 

The raster pattern of sugarcane beetle larvae consists of an irregular median double row of 

bristles (Baerg 1942), but can be confused with that of masked chafers (Cyclocephala spp.) 

(Fig. 2). As a result, sugarcane beetle larvae are often difficult to distinguish from other white 

grub species in the field (Watschke et al. 2013).   

Sugarcane beetle adults are dull black, approximately 15 mm (0.6 in) long and have distinct 

rows of striae extending along the length of the abdomen (Fig. 3). Adults can often be 

confused with three common beetles within the same subfamily of rhinoceros beetles 

(Dynastinae): rice beetles (Dyscinetus morator Fabricius) (Casey 1915), carrot beetles 

(Tomarus gibbosus (DeGeer) (Comstock 1881, Hayes 1917) and Tomarus subtropicus 

(Gordon and Anderson 1981). Adults of sugarcane and rice beetles are black and similar in 

size and shape. However, rice beetles have a smooth, broad head that lacks clypeal teeth and 

has a rectangular clypeus, separated from the epicranium by a distinct suture, distinct 

characteristics in sugarcane beetle adults (Phillips and Fox 1924) (Fig. 3). Rice beetle adults 

can sometimes be larger than sugarcane beetles and range from 15-19 mm. Carrot beetles 

tend to have a reddish-brown tint to the head, thorax, and elytra, and the ventral sides of the 

thorax and abdomen are covered with tiny hairs. Carrot beetles also have a median 

depression close to the anterior margin of the pronotum, in front of which is a blunt spine 

(Phillips and Fox 1924). Another species that may be mistaken for sugarcane beetle is the 

lamellicorn beetle (Diplotaxis liberta Germar). These beetles are in a different subfamily 

(Melolonthinae) but are black and similarly shaped to sugarcane beetles. Lamellicorn beetles 

tend to be smaller (~9-10 mm) than sugarcane beetles and have a smooth head that is similar  
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to the rice beetle, although the anterior edge of the head capsule curves upward towards the 

dorsal side. Larvae of D. liberta feed on coniferous seedlings (Craighead 1950); thus, adult 

catches of lamellicorn beetles in light traps are typically higher near coniferous trees. All five 

species of adult beetles are attracted to light sources at night (Forschler and Gardner 1991, 

Flanders et al. 2000, Buss 2006) so it is common to find specimens of any of these five 

species in a light trap throughout the year. Although there are other morphological traits 

unique to each beetle species, examination of the head is the easiest and most reliable method 

to differentiate adults in the field.  

Life Cycle 

Sugarcane beetles are univoltine. Although previous work suggests that females lay their 

eggs in the soil in May and June (Ingram and Bynum 1932), dissections of female beetles in 

the spring in North Carolina indicate that they contain eggs from April through October 

(T.L.B. personal observation). The eggs are white, smooth, and approximately 0.75 mm in 

diameter (Titus 1905). Eggs hatch within 8-10 days, depending on available soil moisture 

(Baerg and Palm 1932). Larvae are present in the soil June through August and the next 

generation of adults begins emergence in September. Adult activity continues throughout 

October and November. Our observations of overwintering behavior indicate that adults 

begin to burrow deeper (>10 cm) into the soil as temperatures decrease below 10°C (50°F) in 

late fall. In laboratory studies, sugarcane beetles were reared from egg to adult, incubated at 

an average of 33°C (91°F) and 80% relative humidity. The total time of development was 53 

days for an approximate total of 2,230 degree days (base threshold 18°C (65°F)) (Baerg and 
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Palm 1932). Earlier work suggests that relatively harsh winters (2-3 weeks with low 

temperatures below 0°C) (White 1990) and low soil moisture are  

conducive to sugarcane beetle development (Holman 1968, White 1990). Light trap catches 

from North Carolina are consistent with these findings and suggest that, in the southeast 

United States, harsh winters are often followed by larger sugarcane beetle populations, which 

subsequently result in higher fall adult numbers. 

Flight Behavior 

Sugarcane beetle adults exhibit significant flight behavior at two distinct times of the year: 

mid-late spring and mid-fall. Flight activity is typically at its highest level when adults 

emerge in the spring (Fig. 4). Fall flight activity is less predictable, with some years having 

moderate adult flight activity (200-500 beetles/weekly trap catch), as measured by black-light 

traps, and other years with little to no flight activity (0-80 beetles/weekly trap catch) (Murillo 

and Brandenburg 2011 unpublished data). They can also be seen walking across the turf 

surface at night throughout the spring, summer, and fall. Nighttime beetle activity is highest 

~1 h after sunset before air temperatures fall below 18°C (64°F). Adults are also frequently 

observed walking across the turf early in the morning, but subsequently burrow down into 

the soil to avoid predation and exposure to direct sunlight. Adult flight activity decreases in 

June and July and flight activity for the new generation begins in early September. Sugarcane 

beetle and carrot beetle flight behaviors seem greatly influenced by nighttime air 

temperatures (Forschler and Gardner 1991). One possible explanation is that sugarcane beetle 

adults rely on ambient air temperature to reach a threshold for wing muscle locomotion, as is 
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seen in many insects including light-brown apple moths (Danthanarayana 1976) and many 

species of aphids (Cockbain 1961).  

Damage in Turfgrass 

Sugarcane beetles have most frequently been reported as a pest of warm-season turfgrasses. 

Although corn and sugarcane were originally thought to be the primary hosts, adult 

sugarcane beetles were often recovered in pasture areas and wild fields feeding exclusively 

on Paspalum spp. grasses, and especially Juncus effuses L. As historical surveying efforts 

continued, entomologists discovered that although Paspalum spp. were preferred hosts, 

sugarcane beetles could survive for long periods of time on bermudagrass (Cynodon dactylon 

L.) when the former were not present (Phillips and Fox 1924). Due to the irregular and 

infrequent occurrence of adult beetle infestations, concern regarding sugarcane beetle issues 

waned during the latter half of the 20th century. In the past two decades, sugarcane beetle 

activity in managed turfgrass has increased in the Southeast and infestations have been 

recorded in both bermudagrass and zoysiagrass (Zoysia spp.). Sugarcane beetle preference 

for warm- and cool-season grasses has been examined and adults appear not to have a 

significant preference for either under laboratory conditions (Murillo and Brandenburg 2011 

unpublished data ). These observations indicate that the incidence of warm-season sugarcane 

beetle infestation may be a reflection of beetle distribution in the southeastern United States, 

where warm-season turfgrasses are predominant. Recently, sugarcane beetles have been 

recorded as a pest in established tall fescue in South Carolina (T.L.B., personal observation). 

Most likely, adults are initially attracted to areas with an abundant food source, and winter 

minimum temperatures restrict their northward movement.  
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Injury caused by sugarcane beetles can be seen in turfgrass as early as May and, unlike other 

white grub species, sugarcane beetles can damage turfgrass both in the larval and adult life  

stage. In June, July, and August, larvae primarily feed on decaying plant material in the soil 

(Phillips and Fox 1917) but may incidentally feed on turfgrass roots, weakening a turf stand 

when larval populations are high. April through November, adults cause direct damage to the 

turfgrass by attacking the stem of the plant at the soil surface and either cut off the stem 

completely or sever it so that the plant wilts and dies (Phillips and Fox 1924). Over the 

course of a few weeks, adults can consume large portions of above-ground plant material 

which causes thinning of the grass canopy (Fig. 5). Indirect damage to the turfgrass may also 

occur by adult beetles tunneling and burrowing through the soil during the day. This 

tunneling behavior, approximately 12-50 mm (0.5-2 in) below the soil surface, weakens the 

plant root system and creates an uneven turf surface.  Adult beetles cause the majority of 

damage following overwintering emergence in April and May and after the fall emergence in 

late September and early October. Post-emergence, flying sugarcane beetles are attracted to 

light sources at night. On golf courses and athletic fields, damage tends to be most severe 

directly underneath a light source and spreads radially from there.  

Sugarcane beetle larvae and adults can cause secondary damage to turf, by attracting 

mammals such as moles, raccoons, armadillos, and birds to an infested area (Buss 2006). 

Damage is not limited to the spring and fall, when the adults are feeding, but can also occur 

from mammals foraging for adults and larvae anytime the insect is active. As a result, a 

sugarcane beetle infestation could lead to a nearly year-long damage control issue.  
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Damage in Agricultural Crops and Ornamentals 

Sugarcane beetles are recorded as pests of many other plant species including: sugarcane 

(Saccharum spp.) (Comstock 1881, Titus 1905, Philips and Fox 1917, Philips and Fox 1924, 

Osterberger 1931, Baerg and Palm 1932, Ingram and Bynum 1932, White 1990, Smith 

2006), corn (Zea mays) (Howard 1888, Titus 1905, Sherman 1914, Phillips and Fox 1917, 

Phillips and Fox 1924, Baerg 1942), eucalyptus (Eucalyptus spp.) (Bernardi et al. 2008), rice 

(Osterberger 1931, Ingram and Bynum 1932), roses (Lyle 1933), strawberries (Baerg 1942), 

tobacco (Scott 1956), potato (Sherman 1914), and sweet potato (Smith 2006). This 

polyphagous feeding behavior increases the difficulty of predicting sugarcane beetle 

outbreaks because they are able to survive and reproduce on plants commonly found across 

agricultural systems. Damage in sugarcane and corn is similar. Adults bore into the stalk at 

(sugarcane) or below (corn) the soil surface and consume the plant material. Once they reach 

the apical meristem or “heart”, the plant lodges and the roots decay, providing soft plant 

material for larval feeding (Titus 1905). Recent work has suggested that adult beetles have a 

positive olfactory response to both beetle-injured and mechanically injured roots and are 

more likely to become a pest in stressed sugarcane stands (Smith 2006). In roses, 

strawberries, and tobacco, adults feed on plant stems just below the soil surface, causing 

wilting and yield loss. Adults also burrow into the ground to feed on the roots of sweet 

potatoes. To date, larvae have not been reported feeding directly on these host plants, and are 

most likely consuming organic matter and root materials in the soil.  
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Sampling 

Adult sugarcane beetles are attracted to light sources at night. Bucket black-light traps 

equipped with 22-W, AC-powered circular black-light bulbs (BioQuip, Rancho Dominguez, 

CA) are used as an effective tool to monitor for sugarcane beetle adults throughout the 

spring, summer, and fall.  

Placing UV- black light traps in areas with a history of sugarcane beetle activity in late 

March and April can aid in early detection. Light traps should be placed in an area adjacent 

to a turfgrass stand and should be monitored weekly throughout the spring, summer, and fall. 

Sugarcane beetle damage thresholds are not currently established due to discrepancies 

between adult count numbers and associated turfgrass injury. Successful monitoring of 

sugarcane beetles includes keeping accurate records of areas that have sustained past injury 

and of corresponding light trap beetle numbers. If light trap beetle numbers approach a level 

at which injury has occurred in that particular area in the past, treatment may be necessary. 

Although trap catch numbers can be a good indication of sugarcane beetle presence and 

timing of flight activity, they are generally not an accurate representation of the relative 

abundance of the beetle population. The best way to determine the spatial distribution of a 

sugarcane beetle population is to walk a turfgrass stand an hour after sunset with a flashlight 

or headlamp. Adults walk across the turf surface throughout late spring, summer, and fall, 

although light trap catch numbers are lowest in the middle of the summer.  

Management 

Cultural practices such as appropriate fertilizer use and infrequent, deep irrigation will result 

in a vigorous turf stand that is more tolerant of insect pests and may help alleviate some 
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damage issues. Eliminating any unnecessary light sources that may attract adult beetles to the 

turf area may also be beneficial.  

Earlier research has shown that sugarcane beetle larvae, similar to other white grubs, can be 

susceptible to parasitism by several parasitoids. Specifically, four different families of 

parasitic flies have been recorded ovipositing inside sugarcane beetle larvae including: asilids  

and dexiids (Phillips and Fox 1924, Osterberger 1930, Baerg 1942) and sarcophagids and 

tachinids (Ingram and Bynum 1932). An unidentified species of wasp, similar to Tiphia 

inornata which is known for attacking Phyllophaga spp. larvae, also lays eggs inside 

sugarcane beetle grubs. The wasp larvae feed on the dorsal side, immediately behind the head 

capsule (Phillips and Fox 1924). 

Although not capable of attacking adult beetles, foraging thief ant (Solenopsis molesta Say) 

populations will feed on scarab eggs placed in the soil, reducing the number of larvae and 

adults present (Zenger and Gibb 2001). The red imported fire ant (Solenopsis invicta Buren) 

has been examined as a potential predator of scarab beetle adults and larvae in the 

southeastern U.S., but research has shown no apparent susceptibility of sugarcane beetle 

adults to fire ant population activity. It is possible that fire ant activity in an area may 

increase scarab egg predation.  However, close proximity of egg oviposition location to ant 

foraging tunnels may be necessary for ant populations to have much of an impact (Barden et 

al. 2011).  

Although not known to have feeding habits that negatively impact beetle larval populations, 

saprophytic mites, Rhizoglyphus phylloxserae Riley, have been found attacking field 

collections of sugarcane beetle larvae in the laboratory, resulting in a lower survival rate 
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(Phillips and Fox 1924). Our observations indicate that adult sugarcane beetles captured at 

night carry several species of mites that may have an impact on sugarcane beetle survival. 

Mite specimens recovered from these adults belong to the Mesostigmata order and the 

relationship between these mites and sugarcane beetles is not yet known. Mesostigmatid 

mites can be either predaceous or phoretic, but generally form a parasitic relationship with  

nesting insects (Hunter and Rosario 1988). Sugarcane beetles with significant mite activity, 

typically exhibit weakened, convulsive walking behavior and seem unable to fly, suggesting 

that mite presence has a negative impact on adult and larval survival. 

Effective chemical control requires a different approach for sugarcane beetles compared to 

that of other scarabs (Popillia japonica Newman, Cyclocephala spp., Phyllophaga spp.), 

where early larval instars are targeted. Unlike other white grub species that overwinter in the 

larval stage, the sugarcane beetle spends the majority of its life cycle as an adult. Sugarcane 

beetle adults, once emerged, do not fly very far before mating and ovipositing (T.L.B. 

personal observation). Therefore, larval populations in the soil are larger in areas where adult 

flight activity is greatest.  Overwintered sugarcane beetle adults also have a sporadic 

distribution, higher numbers than fall populations, and great damage potential, thereby 

requiring control products for the adults to be applied as quickly as possible once adults are 

observed. Historically, organochlorines (Henderson et al. 1958) and organophosphates (Riley 

1986) provided excellent control of sugarcane beetle adults. Recent work suggests that the 

pyrethroid insecticides may be the most successful against adults; although there is 

variability in efficacy among the active ingredients in this class. Adult sugarcane beetles are 

more susceptible to the active ingredient z-cypermethrin over others (chlorpyrifos or 
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bifenthrin) (Smith 2006). In NC, higher efficacy has been demonstrated against the 

overwintered adults that emerge in spring and early summer with significantly lower control 

against fall-emerging adults. Low winter temperatures could have fitness costs to the 

overwintering adult populations that may contribute to higher insecticide susceptibility. 

Adult beetles flying in the spring are also much older than the adults that emerged from 

pupae in the fall, which may also explain their susceptibility to control products. Insecticide 

performance may be improved by targeting the more susceptible spring adult beetle 

population.  Additional research is needed to examine insecticide efficacy against both 

overwintering and fall-emerging adults to conclusively describe active ingredient efficacy 

between the two temporally distinct adult populations.  
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Figure 1. Map of sugarcane beetle distribution (Brandenburg 2012). 
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Figure 2. Sugarcane beetle raster pattern (Carroll 2013). Referenced from Ritcher 
1944.  
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Figure 3. Sugarcane beetle adult. 
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Figure 4. Mean weekly adult sugarcane beetle UV-black light trap catch in Wake Co., 
NC (2009-2012). 
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Figure 5. Symptomatic thinning turfgrass damage caused by sugarcane beetle adults. 
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SEASONAL FLIGHT ACTIVITY OF THE SUGARCANE BEETLE 

(COLEOPTERA: SCARABAEIDAE) USING BLACK LIGHT TRAP CATCH IN 

NORTH CAROLINA 

 
 

Abstract 

Seasonal flight activity, adult beetle sex ratio and egg production were examined in 

sugarcane beetles (Euetheola humilis  Burmeister) caught in light traps in North Carolina 

from the fall of 2009 through the summer of 2014. Beetles exhibited a bimodal flight pattern 

with the majority of adults flying in the spring (Apr-Jun) and again in the fall (Sep-Oct). 

Spring flight populations were consistently larger than fall flight populations. A regression 

model using variable environmental condition as predictive parameters was developed to 

examine the impact of these conditions on flight activity. Our model indicated that increased 

average soil temperature resulted in larger numbers of adults collected from traps. Sugarcane 

beetles also exhibit a synchronous emergence during both periods of high flight activity. 

Eggs were detected in females collected from light traps throughout the entire sampling 

period.  Our work identifies dates of adult spring and fall emergence and indicates how 

environmental factors influence adult flight activity. The findings of this research provide the 

information necessary to develop a cost-effective management strategy for control of this 

pest.  

 

 

 

23 



 

Introduction 

The sugarcane beetle, Euetheola humilis Burmeister, is an invasive insect from South 

America (Burmeister 1847) that was first recorded as a pest of sugarcane, corn and grasses in 

the United States in 1856 (Comstock 1881).  Today, sugarcane beetles are sporadic pests of 

corn (Scavo and Joly 1998, Patrick and Thompson 2006), sugarcane (Scavo and Joly 1998), 

rice (Ferreira 1998, Scavo and Joly 1998), sorghum (Buntin 2009) and sweet potato (Smith 

2006). Although early concerns over sugarcane beetles involved infestations in agricultural 

crops, these insects have recently become more of a problem in turfgrass in the southeastern 

United States (Buss 2009, Billeisen and Brandenburg 2014) and can cause significant 

damage within two to three weeks when adults are actively feeding. Current distribution of 

this insect pest is primarily limited to the southeastern states, but infestations have been 

recorded as far north as Maryland, west into Texas, and south into Florida (Brandenburg 

2012).  

Sugarcane beetles overwinter as adults and fly at two distinct times during the year. 

Overwintering adult beetles exhibit increased flight activity throughout April, May and June 

until July, when flight activity decreases (Fox and Phillips 1917, Phillips 1924, Holman 

1968, White 1990, Forschler and Gardner 1991). In September and October, the new 

generation of adults emerges, and can be detected in light traps until early December 

(Billeisen and Brandenburg 2014). Light trap catches following the emergence of the 

overwintering population of adults are typically larger than those following the fall 

population (Buss 2006, Billeisen and Brandenburg 2014). Overwintering adult populations 

are also responsible for the majority of the damage seen in both agricultural crops (Fox and 
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Phillips 1917, Phillips 1924) and turfgrass (Billeisen and Brandenburg 2014). Significant 

damage can occur within two to three weeks of initial pest diagnosis (T.L.B. personal 

observation). During June, July, and August, when early-season adult beetle flight naturally 

declines, adults can be found walking the turf surface at night. The fall-emerging population 

is less active, causes less damage and is generally much smaller than the spring population. 

Once air temperatures decrease below 10°C (50°F), adults begin to burrow deeper (>10cm) 

into the soil for overwintering (Billeisen and Brandenburg 2014). 

Due to the infrequent, unpredictable occurrence of adult beetle infestations, and recent 

occurrence in turfgrass, life history aspects of this insect pest, and the conditions under which 

populations reach damaging levels, have not been well documented. Little is known about 

sugarcane beetle ecology, and feeding behavior. As a result, management plans for 

controlling this pest, when it becomes a problem, are not well-defined. For successful 

sugarcane beetle management, it is essential to apply insecticides to control the largest 

population of adults when they are actively flying, mating and feeding. Applying products 

preventatively, preferably before oviposition can occur, will lower beetle survival for the 

subsequent generation and, can minimize adult feeding in turfgrass.  

The objectives of this study were to: 1) determine peak flight period for sugarcane beetle 

adults and whether environmental conditions significantly affect flight activity, 2) determine 

if males or females are more numerous during peak flight period, and 3) examine how egg 

production in females caught in light traps fluctuates throughout the year. This information 

can be used to predict sugarcane beetle emergence based on certain weather parameters, and 
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can further be used to develop an effective management plan to more efficiently control this 

insect pest.  

Materials and Methods 

To provide the data needed to improve sugarcane beetle management recommendations, we 

examined sugarcane beetle flight activity at multiple sites throughout North Carolina from 

August 2009 to June 2014. Black light traps were monitored weekly starting in March of 

each year and were removed at the end of the calendar year when no beetles were captured 

for two subsequent weeks. We examined the seasonal distribution of adult flight for each 

year, cumulative sex ratio and egg production in females for each site.  

Seasonal Distribution of Sugarcane Beetle Flight Site Description. Bucket black-light 

traps equipped with 22-W, AC-powered, circular black light bulbs (BioQuip, Rancho 

Dominguez, CA) were used to monitor sugarcane beetle adults at a total of 11 different sites 

between August 2009 and June 2014. Traps were placed on or adjacent to a managed 

bermudagrass (Cynodon spp.) turf stand. This turfgrass is the one with which sugarcane 

beetles have had the longest association (Phillips 1924), and it is typically the host plant 

where sugarcane beetle infestations are most commonly found in North Carolina.  

Weekly trap catches for all sites were combined to create a total adult beetle trap catch for 

each year. The proportion of beetles caught each month was calculated. Since 82.6-99.8% of 

sugarcane beetles were caught before Aug 1, the trapping season was split into the “spring 

flight” beetles caught between Mar 1 and Aug 1 and the “fall flight” beetles caught between 

Aug 1 and Dec 15. The median beetle caught in each season was identified and its trapping 

date recorded.  
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2009 Locations 

Six traps were placed at various locations in Wake County and monitored from August 2009 

through December 2009. A single trap was placed at Heritage Golf Course in Wake Forest,  

NC (35.95198, -78.496; ~21 miles (geodesic distance) NE of NCSU main campus) and at the 

Lake Wheeler Turfgrass Research Laboratory in Raleigh, NC (35.738, -78.678; ~ 4 miles 

south of NCSU main campus). One trap was placed at both TPC Wakefield Plantation in 

Raleigh, NC (35.954, -78.557; ~18.5 miles NE of NCSU main campus) and around the golf 

facilities at the NCSU University Club in Raleigh, NC (35.798, -78.697; ~1.5 miles west of 

NCSU main campus). Every week, the contents of each trap were dumped into a container 

and sugarcane beetles adults were identified and counted. Live adults were brought back to 

the laboratory where total number and sex were recorded.  

2010 Locations 

Six traps were placed at the same locations in Wake County as described above. Traps were 

monitored from March 2010 through November 2010. All traps were monitored weekly for 

adult beetles. Adults were brought back to the laboratory where total number and sex were 

recorded. 

2011 Locations 

Traps were placed at the same locations in Wake County as described above. Traps were 

monitored from April 2011 through November 2011. All traps were monitored weekly for 

adult beetles. Adults were brought back to the laboratory where total number and sex were 

recorded. Due to an increasing number of sugarcane beetle infestations in the greater 
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Greensboro, NC area, an additional trap was placed at Bryan Park Golf Course in Browns 

Summit, NC (36.182, -79.009; ~78.6 miles NW of NCSU main campus) in June 2011.  

2012 Locations 

Traps were placed at five of the six original sites from 2009-2011 and at the Browns Summit  

site first used in 2011. The Heritage Golf Course site trap was removed in 2012 due to 

difficulty maintaining the trap. Four additional sites were added to ensure an adequate 

number of live adults were available for insecticide research in greenhouse and laboratory 

trials. These sites were selected at golf courses between Raleigh, NC and Greensboro, NC 

improve the understanding of population distribution between an area of high beetle 

populations levels (Greensboro) and lower population levels (Raleigh). One trap was placed 

at Chapel Hill Country Club in Chapel Hill, NC (Orange Co.) (35.918, -79.009; ~25 miles 

NW of NCSU main campus), one at Alamance Country Club in Burlington, NC (Alamance 

Co.) (36.066, -79.496; ~59 miles NW of NCSU main campus), and another at Stoney Creek 

Golf Club in Whitsett, NC (Guilford Co.) (36.066, -79.604; ~64 miles NW of NCSU main 

campus).  An additional trap was placed in the Greensboro area on the University of North 

Carolina-Greensboro campus (UNCG) (Guilford Co.) (36.071, -79.814; ~74 miles NW of 

NCSU main campus).  The UNCG trap was removed in July 2012 due to continual student 

vandalism. Traps were monitored from March 2012 through November 2012. All traps were 

monitored weekly for adult beetles. Adults were brought back to the laboratory where total 

count and sex were recorded. 
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2013 Locations 

To focus our trapping efforts, six traps were placed at the sites that consistently caught adult 

sugarcane beetles in 2012. In Wake Co., one trap at TPC Wakefield Plantation was retained 

along with the Lake Wheeler site. A light trap was placed at The Heritage Golf Course site, 

previously used during 2009-2011. In Alamance Co., the Alamance Country Club site was 

retained. In Guilford Co., both the Bryan Park Golf Course and the Stoney  

Creek Golf Club sites were maintained. Traps were monitored from March 2013 through 

November 2013. All traps were monitored weekly for adult beetles. Adults were brought 

back to the laboratory where total count and sex were recorded. 

2014 Locations 

The three sites that consistently trapped adult sugarcane beetles in 2013 were selected for 

trapping in 2014: Lake Wheeler, Alamance Country Club and Bryan Park Golf Course.  

Traps were monitored weekly from March 2014 through June 2014. Adults were brought 

back to the laboratory where total count and sex were recorded. 

Sex Ratio. The entire contents of each trap were placed inside a clear Ziploc® bag (S.C. 

Johnson & Son, Racine, WI) and stored for 24 hours at 0°F (-17.8°C). Sugarcane beetles 

were separated from the remaining trap contents and set aside for sorting. To separate males 

from females, the pygidium of each beetle was examined. In males, the pygidium is slightly 

shorter, more convex and more broadly rounded at the apex while females have a pygidium 

that comes to a point (Phillips 1924). The cumulative number of males and females from all 

traps for each week was recorded. 
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Egg Production. Of the total collected females from each trap, five were dissected and 

examined for eggs. The number of eggs in each female was recorded when possible and an 

average egg count per female was calculated. Egg count per female was then averaged across 

all traps that contained egg count data for that sampling week. Females caught and held in 

traps immediately following a sampling date remained in traps for several days and would 

often  

die and desiccate. Female beetles were considered “too dry for egg count selection” if, upon 

dissection, the contents of the abdomen were stiff and too dry to identify individual 

components.  

Statistical Analysis. Trap catch data for three complete sampling years (2010, 2011, 2012) 

was selected to create a regression model to predict weekly flight activity of sugarcane beetle 

adults using environmental parameters. Complete yearly data were not available for both 

2009 and 2014 because trapping began in the fall of 2009 and was terminated in the summer 

of 2014. These years were not included in the analysis. After 1 Jul 2013, light trap beetle 

catches and adult turfgrass surface activity ceased in the summer of 2013, and although the 

reason for the sudden decline in sugarcane beetle numbers is unknown, we believe that 

including the 2013 data in the analysis would artificially treplicatecate sugarcane beetle flight 

and would not allow us to develop an accurate regression model that describes sugarcane 

beetle activity under normal conditions. Counts of sugarcane beetle adults caught in the 

Wake Co. light traps were organized into twice monthly groups and compared with weather 

variables for that area. To satisfy the assumption of normality, twice monthly light trap catch 
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data were log(x+1) transformed and tested on a Q-Q plot and Shapiro-Wilk goodness of fit 

test (SAS Institute 2014).  

Six environmental parameters were selected to develop the regression model. Weather station 

data for average daily degree day [base threshold 18°C (65°F)] temperature, twice monthly 

degree day accumulation, average daily rainfall, accumulated twice monthly rainfall, average 

soil temperature and accumulated twice monthly soil temperature (Table 1) from 1 Mar to 31 

Dec were analyzed in a mixed (forward and backward) stepwise regression in SAS (SAS 

Institute 2014).  

Results 

Seasonal Distribution of Sugarcane Beetle Flight. The total number of adult beetles 

collected from black light traps varied from year to year: 269 (fall 2009), 2424 (2010), 1791 

(2011), 2433 (2012), 1391 (2013), 172 (spring 2014) (Fig. 1). In all sampling years, spring 

flight adult populations were much larger than fall flight adult populations (Fig. 2). Between 

1 Mar and 1 Aug, for three of the five spring sampling periods, the largest proportion of adult 

beetles were captured 1 May-15 May. In 2011, adult trap catch numbers were highest from 

15 Apr-1 May. In 2013, adult trap catch numbers were highest from 15 May-1 Jun. Dates of 

capture of the median beetle from the spring emergence population ranged from 4 May to 23 

May (𝑥𝑥 = 13 May, n = 5). Fall flights of sugarcane beetles were much smaller and highly 

variable. In 2009, 2010 and 2012, the largest proportion of fall flight adult beetles were 

captured 1 Oct-15 Oct; in 2011, the adult flight was highest between 15 Aug -1 Sep, and 

between 1 Nov-15 Nov in 2013. Dates of capture of the median beetle from the fall 

emergence population ranged from 28 Sep-4 Nov (𝑥𝑥 = 17 Oct, n=5).  
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The results of the mixed stepwise regression analysis indicated that average soil temperature 

and accumulated twice monthly rainfall had a significant influence on adult light trap count 

(Table 2). Beetle presence in traps increased with an increase in average soil temperature but 

had an inverse relationship with accumulated twice monthly rainfall. Although the regression 

model was significant (F=35.48; df= 2, 57; p<0.0001), it did not describe much of the 

variation seen in the data (R2=0.2945). Another regression that included the interaction term 

of the two significant parameters in the first analysis was used it to describe the data 

(F=35.48; df= 3, 57; p<0.0001; R2=0.6512). Accumulated rainfall was not found to be 

significant in this model but soil temperature was very significant (p<0.0001) and the 

interaction term incorporating accumulated rainfall and soil temperature was significant at a 

90% confidence interval (p= 0.0651).   

Sex Ratio. With the exception of 2011, when female and male sex ratios were not available 

for Mar-May, adult beetle flight activity was largest in the month of May (Fig. 3). In each 

sampling year, male peak flight occurred on the same sampling date as females. Female:male 

ratios were inconsistent throughout the trapping period. Males were captured in higher 

numbers in flight traps in 2010 (peak date: 46:54) and 2011 (peak date: 45:55). Females were 

captured in higher numbers in 2012 (peak date: 58:42) and 2013 (63:37).  

Egg Production. In 2012, eggs were detected in females caught in light traps for the entire 

sampling period (Fig. 4). Egg production trends appear similar for 2013 and 2014 but lack of 

fresh females in light traps resulted in incomplete sampling data starting on 9 Jul and 16 Jun 

respectively. Most females contained approximately 7-12 eggs but one female beetle in May 

2012 contained 23 eggs. In 2012, 88.6% of eggs in females were detected by 1 Aug.  
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Discussion 

Seasonal Distribution of Sugarcane Beetle Flight. Total captures of adults in light traps 

varied considerably from year to year. Trap catch counts of flying insects are often affected 

by a difference in degree day accumulation [base threshold 18°C (65°F)] each year: 2009 

(1591DD), 2010 (2069 DD), 2011 (1926 DD), 2012 (1704 DD) and 2013 (1514 DD). 

Although degree days can often be used to predict insect emergence (Pruess 1983, Higley, 

Pedigo et al. 1986), our regression model indicated that neither average degree day 

temperature (p=0.2651) nor degree day accumulation (p=0.2814) are good predictors of  

sugarcane beetle flight activity.  

Our results were consistent with the literature, in that adult beetles exhibited increased flight 

activity at two different times of the year. It is difficult to get an accurate representation of 

the overall population size of insects present in an area by measuring adult flight activity 

alone. External factors may cause fluctuations in population distribution which may alter 

adult presence in light traps. Trap counts can be affected by temperature (Williams 1940, 

Hosny 1960, Taylor 1963, Hanna and Hamad 1976, Persson 1976, Blomberg et al. 1978, 

Morton et al. 1981, Dreisig 1986, Dent and Pawar 1988, McGeachie 1989, Butler et al. 1999, 

Jonason et al. 2014), wind speed or direction (Hosny 1960, Williams 1961, Brown 1970, 

Hanna and Hamad 1976, Persson 1976, Douthwaite 1978, Morton et al. 1981, Tucker 1983, 

Mizutani 1984, Dent and Pawar 1988, McGeachie 1989), rainfall (Williams 1940, Hosny 

1960, Harling 1968, Brown 1970, Douthwaite 1978, Tucker 1983, Butler et al. 1999), 

humidity (Hosny 1960, Hanna and Atries 1970, Hanna and Hamad 1976, Blomberg et al. 

1978, Mizutani 1984, Nowinszky et al. 2010, Jonason et al. 2014), lunar phase (Williams 
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1936, Hosny 1960, Hanna and Atries 1970, Bowden 1973, Persson 1976, Hartstack 1979, 

Morton et al. 1981, Bowden 1982, Vaishampayan and Verma 1982, Tucker 1983, 

Danthanarayana 1986, Taylor 1986, Dent and Pawar 1988, McGeachie 1989, Nag and Nath 

1991, Nowinszky et al. 2010), season (Taylor 1986, Jonason et al. 2014) and circadian 

rhythms (Hanna and Atries 1970, Mizutani 1984, Dreisig 1986). Previous work has shown 

that environmental conditions can have a large impact on beetle occurrence and population 

size. With sugarcane beetles, close proximity of a food source (< 0.3 m (1 ft)) seems to have 

little impact on adult flight when compared to longer distances (> 1.6 km (1 mile)) (Phillips 

1924). Sugarcane beetle populations also tend to be higher following cold winters with at 

least two consecutive weeks of low temperatures below 0°C (Billeisen and Brandenburg 

2014, White 1990). Our research demonstrated that increases in average soil temperature 

coincide with an increase in sugarcane beetle light trap catches. Higher soil temperatures, 

particularly for insects that complete their development beneath the soil surface, may allow 

insects to terminate diapause earlier, and can increase the rate of development, leading to an 

earlier and, potentially more synchronous adult emergence (Bale 2002).  Adult numbers are 

also generally larger in areas where the soil is dry in the spring (Holman 1968, White 1990), 

although not too dry for egg and larval development to occur (Sherman 1914, Phillips 1924). 

In this research, we found that although average rainfall did not have an impact on adult trap 

catch (p=0.6546), there was a weak correlation between the accumulated twice monthly 

rainfall*average soil temperature interaction (p=0.0651) and adult light trap catch. These 

results were somewhat surprising considering sugarcane beetles overwinter as adults that do 

not require the higher soil moisture levels necessary to ensure egg and larval survival in other 
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insect species. It is possible that precipitation could have an impact on food abundance and 

availability, which may indirectly affect the number of adults caught in light traps. However, 

we did observe a negative correlation between accumulated rainfall*soil temperature and 

light trap catch, suggesting that adult flight activity is hindered in areas that receive high 

amounts of precipitation. Other ecological factors that affect insect emergence patterns 

(barometric pressure, photoperiod length) may also influence sugarcane beetle flight activity 

although these relationships have not been examined.  

The pattern and size of spring flights of sugarcane beetle adults differed greatly from fall 

flights. For three of the six sampling years, the majority of spring-emerged beetles began 

actively flying in the same two-week period. In 2011, the largest total proportion of actively 

flying beetles was two weeks earlier than in 2010, 2012 and 2014. This could be due to the 

fact that the average high temperature (24°C (76°F)) and the average low temperature (13°C 

(56°F)) for the sampling period 15 Apr-1 May in 2011 were higher than in years when the 

peak flight activity occurred two weeks later. Conversely, in 2013, when peak flight activity 

was highest 15 May-1 Jun (two weeks later than in most years), average high (22°C (71°F)) 

and low (12°C (53°F)) temperatures for the weeks preceding were slightly lower than in 

other years. These findings suggest that, regardless of initial emergence date, influencing 

environmental parameters, or size of the population, the largest proportion of beetles in the 

spring population will typically be most active between 1 May-15 May in NC, although these 

dates may vary slightly in years that are unusually warm or cool.  For fall populations, flight 

activity dates varied greatly between sampling years. Total fall adult trap catch did not 

appear to be influenced by the total trap catch of spring populations.  As is seen in other 
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plants (Guenther 1997), volatiles emitted from bermudagrass in the fall may be very different 

than those emitted in the spring, and this may have an impact on beetle populations that rely 

on chemical cues to find their preferred host (McGraw et al. 2011). Since bermudagrass is 

actively growing during the warmer months of May-July (Rogers et al. 1977), and increased 

growth results in significant color changes (Horst et al. 1985), sugarcane beetles may also be 

relying on visual cues to locate and take advantage of their food source.  

Sex Ratio. Sugarcane beetle males and females emerged at the same time and in similar 

numbers for the sampled years. This synchronous emergence is somewhat unusual since  

most insects exhibit protandrous or protogynous emergence, although the former is more 

frequently observed. Japanese beetles, for example, were originally thought to exhibit 

protandry (Régnière et al. 1981) to ensure numerous males were already present when fertile 

females emerged, but have since been thought to be protogynous (Van Timmerman et al. 

2001), so that females can take advantage of males as they emerge throughout the adult 

activity period. Annual bluegrass weevils are the only other major turfgrass pest thought to 

have synchronous emergence of the sexes, and in this species, this trend continues 

throughout the entire year as long as adults are active (Diaz et al. 2008). It is thought that 

synchronous emergence can be utilized to avoid lethal (or non-conducive to development) 

temperatures or environmental extremes, to coordinate reproductive cycles, to avoid 

predation; or it may merely be controlled by temperature-dependent activity thresholds 

(Powell and Logan 2005). Synchronous emergence is usually accomplished via diapause or 

insect-sensitivity to photoperiod requirements, although this is more common in Lepidoptera 

than any other insect order (Saunders 2012).  However, photoperiod could have an impact on 
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sugarcane beetle emergence since, unlike temperature, it does not vary from year to year, 

which may explain why sugarcane beetles emerged in the same two week period in three of 

the five sampled years, and within a week of this period in the remaining years.  

Since sugarcane beetle larvae are present in the soil throughout the summer months, it is also 

possible that adult tissue development and maturation is triggered when soil temperatures 

increase past a threshold at the same time for all larvae present, a phenomenon seen in some 

mayflies (Vannote and Sweeney 1980). This would, theoretically, lead to a synchronous 

adult emergence in the fall. However, this is not what we observed in our fall activity light 

trap catches.  

Egg Production. Our results showed that in the year for which we had complete data (2012), 

eggs were recovered from dissected females as long as adults were found in light traps. It is 

possible that, when conditions are favorable (ample food/mate supply), females are capable 

of producing eggs for the entire duration of the adult flight activity time period. For all 

sampled years, egg count was lowest when adults were first detected in traps in the spring 

and throughout the fall (Aug-Oct). Low egg production in April could be attributed to 

females requiring a few weeks to find suitable males with which to mate, suggesting that 

spring flight behavior could be a mate-seeking activity. Females may also use the few weeks 

following emergence to feed and achieve a baseline nutritional requirement before oogenesis 

can occur. Egg production in the fall is much lower than that of the spring and summer, 

therefore it is likely that fall-emerging adults are the population that overwinters and will 

emerge the following spring.  
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Similar to adult trap captures, the majority of egg production in females occurs immediately 

after the initiation of the spring emergence and continues throughout the summer. Prior to 1 

Aug, 2012, 88.6% of eggs detected in females were produced by 82.6% of the total 

sugarcane beetle females caught in light traps. Although 2012 had the lowest percentage of 

total adults caught before 1 Aug, females captured between 1 Mar and 1 Aug, were still 

responsible for almost 90% of the total production of eggs. This further supports the idea that 

sugarcane beetles are univoltine, with the majority of eggs produced following the 

emergence of adults in the spring; those eggs hatch and larvae develop throughout the late 

summer and emerge as adults that fall. 

Although not useful for gathering precise data regarding total insect population or overall 

population feeding, light trap catches can provide useful insight into an insect population. 

The results of this work provide approximate emergence dates for the population of 

sugarcane beetles that is most susceptible to insecticides and that causes the majority of the 

damage seen in both turfgrass and agricultural crops. Most importantly, our results are 

consistent with earlier research which found that sugarcane beetle adults occur in large 

numbers for two or three years, followed by a large reduction in population size (Sherman 

1914, Phillips 1924). The unpredictable and sporadic occurrence of sugarcane beetles make 

them a difficult pest to anticipate and to control. A working knowledge of approximate dates 

of adult spring emergence and of how environmental factors can influence adult flight 

activity, will aid in early detection and suppression of this insect pest. 
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Figure 1. Cumulative yearly total sugarcane beetle (SCB) adults collected from flight 
traps 
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Figure 2. Twice monthly sugarcane beetle flight trap catch. Bar labels indicate 
percentage of yearly.  
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Figure 3. Monthly cumulative sex ratio averaged across all traps by sampling year 
(2010-2013) 
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Figure 4. Average number of eggs recovered from dissected adult females found in each 
light trap on sampling date. 
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Table 1. Environmental parameters used in analysis of sugarcane beetle flight activity 

 
Label Variable 

 
DD average daily degree day temperature (°C) 

 
accDD twice monthly degree day accumulation (°C) 

 
rainfall average daily rainfall (cm) 

 
accrain accumulated twice monthly rainfall (cm) 

 
soil average soil temperature (°C) 

 
accsoil accumulated twice monthly soil temperature (°C) 
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Table 2. Regression statistics for the model beetles = 0.40479 – 0.77499(accumulated 
rainfall) + 0.72039 (average soil temperature) created to predict adult beetle flight 
activity 
      

Variable Parameter Estimate Standard Error t-value p-value 
  Intercept 0.40479 0.5143 0.79 0.4345 
accumulated twice 
monthly rainfall B1 -0.77499 0.35585 -2.18 0.0336 
average soil 
temperature B2 0.72039 0.15778 4.57 <.0001 
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A NOVEL IMMUNOMARKING TECHNIQUE FOR EXAMINING FEEDING 

BEHAVIOR OF BLACK CUTWORM 

 

Abstract 

In order to better understand feeding behavior of black cutworm larvae to refine management 

strategies for this insect, an enzyme-linked immunosorbent assay (ELISA) technique was 

developed. A specific area (aboveground or belowground) of a turfgrass plant was 

artificially-coated with a unique vertebrate protein (goat IgG) that would not otherwise be 

found in the turfgrass environment. Insects were introduced into containers with both treated 

and untreated plant tissue at 24 hr, 48 hr, and 72 hr post-treatment. Cutworms were removed 

after 24 hr and cut into approximately six equal pieces to be processed via an ELISA. 

Cutworm larvae tested positive for both treated foliar and treated root tissue. Protein 

detection in insect gut samples containing treated plant material was detected up to three days 

following plant treatment.  
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Introduction 

Insect pests of turfgrass cause damage by directly consuming foliar plant tissue, or root 

tissue, or by inserting their mouthparts into the plant to suck sap (Potter and Braman 1991). 

Previously, careful, detailed, direct observations of insect pest feeding behavior have been 

used to provide information on when the insect is actively feeding on a host plant, on which 

part of the plant the insect is feeding, and how much plant tissue the insect is consuming 

(Carruth et al. 1946, Ma 1976, Walkden 1943). This information is essential to the 

establishment of pest thresholds and development of effective management strategies. 

Knowing when and how an insect feeds on a plant can significantly impact the timing of an 

insecticide application. For example, if a target pest feeds primarily on aboveground tissue, 

chemical control options for this insect should be limited to products where active ingredient 

sequestration is highest in foliar tissue.  

We adapted a protein-marking or immunomarking technique previously used to examine 

insect movement in mark-recapture dispersal studies (Hagler 2011, Hagler 2006, Hagler and 

Cohen 1992, Hagler and Durand 1994, Mansfield 2008, Williams et al. 2011) to identify 

specific feeding sites on a host plant, specifically bermudagrass (Cynodon spp.). In dispersal 

studies, insects are coated with an externally-applied protein that cannot otherwise be found 

in the environment and released. Once recaptured, the insects are processed through an 

enzyme-linked immunosorbent assay (ELISA) to test for the presence or absence of the 

protein (Hagler and Cohen 1992). Previous insect feeding studies have also utilized an 

ELISA protocol to look for unique marker proteins from different host plant sources 

(Sammons et al. 1997, Seiter et al. 2010).  
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Our technique involved artificially coating a specific area of a turfgrass stand (aboveground 

or belowground) with a unique vertebrate protein (goat IgG) that could not otherwise be 

found in the turfgrass environment. We adapted ELISA procedures used in previous feeding 

studies to identify the presence or absence of the goat IgG in the insect gut. The purpose of 

this research was to develop an ELISA technique that could be used to determine the precise 

location on the plant on which an insect is feeding. This information can be used to refine 

management strategies for a variety of turfgrass pests. 

Materials and Methods 

First instar Agrotis ipsilon (H.) larvae (Benzon Research Inc., Carlisle, PA) were acquired 

and maintained in the laboratory, in individual wells on multi-cell trays with artificial diet. 

Bermudagrass Cynodon dactylon (L.) was grown from seed in approximately 16.5 cm 

diameter white, plastic containers (Berry Plastics Corp., Evansville, IN) in the greenhouse. 

Containers were filled with a 50:50 sterilized sand:sterilized potting soil mixture and watered 

until the soil mixture was saturated. Grass seed was applied (9 g/m2) to the soil surface and 

then lightly covered (~ 0.6 cm.) with sterilized potting soil. Containers received irrigation (~ 

0.6 cm.) daily until germination occurred. Following germination, containers received 

irrigation (~ 0.6 cm) every three days. Grass was trimmed to a height of approximately 5 cm 

with handheld grass shears (No. GSN30, Black & Decker®, Towson, MD). Separate studies 

were conducted to evaluate protein detection in both plant tissue and in beetle gut contents in 

the laboratory, greenhouse and field.  
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ELISA Technique 

Plate Coating 

Well plates were coated prior to introducing insect gut content samples. The purpose of this 

coating procedure is to introduce a known quantity of the capture antibody to which the 

sample (containing the antigen (protein)) will bind. 100 µl of rabbit anti-goat IgG (capture 

antibody) (Immunoreagents, No. RbxGt-003-EBIO)-sodium carbonate buffer 

(Immunoreagents, No. BU-054) (1µg antibody/ml) was added to each well and incubated for 

60 minutes at 20°C. The contents of the wells were discarded and washed three times with a 

phosphate buffer saline-tween 20 (0.05% tween, 7.4 pH) (PBST) solution (Fisher Scientific, 

No. BP2938-10). In order to prevent a false positive, any non-specific binding sites that were 

not bound to the capture antibody were blocked with 375 µl/well of rabbit serum 

(Immunoreagents, No. SP-003-VX10) diluted to a 2%v/v with PBST. The contents from 

each well were discarded, and the well plates were air dried for 30 minutes before being 

covered with Parafilm® (Grainger Industrial Supply, No. 16Y894) and stored at 3°C until 

needed.  

 

Plant Treatment 

Plants were removed from containers and the soil:sand mixture was rinsed thoroughly from 

the roots. The roots were then wreplicateg with paper towels to remove as much excess 

moisture as possible. Plant material to be treated (shoot or root tissue, dependent upon the 

trial) was submerged in a goat IgG-phosphate buffer saline (PBS) (Sigma Aldrich Co., No. 

P3813-10) solution (0.78mg antigen/100mL PBS). Plants were suspended from a wire rack 
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with the treated plant material inverted so excess solution could drop into a collecting pan 

below.  

Inversion of the treated plant material also prevented the solution from contaminating 

untreated sections of the plant. Plants were suspended on the wire racks for four hours, until 

the protein solution had dried on the surface of the plant tissue. Treated and untreated plants 

were then re-planted in Profile Porous Ceramic (PPC) Greens Grade (Profile Products LLC, 

Buffalo Grove, IL) (Profile®), an inorganic soil amendment, in 473 ml clear, plastic deli 

cups. Six 3rd instar black cutworms were added to each cup and kept for 24 hr. This process 

was repeated with cutworms exposed to plant material for 48 hr and for 72 hr to examine 

protein degradation on the plant tissue over time. After the cutworms were added, each deli 

cup was covered with a layer of tulle secured to the containers with rubber bands.  

 

Insect Sample Preparation 

Cutworms were removed from plant samples (treated and untreated) and held for 120 

minutes at -16°C. To ensure that observed protein detection was caused by treated plant 

tissue consumption and not due to movement of the insect through treated plant material, 

each insect specimen was subjected to a trypsin (0.1g/100ml PBS) sonic bath for 30 minutes 

and five rinses with PBST prior to dissection. Cutworms were cut into six approximately 

equal pieces into an 1.7 ml microcentrifuge tube (WorldWide Medical Products, Inc., No. 

41021009) containing 1 ml of PBS solution. The contents of the tube were mixed and 

allowed to sit for three min prior to well introduction. 100µl of sample solution from each 

tube was added to individual wells. Samples were incubated for 60 minutes at 20°C. 
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ELISA protocol 

Sample solutions were discarded and well plates were washed three times with PBST to rid 

them of excess solution and to ensure all antigen-containing samples were removed. Rabbit 

anti-goat IgG-Biotin (detection antibody)-PBS solution (2µg/ml PBS) was added at the rate 

of 100µl/well. The detection antibody (biotin) binds to the goat IgG in each well. Well plates 

were incubated for 60 minutes at 20°C. The contents of each well were discarded and plates 

were rinsed five times with PBST. 100µl of streptavidin-alkaline phosphatase (Strep) 

(0.5µg/ml PBST) (Jackson ImmunoResearch Laboratories, No. 016-050-084), a protein 

conjugate with a high affinity for biotin, was added to each well. Wells were incubated for 60 

minutes at 20°C. The contents of each well were discarded and plates were rinsed five times 

with PBST. 100µl of 1-step para-Nitrophenylphosphate (pNPP) (Thermo Scientific, No. 

37621), a substrate that reacts with Strep to produce para-nitrophenol, a yellow substance 

that can be measured by a spectrophotometer, was added to each well and incubated for 

seven minutes. After the incubation period, well plates were placed in a spectrophotometer 

and absorbance readings were taken. 

 

Protocol Test 

Prior to processing insect samples, 24 cutworms were dipped in the protein solution and 

processed with 24 untreated cutworms via the ELISA protocol to ensure the technique 

worked and marked cutworms all tested positive for the presence of the marker. To compare 

kill methods, 16 cutworms were freeze-killed and 16 were dropped in a vial of ethanol for 60 

minutes and compared with wells that received 100µl of PBS solution to determine which  
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method had lower absorbance readings. To test the trypsin wash, 24 untreated cutworms 

were compared to 12 treated (dipped), unwashed cutworms and 12 treated (dipped) washed 

cutworms.  

Laboratory study 

Trial 1: Treated shoots 

Turfgrass was grown in 6-12 (depending on replicate and cutworm availability) plastic 

containers and rinsed of soil as described above. Aboveground (shoot) turfgrass plant tissue 

from half of the containers was submerged in the protein solution and suspended from a wire 

rack to dry. Turfgrass plant tissue from the other half was submerged in deionized water and 

suspended from the wire rack to dry. After four hours, grass was replanted and six cutworms 

were introduced into containers to be sampled after 24 hr.  

Insect samples were removed from the treated plant containers after 24 hr. In addition to 

cutworm gut contents, treated and untreated plant material was also sampled to ensure that 

positive detection only occurred in treated plant samples. This process was repeated over 

eight total replicates. As the ELISA processed for the 24 hr samples, six cutworms were 

added to 2-4 additional containers to be sampled 48 hr after treatment. Cutworms were added 

to containers at 24 hr (8 replicates), 48 hr (7 replicates) and 72 hr (5 replicates) following 

plant protein treatment to see if protein detection decreased over time. Absorbance readings 

were recorded for cutworms exposed to untreated plant samples, cutworms exposed to 

treated plant samples, untreated plant tissue samples and treated plant tissue samples. 

Average absorbance reading and standard deviation for cutworms exposed to untreated plant 

samples were calculated. Samples were considered positive for the protein marker if the 
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absorbance reading for a “treated” sample was greater than the mean negative “untreated” 

control reading by more than three standard deviations (Sutula et. al. 1986).  

 

Trial 2: Treated roots 

Turfgrass and cutworms were prepared and treated as described above with the exception 

that root material, rather than shoots, was submerged in the protein solution to test if 

cutworms fed on root material.  

 

Trial 3: Petri dishes 

Turfgrass plants from eight containers were rinsed of soil as described above. Belowground 

(root) turfgrass plant tissue from four containers was submerged in the protein solution and 

suspended from the wire rack to dry. Turfgrass plant tissue from the other four containers 

was submerged in deionized water and suspended from the wire rack to dry. After four hours, 

two of the four treated plants were replanted and all four untreated plants were replanted. The 

root material from the two remaining treated plants was separated from the rest of the plant 

and placed in two Petri dishes on moist filter paper. Six cutworms were added to each of the 

Petri dishes, the two treated plants and four untreated plants. Cutworms and plant tissue were 

sampled and processed via the ELISA after 24 hr. Average absorbance reading was 

calculated as described above. Samples were considered positive in both the treated replanted 

plant stands and the Petri dishes if the absorbance reading for a “treated” sample was greater 

than the mean negative “untreated” control reading by more than three standard deviations.  
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Trial 4: Treated roots 

Turfgrass from eight containers was rinsed of soil as described above. Belowground (root) 

turfgrass plant tissue from four containers was submerged in the protein solution and 

suspended from a wire rack to dry. For the first replicate, turfgrass plant tissue from the other 

four containers was submerged in deionized water and suspended from a wire rack to dry. 

After four hours, all 12 plants were replanted and six cutworms were added to each 

container. Average absorbance reading, standard deviation and “positive” readings were 

determined as previously described. For the second replicate, turfgrass from six containers 

were treated with the protein solution and turfgrass from six containers were submerged in 

water. All plants were replanted and six cutworms were placed in two containers from each 

treatment (treated and untreated). After 24 hr, the cutworms were processed via ELISA. This 

was repeated 48 hr and 72 hr after initial treatment. 

Greenhouse study 

Turfgrass was grown and maintained as described in the laboratory study. For each replicate, 

aboveground (shoot) turfgrass plant tissue from three containers was submerged in the 

protein solution and suspended from a wire rack to dry. Turfgrass plant tissue from another 

three containers was submerged in deionized water and suspended from a wire rack to dry. 

After four hours, grass was replanted and six cutworms were introduced into the first two 

containers to be sampled after 24 hr. Containers with treated and untreated plants to which 

cutworms had not yet been introduced (plants for 48 and 72 hr sampling) were stored in the 

greenhouse. 
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Insect samples were taken from the containers after 24 hr. In addition to cutworm gut 

contents, treated and untreated plant material was also sampled to ensure that positive 

detection only occurred in treated plant samples. This process was repeated over three total 

replicates. As the ELISA processed for the 24 hr samples, six cutworms were added to two 

additional containers to be sampled the following day. Cutworms were added to containers at 

24 (3 replicates), 48 (3 replicates) and 72 hours (3 replicates) following plant protein 

treatment to see if protein detection decreased over time. Absorbance readings were recorded 

for cutworms exposed to untreated plant samples, cutworms exposed to treated plant 

samples, untreated plant tissue samples and treated plant tissue samples. Average absorbance 

reading and standard deviation for cutworms exposed to untreated plant samples were 

calculated. Samples were considered positive for the protein marker if the absorbance 

reading for a “treated” sample was greater than the mean negative “untreated” control 

reading by more than three standard deviations.  

Field Study 

Turfgrass was grown and maintained as described in the laboratory and greenhouse studies. 

For each replicate, aboveground (shoot) turfgrass plant tissue from three containers was 

submerged in the protein solution and suspended from a wire rack to dry. Turfgrass plant 

tissue from another three containers was submerged in deionized water and suspended from a 

wire rack to dry. After four hours, grass was replanted and six cutworms were introduced 

into the first two containers that would be sampled after 24 hr. Containers with treated and 

untreated plants to which cutworms had not yet been introduced (plants for 48 and 72 hr 
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sampling) were brought back to the field and placed in 10 cm dia holes so that the lid of the 

container was flush with the soil surface.  

After 24 hr, insect samples were taken from the two containers to which they were added the 

day before. In addition to cutworm gut contents, treated and untreated plant material was also 

sampled to ensure that positive detection only occurred in treated plant samples. This process 

was repeated over two total replicates. As the ELISA processed for the 24 hr samples, six 

cutworms were added to two additional containers to be sampled the following day. 

Cutworms were added to containers at 24 (2 replicates), 48 (2 replicates) and 72 hr (2 

replicates) following plant protein treatment to see if protein detection decreased over time. 

Absorbance readings were recorded for cutworms exposed to untreated plant samples, 

cutworms exposed to treated plant samples, untreated plant tissue samples and treated plant 

tissue samples. Average absorbance reading and standard deviation for cutworms exposed to 

untreated plant samples were calculated. Samples were considered positive for the protein 

marker if the absorbance reading for a “treated” sample was greater than the mean negative 

“untreated” control reading by more than three standard deviations.  

Results and Discussion 

Protocol Test 

During the initial trial replicate of the ELISA protocol, none of the untreated cutworms and 

just over half (58.33%) of the cutworms dipped in protein solution tested positive for goat 

IgG (Table 1). Although the authors anticipated that all of the cutworms dipped in goat IgG 

would test positive, the variance of absorbance readings in individual, untreated insects 

resulted in a higher calculated standard deviation and critical value (0.064 and 0.40 

60 



 

respectively) than when PBS solution was used as a control. In general, using untreated 

insects as the basis for the critical value calculation resulted in a higher cutoff point for each  

absorbance reading considered “positive” and decreased the likelihood of labeling a sample 

as positive when it was not. Using PBS as the baseline for determining “positive” and 

“negative” in the kill method test resulted in a very low standard deviation and critical value 

(0.0081 and 0.14 respectively), against which some individual insects tested positive, even 

though they were not exposed to goat IgG. Fewer freezer-killed insects (18.75%) tested 

positive than those placed in a vial of ethanol (37.5%) (Table 1) so insects for the subsequent 

ELISAs were placed in a freezer for 120 min prior to processing.  

As expected, none of the untreated insects and 100% of treated insects tested positive for 

goat IgG in the washing technique replicate (Table 1). However 0.00% of cutworms dipped 

in protein solution subjected to the trypsin sonic bath tested positive, indicating that the 

trypsin bath is an effective method for removing externally-acquired protein from the insect 

exoskeleton.  

Laboratory study 

Trial 1: Treated shoots 

Results from the first trial indicated the ELISA technique was successful at detecting protein 

residue in the insect gut after the insects had consumed treated leaf material at 24, 48 and 72 

hr post-treatment. None of the untreated plant tissue or cutworms exposed to untreated plant 

tissue tested positive for the protein at 24 (Table 2), 48 (Table 2) or 72 (Table 2) hr, 

demonstrating the high specificity of the rabbit anti-goat IgG (capture antibody) for goat IgG 

in the assay. High specificity of the capture antibody for the antigen means that little to no 
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cross-reactivity will occur in the ELISA and the likelihood of obtaining a false positive is 

low. More than half of treated plant samples tested positive for goat IgG at 24, 48 and 72 hr 

(55%, 68%, and 52%, respectively).  Fluctuations in absorbance readings in treated plant 

samples were most likely due to incomplete coating of plant tissues when plant material was 

submerged during the protein solution treatment process and less likely due to actual protein 

concentration fluctuations on the plant surface. In seven of eight replicates, more than half of 

cutworms exposed to treated plants tested positive. Although the percentage of cutworms 

testing positive did decrease over time (68% at 24 hr, 62% at 48 hr, and 55% at 72hr), protein 

detection was actually evident in more insect gut samples than in plant tissue samples. This 

could be due to the process we used to treat plant tissue samples, in that some plant samples 

may not have been entirely coated in the protein when dipped in the solution. It is also 

possible that the protein was better preserved in the environment of the insect digestive 

system rather than being exposed to possible degradation in the laboratory environment, 

although this is highly unlikely as vertebrate proteins are not readily susceptible to photo- or 

heat-degradation (Hagler 1997).  

Ultimately, the authors hoped that protein detection would be sufficiently high on the surface 

of the plant after 72 hr to ensure that the protein could be ingested by the insect and still 

detected via the ELISA. For an ELISA technique to have potential practical applications, the 

marker protein needs to remain intact both on the plant surface and within the insect for a 

sufficient period of time to ensure detection when insects are processed (Hagler and Jackson 

2001).  
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Trials 2, 3, and 4: Treated roots 

In the second trial, no cutworms (treated or untreated) tested positive for the protein (Table 

3). The authors believe that the high critical value (0.18) in this trial may have prevented 

individual sample absorbance readings from testing positive. To test if cutworms would feed  

on treated root material in a force-feed environment, the assay was repeated with only treated 

root samples in Petri dishes. In this trial, more than half (56%, averaged across all replicates) 

(Table 4) of cutworms tested positive when introduced into Petri dishes in a root force-feed 

environment. When forced, cutworms fed on root tissue and goat IgG was detected in the 

assay.  

The authors expected the percentage of cutworms feeding on treated root material in re-

planted containers to be lower than in the root force-feed trial, where cutworms were not 

given the opportunity to consume aboveground tissue rather than treated belowground tissue. 

However, protein detection was much higher in cutworms exposed to treated root tissue in 

replanted containers at 24 hr (83%) (Table 5). Although absorbance readings were not as 

high as with treated shoot tissue, goat IgG was still detected in the insect gut at 48 hr (50%) 

(Table 5) and 72 hr (17%) (Table 5). Black cutworms are typically thought to have a 

preference for tender leaf tissue (Harris et al. 1962) they feed on as they crawl across the turf 

surface at night (Williamson and Potter 1997), however the results of this trial indicate that 

some root consumption may also occur when cutworms feed.  

Whether goat IgG is applied to aboveground or belowground plant material, the ELISA 

technique can detect protein in the insect gut. In the third trial, 2% of cutworms not exposed 

to goat IgG tested positive. Cross-contamination could be a factor but, more likely, positive 

63 



 

readings in untreated wells could be attributed to a high baseline absorbance reading for a 

few individual insects. Because this was something that occurred in the root-feeding studies 

and not any foliar-feeding trials, the number of standard deviations used to calculate the 

critical value can be increased from three to four, in order to lower the chance of obtaining a  

type I error. The fourth trial had no false positives but protein detection on the plant surface 

decreased dramatically over 72 hrs. This was much different compared to the level of 

detection recorded in the shoot tissue trial over the three sampling days. This could be a 

result of the difference in plant tissue environment for treated shoots compared to treated 

roots. Shoot tissue exists in a light, well-ventilated area whereas root tissue remains in a dark, 

moist soil-sand mixture. The planting mixture may also have been responsible for sloughing 

protein off the surface of the root tissue.   

Greenhouse study 

Similar to the first trial in the laboratory study, none of the untreated cutworms or plant tissue 

tested positive for the marker protein at 24 hr (Table 6), 48 hr (Table 6), or 72 hr (Table 6). 

However, the number of cutworms exposed to treated plant tissue that tested positive did 

decrease over time and overall protein detection was lower than in the first trial. Temperature 

and sunlight intensity are much greater in the greenhouse than in the laboratory and may 

cause protein degradation on the surface of the plant. Since vertebrate proteins are both heat 

and photo-stable, and since we did not see a significant decrease of protein detection on the 

treated plant samples, it is more likely the hot environment (high temperatures above 38°C 

(100°F)) negatively impacted insect feeding. Overall, the number of samples that tested 

positive (insects and plants) was variable. Although it is not entirely clear how the 
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greenhouse environment affected the outcome of these assays, goat IgG was still detected 

both in the insect gut and on plant tissue at 24, 48 and 72 hr.   

Field study 

Similar to the greenhouse study, none of the untreated plant tissue or cutworms exposed to 

untreated plant tissue tested positive for the marker protein in the field trials after 24 hr 

(Table 7), 48 hr (Table 7) or 72 hr (Table 7). The number of cutworms in containers with 

treated plants that tested positive was variable and was relatively low (17%) 48 hr after 

treatment. Since detection on plant tissue was normal (50%) for that day, fewer cutworms 

testing positive for goat IgG was more likely due to an interruption in cutworm feeding 

behavior rather than protein degradation.  

Although protein detection can vary day-to-day, this ELISA technique is effective at 

identifying protein presence both on turfgrass tissue and in the insect gut. Because results 

with treated shoot tissue in the greenhouse and field were not as consistent as in the 

laboratory, this protocol should be further evaluated under different environmental 

conditions. Despite these inconsistencies, it is important to recognize how this approach may 

help enhance our knowledge regarding insect feeding behavior. This technique not only helps 

determine the specific location of insect feeding on turfgrass but also be used to identify 

when the majority of feeding occurs for different insects. An improved understanding of the 

location and the timing of plant consumption for different species of insects may be utilized 

in maximizing pesticide efficacy through targeted pesticide application placement and 

timing. 
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Table 1. Preliminary ELISA protocol tests to ensure applicability of technique to black 
cutworm assay 

Test method n Mean (s.d.) critical value positive (%) 

Protocol tests 
   

  

untreated 24 0.20408 (0.06385) 0.39563 0 

treated (dipped) 24 
 

0.39563 58.33 

Kill method 
   

  

control (PBS only) 3 0.11667(0.00814) 0.14109 - 

Ethanol 16 
 

0.14109 18.75 

Freezer 16 
 

0.14109 37.5 

Wash test 
   

  

untreated 24 0.106 (0.00563) 0.12289 0.00 

treated (dipped) 12 
 

0.12289 100.00 

treated washed 12   0.12289 0.00 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

68 



 

Table 2. Treated aboveground plant tissue exposed to cutworms and processed via the 
ELISA at 24 hr, 48 hr, and 72 hr in the laboratory. 

Treated 
section 

Hours 
post-

treatment Replicate   n mean (s.d.) 
critical 
value 

positive 
(%) 

Above-
ground 
(foliar) 
tissue 

24 

1 treated BCW 15 0.112(0.0244) 0.18532 100.00 
1 untreated BCW 13     0.00 
2 treated BCW 12 0.07908(0.00323) 0.08877 91.67 
2 untreated BCW 12 

  
0.00 

2 treated plant 12 0.08008(0.00806) 0.10426 41.67 
2 untreated plant 12     0.00 
3 treated BCW 12 0.07142(0.00498) 0.08636 8.33 
3 untreated BCW 12     0.00 
4 treated BCW 6 0.14083(0.03658) 0.25057 66.67 
4 untreated BCW 6 

  
0.00 

4 treated plant 6 0.155(0.03722) 0.26666 66.67 
4 untreated plant 6     0.00 
5 treated BCW 6 0.08317(0.00618) 0.09553 100.00 
5 untreated BCW 6 

  
0.00 

5 treated plant 6 0.087117(0.00402) 0.09521 16.67 
5 untreated plant 6     0.00 
6 treated BCW 6 0.0795(0.00288) 0.08814 100.00 
6 untreated BCW 6 

  
0.00 

6 treated plant 6 0.0815(0.00589) 0.09917 66.67 
6 untreated plant 6     0.00 
7 treated BCW 6 0.1055(0.01118) 0.13904 16.67 
7 untreated BCW 6 

  
0.00 

7 treated plant 6 0.10133(0.00761) 0.12416 33.33 
7 untreated plant 6     0.00 
8 treated BCW 3 0.0922(0.00396) 0.10408 33.33 
8 untreated BCW 5 

  
0.00 

8 treated plant 30 0.08373(0.00512) 0.09849 66.67 
8 untreated plant 30 

  
0.00 

48 

1 treated BCW 16 0.112(0.01465) 0.15595 87.50 
1 untreated BCW 16     0.00 
2 treated BCW 12 0.10083(0.00685) 0.11453 33.33 
2 untreated BCW 11 

  
0.00 

2 treated plant 12 0.0934(0.00207) 0.09754 100.00 
2 untreated plant 10     0.00 
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Table 2 Continued 

 
 
 
 

Above-
ground 
(foliar) 
tissue 

48 

3 treated BCW 12 0.09567(0.01292) 0.13443 25.00 
3 untreated BCW 12     0.00 
4 treated BCW 6 0.074(0.0041) 0.0863 83.33 
4 untreated BCW 6 

  
0.00 

4 treated plant 6 0.08267(0.0032) 0.09227 66.67 
4 untreated plant 6     0.00 
5 treated BCW 6 0.07317(0.00382) 0.08463 66.67 
5 untreated BCW 6 

  
0.00 

5 treated plant 6 0.07267(0.00294) 0.08149 66.67 
5 untreated plant 6     0.00 
6 treated BCW 6 0.08083(0.00553) 0.09742 83.33 
6 untreated BCW 6 

  
0.00 

6 treated plant 6 0.08867(0.00294) 0.09749 16.67 
6 untreated plant 6     0.00 
7 treated BCW 2 0.09567(0.01292) 0.13443 100.00 
7 untreated BCW 3 

  
0.00 

7 treated plant 30 0.09683(0.01906) 0.15401 66.67 
7 untreated plant 32 

  
0.00 

72 

1 treated BCW 12 0.10658(0.00526) 0.12236 66.67 
1 untreated BCW 12 

  
0.00 

1 treated plant 12 0.10567(0.00594) 0.12349 83.33 
1 untreated plant 12     0.00 
2 treated BCW 12 0.09909(0.01807) 0.1533 75.00 
2 untreated BCW 12 

  
0.00 

2 treated plant 12 0.09683(0.01906) 0.15401 33.33 
2 untreated plant 12     0.00 
3 treated BCW 6 0.06167(0.00242) 0.06893 83.33 
3 untreated BCW 6 

  
0.00 

3 treated plant 6 0.06683(0.00331) 0.07676 83.33 
3 untreated plant 6     0.00 
4 treated BCW 6 0.07417(0.00264) 0.08209 83.33 
4 untreated BCW 6 

  
0.00 

4 treated plant 6 0.07933(0.00273) 0.08752 100.00 
4 untreated plant 6     0.00 

70 



 

Table 2 Continued 

 
 
 
 
Table 3. ELISA results for treated belowground plant tissue and cutworms exposed to 
treated plants for 24 hours in the laboratory 

Trial 2    n mean (s.d.) critical value positive (%) 

Replicate 1 treated BCW 24 0.1325(0.0227) 0.1779 0.00 
untreated BCW 24     0.00 

 
 
 
Table 4. ELISA results for treated belowground plant tissue placed in Petri dishes with 
cutworms for 24 hours in the laboratory 

Trial 3    n mean (s.d.) critical value positive (%) 

Replicate 
1 

untreated BCW 24 0.08979(0.01199) 0.12576 4.17 
treated BCW 12     16.67 

treated BCW (Petri) 12     50.00 

Replicate 
2 

untreated BCW 24 0.10346(0.02258) 0.1712 4.17 
treated BCW 12     0.00 

treated BCW (Petri) 12     33.33 

Replicate 
3 

untreated BCW 24 0.08221(0.00799) 0.10618 0.00 
treated BCW 12     16.67 

treated BCW (Petri) 12     83.33 
 
 
 
 
 
 
 
 
 
 
 

Above-
ground 
(foliar) 
tissue 

72 

5 treated BCW 24 0.08533(0.00458) 0.09907 25.00 
5 untreated BCW 24 

  
0.00 

5 treated plant 24 0.08582(0.00691) 0.10655 25.00 
5 untreated plant 24     0.00 
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Table 5. Treated belowground plant tissue exposed to cutworms and processed via the 
ELISA at 24 hr, 48 hr, and 72 hr in the laboratory. 

Location 

Hours 
post-

treatment Replicate   n mean (s.d.) 
critical 
value 

positive 
(%) 

Below-
ground 
(root) 
tissue 

24 

1 treated BCW 24 0.1325(0.0227) 0.1779 0.00 
1 untreated BCW 24     0.00 
2 treated BCW 12 0.0755(0.00456) 0.08918 83.33 
2 untreated BCW 12 

  
0.00 

2 treated plant 12 0.07936(0.0051) 0.09466 75.00 
2 untreated plant 12 

  
0.00 

48 

1 treated BCW 12 0.08192(0.00406) 0.0941 50.00 
1 untreated BCW 12 

  
0.00 

1 treated plant 12 0.12333(0.03341) 0.22356 25.00 
1 untreated plant 12     0.00 

72 

1 treated BCW 12 0.0919(0.00906) 0.11908 16.67 
1 untreated BCW 12 

  
0.00 

1 treated plant 12 0.09292(0.01249) 0.13039 8.33 
1 untreated plant 12     0.00 
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Table 6. Treated aboveground plant tissue exposed to cutworms and processed via the 
ELISA at 24 hr, 48 hr, and 72 hr in the greenhouse. 
 

 
 
 
 

Location 

Hours 
post-

treatment Replicate 
 

n mean (s.d.) 
critical 
value 

positive 
(%) 

Above-
ground 
(foliar) 
tissue 

24 

1 treated BCW 6 0.12417(0.01105) 0.15732 50.00 
1 untreated BCW 6 

  
0.00 

1 treated plant 6 0.129(0.01386) 0.17058 66.67 
1 untreated plant 6 

  
0.00 

2 treated BCW 6 0.09983(0.02001) 0.13985 16.67 
2 untreated BCW 6 

  
0.00 

2 treated plant 6 0.09567(0.00493) 0.10553 16.67 
2 untreated plant 6 

  
0.00 

3 treated BCW 6 0.07683(0.00354) 0.08745 100.00 
3 untreated BCW 6 

  
0.00 

3 treated plant 6 0.08733(0.01218) 0.12387 0.00 
3 untreated plant 6 

  
0.00 

48 

1 treated BCW 6 0.07117(0.00436) 0.08425 50.00 
1 untreated BCW 6 

  
0.00 

1 treated plant 6 0.081(0.00754) 0.10362 50.00 
1 untreated plant 6 

  
0.00 

2 treated BCW 12 0.069(0.00434) 0.08202 50.00 
2 untreated BCW 12 

  
0.00 

2 treated plant 12 0.0705(0.00339) 0.08067 50.00 
2 untreated plant 12 

  
0.00 

72 

1 treated BCW 6 0.05767(0.00446) 0.07105 50.00 
1 untreated BCW 6 

  
0.00 

1 treated plant 6 0.0654(0.00445) 0.07875 83.33 
1 untreated plant 6 

  
0.00 

2 treated BCW 12 0.07367(0.00393) 0.08546 50.00 
2 untreated BCW 12 

  
0.00 

2 treated plant 12 0.0756(0.00152) 0.08016 66.67 
2 untreated plant 12 

  
0.00 
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Table 7. Treated aboveground plant tissue exposed to cutworms, under field conditions, 
and processed via the ELISA at 24 hr, 48 hr, and 72 hr. 
 

 
 
 
 
 
 
 
 
 

Location 

Hours 
post-

treatment Replicate   n mean (s.d.) 
critical 
value 

positive 
(%) 

Above-
ground 
(foliar) 
tissue 

24 

1 treated BCW 6 0.09817(0.00549) 0.11464 66.67 
1 untreated BCW 6 

  
0.00 

1 treated plant 6 0.09917(0.00519) 0.11474 33.33 
1 untreated plant 6 

  
0.00 

2 treated BCW 12 .08918(.00646) 0.10856 25.00 
2 untreated BCW 12 

  
0.00 

2 treated plant 12 .08375(.00372) 0.09491 33.33 
2 untreated plant 12 

  
0.00 

48 

1 treated BCW 6 0.0882(0.00909) 0.11547 16.67 
1 untreated BCW 6 

  
0.00 

1 treated plant 6 0.0855(0.00235) 0.09255 50.00 
1 untreated plant 6 

  
0.00 

2 treated BCW 12 0.117(.004) 0.129 16.67 
2 untreated BCW 12 

  
0.00 

2 treated plant 12 0.127(0.02071) 0.18913 50.00 
2 untreated plant 12 

  
0.00 

72 

1 treated BCW 6 0.07317(0.00256) 0.08085 83.33 
1 untreated BCW 6 

  
0.00 

1 treated plant 6 0.0776(0.00397) 0.08967 100.00 
1 untreated plant 6 

  
0.00 

2 treated BCW 12 0.07433(0.00423) 0.08702 8.33 
2 untreated BCW 12 

  
0.00 

2 treated plant 12 0.07242(0.00406) 0.0846 16.67 
2 untreated plant 12 

  
0.00 
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EXAMINING THE FEEDING BEHAVIOR OF SUGARCANE BEETLE USING A 

NOVEL IMMUNOMARKING TECHNIQUE 

 

Abstract 

An enzyme-linked immunosorbent assay (ELISA) technique was developed to better 

understand sugarcane beetle feeding behavior in turfgrass. Specific sections (aboveground or 

belowground) of the turfgrass plant were coated in an artificial protein (goat IgG), not 

otherwise found in the turfgrass environment. Insects were introduced into containers with 

both treated and untreated plants at 24 hr, 48 hr and 72 hr post-treatment. Sugarcane beetle 

adults were removed after 24 hr. Depending on treatment, adult beetles were either cut into 

pieces or dissected to remove the digestive tract. A buffer solution was mixed with the beetle 

sections or insect gut and processed via the ELISA. Due to high level of baseline protein 

detection in untreated samples, a washing technique was developed to remove protein from 

the exoskeleton of adult beetles. This study outlines the steps taken to develop a feeding 

ELISA for adult beetles in turfgrass.  
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Introduction 

Turfgrass insect pests can damage turfgrass in a variety of ways. Although direct 

consumption of aboveground foliar tissue is the most obvious form of feeding damage 

behavior, insects can also feed belowground on root tissue and organic matter in the soil, or 

use their mouthparts to suck sap from stems and crowns (Potter and Braman, 1991). In 

particular for soil insects with similar, chewing mouthparts (cutworms, armyworms, billbugs, 

white grubs etc.), it is difficult to pinpoint the exact site on the plant where the insect is 

feeding and to quantify the amount of tissue being consumed. In the past, research on insect 

feeding behavior has relied heavily on direct observations on the location of the insect and 

corresponding damage (Carruth et al., 1946; Ma, 1976; Walkden, 1943). To better examine 

pest feeding and how feeding behavior changes throughout the growing season, we  

developed an enzyme-linked immunosorbent assay (ELISA) technique that utilizes an 

externally-applied protein on a particular section of the turfgrass plant and tests for the 

presence or absence of that protein in the insect gut.  

Protein-marking, or immunomarking, has been successfully adapted for use in both insect 

dispersal (Hagler 2011, Hagler 2006, Hagler and Cohen 1992, Hagler and Durand 1994, 

Mansfield 2008, Williams et al. 2011) and feeding studies. ELISAs have been used to 

examine insect feeding in predator-prey relationships (Sunderland et al. 1987), to determine 

caste structure in social insects (Buczkowski and Bennett 2006), to track entomopathogenic 

fungal toxins in transgenic plants (Dutton et al. 2002), and in areas where blood-feeding 

insects pose a risk to human health (Apperson et al. 2002). Identifying or quantifying plant 

tissue consumption has also been examined with ELISA techniques but has previously only 
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been with unique marker proteins from different host plant sources (Sammons et al. 1997, 

Seiter et al. 2010). Our approach involved artificially-coating a specific plant site with a 

protein that could not be found in another location on the same plant. A positive reading from 

an insect gut content sample could only mean that the insect consumed plant material from 

the area treated with the protein.  

The objective of this work was to use this technique to determine the location on the plant 

where sugarcane beetle (Euetheola humilis Burmeister) feeding occurs. Ultimately, 

identifying the section of the plant that is consumed when sugarcane beetle adults are feeding 

can help refine pest management strategies. 

Materials and Methods 

Sugarcane beetle adults were collected from light traps and night field collections, sexed, and 

stored separately in 14 L clear, plastic storage boxes (No. 3Q24, Rubbermaid®, Atlanta, GA) 

in the laboratory in sterilized potting soil (Scotts Miracle-Gro Company, Marysville, OH) for 

a maximum of 48 hr before processing.  

Bermudagrass Cynodon spp. was grown from seed in approximately 16.5 cm diameter white, 

plastic containers (Berry Plastics Corp., Evansville, IN) in the greenhouse. Containers were 

filled with a 50:50 sterilized sand:sterilized potting soil mixture and watered until the soil 

mixture was saturated. Grass seed was applied (9 g/m2) to the soil surface and then lightly 

covered (~ 0.6 cm.) with sterilized potting soil. Containers received irrigation (~ 0.6 cm.) 

daily until germination occurred. Following germination, containers received irrigation (0.6 

cm) every three days. Grass was trimmed to a height of approximately 5 cm with handheld 

grass shears (No. GSN30, Black & Decker®, Towson, MD). Separate studies were 
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conducted to evaluate protein detection in both plant tissue and in beetle gut contents in the 

laboratory, greenhouse and field.  

ELISA Technique 

Plate Coating 

Well plates were coated prior to introducing insect gut content samples. The purpose of this 

coating procedure is to introduce a known quantity of the capture antibody to which the 

sample (containing the antigen (protein)) will bind. 100 µl of rabbit anti-goat IgG (capture 

antibody) (Immunoreagents, No. RbxGt-003-EBIO)-sodium carbonate buffer 

(Immunoreagents, No. BU-054) (1µg antibody/ml) was added to each well and incubated for 

60 minutes at 20°C. The contents of the wells were discarded and washed three times with a 

phosphate buffer saline-tween 20 (0.05% tween, 7.4 pH) (PBST) solution (Fisher Scientific, 

No. BP2938-10). In order to prevent a false positive, any non-specific binding sites that were 

not bound to the capture antibody were blocked with 375 µl/well of rabbit serum 

(Immunoreagents Inc., Raleigh, NC, No. SP-003-VX10) diluted to a 2%v/v with PBST. The 

contents from each well were discarded and well plates were air dried for 30 minutes before 

covering with Parafilm® (Grainger Industrial Supply, No. 16Y894) and storage at 3°C until 

needed.  

 

Plant Treatment 

Plants were removed from containers and the soil:sand mixture was rinsed thoroughly from 

the roots. The roots were then wrung with paper towels (Brawny®, Georgia-Pacific LLC, 

August, GA) to remove as much excess moisture as possible. Plant material to be treated 
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(shoot or root tissue, dependent upon the trial) was submerged in a goat IgG-phosphate 

buffer saline (PBS) (Sigma Aldrich Co., No. P3813-10) solution (0.78mg antigen/100mL 

PBS). Plants were suspended from a wire rack with the treated plant material inverted so 

excess solution could drop into a collecting pan below. Inversion of the treated plant material 

also prevented the solution from coating untreated sections of the plant. Plants were 

suspended on wire racks for four hours, until the protein solution had dried on the surface of 

the plant tissue. Treated and untreated plants were then re-planted in Profile® Porous 

Ceramic (PPC) Greens Grade soil amendment (Profile Products LLC, Buffalo Grove, IL) 

(“Profile®”) in 473 ml clear, plastic deli cups. Three to six (depending on availability) adult 

beetles were added to each cup and held for 24 hr. After the beetles were added, each deli 

cup was covered with a layer of tulle secured to the container with rubber bands.  

 

ELISA protocol 

Sample solutions were discarded and well plates were washed three times with PBST to rid 

them of excess solution and to ensure all antigen-containing samples were removed. Rabbit 

anti-goat IgG-Biotin (detection antibody)-PBS solution (2µg/ml PBS) was added at the rate 

of 100µl/well. The detection antibody (biotin) binds to the goat IgG in each well. Well plates 

were incubated for 60 minutes at 20°C. The contents of each well were discarded and plates 

were rinsed five times with PBST. 100µl of streptavidin-alkaline phosphatase (Strep) 

(0.5µg/ml PBST) (Jackson ImmunoResearch Laboratories, No. 016-050-084), a protein 

conjugate with a high affinity for biotin, was added to each well. Wells were incubated for 60 

minutes at 20°C. The contents of each well were discarded and plates were rinsed five times 
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with PBST. 100µl of 1-step para-Nitrophenylphosphate (pNPP) (Thermo Scientific, No. 

37621), a substrate that reacts with Strep to produce para-nitrophenol, a yellow substance 

that can be measured by a spectrophotometer, was added to each well and incubated for 

seven minutes. After the incubation period, well plates were placed in a spectrophotometer 

and absorbance readings were taken. 

 

Washing technique assays 

Initial ELISA attempts using beetles exposed to treated plant material indicate that there was 

a source of cross-contamination, possibly due to protein residue adhering to the exoskeleton 

of the adult beetle as it moved across treated grass. An exterior wash was required to ensure 

that any excess protein on the exoskeleton was removed prior to dissection. The number of 

beetles used in each trial varied since it was based on the number of sugarcane beetles adults 

recovered from light traps and night-collecting each week.  

Wash Trial 1: The first wash trial included four treatments (Table 1). Beetles to be washed 

were placed in a 50 ml centrifuge tube (No. 8NHP2, Grainger Industrial Supply, Raleigh, 

NC) and rinsed for 10 or 30 seconds with 30 ml of deionized water, dependent on treatment. 

The water was discarded and beetles were placed on a paper towel to dry prior to dissection. 

To extract the gut contents, the ventral side of each beetle abdomen was cut and the sides 

pulled apart to remove the digestive tract. The insect gut sample was placed into a 1.7 ml 

microcentrifuge tube (WorldWide Medical Products, Inc., No. 41021009) and macerated 

with 1ml of PBS solution. After three minutes, 100 µl of the insect sample solution was 

80 



 

placed in one well of a 96-well plate (No. 25-109, Genesee Scientific, San Diego, CA) and 

remained for 60 min at 20°C. 

Wash Trial 2: The second wash trial included four treatments (Table 1). Samples were 

prepared as in the first trial, using 30 ml of ethanol instead of DI water for the rinsing 

solution. Prepared solutions were also diluted to one-fourth the original concentration and the 

dilutions were replicate on the same plate.  

Wash Trial 3: In the third wash trial, ethanol was replaced by a 10% NaCl solution (Table 1). 

As in the second trial, prepared solutions were also diluted to one-fourth the original 

concentration and the dilutions were replicate on the same plate. 

Wash Trial 4: Beetles exposed to treated plant material in the fourth trial (with the exception 

of the untreated, unwashed treatment) were washed in a sonic bath prior to dissection.  

Whole beetles were placed in a 50ml centrifuge tube with 20ml of PBS, PBST, 10ml of PBS 

and PBST, or 20 ml of a trypsin solution (0.1g/100ml PBS) (Table 1) in a small sonicator 

(No. CD-2800, Magnasonic Co., Niagara Falls, Ontario, Canada) and sonicated for 30 

minutes. Once the sonic bath was completed, beetles were rinsed five times in 30 ml of PBST 

to remove any solution containing IgG from the sample. Untreated and treated, but 

unwashed, beetles remained on paper towels at room temperature until after the sonic bath 

was completed and dissections could occur. This trial was repeated for a total of two 

replicates. 
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Dissection Assay 

Due to the length of time required to dissect individual beetles, a quick assay evaluating the 

difference in protein detection between dissected beetle guts and whole beetles cut into large 

pieces was conducted. With the exception of the untreated treatment, all beetles were placed 

in Petri dishes (3 beetles/dish) each dish containing a cotton swab that had been dipped in the 

protein solution (Table 2). Untreated beetles were placed in Petri dishes with cotton swabs  

dipped in distilled water. After 12 hr, six beetles were removed from two of the protein-

cotton swab Petri dishes and placed in the freezer. After 24 hr, the remaining 12 beetles were 

removed from their respective Petri dishes and placed in the freezer for two hr at 

approximately -16°C. Beetles exposed to treated cotton swabs were washed in the trypsin 

bath. All beetles were dissected and insect sample solutions prepared as described above.  

 

Protein Relocation Assays 

To test for relocation of protein from a treated area of the plant into a non-treated area, two 

experiments were designed. Aboveground plant material was dipped in protein solution, 

dried and re-planted as described above. Six samples of root material, shoot material and 

Profile® surrounding the plant were removed from both treated and untreated plants and 

placed in 1.7 ml Eppendorf tubes to which 1 ml of PBS was added (Table 3). This trial was 

repeated for a total of two replicates.  

Belowground plant material was prepared as described above. Samples of plant material and 

soil amendment were removed from the containers of treated and untreated plants and placed 

82 



 

in Eppendorf tubes with 1 ml of PBS for the ELISA. This trial was repeated for a total of two 

replicates. 

 

Feeding studies 

Aboveground plant material was dipped in protein solution, dried and re-planted as described 

above. Beetles were introduced to containers and remained on the plants for 24 hr at 20°C. 

Three treatments were included in the initial feeding study: untreated, treated (washed) and 

treated (unwashed) (Table 4). Beetles to be washed were removed from containers, placed in 

the freezer for two hours, and sonicated in the trypsin solution for 30 minutes. Untreated and 

treated, unwashed beetles were removed from containers, placed in the freezer for two hr and 

then placed on a dry paper towel in the laboratory until processing. Sample solutions were 

prepared as in the wash trials. This feeding trial was repeated for a total of two replicates. 

 

Baseline protein detection 

Due to the variation of protein detection in untreated insects in previous studies, untreated 

adult beetles were tested for baseline absorbance readings according to preparation, sex and 

washing technique. Beetles exposed to only untreated plant tissue for 24 hr were immersed in 

the PBS solution whole or cut into pieces (Table 5). Beetles were not subject to a rinse or 

sonic bath prior to immersion. This assay was repeated with four treatments: whole and 

chopped beetles of each sex (Table 6).  
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Untreated, chopped beetles were subject to three washing regimes: unwashed, rinsed with 

PBS three times for 30 seconds and sonicated for 30 minutes with PBS (Table 7). Sample 

solutions were prepared as described earlier and absorbance readings were recorded. 

Results and Discussion 

Washing Technique Assays 

Initially, the authors assumed that a simple water rinse of the exterior of each beetle would be 

sufficient for removing any excess protein that could contaminate the sample. We sought a 

technique that would ensure that a high absorbance reading could only be attributed to 

protein that was ingested and not from trace protein present on the exoskeleton of the insect.  

Therefore a rinsing procedure was devised, agitating the beetle for a period of time (10 or 30 

seconds) in deionized water to remove the excess protein. Although all untreated beetles 

tested negative for the protein (Table 8) indicating that the assay was not too sensitive for a 

gut content study, 100% of adult beetles exposed to treated plant tissue tested positive for 

goat IgG, regardless of washing procedure. The ethanol rinse trial performed similarly to the 

deionized water trial (Table 8) although the absorbance readings in untreated wells were very 

high, suggesting there was some low level of contamination in the untreated samples. 

Because vertebrate proteins are known for their high solubility in salt solutions (Chittenden 

1892), washing the beetles in salt solution for 60 seconds, once or twice depending on trial 

was attempted to remove exterior protein and found  to also be ineffective (Table 8). These 

trials elucidated the need to subject the beetles to not only a more rigorous washing 

procedure (30 minute sonic bath), but also to incorporate a protein-hydrolyzing protease 

(trypsin) in order to breakdown the goat IgG on the beetle exoskeleton and flush it from the 
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insect sample with the PBST rinses. In the first trial, 0.00% of untreated beetles and beetles 

exposed to treated plant material subjected to the PBS sonic bath tested positive for goat IgG 

(Table 8). 67% of treated beetles suspended in the trypsin sonic bath and 100% of treated 

beetles suspended in a PBST, a mix PBS:PBST sonic bath and treated, unwashed beetles 

tested positive, suggesting that a PBS sonic bath is the most effective at removing protein. 

However, the results that a saline (PBS) solution would be able to remove protein more 

effectively than a solution containing a digesting enzyme was counterintuitive, so the trial 

was repeated. In the second replicate, 0.00% of untreated beetles and beetles exposed to 

treated plant material, then suspended in the trypsin sonic bath for 30 minutes  

tested positive for goat IgG while 33% of beetles exposed to treated plant material that 

received a PBS sonic bath tested positive for the protein (Table 8). A lack of sugarcane beetle 

adults prevented the repetition of this washing technique with that particular species but was 

repeated twice using hunting billbug (Sphenophorus venatus vestitus Chittenden) adults to 

ensure the trypsin sonic bath was effective. 

 

Dissection Assay 

Regardless of dissection technique (chopped, whole beetles versus beetles with digestive 

tracts removed), all beetles exposed to untreated plant tissue tested negative for goat IgG 

(Table 9). The percentage of beetle digestive tracts testing positive from beetles fed treated 

plants for 12 and 24 hr were 0.00% and 67% respectively. Whole beetles that were chopped 

into pieces and mixed in the PBS solution were 100% positive for both 12 and 24 hr feeding 

periods. In general, protein detection was higher in chopped, whole beetles than in samples 
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with just gut contents. This could be potentially the result of a small amount of residual 

protein present on the exoskeleton or on other internal structures of the insect, in addition to 

goat IgG present on treated plant material in the insect gut. However, because absorbance 

readings from 24 hr samples were sufficiently high in both whole, chopped beetle samples 

and also samples where only the gut contents were used, we concluded that protein detection 

was more likely due to the ingestion of treated plant material rather than excess protein 

present on beetle internal structures.  

 

Protein Relocation Assays 

Results from the first aboveground plant material trial were not what we anticipated. 

Evidence of some protein relocation from treated shoots to untreated roots (16% roots tested 

positive) (Table 10) and soil contamination (33% of Profile® samples tested positive) was 

apparent but no treated shoot samples tested positive. For the second aboveground plant 

material trial, we modified the technique with which we irrigated the grass to minimize 

contamination. Rather than introducing water from the top of the container and letting it 

move down throughout the soil profile, we drilled small holes in the bottom of each container 

and set containers in an individual plastic tray with water so that the moisture was absorbed 

by the Profile® from the bottom and moved through capillary flow. Untreated roots in treated 

plant containers still showed some level of protein detection (16%) (Table 10) but no 

Profile® samples and 100% of treated shoot samples from treated plants tested positive for 

goat IgG.  
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As in the aboveground plant material trials, none of the untreated plant or soil samples tested 

positive for goat IgG in both the first and second belowground plant material trials (Table 

11). As anticipated, there was some contamination in the Profile® samples when the roots 

were treated with protein, with 67% of the soil samples positive in the first trial and 16% in 

the second trial. However, the modified irrigation technique was not implemented until the 

second trial which could explain the considerable decrease in the number of positive samples 

from Trial 1 to Trial 2. 100% of root samples removed from treated plants tested positive for 

goat IgG.  

Our results suggest that when aboveground plant material is treated, there appears to be a 

small amount of protein relocation to the roots. This detection is minimal and will not greatly 

change the results when examining insect feeding location in plants. Soil contamination is 

also minimal, and false positive results can be minimized if a judicious irrigating regime is 

implemented when conducting such an experiment. Additionally, there seems to be no 

protein relocation to aboveground tissue when belowground plant material is treated. 

 

Feeding studies 

In both trials, some protein detection was detected on unwashed beetles exposed to treated 

plant tissue (Table 12), as was expected. Beetles placed in treated containers and washed in 

the trypsin sonic bath after 24 hr also had high absorbance readings in the first trial (67%) but 

not in the second (0.00%). Although the sample size was very low, we concluded that it is 

possible to detect treated plant material inside the insect, even after it is placed in a sonic bath 

for 30 minutes. The results of the second trial were confounded due to the high absorbance 
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readings in the untreated beetle samples. The critical value calculated to determine positive 

or negative protein detection for the second trial was 0.63997 which was much higher than 

the critical value for the first trial (0.1058). In some cases, there does appear to be a low level 

of detection in untreated beetle samples, potentially due to the presence of another similar 

protein reacting with the capture antibody used in the plate coating process. It is possible that 

goat IgG, a protein that can be used successfully to study gut contents in both hunting 

billbugs and black cutworms (Agrotis ipsilon Hufnagel) may not be the best selection for 

sugarcane beetle research. It is not uncommon for different vertebrate proteins to be used in 

the same, or similar, techniques for different insect species. Proteins used in ELISA 

procedures can cause toxicity or modify feeding behavior in some  

insects but not in others (Su 1991). In order to determine if goat IgG is an appropriate marker 

for use in sugarcane beetle feeding research, another laboratory assay was developed, 

examining the baseline detection seen in untreated beetles.  

 

Baseline protein detection 

Initially, when absorbance readings from PBS-only wells were used to calculate the critical 

value, the majority of both whole and chopped untreated beetles tested positive for goat IgG 

(80% and 75% respectively) (Table 13). Since absorbance readings from PBS wells were 

consistently low and precise, the critical value was set too low. Instead, 0.31 ng goat 

IgG/well was used as the standard for determining critical values. Compared to these 

absorbance readings, 0.00% whole beetles and 60% of chopped beetles tested positive for the 

protein. None of these beetles (whole or chopped) were exposed to treated plants or raw 
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protein, suggesting that there is most likely an internal protein in sugarcane beetles that is 

reacting with the capture antibody. When separated by sex, 0.00% of all whole beetles (male 

and female) tested positive (Table 14). However, chopped beetles still had positive 

absorbance readings for goat IgG.  

Once the untreated beetles were subjected to a wash, all absorbance readings decreased 

significantly so that 0.00% of all beetles tested positive for IgG (Table 15).  It is therefore 

essential to at least rinse each insect prior to replicatening the ELISA, even if they were 

placed in containers with untreated plants in order to avoid cross-contamination and 

artificially-high absorbance readings.  

 

Although there is potential for this technique to be adapted to examine feeding behavior in a 

variety of insect pests, limiting the potential for contamination of untreated samples is a 

challenge, and contamination will increase the likelihood of obtaining both false positives 

and false negatives. Vertebrate proteins are successfully used in ELISA techniques due to 

their high-specificity (Hagler et al. 1991) but depending on the pest complex being 

examined, some non-specific binding may occur (Bosompem et al. 1995). Therefore each 

insect, regardless of treatment, used in an ELISA must be subjected to some washing 

regimen to remove any externally-linked proteins that could bind to the capture antibody and 

confound the results. In order for this technique to have use in other insect species, 

preliminary studies examining baseline protein detection and evaluating washing procedures 

must be conducted.  
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Table 1. Washing technique assay treatments for sugarcane beetles exposed to either 
treated or untreated plant material for 24 hr 

Wash 
Trial Treatment Exposed to treated plant Sonic Bath Rinse 

No. of 
beetles 

1 

DI water no no - 6 
DI water yes no 10 seconds 6 
DI water yes no 30 seconds 6 
DI water yes no - 6 

2 

ethanol no no - 3 
ethanol yes no 30 seconds 3 
ethanol yes no 60 seconds 3 
ethanol yes no - 3 

Samples diluted 1:4   
ethanol no no - 3 
ethanol yes no 30 seconds 3 
ethanol yes no 60 seconds 3 
ethanol yes no - 3 

3 

salt wash no no - 3 
salt wash yes no 60 seconds (1X) 3 
salt wash yes no 60 seconds (2X) 3 
salt wash yes no - 3 

Samples diluted 1:4   
salt wash no no - 3 
salt wash yes no 60 seconds (1X) 3 
salt wash yes no 60 seconds (2X) 3 
salt wash yes no - 3 

4 

1 no - - 3 
2 yes PBS PBS 3 
3 yes PBST PBS 3 
4 yes PBS/PBST PBST 3 
5 yes trypsin PBS 3 
6 yes - - 3 
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Table 2. Dissection assay treatments for beetles exposed to protein-soaked cotton  
Treatment Protein-soaked cotton Whole/Gut only Time No. of beetles 

1 no - 24 6 
2 yes Whole 12 3 
3 yes Gut 12 3 
4 yes Whole 24 3 
5 yes Gut 24 3 

 
 
 
Table 3. Protein relocation assay treatments from treated section of plant to non-
treated section 

Treatment Exposed to treated plant Sampled plant material No. of beetles 

1 yes Shoot 6 
2 yes Profile® 6 
3 Yes Root 6 
4 no Shoot 6 
5 no Profile® 6 
6 no Root 6 

 
 
 

Table 4. Unwashed and washed (sonic bath with trypsin) sugarcane beetle treatments 
exposed to treated aboveground tissue  

Treatment Exposed to treated plant Sonic bath No. of beetles 
1  no no 6 
2 yes Yes 6 
3 yes no 6 

 
 
 
Table 5. Dissection (gut extraction/whole beetle) technique treatments 

Treatment Cut/Whole No. of beetles 
1 whole 5 
2 cut 4 
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Table 6. Dissection (gut extraction/whole beetle) assay treatments separated by 
male/female 

Treatment Cut/Whole Male/Female No. of beetles 
1 whole Male 5 
2 whole Female 3 
3 cut Male 5 
4 cut Female 3 

 
 
 

Table 7. Washing technique assay treatments for sugarcane beetles utilized in ELISA 
protocol 

Treatment Washing technique No. of beetles 
1 - 3 
2 rinse with PBS (3X) 3 
3 sonicate with PBS 4 
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Table 8. Washing technique assay results for sugarcane beetles exposed to either 
treated or untreated plant material for 24 hr 

Wash 
Trial Treatment n mean (s.d.) 

critical 
value 

positive 
(%) 

1 

Untreated 6 0.66633(0.24117) 1.38984 0.00 
H2O rinse (30 sec) 6 

 
10 seconds 100 

H2O rinse (10 sec) 6 
 

30 seconds 100 
Treated, no wash 6   - 100 

2 

Untreated 3 1.06733(0.54456) 2.70101 0.00 
Ethanol rinse (30 sec) 3 

  
0.00 

Ethanol rinse (30 sec) 3 
  

0.00 
Treated unwashed 3 

  
0.00 

Samples diluted 1:4   
Untreated 3 0.41567(0.16493) 0.91046 0.00 

Ethanol rinse (30 sec) 3 
  

0.00 
Ethanol rinse (30 sec) 3 

  
0.00 

Treated unwashed 3     0.00 

3 

Untreated 3 0.63367(0.65238) 2.59081 0.00 
Salt wash (2X) (60 sec) 3 

  
0.00 

Salt wash (1X) (60 sec) 3 
  

33.33 
Treated unwashed 3 

  
66.67 

Samples diluted 1:4   
Untreated 3 0.231(0.11442) 0.57426 0.00 

Salt wash (2X) (60 sec) 3 
  

33.33 
Salt wash (1X) (60 sec) 3 

  
66.67 

Treated unwashed 3     66.67 

4.1 

Untreated 3 0.35667(0.05705) 0.52782 0.00 
Sonicate w/ PBS, rinse with PBST 3 

  
0.00 

Sonicate w/ PBST, rinse with PBST 3 
  

100.00 
Sonicate w/ PBS&PBST, rinse with PBST 3 

  
100.00 

Sonicate w/ trypsin, rinse with PBST 3 
  

66.67 
Treated unwashed  3 

  
100.00 

4.2 

Untreated 3 0.12567(0.03765) 0.32862 0.00 
Sonicate w/ PBS, rinse with PBST 3   33.33 

Sonicate w/ PBST, rinse with PBST 3   100.00 
Sonicate w/ PBS&PBST, rinse with PBST 3   100.00 

Sonicate w/ trypsin, rinse with PBST 3   0.00 
Treated unwashed  3   100.00 
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Table 9. Dissection technique assay results for sugarcane beetles exposed to protein-
soaked cotton 

Treatment n mean (s.d.) critical value positive (%) 
Untreated 6 0.26083(0.02925) 0.34858 0.00 

Treated, whole beetle (12 hrs) 3   100.00 
Treated, cut beetle (12 hrs) 3   0.00 

Treated, whole beetle (24 hrs) 3   100.00 
Treated, cut beetle (24 hrs) 3   66.67 

 
 
 
Table 10. Results for protein relocation assay examining non-treated belowground 
(root) tissue from treated aboveground (foliar) section plants 

Replicate Treatment n mean (s.d.) 
critical 
value 

positive 
(%) 

  Treated Plants 
1 Shoots 6 0.16117(0.02999) 0.25114 0.00 
1 Profile® 6 0.51017(0.02529) 0.58604 33.33 
1 Roots 6 0.32883(0.00379) 0.44238 16.67 
  Untreated Plants 
1 Shoots 6 0.16117(0.02999) 0.25114 0.00 
1 Profile® 6 0.51017(0.02529) 0.58604 0.00 
1 Roots 6 0.32883(0.00379) 0.44238 0.00 
  Treated Plants 
2 Shoots 6 0.154(0.014) 0.196 16.67 
2 Profile® 6 0.13017(0.00515) 0.14562 0.00 
2 Roots 6 0.1355(0.00616) 0.15398 100.00 
  Untreated Plants 
2 Shoots 6 0.154(0.014) 0.196 16.67 
2 Profile® 6 0.13017(0.00515) 0.14562 0.00 
2 Roots 6 0.1355(0.00616) 0.15398 100.00 
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Table 11. Results for protein relocation assay examining non-treated aboveground 
(foliar) tissue from treated belowground (root) section plants 

Replicate Treatment n mean (s.d.) 
critical 
value positive (%) 

  Treated Plants 
1 Shoots 6 0.55233(0.12405) 0.92448 0.00 
1 Profile® 6 0.37883(0.10254) 0.68645 66.67 
1 Roots 6 0.23817(0.06584_ 0.43569 100.00 
  Untreated Plants 
1 Shoots 6 0.55233(0.12405) 0.92448 0.00 
1 Profile® 6 0.37883(0.10254) 0.68645 0.00 
1 Roots 6 0.23817(0.06584_ 0.43569 0.00 
  Treated Plants 
2 Shoots 6 0.16117(0.02999) 0.25114 0.00 
2 Profile® 6 0.51017(0.02529) 0.58604 66.67 
2 Roots 6 0.32883(0.00379) 0.44238 100.00 
  Untreated Plants 
2 Shoots 6 0.16117(0.02999) 0.25114 0.00 
2 Profile® 6 0.51017(0.02529) 0.58604 0.00 
2 Roots 6 0.32883(0.00379) 0.44238 0.00 

 
 
 
Table 12. Feeding study results for washed and unwashed sugarcane beetle adults 
exposed to treated aboveground plant tissue or untreated control plants  

Replicate Treatment n mean (s.d.) 
critical 
value positive (%) 

1 Untreated 6 0.08117(0.00821) 0.1058 0.00 
1 Treated, washed 6   66.67 
1 Treated unwashed 6   33.33 
2 Untreated 3 0.33067(0.1031) 0.63997 0.00 
2 Treated, washed 3   0.00 
2 Treated unwashed 3   100.00 
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Table 13. Baseline protein detection in sugarcane beetle adults (whole and chopped) not 
exposed to treated plant tissue 

Treatment n mean (s.d.) 
critical 
value 

positive (%) using 
0ng IgG/well 

positive (%) using 
0.31ng IgG/well 

whole beetle 5 0.109(0.00755) 0.13165 80.00 - 
chopped beetle 4 0.109(0.00755) 0.13165 75.00 - 

whole beetle 5 0.18933(0.04765) 0.33228 - 60.00 
chopped beetle 4 0.18933(0.04765) 0.33228 - 0.00 

 
 
 
Table 14. Baseline protein detection in sugarcane beetle adults not exposed to treated 
plant tissue, separated by male/female 

Treatment n mean (s.d.) critical value positive (%) 
whole beetle, male 5 0.10633(0.00379) 0.1177 0.00 

whole beetle, female 3 0.10633(0.00379) 0.1177 0.00 
chopped beetle, male 5 0.10633(0.00379) 0.1177 40.00 

chopped beetle, female 3 0.10633(0.00379) 0.1177 33.30 
 
 
 
Table 15. Baseline protein detection in rinsed, whole sugarcane beetle adults not 
exposed to treated plant tissue 

Treatment n mean (s.d.) critical value positive (%) 
cut, unwashed 3 0.13967(0.07973) 0.37886 0.00 

cut, rinsed with PBS 3 0.13967(0.07973) 0.37886 0.00 
cut, PBS sonic bath 4 0.13967(0.07973) 0.37886 0.00 
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Figure 1. Dipping aboveground plant tissue in protein (goat IgG) solution for ELISA 
procedures 
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EFFICACY OF FIVE INSECTICIDES AGAINST SPRING AND FALL 

SUGARCANE BEETLE ADULTS 

 
 

 
 

Abstract 

Sugarcane beetles (Euetheola humilis Burmeister) are a pest of turfgrass in the southeastern 

United States. Adults fly at two different times of the year: late spring-early summer (Apr-

Jun) (spring beetles) and in the fall (Sep-Oct) (fall beetles). Due to the destructive capability 

of this insect, effective methods for pest management are needed. The objectives of this study 

were to evaluate the toxicity of four different active ingredients and combinations (bifenthrin, 

bifenthrin + clothianidin, carbaryl, clothianidin and dinotefuran), with multiple modes of 

action, against both spring and fall beetles in the greenhouse. Application timing had more 

impact on pesticide efficacy than either product selection or application rate. Products for 

control are more effective against the spring beetle population compared to the fall beetle 

population.  
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Introduction 

Sugarcane beetles (Euetheola humilis Burmeister) are historically a pest in agricultural crops 

such as sugarcane and corn (Comstock 1881, Howard 1888), but have most recently been 

reported as pests of turfgrasses in the southeastern United States (Billeisen and Brandenburg 

2014b). Adults are typically found feeding on warm-season turfgrasses such as bermudagrass 

(Cynodon spp.) and zoysiagrass (Zoysia spp.).  

Sugarcane beetles emerge at two distinct times of the year and cause damage to the turf by 

consuming aboveground plant tissue and by tunneling through the soil profile, causing ridges 

and an uneven turf surface. Unlike many other scarab insects, sugarcane beetles spend the 

majority of their life cycle as adults.  They overwinter as adults and begin emerging in late 

March (spring beetles) in North Carolina. Spring beetles are responsible for the majority of 

damage seen in both agricultural crops (Fox and Phillips 1917, Phillips 1924) and turfgrass 

(Billeisen and Brandenburg 2014b). Adults fly, mate, and lay eggs through June (Billeisen 

and Brandenburg 2014a). Larvae and pupae are present in the soil in June, July and August.  

Adults (fall beetles) emerge from pupae and are active from September to November. 

Although this population is smaller (0-80 adults/light trap catch per week compared to 200-

500 adults/light trap catch in the spring) and exhibits less flight activity, fall adults typically 

survive several days longer in the laboratory than spring adults. (Billeisen and Brandenburg 

2014a).  

This study compares the efficacy of five different commercial insecticides on sugarcane 

beetle adults under greenhouse conditions. The adult life stage is difficult to control due to its 

mobility and ability to tunnel in the soil. However, targeting adults is an important aspect of 
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management because sugarcane beetles spend the majority of their life cycles as adults, and 

unlike many turfgrass pests, the adult life stage is the most damaging.  Strategies for adult 

control are therefore the most likely to be implemented by turfgrass managers, and options 

for adult control must be explored. Insecticides were used to target both spring and fall 

beetles, not only to identify the appropriate products for sugarcane beetle control but also the 

time of year the beetles are most susceptible. This research focuses on creating a more 

comprehensive management strategy to control sugarcane beetle adults when infestations 

occur at damaging levels. 

Materials and Methods 

Sugarcane beetle adults were collected weekly from light traps or hand-picked from the turf 

surface at night, sexed, and stored separately in the laboratory in sterilized potting soil (Scotts 

Miracle-Gro Company, Marysville, OH) for a maximum of 48 hr prior to onset of a trial.  

Bermudagrass (Cynodon spp.) was grown from seed in approximately 16.5 cm diameter 

white, plastic containers (Berry Plastics Corp., Evansville, IN) in the greenhouse. Containers 

were filled with a 50:50 sterilized sand:sterilized potting soil mixture (Scotts Miracle-Gro 

Company, Marysville, OH) and watered until the soil mixture was saturated. Grass seed was 

applied (9 g/m2) to the soil surface and then lightly covered (~ 0.6 cm.) with sterilized potting 

soil. Containers received irrigation (~ 0.6 cm.) daily until germination occurred. Following 

germination, containers received irrigation (0.6 cm) every three days. Grass was maintained 

at a height of 5 cm using handheld grass shears (No. GS500, Black & Decker®, Towson, 

MD) for the remainder of the study.  
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Products were tested at the lowest label rate and the highest label rate for turfgrass pests. To 

test different products at the low rate against two distinct sugarcane beetle populations, 

insecticide trials were conducted at two times of year: against beetles emerging in early 

summer (May-Jun) and the beetles emerging in Sep-Nov. This was repeated twice each 

season for a total of three repetitions in the summer and fall. An additional insecticide trial 

examined these same control products at the high field rate against the early summer adult 

population. This trial was repeated three times for a total of four replications. Insecticides 

evaluated in this experiment included bifenthrin (Talstar® L, FMC Corporation, 

Philadelphia, PA), 80 g/L; the combination product bifenthrin + clothianidin (Aloft® GC SC, 

Arysta LifeScience, Cary, NC), 130 g/L (bifenthrin) and  260 g/L (clothianidin); carbaryl 

(Sevin® SL, Bayer, Germany), 480 g/L; clothianidin (Arena® 50WDG, Valent, Walnut 

Creek, CA); and dinotefuran (Zylam®, PBI-Gordon, Kansas City, MO) 100 g/L. Formulated 

products were diluted in 500 ml water and adjusted to produce the required concentrations 

(Table 1).  

Insecticides were applied with plastic, handheld, 0.95 L trigger spray bottles (Zep 

Commercial, Marietta, GA). Spray nozzle volume was measured with a graduated cylinder 

prior to application and the number of spray bottle trigger compressions to the turfgrass 

surface to deliver the correct amount of active ingredient was calculated. Following 

insecticide application, plants were sprayed with 10 ml (10 compressions) of water from a 

previously pesticide-unexposed bottle. Plants remained undisturbed for five minutes before 

introducing beetles to the containers. Five sugarcane beetle adults were added to each 

container. Each container was covered with a layer of tulle secured with two rubber bands. 

103 



 

Following application, containers received two rounds of light irrigation (~ 0.4 cm) via the 

mist setting on a handheld water wand (Orbit Irrigation Products®, Bountiful, UT). After one 

week, containers were destructively sampled and insect mortality was recorded. Adult beetles 

were considered dead if they remained unresponsive to light tapping with a pencil on the 

dorsal side of the thorax.  

Statistical Analysis 

Adult beetle mortality was summarized as percent mortality per container. Not every beetle 

was recovered from every container, therefore data were corrected using the Sun-Shepard’s 

formula (Fig. 1) (Püntener, 1981) that adjusted for control mortality in non-uniform 

populations. Data were analyzed by one-way ANOVA and means were separated at the 5% 

significance level by Fisher’s LSD (SAS Institute 2014). 

 

Results and Discussion 

There was no significant difference among active ingredients against spring beetles at either 

the low rate (F17,54=2.76, p=0.0024) or the high rate (F23,72=2.49, p=0.0018) but containers 

that received an insecticide application had significantly higher mean percent mortality than 

control containers. There was a difference among treatments against fall beetle populations 

(F17,54=4.95, p<0.0001) with bifenthrin  (µ=34.44 ± 23.01) having significantly higher 

control than all other products (Fig. 2). For most products, mean percent mortality did not 

increase significantly with application rate- even when rates were doubled (Fig. 3).  

Product choice and application rate were not as important as application timing for 

suppressing a sugarcane beetle population. All products were more efficacious against spring 
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beetles than fall beetles (Fig. 4). For example, containers with spring beetles that received a 

low-rate bifenthrin treatment had 58% mean percent mortality while containers with fall 

beetles that received the same treatment had 34% mean percent mortality.  One possible 

explanation for the observed difference in control between the two populations is that low 

temperatures in the winter could impose fitness costs to the overwintering adult populations 

(Billeisen and Brandenburg 2014b). Overwintered beetles held in the laboratory did not 

survive as long as fall-emerged beetles. Beetles caught in the summer tended to succumb to 

fungal infection (most likely Metarhizium anisopliae) and typically died within 48 hr of 

collection. Fall-emerged beetles could be held in the laboratory with no observed negative 

effects for at least seven days.  

This study illustrates the potential of five insecticides to control two temporally-distinct 

populations of sugarcane beetle adults. Since these insects spend the majority of their life 

cycle as an adult and because sugarcane beetle infestations are difficult to predict, it is 

essential to know which products are most appropriate for control. This research has 

demonstrated that percent control does not appear to be significantly increased with higher 

application rates and that effective management of this pest will rely heavily on correct 

application timing. Overwintering adult populations emerging in late spring and early 

summer are more susceptible to insecticide control compared to fall-emerging adults. Early 

(May-June) applications of control products will be most successful at controlling sugarcane 

beetle infestations. 
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Table 1. Treatment rate used for sugarcane beetle adults in greenhouse trial 
Treatment Low Rate High Rate 
bifenthrin 29.6 ml/1000ft2 29.6 ml/1000ft2 

bifenthrin + clothianidin 7.98 ml/1000ft2 16.0 ml/1000ft2 
carbaryl 88.7 ml/1000ft2 177 ml/1000ft2 

clothianidin 189 ml/acre 378 ml/acre 
dinotefuran 29.6 ml/1000ft2 52.6 ml/1000ft2 
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Corrected % = (𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀 % 𝑀𝑀𝑖𝑖 𝑀𝑀𝑀𝑀𝑡𝑡𝑀𝑀𝑀𝑀𝑡𝑡𝑡𝑡 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑖𝑖𝑡𝑡𝑀𝑀 ±𝐶𝐶ℎ𝑀𝑀𝑖𝑖𝑎𝑎𝑡𝑡 % 𝑀𝑀𝑖𝑖 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑖𝑖𝑡𝑡𝑀𝑀
100 ±𝐶𝐶ℎ𝑀𝑀𝑖𝑖𝑎𝑎𝑡𝑡 % 𝑀𝑀𝑖𝑖 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑖𝑖𝑡𝑡𝑀𝑀

)* 100   where, 

Change % in control =�𝑃𝑃𝑀𝑀𝑃𝑃.𝑀𝑀𝑖𝑖 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑖𝑖𝑡𝑡𝑀𝑀 𝑀𝑀𝑓𝑓𝑀𝑀𝑡𝑡𝑀𝑀 𝑀𝑀𝑀𝑀𝑡𝑡𝑀𝑀𝑀𝑀𝑡𝑡𝑡𝑡𝑖𝑖𝑀𝑀−𝑃𝑃𝑀𝑀𝑃𝑃.𝑀𝑀𝑖𝑖 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑖𝑖𝑡𝑡𝑀𝑀 𝑏𝑏𝑡𝑡𝑓𝑓𝑀𝑀𝑀𝑀𝑡𝑡 𝑀𝑀𝑀𝑀𝑡𝑡𝑀𝑀𝑀𝑀𝑡𝑡𝑡𝑡𝑖𝑖𝑀𝑀
𝑃𝑃𝑀𝑀𝑃𝑃.𝑀𝑀𝑖𝑖 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑀𝑀 𝑐𝑐𝑀𝑀𝑖𝑖𝑀𝑀𝑀𝑀𝑀𝑀𝑖𝑖𝑡𝑡𝑀𝑀 𝑏𝑏𝑡𝑡𝑓𝑓𝑀𝑀𝑀𝑀𝑡𝑡 𝑀𝑀𝑀𝑀𝑡𝑡𝑀𝑀𝑀𝑀𝑡𝑡𝑡𝑡𝑖𝑖𝑀𝑀

� ∗ 100 

 

Figure 1. Sun-Shepard formula for correcting for mortality in control containers in a 
non-uniform population 
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Figure 2. Percent mortality of fall sugarcane beetles by active ingredient 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

0

10

20

30

40

50

60

70

80

90

100

bifenthrin BC carbaryl clothianidin dinotefuran control

M
or

ta
lit

y 
(%

) 

Active ingredient 

a 

cd 
b bc 

d d 

109 



 

 

 
Figure 3. Percent mortality of spring sugarcane beetles by active ingredient at both low 

and high label rate 
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Figure 4. Percent mortality of fall and spring populations of sugarcane beetles by active 

ingredient 
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Appendix A 

 

Brief Summary 

As evidenced in the flight trapping studies, sugarcane beetle populations are difficult to 

predict and infestations are not often anticipated before they occur. Drastic reductions in 

adult numbers following times of infestation complicate the investigation of the ecology and 

feeding behavior of this insect because adults are often difficult to find. As a direct result, 

very little research has been conducted with sugarcane beetles in the past, despite their 

potential as serious insect pests.  

 

Our studies in turfgrass regarding the flight behavior of adults, egg production and feeding 

behavior are consistent with the limited, published research on this insect. We found that 

adults do exhibit a bimodal flight pattern with the majority of adults showing increased flight 

activity in the spring and fewer adults flying in the fall. Female beetles produced eggs 

throughout the trapping season, suggesting that, although the adults overwinter, diapause is 

unlikely to occur when temperatures significantly decrease. If adults are stressed throughout 

the winter months, it could explain the spring beetles’ increased susceptibility to insecticides 

when compared to fall beetles. Our feeding behavior work, while preliminary in nature due to 

the limited number of  adults while studies were being conducted, has allowed us to focus on 

the scope of adult beetle direct damage and exact feeding sites. Continued research in this 

area will help us provide more accurate answers to turfgrass managers and will provide 

additional information to further improve management strategies for this insect. 
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Little research has been conducted regarding the overall management of sugarcane beetles 

when infestations occur. In a bulletin published by the North Carolina Department of 

Agriculture in 1914 describing insect pests of note in corn fields, Dr. Franklin Sherman 

remarked that, “…its [the sugarcane beetle] outbreaks, however serious at times, will 

probably be of irregular and infrequent occurrence.” This irregularity regarding sugarcane 

beetle population occurrence makes it difficult to develop an appropriate management 

strategy. Although we did find that spring beetles were more susceptible to chemical 

applications than fall beetles, control of adults was still too low (~62% efficacy) to be 

considered successful. However, as mentioned in the first chapter, there were a number of 

biological organisms that negatively impact sugarcane beetle adults and whose presence in 

the soil could explain the fluctuations in population dynamics we observed. Predatory mites 

and entomopathogenic fungi have been recorded attacking sugarcane beetle larvae in 

laboratory rearing studies but have not been documented negatively impacting adults until 

now. Although neither the species involved nor their exact relationship with sugarcane beetle 

adults is known, it is clear that the presence of mites and/or fungal spores negatively affects 

beetle movement and survival. Future work examining these relationships may elucidate the 

mechanism by which adults are impacted and may identify a potential biological control 

option that might be optimized through cultural practices in place of or integrated with 

chemical products.  
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Appendix B 

 

Project Background 

The sugarcane beetle has turned out to be an interesting and complex pest. In 2009, when 

Amy Murillo initially started setting out light traps to examine sugarcane beetle distribution 

in North Carolina, weekly trap catches yielded hundreds, if not thousands, of beetles and it 

seemed that this insect could become a significant turfgrass pest. That, combined with reports 

of sugarcane beetle infestations in home lawns, athletic fields, sod farms and golf courses 

throughout North and South Carolina encouraged us to develop a Ph.D. research plan to 

address the unknowns regarding the biology and management of this insect. The initial 

research objectives for the study of sugarcane beetles were 1) to continue Amy’s work 

trapping beetles throughout the state to get a better idea of adult flight activity and beetle 

distribution, 2) to examine the impact of different active ingredients against sugarcane beetle 

adults both in greenhouse and field studies and in the laboratory determining LD50s of 

control products, 3) to quantify the damage caused by sugarcane beetles using visual analysis 

of the turfgrass, and 4) to develop an ELISA technique to further investigate the precise 

location of sugarcane beetle feeding on turfgrass and how that may change throughout a 

growing season. When I began my Ph.D. project in the fall of 2011, adult sugarcane beetles 

were relatively easy to find, both in light traps and walking turfgrass surfaces at night. I was 

able to complete an initial insecticide trial and continued to map sugarcane beetle distribution 

throughout the state. Unfortunately, beginning in Spring 2012, sugarcane beetle adult 

population numbers started to decline, and by the summer of that year, light trapping and 
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night collecting yielded too few beetles with which to conduct experiments. This trend 

continued into 2013 and forced me to re-evaluate my approach to my research. Along with 

Diane Silcox Reynolds, I re-focused my energies on developing an ELISA technique to 

examine feeding behavior, a technique that, if I could get it to work, would require far fewer 

beetles than insecticide trials, LD 50 work, and feeding damage analyses. After toying 

around with the idea of testing for chlorophyll in the insect gut or trying to identify plant 

tissue from beetle gut dissections, we realized that we could coat a section of the plant with a 

unique protein and test for that using an ELISA protocol. After reviewing the literature 

regarding ELISA research in insect feeding assays, we attempted to coat the plants using an 

inexpensive protein (soy milk) and use that specific technique to test for soy milk in the 

insect gut. This approach did not have high enough specificity, and cross-contamination in 

wells with a control solution was a major issue. We contacted Dr. Allen Cohen, an 

entomologist who specializes in insect rearing, and whose name appeared on several of the 

early ELISA papers. Along with many other helpful suggestions, he put us in contact with 

Mr. Brad Heidinger, Vice President of ImmunoReagents®, an antibody development and 

production company located (at the time) on NCSU’s Centennial Campus. Brad encouraged 

us to come to his laboratory so that he could help us develop a new, highly-sensitive assay 

with the hopes of creating an ELISA feeding protocol that could be used for all species of 

insects. Diane and I spent several weeks working with Brad at ImmunoReagents, replicating 

the same assays with different antibodies to see which would result in the least contamination 

and would give us the most accurate results. Once we decided on our approach, we returned 

to our laboratory and spent the next year working with our insects and manipulating the 
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technique (as detailed earlier in this document). When sugarcane beetle adults were no longer 

available, I obtained black cutworm larvae and continued to refine the process over several 

months. Working with the ELISA has been a frustrating, but also rewarding process. Despite 

the near-disappearance of the insect that was initially the focus of my Ph.D. research, I am 

proud of the work that has been accomplished and hope that this technique will have 

practical applications to be used in the future for many different kinds of insects.  
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