
ABSTRACT 

SCHMIDT, ANDREAS CARLO. Advancing Microelectrode Technology and Voltammetric 

Methodology for Improved Molecular Monitoring in Live Tissue. (Under the direction of Dr. 

Leslie A. Sombers.) 

The development of real-time electrochemical sensing technologies has significantly 

impacted our understanding of the dynamic molecular mechanisms underlying basic brain 

function, as well as a variety of neuropathologies and disease states. However, carbon-fiber 

microelectrodes (CFME) developed almost 30 years ago are still in use, and electrochemical 

waveforms have changed very little since fast-scan cyclic voltammetry (FSCV) was first 

introduced as a promising methodology for monitoring neurotransmission. The research 

presented here seeks to broaden the chemical sensing capabilities of FSCV and carbon-based 

microelectrodes through the usage of advanced materials and the development of novel 

approaches to molecular monitoring using electrochemistry. 

 Cyclic voltammetry typically involves scanning the applied potential at a constant rate 

using a triangular waveform. Although this works well for monitoring catecholamines, such as 

dopamine, it is limited in its ability to detect many other classes of molecules.  For instance, 

the opioid peptide methionine-enkephalin (M-ENK) is important because it has been 

implicated in models of addiction and reward processing; however, it is difficult to monitor. 

To address this, a waveform was developed that utilizes multiple scan rates in a single 

voltammetric scan. This novel approach enables the selective detection of M-ENK by 

increasing sensitivity to the molecule of interest, while decreasing sensitivity to interfering 

molecules, such as dopamine. Additionally, this innovative waveform incorporates a brief hold 

at +1.2 V, minimizing electrode fouling and enabling more reproducible measurements. This 

approach was used to make the first measurements of rapid M-ENK dynamics in tissue. 



Opioid peptides and dopamine are both highly implicated in reward processing, but the 

interaction between M-ENK and DA is not well understood. To address this, the effects of M-

ENK on catecholamine dynamics were studied.  In brain tissues slices, bath application of M-

ENK increases electrically-evoked dopamine release. In the adrenal gland, acute application 

of M-ENK evokes immediate catecholamine release, highlighting the critical need for sub-

second temporal resolution to study these interactions.  

In order to detect endogenous M-ENK release in the brain, more sensitive 

microelectrodes are needed. Previous approaches to improving electrode sensitivity have 

focused on modifying the carbon-fiber surface itself. In this work, a newly developed electrode 

material is described. A carbon-based sensing surface fabricated from individual carbon 

nanotubes spun into yarns was incorporated into disk-shaped microelectrodes. This provides 

improved sensitivity, selectivity, and spatial resolution as compared to traditional CFME. 

Electrochemical approaches are also commonly used to study neurotransmitter release 

from individual cells in culture. In these experiments, a CFME is placed directly onto the cell 

surface to monitor exocytosis release events. In order to advance such studies, a cost- and time-

effective plasma etching methodology was developed to create a CFME with a sensing surface 

that is slightly recessed from the end of the insulation. This ‘cavity’ electrode geometry is 

beneficial because it hinders mass transport away from the electrode surface, resulting in 

reliable, reproducible, and sensitive measurements.  

A key analyte of interest in the brain is hydrogen peroxide (H2O2). Although this 

molecule is readily detected using FSCV, its electrochemical signature is indistinguishable 

from some pharmacological agents meant to increase H2O2 concentrations in the brain, 

convoluting data analysis. Therefore, a size-exclusion polymer, m-phenylenediamine, was 



electrodeposited onto CFMEs to form a membrane which successfully excluded the 

contributions of other molecules to the electrochemical signal, thus enabling more chemically 

selective measurements of H2O2 in tissue. 

Overall, the work presented herein lays the foundation for exciting studies of target 

analytes in neurochemical applications. These innovations were accomplished through 

improving the sensors themselves, and by rethinking how the applied potentials can be used to 

enhance electrochemical detection.  
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CHAPTER 1 

 

Introduction to Monitoring Neurotransmission with Voltammetric Methods and 

Approaches for Technique Optimization 

 

1.1 Biological and Simulated Neuronal Transmission 

Neurons are single specialized cells within a neuronal network that make up the central 

(brain and spinal cord) and peripheral (neurons projecting from the spinal cord) nervous 

system.1 This type of cell consists of three main parts: the soma (cell body), the dendrite, and 

the axon, which is not always myelinated (e.g. dopaminergic neurons) as depicted in the Figure 

1.1. The axon itself consists of three parts, the axon hillock (beginning, connected to the cell 

body), the axon proper (middle), and the axon terminal. The terminal of the axon projects onto 

dendrites (and somas) of other neurons, forming synapses between two neurons. The synaptic 

cleft is an approximately 20 nm gap where the presynaptic neuron transfers chemical 

information to the postsynaptic neuron. At most of these synapses, information in the form of 

electrical impulses (action potentials) travels down the axon of the presynaptic neuron, which 

is then converted in the terminal into a chemical signal that can cross the synaptic cleft.1 On 

the postsynaptic membrane, this chemical signal is received and converted back into an 

electrical one, thus information is propagated between neurons on a millisecond timescale. 



2 

 
Figure 1.1 Basic structure of a neuron. Information in the form of electrical impulses travels 

down the axon of the presynaptic neuron to the terminals causing neurotransmitters stored in 

vesicles to be released into the synapse. These neurotransmitters can then cross the synaptic 

cleft and bind to receptors on the post-synaptic neuron, or diffuse into the extracellular space. 

(http://neuroscience.uth.tmc.edu/s1/introduction.html) 

 

 

The chemical messengers used between cells to communicate are called 

neurotransmitters, which range from simple molecules to complex peptides. One of the most 

studied neurotransmitters is dopamine, which is heavily implicated in models of addiction and 

reinforced reward behaviors, as well as in many disease states such as Parkinson’s disease. 

Neurotransmitters are generally packaged in vesicles in a pre-synaptic neuron. Once the pre-

synaptic neuron has received an appropriate signal, it releases its neurotransmitters into the 

http://neuroscience.uth.tmc.edu/s1/introduction.html
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synapse. From here, the released neurotransmitter will bind to its specific receptor on the post-

synaptic neuron, causing intracellular changes that regulate the subsequent activity of the post-

synaptic neuron. The released neurotransmitter can also be re-uptaken by the pre-synaptic 

neuron, enzymatically degraded, or it can diffuse into the extracellular space. It is this diffusion 

into the extracellular space that modern sensors target as the current technology is not small 

enough to be placed within a synaptic cleft.  

Molecules that activate specific receptors are called agonists. These agonists can be 

endogenous (produced by the body) or exogenous (synthetic). Conversely, an antagonist can 

also bind to the same receptor; however, it does not cause a biological response but instead 

blocks agonists from binding to the receptor, thus preventing biological activation. Therefore, 

agonists and antagonists are important molecules for the manipulation of biological responses 

of specific neurons, and are often used in neurochemical research of disease states. 

The nervous system underlies everything that we do. Consequently, it is of high 

importance in studies of disease, pain, addiction, and movement. The attempts to study 

neurochemical transmission have spawned new technologies that enable researchers to 

examine how molecular dynamics underlie biological and behavioral responses. Due to the 

complexity of the brain, much research and development is still needed in order to gain a more 

complete understanding of the molecular dynamics that underlie neuronal function. To that 

end, significant research in sensor development is needed in order to push the boundaries of 

what we can know and understand about neurotransmission between cells. The technologies 

described and used herein are electrochemical techniques that measure current due to the 

electrochemical oxidation and reduction of electroactive species.  
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1.2 Method Development Techniques 

Animal models are a useful experimental tool that mimic human disease state and allow 

experimental manipulation without risking human health during experimentation. However, 

experiments involving awake and behaving animals often pose many challenges and variables 

to consider when testing novel approaches. Monitoring neuronal activity can be done in brain 

slices rather than in intact animals, affording accurate electrode placements, ease of 

pharmacological manipulation, and fewer challenges, but at the cost of losing interregional 

connectivity. Brain slices are kept alive in an oxygenated physiological buffer, and the cells’ 

environment can be manipulated while electrochemically sampling the neural circuitry. 

Because this approach affords increased control over the experimental preparation, it is an 

attractive alternative for studying the influence of pharmacological perturbations on local 

neural circuitry. 

To develop new electrochemical sensing technologies, neurotransmitter release can be 

approximated in vitro by using a flow injection system,2, 3 which mimics the rapidly changing 

chemical environment in the brain and allows the testing and optimization of new sensors in a 

controlled manner. This system uses a continuous buffer flow that passes through an 

electrochemical cell in which a small bolus of analyte can be introduced to the working 

electrode via a computer-controlled high-performance liquid chromatography (HPLC) valve, 

thereby eliminating sources of variability otherwise introduced by using living tissue. With full 

control of all parameters, including concentration of analytes, time of injection, and flow rate 

of buffer, this is the simplest approach to characterization of new electrochemical detection 

technique. 
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1.3 Carbon-Fiber Microelectrodes and Background-Subtracted Fast-Scan Cyclic 

Voltammetry  

Carbon-fiber microelectrodes are a powerful tool for in vivo studies due to their small 

size (Figure 1.2), thus reducing tissue damage when inserted into living matter.4 For the 

research presented in this dissertation, most electrodes will either be referred to as cylindrical 

electrodes (Figure 1.2A) or disk-shaped electrodes (Figure 1.2B). Carbon-fiber electrodes 

resist biofouling better than metal electrodes, have high tensile strength, are cost- and time-

effective to manufacture, have a wide potential window, have an inert nature, and are capable 

of sub-second time response when coupled to an appropriate electrochemical technique.5-7 

Another crucial benefit of microelectrodes is that they eliminate the requirement for an 

auxiliary electrode due to the negligible voltage drop from the resistance of the electrolyte 

solution (iR drop), which is attributed to the linear proportionality between the iR drop and the 

electrode size under non-steady state conditions.8 These characteristics make carbon-fiber 

microelectrodes highly desirable for in vivo electrochemical studies. 
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Figure 1.2. Scanning electron microscope images. (A) A cylindrical glass-insulated carbon-

fiber electrode with an approximate 100 μm length and 7 μm diameter. (B) A disk-shaped 

glass-insulated carbon-fiber microelectrode beveled to 45°.  

 

Electrochemistry is the study of chemical reactions that involve the transfer of electrons 

between species in solution and the surface of an electrode. Typical electrochemical redox 

reactions are made up of two reactions, an oxidation and a reduction. The species being 

oxidized loses one or more electrons whereas the species being reduced gains those electrons. 

It is this transfer of electrons that can be measured as current with an electrochemical sensor. 

Of the many electrochemical measuring techniques, voltammetry is the most useful in 

biological applications due to its ability to measure rapid changes in concentration and 

distinguish analytes in a complex mixture, while maintaining excellent sensitivity.  

In cyclic voltammetry, a starting potential is applied to an electrode, which is then 

raised or lowered in a scanning manner (i.e. not a step) to a specific voltage before returning 

to the original starting potential, all the while recording the changes in current at the electrode 

surface. The Butler-Volmer equation (Equation 1) describes fundamental electrochemical 

kinetics and how the electric current on an electrode depends on the electrode potential under 
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non-equilibrium conditions, such as in voltammetry. As indicated by this equation, the reaction 

rate is controlled by the potential difference rather than directly by the concentrations of redox 

species. 

 

Equation 1  𝑖 = 𝐹𝐴𝑘°[𝐶𝑂(0, 𝑡)𝑒−𝛼𝑓(𝐸−𝐸0′
) −  𝐶𝑅(0, 𝑡)𝑒

(1−𝛼)𝑓(𝐸−𝐸0′
)] 

 

Here, i is current, F is Faraday’s constant, A is the area of the electrode, ko is the 

standard heterogeneous rate constant, CO(0, t) and CR(0, t) are the concentrations of the 

oxidized and reduced species, respectively, at the electrode surface at time t,  α is the transfer 

coefficient,  f is Faraday’s constant divided by the product of temperature and the gas constant 

(R), E is the potential of the electrode, and E0’ is the formal potential of the electrode. In cyclic 

voltammetry, the potential is typically scanned at a constant rate, which can vary from less 

than 1 mV/s to much more than 1000 V/s. If the change in potential is sufficient to oxidize or 

reduce a molecule, the resulting electron flow is measured as current, which can be converted 

into concentrations by constructing calibration curves for individual analytes. The peak current 

for a reversible system can be described by the Randles-Sevcik equation at 25 °C. (Equation 

2). 

 

Equation 2  𝑖𝑝 = (2.69 𝑥 105)𝑛3/2𝐴𝐷1/2𝐶∗𝜈1/2 

 

Here, ip is the peak current, n is the number of electrons transferred, A is the area of the 

electrode, D is the diffusion coefficient of the analyte, C* is the analyte concentration in the 
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bulk solution, and υ is the scan rate. Because peak current and scan rate are proportional, faster 

scan rates lead to higher measured peak current. However, in fast-scan cyclic voltammetry 

(FSCV, scan rate > ~10 V/s) a large non-faradaic background current is also collected due to 

surface charging of the electrical double layer and the adsorption and desorption processes at 

the electrode-solution interface as a function of the potential. This background current can hide 

the signal and requires the use of background subtraction for quantitative analysis. 

When using background-subtracted FSCV, a holding potential is applied to the working 

electrode between scans. For example, in the case of dopamine detection, the generic approach 

is to use a holding potential of -0.4 V (vs. Ag/AgCl reference electrode) to pre-concentrate the 

positively-charged dopamine on the electrode, then raise the potential to +1.3 V before 

lowering back to -0.4 V at a scan rate of 400 V/s (Figure 1.3A).3 This procedure is commonly 

repeated ten times per second (10 Hz), though faster collection frequencies may also be used 

for improved temporal resolution. Further, all of the previously mentioned parameters can be 

adjusted to better suit the detection of different analytes. All of the different waveforms used 

in this dissertation are described in Appendix A, Table A.1. Each individual sweep produces 

non-faradaic (background) current, which can be displayed as a cyclic voltammogram (CV) 

(Figure 1.3C). In a CV the applied potential is plotted on the x-axis and the measured current 

is plotted on the y-axis. A sufficient change of potential yields an oxidation and reduction 

reaction if an electrochemically-active analyte, such as dopamine, is present (Figure 1.3B).9-12 

If an analyte is present in the immediate vicinity of the electrode, its oxidation/reduction 

current will add/subtract to the background current (Figure 1.3D). However, the magnitude of 

the faradaic current is often much smaller than that of the background current, making it 
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difficult to identify the presence of an analyte. Fortunately, the background current is stable 

over many seconds; therefore, it can be subtracted from the CV containing the faradaic current 

(Figure 1.3D minus Figure 1.3C). As a result, only the current contributed by the analyte of 

interest remains (Figure 1.3E), which can be correlated to the concentration of the analyte via 

a calibration curve. Because analytes oxidize/reduce at specific potentials, the resulting 

background-subtracted CV can be used to identify the molecule based on the redox potentials 

observed. This technique is well-suited to measuring rapid changes in concentration in 

complex environments; however, it is a differential approach and is thus limited in its ability 

to detect basal (non-dynamic) concentrations. 
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Figure 1.3. Data collection using FSCV. (A) A triangular waveform is applied to the electrode 

with a holding potential of -0.4 V between scans. The potential is ramped up to +1.3 V and 

back down to -0.4 V at 400 V/s, repeated at 10Hz. The green star shows the approximate 

potential at which dopamine will oxidize to dopamine-o-quinone (B), and the blue star 

indicates the approximate potential at which dopamine-o-quinone reduces back to dopamine. 

(C) Application of this waveform creates a large and mostly non-faradaic background current 

that can be plotted as a cyclic-voltammogram (CV) where the applied potential is on the x-axis 

and the measured current is plotted on the y-axis. (D) In the presence of dopamine, the current 

measured from the redox reaction adds to the background current. (E) The background current 

is relatively stable and can therefore be subtracted out (D minus C), leaving only the faradaic 

current due to dopamine oxidation. This cyclic voltammogram is used for identification and 

quantification of the analyte. 
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1.4 Data Analysis 

Because CVs are commonly collected at 10 Hz and each CV contains more than 850 

individual data points (depending on the waveform and the software used), a suitable method 

to represent all of the data is needed. Three-dimensional colorplots13 provide a convenient way 

to plot all of the information (Figure 1.4). To construct a colorplot, each individual CV is first 

unfolded at the switching potential and plotted linearly, rather than cyclically. Next, all of the 

collected CVs are lined up next to each other with respect to time. Due to the large number of 

CVs collected in this approach, they are then converted into 3 dimensions where the collected 

current is color-coded. Finally, a top-down view of the 3-D plot is created and used for analysis. 

In a colorplot, the ordinate is the applied potential, the abscissa is time (seconds), and the 

current (nA) is depicted in false color. In this case, a green color corresponds to an increase in 

current from the background (oxidation) and blue color indicates a decrease in current 

compared to the background (reduction). It is important to remember that this is a differential 

technique, subsequently, the scale bar indicates the intensity of the change in current from the 

background, thus providing means for quantification. A CV can be extracted from a colorplot 

at any specific time (shown as vertical line) to serve as a molecular identifier, or the change of 

current vs. time at a specific potential can be extracted to study the kinetics associated with 

dynamic changes (not shown). 
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Figure 1.4. Colorplots.13 First, each individual CV is unfolded at the switching potential and 

plotted linearly, rather than cyclically. Next, all of the collected CVs are lined up next to one 

another and then converted into a 3-D plot. Finally, a top-down view of the 3-D plot is created 

and used for analysis. In this colorplot, the applied potential is plotted on the y-axis, the elapsed 

time is plotted on the x-axis, and the change in collected current (nA) is displayed in false 

color. A green color corresponds to an increase in current from the background (oxidation) and 

blue color indicates a decrease in current compared to the background (reduction). The scale 

bar indicates the intensity of the change in current. A CV can be extracted from a colorplot at 

a specific time (shown as vertical line) to serve as a molecular identifier, or the change of 

current vs. time at a specific potential can be extracted to study the kinetics associated with 

dynamic changes (not shown). 
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1.5 Other Analytical Techniques Used in Neuroscience 

One of the first techniques used to monitor brain activity was electrophysiology.14 

Here, changes in the electrical field across a cell membrane (action potentials) are measured 

and the results are used to monitor individual cell activity. However, this technique does not 

directly detect any chemical transmitters, and it is difficult, if not impossible, to identify the 

cell type from which one is recording. The most common method used for monitoring 

neurochemicals is microdialysis.15 In microdialysis, a small probe (roughly 0.2-0.4 mm 

diameter) is implanted within the brain to sample small molecules that diffuse through the 

probe’s semi-permeable membrane. Within the probe, artificial cerebral spinal fluid (aCSF) is 

circulated, which carries the collected molecules out of the brain for ex situ analysis. Typically 

the samples are analyzed via HPLC (coupled with a mass-spectrometry or electrochemical 

detection) for identification and quantification. The advantages to this approach include low 

detection limits, selectivity, and the ability to measure basal molecular concentrations of many 

neurotransmitters. Unfortunately, dialysis lacks the necessary temporal resolution (typically 

more than 20 minute collection time) for detecting sub-second chemical changes, thus making 

it impossible to measure molecular fluctuations on a timescale commensurate with neural 

transmission. Further, the larger probe size causes significant tissue damage which may 

confound the analysis.4, 15, 16  

Other than FSCV, the main electrochemical techniques used to make real-time 

biological measurements in situ are constant-potential amperometry and high-speed chrono-

amperometry.2 In constant-potential amperometry, the electrode is continually held at an 

oxidizing potential so that any molecule at the electrode surface oxidized at this potential will 
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produce faradaic current. This technique does provide electrochemical measurements in real 

time. However, constant-potential amperometry lacks chemical selectivity because it is 

impossible to determine what molecules contribute to the collected current. This is a significant 

drawback in the complex chemical environment of the brain. Similarly, high-speed 

chronoamperometry is a pulsed technique where the potential is rapidly stepped, held for a 

short time, and then returned to the resting potential. Faradaic current is measured from all 

molecules at the electrode surface that are oxidized or subsequently reduced within the 

potential range. The ratio of these currents can provide information on the stability of the 

oxidized species and its diffusion from the electrode. By choosing the applied waveform 

carefully, some chemical selectivity can be achieved; however, relying on two data points for 

analyte identification is insufficient for the chemical complexity of the living brain. In contrast, 

FSCV produces analyte specific voltammograms that consist of ~1000 data points to facilitate 

chemical identification directly or by way of multivariate data analysis. 

 

1.6 Improvements to Standard Carbon-Fiber Electrode Technology 

Traditionally, carbon-fiber microelectrodes (CFME) are constructed with either 

cylindrical3, 5, 17, 18 or disk geometries.19-23 However, new carbon materials have recently 

become available, and thus there is significant interest in developing innovative electrodes that 

combine the electronic advantages of these novel carbon materials with the benefits of 

conventional carbon fiber electrodes for exploring microscopic domains. For instance, one 

growing field of research encompasses carbon nanotubes (CNTs), which provide high tensile 

strength and stiffness, as well as good thermal and electrical conductivity.24 Consequently, 
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these nanotubes have been investigated as a means to improve the electrochemical 

performance of a variety of electrode materials used in sensing applications.25, 26  

 

1.6.1 Modifying the Electrode Surface with Carbon Nanotubes  

In the brain, it can often be advantageous to collect data at a faster rate than the 10 Hz 

described above (section 1.3). However, previous attempts to increase the waveform 

application frequency have resulted in a decreased sensitivity to dopamine, due to the 

decreased time available between scans for dopamine to adsorb on the electrode surface. 

Venton and co-workers have exploited CNTs to address this issue. They evaluated the 

performance of standard disk-shaped carbon-fiber microelectrodes dip coated with CNTs.27 

This treatment resulted in an improved sensitivity for dopamine detection, as well as for an 

assortment of other analytes, when coupled to FSCV, as compared to bare carbon-fiber 

electrodes. Thus, increased waveform application frequencies were enabled while retaining 

sufficient sensitivity to record physiological dopamine fluctuations. This approach 

demonstrated an improved sensitivity to dopamine fluctuations in the central nervous system 

of drosophila (fruit fly) when compared to a bare CFME. The same research group has also 

successfully decorated the sensing surface of a CFME with self-assembled single-walled 

carbon nanotube (SWCNT) forests.23 Electrodes prepared in this fashion were significantly 

more sensitive than electrodes coated with CNTs using the dip-coating methodology, 

presumably due to more efficient surface coverage. These studies clearly demonstrate that 

CNTs provide a promising avenue for the creation of improved sensors.  
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Carbon-fiber microelectrodes have also been ‘sheathed’ with CNTs.28 In this work, 

vertically aligned CNTs (VACNTs) were grown on carbon-fibers preactivated with a thin SiO2 

layer as previously described in other literature.29, 30 Interestingly, after electrochemical 

pretreatment in 1.0 M NaOH to increase oxygen functionalities on the carbon surface, scanning 

electron microscope images show that the individual tips of the CNTs ‘open up’, allowing 

visualization of the inside of the nanotubes, which appeared to be ‘closed’ before pretreatment. 

The performance of these enhanced sensors was compared to that of bare CFMEs. The data 

indicate that they resisted biofouling during ascorbic acid detection and exhibited faster 

electron transfer kinetics when used with cyclic voltammetry. Further, the selectivity of 

ascorbic acid detection in the presence of other analytes was improved. The carbon nanotube 

sheathed microelectrodes were successfully used for in vivo measurements of ascorbic acid 

release following glutamate infusion in anesthetized rats. Similar VACNTs were platinized 

and successfully used for O2 measurements in vivo resulting in improved sensitivity and 

stability compared to bare carbon-fiber electrodes.31 

 

1.6.2 Carbon Nanotubes Combined with Polymer Coatings 

CNTs can also be combined with more traditional electrode coatings to enhance the 

performance of microelectrodes. Nafion, a perfluorinated cation exchange polymer, is 

commonly deposited onto the carbon surface to improve sensitivity toward cationic species 

such as dopamine.32-35 To determine if the beneficial effects of a Nafion coating can be 

combined with those of CNTs, the two have been used in conjunction to increase sensitivity 

for adenosine detection when using FSCV.36 Importantly, the addition of these coatings to the 
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electrode surface did not slow down the response time of the electrode. Similarly, CNTs can 

be combined with an over-oxidized polypyrrole film.37 This combination has improved 

sensitivity for dopamine detection as well as the selectivity against ascorbic acid oxidation. 

Overall, the electrochemical response of the electrode was found to be superior when compared 

to a bare CFME or one with a single coating.38   

CNT coatings are not exclusively used with carbon-fiber electrodes. One study coated 

a gold electrode with CNTs, as well as a polypyrrole/glucose oxidase film.39 Glucose is not 

electrochemically active; however, glucose oxidase is an enzyme that generates hydrogen 

peroxide upon consumption of the substrate in the presence of the co-factor, oxygen. The 

produced hydrogen peroxide is electrochemically active, and serves as a reporter molecule for 

the presence of the enzyme substrate (glucose). Thus, CNTs can be exploited to improve 

sensitivity on a wide range of electrode substrates.   

 

1.6.3 Carbon Nanotube Fiber Electrodes. 

Recent advances in carbon nanotube fabrication technologies have enabled the creation 

of fibers created entirely from carbon nanotubes. These carbon nanotube fibers can be prepared 

by injecting a homogenous, concentrated, aqueous CNT suspension into a flowing coagulating 

bath, to create an interconnected CNT/polymer-chain network with mechanical flexibility and 

high porosity.40 When these fibers are used as the sensing substrate in a microelectrode, the 

material exhibits resistance to surface fouling. Biofouling occurs when an oxidized species 

polymerizes onto the surface of the electrode, thus blocking electron transfer sites for 

subsequent measurements and resulting in decreased sensitivity and reproducibility. The 
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resistance to this detrimental effect was demonstrated in the detection of NADH using 

hydrodynamic voltammetry and chronoamperometry,41 as well as in the detection of dopamine 

using differential pulse voltammetry42 and amperometry.40 Harreither et al.40 have used a 

variety of electrochemical techniques to showcase the ability of carbon nanotube fiber 

microelectrodes to resist biofouling. These electrodes were manufactured from SWCNTs using 

a method published in the early 2000’s.41-43 The finished electrode resembles a disk-shaped 

carbon-fiber electrode, and the electrochemical results were compared to those obtained from 

a 33 µm diameter carbon-fiber disk electrode. The detection of high concentrations of 

dopamine (100 µM and 1 mM) was assessed using amperometry to evaluate the extent of 

biofouling over time. The results show that the nanofiber electrode material resisted fouling of 

the surface significantly better than the standard carbon-fiber electrode surface. Cyclic 

voltammetry was used to demonstrate that the nanofiber electrodes are also more sensitive to 

dopamine, likely due to the porosity/high surface area inherent to the sensing surface.  

 

1.6.4 Microelectrode Insulation Technique 

Carbon-fiber microelectrodes are most often fabricated using borosilicate glass as the 

insulating material, which may not be ideal for other types of fibers. Traditional insulation is 

accomplished by aspirating a single fiber into a glass capillary tube, and heat-pulling the 

capillary to a taper to form a tight seal around the exposed fiber.3  Although nanotubes impart 

significant mechanical strength, this material can be brittle and does not always withstand 

being pulled in a capillary puller. Thus glass insulation can be problematic, especially for 

nanotube fiber electrodes. Additionally glass insulation is quite fragile, which is less than ideal 
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for work in brain tissue. To alleviate these concerns, the Venton group has developed a new 

insulating technique demonstrated with a carbon nanotube fiber electrode substrate. The fiber 

is placed in a Teflon mold which is then filled with epoxy.44 The results indicate that the limit 

of detection, time response, and adsorption characteristics do not differ between epoxy-

insulated, glass-insulated, and polyimide-insulated electrodes. The new insulation strategy is 

particularly useful when working with fibers that do not withstand the force of a puller, and it 

should be broadly applicable to other electrode materials. It is important to note that the mold 

can be designed with a variety of lengths and widths, which should enable the fabrication of 

longer electrodes for deeper brain insertion. However, the electrochemical performance of the 

nanotube fiber used in this work (cylindrical electrode geometry) was not superior to that of a 

standard carbon-fiber microelectrode. The authors suggest that a disk-shape may be ideal for 

this material.  This may be because CNT edge planes are found at the end of the tube, rather 

than along the length.45 In contrast, carbon-fibers are available with the graphitic sheets 

oriented in several conformations. Electron transfer at the edge plane of the carbon surface has 

traditionally been thought to dominate the electrochemical response at carbon electrodes; 

however, recent work has demonstrated that electron transfer also readily occurs on the basal 

plane.46 Nonetheless, this insulation casting method offers a strategy to create a reliable seal 

for electrode substrates that may be hard to encapsulate due to geometric constraints or other 

parameters. 

 

 

 



20 

1.6.5 Carbon Nanotube Yarn Electrodes 

Carbon nanotube yarns are a material created by spinning an array of CNTs into 

yarns.47-49 Disk microelectrodes constructed from multi-walled CNTs spun into a 30 µm yarn 

for use with fast-scan cyclic voltammetry (FSCV) are described in Chapter 4 of this 

dissertation.50 Additional research using carbon nanotube yarns has shown that this matrial 

cane serve to significantly increase temporal resolution without sacrificing sensitivity.51 With 

this approach, the CV application frequency was increased from 10 Hz to 500 Hz while the 

scan rate was raised from 400 V/s to 2000 V/s. Typically, an increased waveform application 

frequency would result in a decrease in sensitivity due to the decreased time in between scans 

that allow dopamine to adsorb to the surface; however, the CNT yarn electrodes did not exhibit 

a deterioration in signal.  

The briefly reviewed research above highlights the significant potential that carbon 

nanotubes have toward enhancing electrochemical sensors, as well as the significant amount 

of research done in recent years to improve the existing technology. Much of this dissertation 

is focused on novel materials and innovative approaches toward improving the analytical 

capabilities of FSCV.  

 

1.7 Dissertation Overview 

 This dissertation is composed of seven additional chapters that will build on the topics 

discussed in Chapter 1, with a focus on advancing the analytical capabilities of FSCV through 

the usage of novel materials and approaches in the field of in vivo electrochemistry.  
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 Chapter 2 describes the use of a waveform specifically designed for the detection of 

tyrosine containing neuropeptides. The design of this custom waveform enables the 

reproducible and selective measurement of the neuropeptide methionine-enkephalin (M-

ENK), which is not possible using traditional waveforms. Originally, this research was 

completed using traditional carbon-fiber electrodes; however, the concepts discussed should 

be broadly applicable to different electrode types and analytes of interest. 

Chapter 3 explores the effects of exogenously applied M-ENK on striatal dopamine 

dynamics and was studied in brain slice preparations. To date, little is understood about the 

opioid modulation of striatal dopamine, leaving a vital gap of information that needs to be 

gathered for a more complete understanding of this important and complex system. 

Additionally, the effects of acute M-ENK injections on catecholamine release in adrenal slice 

preparations are explored.  

Chapter 4 details the development of a novel microelectrode made purely of carbon 

nanotube yarn. As reviewed in Chapter 1, carbon nanotube technology improves many of the 

important factors of a good sensor, including sensitivity, selectivity, and spatial resolution.  

Much information can also be learned from studying release dynamics from single cells 

where a cavity type electrode is preferable over a disk-shaped electrode. A quick, cost 

effective, and reproducible method of manufacturing cavity electrodes with plasma etching is 

shown in Chapter 5.  

CFME can also be surface-enhanced with polymers to make them more sensitive to a 

particular analyte, and/or more chemically selective. Chapter 6 focuses on the application of 

a size-exclusion membrane that enables more selective hydrogen-peroxide measurements, 
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which was successfully tested in brain slices and combined with a recently developed 

chronically implantable microelectrode. 

Chapter 7 aims to identify the exact mechanism of hydrogen-peroxide oxidation and 

identifies specific radicals involved in the electrochemical oxidation process. Finally, Chapter 

8 describes a newly identified oxidase activity for dehaloperoxidase-hemoglobin from 

Amphitrite ornate (marine bristle worms). This work was part of a collaborative effort and only 

a small portion constitutes the author’s personal dissertation research; however, all results are 

shown to allow for a complete interpretation of the findings.  
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CHAPTER 2 

 

Multiple Scan Rate Voltammetry for Selective Quantification of Real-Time Enkephalin 

Dynamics 

 

The following work was reprinted with permission from: Schmidt, A.C., Dunaway, L.E., 

Roberts, J.G., McCarty, G.S., and Sombers, L.A.  Anal. Chem., 2014, 86 (15), pp 7806-7812. 

Supplemental information is found in Appendix B. 

 

2.1 Introduction 

Determining how specific neurochemical fluctuations underlie neurological disorders 

is a key step in developing appropriate therapies; however, in most cases the neurochemistry 

is not well understood.  This is particularly true in the case of endogenous opioid neuropeptides 

- a class of signaling molecules that play a key role in modulating a wide variety of complex 

physiological functions, including reward processing,1-5 nociception,6 various 

neuropathologies,7-10 and the biochemical response to multiple drugs of abuse.11-16 However, 

our understanding of the mechanisms that underlie these functions remain limited, and there is 

a fundamental gap in our knowledge of when, where, and how these peptides are released.  The 

opioid system is tremendously complex. The mu, delta, and kappa receptors (MOR, DOR, and 

KOR, respectively) are differentially expressed throughout the brain,17, 18 and no endogenous 

opioid peptide family is exclusively associated with a specific receptor type.19 Gene expression 

has been used to identify neurons that produce the mRNA of the known precursor molecules 

for the endogenous opioids: pre-proenkephalin, pre-proopiomelanocortin, and pre-

prodynorphin. However, cleavage of neuropeptides, for example of proenkephalin, can yield a 



29 

variety of peptides including M-ENK, L-ENK, metorphamide, and peptides E and F.20 Even 

more critically, prodynorphin molecules can give rise to either the KOR-acting dynorphin or 

the MOR/DOR-acting L-ENK; yet KOR and MOR/DOR are generally believed to serve 

opposing functions in most brain circuits.19, 21 Therefore, even a thorough anatomical 

characterization of the opioid system is not sufficient to understand the dynamic contribution 

of individual opioid peptides to brain function.  

Although the potential importance of monitoring specific opioid peptides in living brain 

tissue is widely appreciated, the experimental tools that are available to date all have known 

caveats and limitations. Imaging the displacement of radiolabeled agonists is a powerful 

approach;13 however, it is expensive, largely static, and usually requires human subjects. 

Coupling microdialysis to analytical measurements22-30 or radioimmunoassay14, 31-35 has 

proven invaluable to the study of neuropeptide function; however, its utility is limited by poor 

temporal and spatial resolution. Furthermore, peptide fibers are widely dispersed in brain 

tissue.  If a probe is not contained directly in the field of the release sites, an underestimation 

in the magnitude of detected chemical changes results.23 This is a significant drawback when 

quantifying low abundance molecules, such as opioid neuropeptides.   

Fast-scan cyclic voltammetry is an established technique that is often used to monitor 

fluctuating dopamine levels in living brain tissue,36-44 and has recently been extended to other 

molecules such as adenosine,45, 46 hydrogen peroxide,47 serotonin,39, 48-51 local pH changes,40, 

52 and norepinephrine.53, 54 This electrochemical approach can not only simultaneously 

measure rapid fluctuations of multiple molecules, but also provides excellent spatial resolution 

when coupled to carbon-fiber microelectrodes. It boasts chemical selectivity that is not 
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available with other electrochemical techniques, such as chronoamperometry, by collecting 

individual data points over a wide range of potentials. However, the electrochemical detection 

of tyrosine-containing neuropeptides, like the ENKs, is challenging. These molecules are 

presumably present in the extracellular space for only short periods and tend to foul the 

electrode surface upon oxidation, making it difficult to obtain reproducible measurements. 

Furthermore, these peptides generally oxidize at higher potentials than catecholamines and 

other more abundant electroactive molecules, causing possible interferent problems.30 To 

overcome the limitations that have previously inhibited the application of this approach to the 

detection of peptides, we have designed and characterized a modified sawhorse waveform 

(MSW) that uses two distinct scan rates in each anodic sweep and a short holding period at the 

switching potential to eliminate electrode fouling and improve chemical resolution in the 

detection of tyrosine-containing peptides. The efficacy of this novel approach is demonstrated 

by simultaneously monitoring the real-time molecular dynamics of catecholamines and M-

ENK in living rat adrenal tissue. 

 

2.2 Experimental Section 

2.2.1 Chemicals 

All chemicals were purchased from Sigma-Aldrich (St. Louis, MO) and used as 

received, unless otherwise specified. M-ENK, L-ENK, and neurotensin were obtained as 

acetate salts from LKT Laboratories (St. Paul, MN). Electrochemical experiments were carried 

out in phosphate buffered saline (0.1 M PBS) or Tris buffer (15 mM Tris, 3.25 mM KCl, 1.20 

mM CaCl2, 1.2 mM MgCl2, 2 mM Na2SO4, 1.25 mM NaH2PO4, 145 mM NaCl), both at 



31 

physiological pH 7.4. Adrenal slice experiments used bicarbonate buffered saline (BBS) 

saturated with 95% O2 and 5% CO2, at physiological pH 7.4.  BBS consisted of 125 mM NaCl, 

26 mM NaHCO3, 2.5 mM KCl, 2.0 mM CaCl2, 1.0 mM MgCl2, 1.3 mM NaH2PO4, 10 mM 

HEPES, and 10 mM glucose. All aqueous solutions were made from doubly deionized water 

>18 MΩ∙cm (Millipore, Billerica, MA). 

 

2.2.2 Electrode Fabrication.  

All electrochemical experiments were carried out with T-650 carbon-fiber 

microelectrodes (Cytec Industries, West Patterson, NJ), fabricated as described previously.55 

Briefly, a single 7 μm diameter fiber was aspirated into a single borosilicate glass capillary 

(1.0 mm x 0.5 mm, A-M Systems, Carlsburg, WA). Using a micropipette puller (Narishige, 

Tokyo, Japan) the glass was tapered to form sealed microelectrodes which were then cut to 

300 μm for experiments involving calibration, reproducibility, and interferent studies. 

Electrodes cut to 100 μm were used for comparison with conventional waveforms, and 200 

µm for  the adrenal slice experiment. To establish an electrical connection with the carbon 

fiber, the glass capillary was backfilled with ionic solution (4 M potassium acetate, 150 mM 

KCl) and a lead wire was inserted. All measurements were recorded against a Ag/AgCl 

reference electrode (World Precision Instruments, Inc., Sarasota, FL). 

 

2.2.3 Flow Injection. 

All data were collected in a custom-built flow injection apparatus housed within a 

Faraday cage. A syringe pump (New Era Pump Systems, Inc., Wantagh, NY) supplied a 
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continuous buffer flow of 1 mL/min across both the working and reference electrodes. The 

working electrode was lowered into the electrochemical cell via a micromanipulator (World 

Precision Instruments, Inc., Sarasota, FL). Two-second bolus injections of analyte were 

accomplished using a six-port HPLC valve and air actuator controlled by a digital valve 

interface (Valco Instruments Co., Inc., Houston, TX).  

 

2.2.4 Electrochemical Waveforms and Data Acquisition. 

The novel MSW waveform (Figure 2.1B) was applied at 10 Hz for peptide detection. 

The potential was held at -0.2 V, then ramped to +0.6 V at 100 V/s, and then raised to +1.2 V 

at 400 V/s. The potential was then held at +1.2 V for 3 msec before scanning back to the 

holding potential of -0.2 V at 100 V/s. A more traditional triangular waveform was also used.  

The potential ranged from -0.2 V to +1.2 V and back at 400 V/s (Figure 2.1A). These 

waveforms were output using a custom instrument for potential application to the 

electrochemical cell and current transduction (University of North Carolina at Chapel Hill, 

Department of Chemistry, Electronics Facility). TH-1 software (ESA, Chelmsford, MA) 

controlled waveform output.  Two PCI bus cards (National Instruments Corp., Austin, TX) 

were used for collecting data and synchronization of the electrochemical experiment with the 

flow injection system. Signal processing (background subtraction, signal averaging, and digital 

filtering (2-pole Sallen-Key Filter, 2 KHz)) was software-controlled. Electrical stimulations 

were carried out with a DS-4 Biphasic Stimulus Isolator (Digitimer Ltd., Welwyn Garden City, 

England), controlled by software written in-house through aforementioned PCI bus cards.  
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2.2.5 Adrenal Slice Preparation  

Animal care and use was in complete accordance with NIH and NC State University 

institutional guidelines (IACUC). Male Sprague-Dawley rats (250-300 g, Charles River 

Laboratories, Raleigh, NC) were deeply anesthetized with urethane (1.5 g/kg, ip). The adrenal 

glands were rapidly removed, trimmed of fat tissue, and embedded in agarose gel containing 

3% agarose in BBS. The gel blocks containing the adrenal glands were placed in cold BBS 

while 400 μm thick slices were obtained with a vibratome (World Precision Instruments, 

Sarasota, FL). The slices were allowed to rest in the buffer for at least one hour before the start 

of an experiment. Adrenal slices were subsequently placed in a recording chamber (Warner 

Instruments, Hamden, CT) and superfused with BBS buffer maintained at 34 °C for at least 

another 1.5 hours. Carbon-fiber microelectrodes were placed about 100 μm below the surface 

of the slice, and a twin tungsten electrode was positioned in the tissue approximately 1 mm 

from the recording electrode for the stimulation experiments. Working electrode and 

stimulating electrode placements were made with the aid of a microscope (Nikon Instruments, 

Inc., Melville, NY). Electrical stimulations consisted of trains of 15 biphasic 500 µA pulses, 

at a frequency of 350 Hz with a pulse-width of 0.5 ms.  

 

2.2.6 Statistics 

All data presented are shown as the mean ± standard deviation (stdev). One-tailed 

Student’s t tests were used to determine the significance of means. Significance was designated 

at p< 0.05. A Pearson correlation value was calculated for endogenous molecules vs. in vitro 
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standards. Statistical and graphical analysis was carried out using GraphPad Prism 5 

(GraphPad Software, Inc., La Jolla, CA). 

 

2.3 Results and Discussion 

2.3.1 Met-Enkephalin Cyclic Voltammetry 

Cyclic voltammograms (CVs) were initially collected in vitro using a standard 

triangular waveform and a 100 μm long carbon-fiber microelectrode (Figure 2.1A).47 A scan 

rate of 400 V/s, ranging from -0.4 V to +1.4 V, was applied at 10 Hz.  Figure 1C shows a 

representative background-subtracted CV, as well as the colorplot56 for a two second bolus 

injection of 2 μM M-ENK, introduced to electrode surface at the time indicated by the red bar. 

Current was generated at numerous potentials, and the signal persists long after the end of the 

injection, indicative of surface fouling (white asterisk, Figure 2.1C). This lowers the sensitivity 

of the electrode, making reproducible measurements difficult. A modified sawhorse waveform 

(was developed to retain chemical selectivity and reproducibility, as well as adequate 

sensitivity and temporal resolution. Specifically, the potential was ramped from -0.2 V to +0.6 

V at 100 V/s, then to +1.2 V at 400 V/s and held for 3 msec at this potential. The potential was 

then ramped back to -0.2 V at 100 V/s (Figure 2.1B). This waveform takes 26.5 msec to apply, 

thus allowing measurements to be made at 10 Hz. Since current scales with scan rate, the faster 

rate was applied only in the potential range of oxidation for our analyte of interest (~1.0 V). By 

using a slower scan rate in the remainder of the sweep, the faradaic contributions from other 

analytes were reduced. The potential was held at +1.2 V for 3 msec because research has shown 

that the adsorption of tyrosine onto the electrode surface weakens above +1.1 V.57 This 
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waveform produces one resolved peak at about +1.0 V and another less intense peak during 

the holding time at +1.2 V (Figure 2.1D), suggesting the oxidation of two separate amino acids.   

 

 

 

Figure 2.1. (A) Triangular waveform. (B) Modified sawhorse waveform (MSW). (C,D) 

Representative in vitro voltammetric data collected using the waveforms depicted in (A) and 

(B), respectively, where the ordinate is the potential applied to the carbon-fiber electrode, the 

abscissa is time in seconds, and the current (nA) is depicted in false color.56 2 μM M-ENK was 

introduced to the microelectrode at the time indicated by the red bar. Displayed 

voltammograms were extracted at the time indicated by the dashed line.  
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2.3.2 Electrochemical Moiety.  

It was important to isolate which moiety was responsible for the electrochemical 

response. M-ENK is a five amino-acid chain, as shown in Figure 2.2A (top). The redox 

activities of tyrosine and methionine have been demonstrated.58, 59 Conversely, glycine and 

phenylalanine are not expected to be redox active within the potential window. 

Voltammograms for tyrosine (left), M-ENK (middle), and methionine (right) are presented as 

color plots in Figure 2.2A.  In Figure 2B, the current collected in the hold portion of individual 

voltammograms for these species is plotted linearly versus waveform point number for the 

portion of the scan ranging from +0.6 V to +1.2 V and back to +1.0 V, as depicted at the top 

of the graphic and in Figure B1 (Appendix B). Plotting the data in this manner enables 

improved visual inspection of both oxidation peaks.  Tyrosine is responsible for the first peak 

in the voltammogram for M-ENK (~1.0V), and methionine contributes to the second peak 

(during the hold at 1.2V). The slight shift in oxidation potential is likely due to the effect of 

the additional amino acids on the formal potential of methionine. Tyrosine is the principal 

contributor to the voltammetry, and was accordingly chosen to be the peak used for 

quantification purposes. However, tyrosine is a classic example of a molecule that is likely to 

foul the electrode, thus electrode stability was quantitatively assessed.   
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Figure 2.2. M-ENK is a five amino-acid peptide with terminating tyrosine and methionine 

groups (top). (A) Representative colorplots for 2 μM tyrosine (left), 1 μM M-ENK (middle), 

and 30 μM methionine (right). (B) To better visualize the current collected during the potential 

hold period, it is plotted versus waveform point number converted into potential (see Figure 

B1). The displayed portion is indicated by the dashed box (top). The dagger and double-dagger 

indicate the first and second oxidation peaks of M-ENK, respectively. 

  

2.3.3 Reproducibility of Met-Enkephalin Electrochemistry 

The performance of the novel MSW was compared to a more traditional triangular 

waveform designed with a holding potential of -0.2 V and a switching potential of +1.2 V, 

scanned at 400 V/s and applied at 10 Hz. A 2 second bolus of 500 nM M-ENK was introduced 

to the carbon-fiber electrode for ten consecutive injections (Figure 2.3A). The results 

demonstrate no loss in measured current when using the MSW (Figure 2.3A), and no distortion 

in the electrochemical signal after the tenth injection (Figure 2.3A inset). Conversely, the TW 

showed a significant decrease in signal intensity from baseline (n = 5 electrodes, p < 0.001) 

after the sequence of injections (Figure 2.3A), making it impossible to create a linear 

calibration curve. The electrode fouling increased with higher concentrations of M-ENK when 
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using the TW waveform, whereas the performance of the MSW was not compromised (Figure 

B2). These data show that holding the potential at +1.2 V for 3 msec is sufficient to regenerate 

a clean electrode surface, thus eliminating signal loss due to surface fouling and enabling 

accurate calibrations for determining sensitivity to M-ENK. Interestingly, increasing the 

anodic holding potential beyond +1.2 V increased fouling of the electrode, thus constraining 

the potential to +1.2 V to obtain reproducible results (data not shown). 

 

 

 

Figure 2.3. Reproducibility.  (A) The electrochemical response to 500 nM M-ENK was stable 

over 10 consecutive injections when using the MSW, but not a more traditional triangular 

waveform with a potential range from -0.2 V to 1.2 V scanned at 400 V/s (n = 5, p < 0.001). 

The inset shows representative voltammograms corresponding to the first and tenth injection. 

(B) Calibration curve showing a linear relationship between peak current and M-ENK 

concentration. Representative voltammograms provided in inset. Data are mean ± stdev, n = 7. 

 

 

A calibration curve for M-ENK detection using the MSW was created by plotting the 

linear relationship between peak current (collected at +1.0 V) and analyte concentration 

(Figure 2.3B). Concentrations ranging from 250 - 1000 nM (n = 7 electrodes, 3 replicates per 
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concentration, r2 = 0.99) were evaluated, affording a sensitivity of 13.8 ± 0.1 nA/μM. 

Representative voltammograms are provided in the inset of Figure 2.3B for the various 

concentrations and show neither a change in peak shape nor a shift in the observed oxidation 

potential. With this approach, the limit of detection is 27.9 ± 3.5 nM (defined as three times 

the standard deviation of the noise). The results demonstrate that a reproducible calibration 

curve can be constructed for M-ENK.  However, this single component solution is not 

representative of the complex recording environment inherent to live tissue.  

 

2.3.4 Selectivity Against Common Interferents  

Many electroactive species could potentially interfere with the electrochemical 

detection of M-ENK in the brain. In the striatum, one of the most likely interferents is 

dopamine (DA), as it oxidizes more readily than M-ENK and fluctuates at concentrations 

significantly greater than those expected for M-ENK in tissue.60 When using a triangular 

waveform with a typical scan rate of 400 V/s, DA oxidation is evident at approximately +0.6 

V (Figure 2.4A, black).  The MSW utilizes a relatively slow scan rate (100 V/s) at potentials 

below 0.6 V, essentially providing two key benefits. Faradaic current scales with scan rate.61  

By slowing the scan rate in the potential region where most interferents oxidize, the current 

produced for oxidation of those interferents is also significantly reduced, as demonstrated for 

DA in Figure 2.4A (red).  Additionally, for non-Nernstian systems, peak separation increases 

as scan rate is increased.  Thus at a slower scan rate of 100 V/s, the oxidation peak for DA 

shifts to about +0.4 V (Figure 2.4A, red). Figures 2.4B and 2.4C present voltammograms 

collected for a mixture containing M-ENK, DA, ascorbic acid (AA), and a pH shift using either 
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a conventional triangular waveform or the novel MSW, respectively. The interferents dominate 

the voltammograms collected using the standard triangular waveform, making it difficult to 

distinguish the analytes. However, when using the MSW with two distinct scan rates in the 

forward sweep, the current contributed by the possible interferents is diminished, and the signal 

for M-ENK separates due to the distinct oxidation potentials of these species. (Figure 2.4C). 

The effects of using different scan rates for the second portion of the anodic scan are further 

detailed in Figure B3. These results demonstrate the potential of using multiple scan rates in a 

single sweep to create analyte-specific waveforms that enhance the voltammetric signal due to 

an analyte of interest by increasing the resolution of the peaks and reducing the contribution to 

the signal from interferents.  

 

 

 

Figure 2.4 (A) Representative voltammetric data for dopamine, and (B,C) a mixture of 0.5 µM 

M-ENK, 1 µM dopamine, 10 µM ascorbic acid, and a +0.1 pH shift collected using a standard 

triangular waveform (TW,black) versus the novel MSW (red). Most potential interferents, such 

as dopamine, oxidize at ~0.6 V. By exploiting scan rate, the MSW reduces the current 

contributed by potential interferents and shifts their oxidation peaks to a lower potential. This 

enables the current contributed by M-ENK to be readily distinguished (asterisk) in 

voltammograms for complex mixtures. 
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The influence of interfering species was also quantitatively assessed using principal 

component regression (PCR). PCR is a multivariate statistical analysis technique that first 

requires principal component analysis to identify the principle components that best describe 

the variance in the data and then uses linear regression on the selected components to 

deconvolute these components from the complex data.  PCR has been used to distinguish 

multiple contributors to the voltammetric signal in the past;62 however, in this case it is not 

appropriate when using the conventional triangular waveform as the approach requires a linear 

response to increasing concentrations of the electroactive components and the effects of 

electrode fouling preclude this.  Using the novel MSW, solutions containing varying 

concentrations of M-ENK in the presence of physiological concentrations of ascorbic acid 

(AA), dopamine (DA), and pH shifts were interrogated.63-66 These common biological 

interferents were selected because they have a known electrochemical response in the potential 

window used to voltammetrically quantify M-ENK (Figure 2.5A-C). Figure 2.5D shows PCR-

predicted concentration versus the actual concentration of M-ENK in mixed solutions that 

contained each of these analytes. The slope of the regression line for a perfect prediction is 

unity, and our approach yields a slope of 1.02 (±0.01) (r2 = 0.99, n = 3 electrodes), 

indicating that the combination of the novel waveform and PCR was able to 

appropriately identify and quantify M-ENK in these complex mixtures.  
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Figure 2.5. Selectivity against common interferents.  (A-C) Voltammograms for dopamine, 

ascorbic acid, and a pH shift collected using the MSW. (D) M-ENK concentrations predicted 

using PCR compared to known sample concentrations. The diagonal line represents unity for 

a perfect prediction. The slope of the regression line was 1.02 (±0.01) (r2 = 0.99, n = 3 

electrodes). 

 

2.3.5 Selectivity Against Other Tyrosine-Containing Peptides 

There are innumerable peptides present in the brain, and it would be impossible to 

electrochemically investigate all of them.  Having demonstrated that tyrosine was the principal 

electrochemical moiety, the electrochemical resolution against a few common neuropeptides 

that contain tyrosine was assessed. Leu-enkephalin (L-ENK) and M-ENK have identical amino 

acid backbones, but differ only at the C-terminus by either a leucine or a methionine group, 
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respectively. Neurotensin (NT) is a 13-amino acid neuropeptide containing two tyrosine 

groups. All three produced an electrochemical response with peak oxidation at ~1.0 V (Figure 

2.6A-C). The voltammetric detection of NT produced some electrode fouling, and the color 

plot is clearly different from those for the enkephalins.  Differences between the 

voltammograms are readily evident when the current is plotted versus point number in the 

applied waveform (Figure 2.6D). As expected, neither L-ENK nor NT exhibited the second 

peak inherent to the oxidation of M-ENK (double dagger), as this signal is due to the 

methionine group.  It provides a means of electrochemically distinguishing M-ENK from other 

peptides including L-ENK, which differs from M-ENK by only a single amino acid.  It is 

important to note that using this approach, any signaling peptides that contained BOTH 

tyrosine and methionine could not be unequivocally distinguished from M-ENK.  However, 

pharmacology should always be used to verify the electrochemical signal in a biological study, 

and this approach significantly reduces the number of peptides that could underlie an 

ambiguous signal.    
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Figure 2.6. Representative voltammetric data collected for 1 μM (A) M-ENK, (B) L-ENK, 

and (C) NT collected using the MSW. (D) Normalized current plotted versus point number in 

the applied waveform, focusing on the +0.6 V to +1.2 V to +1.0 V portion of the applied 

potential. All three analytes share the same first peak (†), but the second peak (‡) inherent to 

M-ENK allows it to be visually distinguished from the other neuropeptides.   

 

 

2.3.6 Detecting Met-Enkephalin in Living Adrenal Tissue 

Endogenous peptides contribute to the most basic biological systems promoting 

survival, including managing energy balance and stress responses.6, 67 To demonstrate the 

voltammetric detection of endogenous M-ENK in complex living tissue, the novel MSW was 

used to simultaneously detect electrically evoked catecholamine and M-ENK release in slices 

of rat adrenal tissue. Proenkephalin-produced peptides are highly concentrated in the adrenal 

medulla,67 and adrenal chromaffin cells secrete the ENKs in addition to the catecholamines in 
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mediating the biological response to stressors.68 The major catecholamines released are 

norepinephrine and epinephrine,69 and the voltammograms for these species are virtually 

indistinguishable from that for DA.   A carbon-fiber microelectrode was inserted at least 100 

μm into a section of rat adrenal tissue containing the medulla, and a stimulating electrode was 

positioned approximately 1 mm away. Representative data collected upon a mild stimulation 

are shown in Figure 2.7A, with the time of stimulation designated by the red arrow (n = 4).  A 

voltammogram was extracted from these data (white dashed line) and plotted in Figure 2.7B 

(red) with the voltammogram for a mixture of norepinephrine (NE) and M-ENK standards that 

were collected in vitro (black). The CVs correlate well (r = 0.81), with the first observed peak 

stemming from catecholamine release (~+0.6 V) and the following ‘double-peak’ attributed to 

the release of ~400 nM M-ENK.  
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Figure 2.7. M-ENK detection in a rat adrenal slice.  (A) The color plot contains 300 

background-subtracted cyclic voltammograms recorded over 30 sec, and allows visualization 

of analytes and interfering species.  Electrical stimulation occurred at the time indicated by the 

red arrow. (B) A background-subtracted cyclic voltammogram (red) extracted from (A) at the 

time indicated by the dashed white line.  The signal corresponds to a voltammogram for a 

mixed sample of norepinephrine and M-ENK standards collected in the in vitro flow cell (r = 

0.81). 

 

 

 

2.4 Conclusions 

The analyte-specific waveform described herein provides a foundation for directly 

measuring dynamic fluctuations of tyrosine-containing peptides in living tissue. Simply by 

using multiple scan rate in the anodic sweep, we have separated the signal for M-ENK from a 

complex mixture of electrochemically active interferents that are commonly encountered in 

biological preparations. The data demonstrate that this novel approach has sufficient temporal 

resolution, sensitivity, reproducibility, and selectivity to monitor real-time molecular dynamics 

of M-ENK. It is expected that this approach can be adapted for the detection of other tyrosine-

containing peptides, and that it can be used to provide functional information on where, when, 

and how specific neuropeptides are released in tissue.   
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CHAPTER 3 

 

Investigating the Effects of Methionine-Enkephalin on Evoked Catecholamine Release  

 

This work was conducted in collaboration with: Schmidt A.C., Dunaway, L.E., Roberts, J.G., 

and Sombers, L.A.  

 

 

 

3.1 Introduction 

Endogenous neuropeptides are a major class of signaling molecules that are involved 

in many brain functions, such as reward processing,1-5 nociception,6 various 

neuropathologies,7-10 and the biochemical response to multiple drugs of abuse.11-16 

Subsequently, these molecules influence a wide variety of complex physiological functions 

ranging from basic endocrine function to motivation.11, 16-19 Of the known neuropeptides, the 

enkephalins are one of the most abundant types found in the brain.20 The two principle 

enkephalins, methionine-enkephalin (M-ENK) and leucine-enkephalin, are both derived from 

the precursor hormone proenkephalin. They are the smallest of the endogenous opioid 

peptides, having only five amino acids, and were originally identified in 1975 as potent opioid 

agonists in the brain.21 However, the brain is not the only location where neuropeptides may 

be found. In 1978, they were discovered in the adrenal medulla with immunoassay,22, 23 where 

enkephalins may be stored with other neurochemicals, including norepinephrine, in large 

dense-core vesicles.24-27  
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Identifying the neurochemical signaling underlying motivated behavior and reward-

related decision making is a key step in developing appropriate therapies for treating a variety 

of addictive, compulsive, and depressive disorders. The enkephalins are known to bind to mu 

(MOR) and delta (DOR) opioid receptors, and the activation of these receptors can influence 

catecholamine systems.28, 29 The current model postulates that opiates excite ventral tegmental 

area dopamine (DA) neurons by disinhibition;30 however, several lines of evidence suggest 

that more complex mechanisms may also significantly contribute to the positive motivational 

actions of opioid neuropeptides. At the other end of the mesolimbic pathway, in the ventral 

striatum, mu opioid circuitry again contributes an important component of motivation to 

consume reward.2-4, 31-33 Moreover, M-ENK and DA interactions have also been studied in 

other brain regions, including the globus pallidus, a brain region involved in sensorimotor 

regulation, where DA and M-ENK were found to have reciprocal interactions;34 thus 

exemplifying the complexity, and the importance of understanding, these types of interactions. 

The precise interaction between ENKs and DA in the control of reward and motivation has yet 

to be described. 

The experimental tools typically used to study neurotransmitters all have known 

caveats and limitations; however, none is more critical than the lack of appropriate temporal 

resolution needed to study dynamic interactions between neurotransmitters on a sub-second 

time-scale. Some studies have focused on behavioral changes linked to the mesolimbic 

dopamine system in order to establish a connection between increased opioid peptide 

concentration and increased dopamine release;35, 36 however, this approach lacks measurement 

taken in the brain itself. Sampling techniques, such as microdialysis coupled to analytical 
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measurements37-45 or radioimmunoassay14, 46-50 have proven invaluable to the study of 

neuropeptide function; however, utility is limited by poor temporal resolution on the order of 

tens of minutes. Thus, transiently high analyte levels released from spatially discrete loci go 

undetected with this approach. On the other hand, fast-scan cyclic voltammetry (FSCV) is an 

established technique that is often used to monitor fluctuating dopamine levels in living brain 

tissue.51-59 This electrochemical approach can not only simultaneously measure rapid 

fluctuations of multiple molecules, but also provides excellent spatial resolution when coupled 

to carbon-fiber microelectrodes. 

This study investigated the effects of M-ENK on catecholamine release in brain and 

adrenal slices using FSCV. The first part of this research investigated the effects of long term 

bath-application of M-ENK has on dopamine dynamics. The second part of this work focused 

on investigating the mechanisms and dynamics of opioid-modulated catecholamine release in 

adrenal slices, as it was found that acute injections of the opioid peptide elicited immediate 

catecholamine release. The knowledge gained from this study will provide insight into how 

these different neurotransmitters interact with one-another. This is also the first study to date 

to take advantage of FSCV’s excellent temporal resolution to measure immediate 

catecholamine release in the adrenal medulla following M-ENK injection. 
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3.2 Experimental Section 

For general materials and methods, as well as brain slice preparation methodology, please see 

Appendix A. 

 

3.2.1 Adrenal Slice Preparations 

The adrenal glands were rapidly removed, trimmed of fat tissue, and embedded in 

agarose gel containing 3% agarose in low-calcium BBS. The gel blocks containing the adrenal 

glands were placed in ice-cold low-calcium BBS while slices were obtained and incubated in 

the buffer for at least one hour prior to the start of an experiment. Adrenal slices were 

subsequently placed in the recording chamber and superfused with BBS buffer maintained at 

34 °C. Carbon-fiber microelectrodes were placed about 100 μm below the surface of the slice, 

and the stimulating electrode was positioned in tissue approximately 1 mm from the recording 

electrode for the electrical stimulation experiments. For the picospritzing experiments, a glass 

micropipette was pulled from borosilicate glass capillary (A-M Systems, Carlsburg, WA) with 

an outer tip diameter of 15 - 20 μm, backfilled with the chemical to be pressure-ejected, and 

positioned in the tissue about 1 mm from the recording electrode. Working electrode, 

stimulating electrode and micropipette placements were made using micromanipulators 

(Scientifica, East Sussex, UK) and with the aid of an upright microscope (Nikon Instruments, 

Inc., Melville, NY). Buffered solution containing 1 mM M-ENK was injected for 150 

milliseconds at 20 psi with a Picospritzer II (Parker Hannifin Corp., Fairfield, NJ).  
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3.2.2 Electrochemical Waveforms  

 

 The specific waveforms applied are described in the appropriate results section in this 

document. They are also described in Table A1 found in Appendix A. 

 

3.2.3 Data Analysis and Statistics 

All data presented are shown as the mean ± standard error of the mean (SEM). Unpaired 

t tests were used to determine the significance of means between two groups. Significance was 

designated at p < 0.05.  Statistical and graphical analyses were carried out using GraphPad 

Prism 5 (GraphPad Software, Inc., La Jolla, CA). 

 

3.2.4 Animal Care 

 Animal care and use was in complete accordance with NIH and NC State University 

institutional guidelines (IACUC). 

 

3.3 Results  

3.3.1 M-ENK Potentiates Electrically-Evoked DA Release in the Striatum 

Because indirect evidence suggests that M-ENK can facilitate DA release in the 

striatum, we investigated the effects of a bath M-ENK application on electrically-evoked DA 

release in the ventral striatum. A carbon-fiber electrode and a bipolar stimulating electrode 

were placed in tissue, and the traditional dopamine waveform (DW) was applied (Appendix 

A). After allowing the brain slice to equilibrate in aCSF buffer, five electrically-stimulated (5 

biphasic pulses, 4 msec pulse width, 500 µA) DA release events were collected, each spaced 
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five minutes apart, to establish a baseline DA response. Next, 250nM M-ENK was added to 

the buffer solution flowing over the brain slice, and the slice was allowed to equilibrate in this 

solution for at least 60 minutes before collecting another five electrically-stimulated DA 

release events. The collected concentrations were normalized to the median of the pre-M-ENK 

results for each individual animal, in order to account for inherent variability in electrode 

sensitivity, electrode location, and slice condition. A significant increase in stimulated DA 

release was observed after adding M-ENK to the buffer (13.8 ± 3.8 %, n = 8, p < 0.01).  

To ensure that the observed results were not due to electrode fouling (or other non-

biological phenomena), the experimental procedure was replicated in vitro, substituting Tris 

buffer for aCSF, while keeping all other parameters constant. Notably, the measured currents 

for DA oxidation were significantly lower (Figure 3.1A) (88.5 ± 1.6 %, n=3, p<0.01) after 

cycling the electrode in a buffer containing 250 nM M-ENK for 45 minutes compared to the 

previous current measured for DA oxidation in simple Tris buffer. The decreased sensitivity is 

likely a result of electrode fouling due to continuous oxidation of M-ENK in the buffer. This 

is primarily due to the oxidation of tyrosine which is known to polymerize onto the electrode 

surface upon oxidation.65 When the decrease in sensitivity is taken into account, electrically-

evoked DA release was potentiated 28.6 ± 4.9 % by M-ENK (Figure 3.1B), demonstrating that 

a bath application of M-ENK can modulate DA signaling in the brain.  
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Figure 3.1. Effect of bath application of M-ENK in brain slice and in vitro experiments. (A) 

Adding 250 nM M-ENK to the buffer in vitro decreased the signal observed for DA detection 

due to electrode fouling (88.5 ± 1.6 %, n=3, p<0.01). (B) Adding 250 nM M-ENK to aCSF in 

tissue increased the measured stimulated DA concentration by 28.6 ± 4.9 % (n=8, p<0.001) 

(adjusted for loss of electrode sensitivity).  

 

 

To pharmacologically confirm that the measured response in tissue was biological in 

nature, the experiment was repeated in the presence of 2.5 µM naltrexone (NTX), a MOR/DOR 

antagonist. This drug will occupy these specific receptors,66 thus preventing the neuropeptide 

from causing a biological response. As before, five consecutive stimulated release events in 

simple aCSF were recorded, before 250 nM M-ENK and 2.5 μM NTX were simultaneously 

added to the buffer. The slice was allowed to equilibrate in the new environment for at least 60 

minutes before five more stimulated events were collected. Indeed, NTX blocked the effects 

of M-ENK on stimulated DA release, and no significant increase in DA release was observed 

even after accounting for the decrease in electrode sensitivity (Figure 3.2) (n=5, p>0.05). 

Control experiments (in vitro) verified that NTX did not alter the fundamental sensitivity to 
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DA (data not shown). Together, these results demonstrate that M-ENK potentiates evoked DA 

release thru a MOR/DOR mediated mechanism. However, further research is required to obtain 

a more complete understanding of the results presented from these experiments. The M-ENK 

concentration used here is much higher than expected physiological concentrations. Therefore, 

experiments using physiologically relevant concentrations are needed in addition to 

experiments examining dose-dependency of the observed results. Additionally, more receptor-

specific peptides will need to be tested to understand which receptor subtype (MOR or DOR) 

is responsible for the observed results. Nonetheless, these results lend insight to the complex 

interaction of the opioid and DA neurotransmitter systems. 
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Figure 3.2. Effects of opioid agonist/antagonist cocktail on DA in brain slices. Electrically-

stimulated DA release was not significantly altered (n=5, p>0.05) after adding a cocktail 

consisting of 250 nM M-ENK and 2.5 μM NTX to the bath (adjusted for loss of electrode 

sensitivity). 

 

 

3.4.2 Optimized Waveform for Catecholamine Detection in the Presence of M-ENK  

Because the adrenal medulla is also known to contain M-ENK22, 23 and express opioid 

receptors,67, 68 acute M-ENK injections were studied in adrenal slices. To alleviate potential 

problems due to electrode fouling in the presence of short-term, but high, concentrations of M-

ENK, a new waveform was developed. Holding the potential at the end of the forward scan 

has been shown to clean the electrode surface and prevent M-ENK induced fouling.69 
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Therefore, all parameters of this waveform were the same as the DW, except that the potential 

was held for 2 msec at +1.3 V. The performance of this new sawhorse waveform (SW, 

Appendix A) was assessed in vitro and compared to the conventional DW. A calibration curve 

for catecholamine detection was created by plotting the relationship between peak current and 

analyte concentration (Figure 3.3). DA concentrations ranging from 250 - 5000 nM were 

evaluated, affording a sensitivity of 12.5 ± 0.1 nA/μM (n=3 electrodes, r2=0.99). This value is 

comparable to the sensitivity achieved with the standard DW (12.8 ± 0.4 nA/μM, n=3 

electrodes, r2=0.99) and no significant difference in sensitivity was found. Representative 

voltammograms are shown in Figure 3.3B. The results show that this waveform is a viable 

alternative for DA detection in the presence of M-ENK.  

 

 

 

Figure 3.3. Sawhorse waveform (SW) calibration data for dopamine detection in the flow cell. 

(A) Calibration curve comparing the DW to the SW, showing linear response to concentrations 

of DA ranging from 250 nM to 5000 nM. n = 3 electrodes, 3 replicates per concentration, r2 = 

0.99 and no significant difference between the two sensitivities. (B) Representative DA CVs 

collected using the SW. 
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3.3.2 M-ENK Evoked Catecholamine Release in Adrenal Slices 

 Next, an experiment was designed to test if acute injections of M-ENK elicit 

catecholamine release in adrenal slices.  Adrenal slices were allowed to equilibrate in BBS 

buffer before a microinjector was placed in the vicinity of the working electrode. Upon 

injection of 1 mM M-ENK, a catecholamine peak was observed in the colorplot (Figure 3.4A), 

where the time of injection is marked with the red arrow. The extracted voltammogram taken 

at the time indicated by the white line is shown in Figure 3.4B, and two peaks are observed. 

As shown previously in Figure 3.3B, dopamine is expected to oxidize at ~+0.6 V. However, 

injecting exogenous DA in adrenal tissue led to an observed oxidation peak at ~+0.8V. This 

~+0.2 V shift is due to the local environment the electrode is in when inserted into adrenal 

tissue. The normalized DA CV from the microinfusion of exogenous DA matched the first 

peak observed in the normalized voltammograms extracted from the colorplot after M-ENK 

injection, verifying the identity of the peak (Figure 3.4C). Further, when extracting a CV ~0.5 

seconds after M-ENK injection from the colorplot, two distinct peaks are observed in the 

voltammogram (Figure 3.4D); the first due to the catecholamine response, the second from M-

ENK injection. M-ENK oxidizes at ~+1.0 V when using the SW in vitro (Figure 3.5); therefore 

this peak is expected to be observed at ~+1.2 V in adrenal tissue (gray line in Figure 3.4B).  
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Figure 3.4. M-ENK induced catecholamine release in adrenal slice. (A) Colorplot following 

injection of 1mM M-ENK at the time indicated by the red arrow. (B) Cyclic voltammogram 

extracted at the time marked by the white line in the colorplot. The catecholamine peak is at 

~+0.8 V, the M-ENK peak at ~+1.2 V. (C) Normalized CV for DA microinfusion into adrenal 

tissue (red CV) matched the normalized M-ENK evoked response observed in the colorplot. 

(D) CV extracted ~0.5 seconds after M-ENK injection shows two distinct peaks. 

 

 

3.3.3. Pharmacology of M-ENK Evoked Catecholamine Release 

A variety of experiments were performed to elucidate the mechanism underlying M-

ENK-evoked catecholamine secretion, including controls and pharmacology. Ross, et al. have 

reported that exocytosis can be elicited mechanically simply by moving or disturbing the 

tissue.70 To test if the observed response was due to a mechanical stimulation, control 
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injections were performed with simple BBS buffer. Representative data shown in Figure 3.6A 

show that simple BBS buffer injections did not elicit a significant response, as compared to the 

response elicited with 1mM M-ENK injection (Figure 3.6B). Next, DAMGO, a synthetic 

analog to M-ENK with a strong affinity for MOR,71, 72 was tested to further verify that this was 

a biological response. In vitro testing revealed that DAMGO generates an anodic peak at ~+1.0 

V similar to M-ENK, but not a peak at the switching potential (Figure 3.5). This is because 

DAMGO lacks a methionine group. Injections of 100 µM DAMGO elicited a catecholamine 

response similar to M-ENK (Figure 3.6C), suggesting that M-ENK is indeed responsible for 

the secretion of catecholamines observed in this adrenal slice preparation. There was no 

observed peak for DAMGO in the colorplot due to the lower concentration used. 

 

 
Figure 3.5. In vitro M-ENK and DAMGO CVs. M-ENK and DAMGO both have a peak at 

~1.0 V stemming from Tyrosine oxidation. M-ENK has a second peak at the switching 

potential due to methionine oxidation. 

 



68 

 
Figure 3.6. Response of adrenal slice preparation to buffer, M-ENK, and DAMGO. Red arrow 

shows the time at which ejection occurred, and dashed white line shows where the 

voltammogram was extracted from each colorplot. (A) Slice shows no response to buffer 

injection. (B) 1 mM M-ENK and (C) 100 μM DAMGO both elicited catecholamine release.  

 

 

Next, the MOR/DOR antagonist NTX was used. The adrenal slices were first 

chemically stimulated with 1 mM M-ENK in simple BBS buffer. After a baseline 

catecholamine response was established, the buffer flowing over the slice was spiked with 50 

μM NTX. NTX was not found to affect the electrode’s sensitivity to catecholamine detection 

during in vitro experiments. The addition of NTX resulted in a 65 ± 6 % decrease in secreted 

catecholamines (n=3, p<0.001) following M-ENK infusions (data shown in Figure 3.7). In the 

control experiment, the buffer remained unchanged over the course of the experiment, and no 

significant difference (p>0.05) was observed in catecholamine release in response to M-ENK 

injection. These data demonstrate that M-ENK evoked catecholamine secretion in the adrenal 

medulla by an opioid receptor dependent mechanism. However, more experiments are needed 
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to elucidate the true mechanism of this response. Again, receptor specific manipulations and a 

dose-response curve will be needed in the future to study the interactions in detail. 

 

 

 

Figure 3.7. Normalized peak intensity for catecholamine secretion in adrenal medulla. Slices 

(n=3) are stimulated every five minutes by ejecting 1 mM M-ENK (150 msec, 20 psi) 1 mm 

away from working electrode. No significant change in evoked catecholamine response was 

recorded when using BBS buffer for the duration of the experiment. A significant decrease in 

evoked catecholamine release was observed (p<0.005) when NTX was present in the buffer. 

No significant change in evoked catecholamine release was observed  

  

 

 

3.4 Conclusions 

Collectively, these data confirm that M-ENK can facilitate DA release in striatal brain 

slice tissue. To date, this is the first study using FSCV to study opioid interactions with the 

dopaminergic system in rat brain slices. The results encourage further studies that can lead to 
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the research of new therapeutic approaches to address drug addiction. In the adrenal glands, 

the results suggest that acute M-ENK concentration increases can cause an immediate 

catecholamine response, one that can also be blocked with the opioid receptor antagonist NTX. 

Crucially, this was the first experiment that takes advantage of the excellent temporal 

resolution that FSCV offers, showing that acute injections of M-ENK lead to immediate and 

measurable catecholamine release. This type of response would not be observable with other 

techniques typically used for neurotransmitter detection; thus, the information gained from 

these experiments can help fill a critical gap in the understanding of the complex interactions 

of neurotransmitters. 
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CHAPTER 4 

 

Carbon Nanotube Yarn Electrodes for Enhanced Detection of Neurotransmitter 

Dynamics in Live Brain Tissue 

 

The following work was reprinted with permission from: Schmidt, A.C., Wang, X., Zhu, Y., 

and Sombers, L.A. “Carbon Nanotube Yarn Electrodes for Enhanced Detection of 

Neurotransmitter Dynamics in Live Brain Tissue”. ACS Nano, 2013, 7 (9), pp 7864-7873. 

Supplemental information is found in Appendix C. 

 

4.1 Introduction 

Carbon-fiber microelectrodes (dimensions in the micrometer range) are a fundamental 

tool in the real-time electrochemical detection of neurotransmitters, including but not limited 

to dopamine,1-7 adenosine,8-9 hydrogen peroxide,10 serotonin,4, 11-14 local pH changes,5, 15 and 

norepinephrine.16-17 They are preferred for work in brain tissue due to their small size, which 

enables the detection of rapid chemical dynamics, minimizes tissue damage upon 

implementation, and provides excellent spatial resolution for sampling from discrete neural 

circuits.18 Compared to larger electrodes, microelectrodes offer highly increased diffusional 

flux to the electrode surface, decreased ohmic drop, and faster response times that enable high 

speed measurements.19 Furthermore, carbon-fiber microelectrodes are biologically compatible, 

they have a wide potential window and renewable surface,20 and they are easily coupled with 

fast-scan cyclic voltammetry (FSCV).21-22 FSCV provides the temporal resolution required for 

measuring neurotransmitter release on a sub-second timescale and enables qualitative 

identification of an analyte through a distinctive cyclic voltammogram. Thus the combination 
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of FSCV with carbon-fiber microelectrodes is a powerful tool for making rapid measurements 

in complex environments such as the brain.  

Since Wightman23-24 and others25-27 initially reported the fabrication and 

characterization of ultramicroelectrodes in the early 1980s, a significant amount of research 

across many laboratories has focused on enhancing the detection capabilities of the carbon-

fiber electrode material by modifying the surface in different ways. Nafion is a commonly used 

perfluorinated cation exchange polymer that is deposited onto the carbon surface to improve 

sensitivity for cationic species, such as dopamine.28-31 However, electrode coatings necessarily 

slow the electrode time response by hindering analyte diffusion to the electrode surface. The 

sensitivity of carbon-fiber electrodes can also be increased by electrochemical pre-treatment,2, 

32-33 and surface cleaning.34 Finally, carbon nanotubes (CNTs) can enhance sensitivity when 

deposited onto the carbon surface.9, 35-36 The demonstrated benefit of enhanced mass transport 

to very small electrodes underlies a broad interest in the use of CNTs, which offer a high aspect 

ratio, for electrochemical analysis in biological systems. Indeed, interest in CNT technology 

has significantly grown over the past two decades. CNTs provide high tensile strength and 

stiffness, as well as good thermal and electrical conductivity.37 Furthermore, CNTs can be spun 

into continuous fibers to form a yarn.38-40 The yarn diameter is dependent on the diameter of 

the individual nanotubes, as well as the twisting angle used in spinning. Thus, the yarns are 

customizable and can be tailored with diameters and lengths suitable for use in electrodes 

dedicated to a variety of applications. Electrochemical sensors spun from CNTs were first 

reported in 2003,41 and glucose measurements using dry-spun CNT-yarn electrodes modified 

with glucose oxidase have been reported by Zhu et al.42-43 CNT fibers have been used to detect 



 

 

 

80 

dopamine using differential pulse voltammetry44 and amperometry;45 they have been 

incorporated into electrode arrays,46 and have also been suggested to be a superior deep brain 

stimulating electrode when compared to other electrode materials,47 hinting at their in vivo 

potential.  

In order to take advantage of the unique properties of CNTs and the mass transfer 

benefits of working at the nanoscale, we have utilized a multi-walled carbon nanotube 

(MWNT) yarn as the sole sensing substrate in elliptical disk microelectrodes. We have 

quantitatively characterized the performance of the CNT yarn disk-shaped (CNTy-D) 

electrodes when coupled with FSCV, and have systematically compared them to conventional 

carbon-fiber microelectrodes for the detection of neurotransmitters. The MWNT yarn used 

herein was composed of individual MWNTs (~40-50 nm diameter) spun into a continuous 

fiber with a diameter of 30 µm and a twist angle of 20 degrees. The CNTy-D electrodes had a 

sensing surface comprised of highly curved carbon nanotubes that was physically characterized 

using scanning electron microscopy (SEM) and atomic force microscopy (AFM). The 

electrodes were electrochemically characterized using FSCV. They exhibited lower 

background currents, improved current density and faster apparent electron transfer kinetics 

when compared to more conventional carbon-fiber electrodes, resulting in improved sensitivity 

and selectivity. Finally, these novel CNTy-D electrodes were used to discriminately detect 

dopamine in acute brain slices, demonstrating their potential as an attractive tool to advance 

the detection of dynamic chemical fluctuations in discrete biological locations. 
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4.2 Experimental Section 

4.2.1 Chemicals 

All chemicals were purchased from Sigma-Aldrich (St. Louis, MO) and used as 

received, unless otherwise specified. Electrochemical experiments were carried out in 

phosphate buffered saline (0.1 M PBS) at physiological pH 7.4. Brain slice experiments used 

artificial cerebral spinal fluid (aCSF) saturated with 95% O2 and 5% CO2, at physiological pH 

7.4. aCSF consisted of 124 mM NaCl, 26 mM NaHCO3, 3.7 mM KCl, 2.4 mM CaCl2, 1.3 mM 

MgCl2, 1.3 mM NaH2PO4, and 10 mM glucose. All aqueous solutions were made from double 

deionized water >18 MΩ∙cm (Millipore, Billerica, MA). 

 

4.2.2 Carbon Nanotube Yarn Fabrication 

The vertically aligned multiwalled carbon nanotube (MWCNT) arrays were grown on 

quartz substrates by the “chloride mediated chemical vapor deposition (CVD)” method.64 The 

as-synthesized MWCNTs had a height of 1.1 mm, an outer diameter of ~40-50 nm and 

approximately 40 walls. The array height was measured using a calibrated scale bar in an 

optical microscope (30×). The diameter of the MWCNTs was measured using the ImageJ 

software, based on the transmission electron microscopy (TEM) images acquired by a JEOL 

2000FX TEM operated at 200 kV. CNT ribbons maintained at 4 mm wide were pulled out 

from the array by hand using tweezers and then attached to a spindle using a piece of double-

sided tape. CNT yarns were formed by simultaneous drawing and rotating of the spindle. The 

twist angle and yarn diameter were measured by a JEOL 6400 scanning electron microscope 

(SEM) and were maintained at ~20° and ~30 µm, respectively.  
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4.2.3 Electrode Fabrication 

All electrochemical experiments were carried out with cylindrical carbon-fiber 

microelectrodes created using T-650/35 PAN based carbon fibers (T-650), micro-disk 

electrodes created using P-55 PITCH based carbon fibers (P-55) (both Cytec Industries, West 

Patterson, NJ), or disk microelectrodes created using the carbon nanotube yarn (CNTY-D 

electrodes). The cylinder microelectrodes were fabricated as described previously.50 Briefly, a 

single 7 μm diameter fiber was aspirated into a single borosilicate glass capillary (1.0 mm x 

0.5 mm, A-M Systems, Carlsburg, WA). Using a micropipette puller (Narishige, Tokyo, Japan) 

the glass was tapered to form sealed microelectrodes which were cut to a length of 100 μm of 

exposed carbon. Disk-shaped microelectrodes were fabricated in a similar fashion, except that 

pulled microelectrodes were cut at the glass seal, then dipped in epoxy for 30 seconds and oven 

dried. Finally, the electrodes were polished at a 30 degree angle into an elliptical disk (Figure 

4.1B).  

Geometric sensing areas were calculated based on electrode diameter. The diameter of 

disk electrodes was estimated by averaging the long and short axes of the elliptical sensing 

area evident in the SEMs. For CNTy-D electrodes, this area was calculated to be 8.08 (± 0.86) 

x 10-6 cm2 (n=5). The true surface area is likely to be larger due to the roughness inherent to 

the surface.  

  To establish an electrical connection with the carbon, the glass capillary was backfilled 

with ionic solution (4 M potassium acetate, 150 mM KCl) and a lead was inserted. All 

measurements were recorded against a Ag/AgCl reference electrode (World Precision 

Instruments, Inc., Sarasota, FL).  
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4.2.4 Surface Analysis 

AFM of the electrode surface was done with a Veeco D3000 microscope (Plainview, 

NY) using tips from Nanosensors (PPP-HCH, Neuchatel, Switzerland) with a nominal 

resonance of 280 kHz. 

 

4.2.5 Flow Injection 

All data, with the exception of brain slice experiments, were collected in a custom-built 

flow injection apparatus housed within a Faraday cage. A syringe pump (New Era Pump 

Systems, Inc., Wantagh, NY) supplied a continuous buffer flow of 1 mL/min across both the 

working and reference electrode. The working electrode was lowered into the electrochemical 

cell via a micromanipulator (World Precision Instruments, Inc., Sarasota, FL). Two-second 

bolus injections of analyte were accomplished using a six-port HPLC valve and air actuator 

controlled by a digital valve interface (Valco Instruments Co., Inc., Houston, TX).  

 

4.2.6 Electrochemical Waveforms and Data Acquisition 

A triangular waveform was used for analyte detection. The applied potential ranged 

from -0.4V to +1.3V and back to -0.4V unless otherwise specified. It was scanned at a rate of 

400V/s and applied at a frequency of 10Hz. The CNTy-D electrodes were electrochemically 

pretreated for one minute using a waveform ranging from -0.5V to 1.6V, applied at 10 Hz. The 

conventional carbon-fiber electrodes were not pretreated in this way as some became unusable 

after the treatment. The waveforms were output using a custom-built instrument for potential 

application to the electrochemical cell and current transduction (University of North Carolina 
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at Chapel Hill, Department of Chemistry, Electronics Facility). TH-1 software (ESA, 

Chelmsford, MA) was used for waveform output with a DAC/ADC card (NI 6251 M). A 

second card (NI 6711) was used for synchronization of the electrochemical experiment with 

the flow injection system. Signal processing (background subtraction and signal averaging) 

was software-controlled. 

 

4.2.7 Brain Slice Preparation 

Male Sprague-Dawley rats (250-300 g, Charles River Laboratories, Raleigh, NC) were 

decapitated after being deeply anesthetized with urethane (1.5 g/kg, ip). The brain was rapidly 

removed, mounted, and placed in cold aCSF. Coronal slices with a thickness of 400 μm 

containing the striatum were obtained with a vibratome (World Precision Instruments, 

Sarasota, FL). The slices were allowed to rest in the buffer for at least one hour before the start 

of an experiment. Brain slices were subsequently placed in a recording chamber (Warner 

Instruments, Hamden, CT) and superfused with aCSF buffer maintained at 34 °C for at least 

another hour. The working electrode and bipolar stimulating electrode placements were made 

with the aid of a microscope (Nikon Instruments, Inc., Melville, NY), and the microelectrodes 

were positioned about 100 μm below the surface of the slice. Electrical stimulation of nerve 

terminals consisted of five 500 μA pulses at 60 Hz using a pulse width of 4 msec. Animal care 

and use was in complete accordance with institutional guidelines and IACUC. 
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4.2.8 Data Analysis and Statistics 

All data presented are shown as the mean ± standard error of the mean (SEM). Unpaired 

t tests were used to determine the significance of means between two groups. Statistical and 

graphical analyses were carried out using GraphPad Prism 5 (GraphPad Software, Inc., La 

Jolla, CA). Digital simulation was performed using DigiSim Simulation Software for 

Voltammetry (BASi, West Lafayette, IN). 

 

4.3 Results 

Research in the area of microelectrodes became very active in the late 1970s, coincident 

with advances in the field of microelectronics and the advent of microstructural materials.19 

The unique advantages of small electrodes opened up many areas of study that were 

inaccessible with electrodes of larger size, including detection of the kinetics of electroactive 

neurotransmitter molecules in the brain.48-49 Today, some thirty-five years later, 

electrochemistry is a benchmark tool in neuroscience. Thus, it is no surprise that there is a 

broad interest in exploiting the unique properties of carbon-based nanomaterials for 

electrochemical analyses in biological systems. Further miniaturization to the nanoscale 

promises to enhance the very characteristics that made microelectrodes so transformative, 

enabling high speed measurements in discrete spatial locations. Herein, we have demonstrated 

the potential of yarns spun from CNTs for enhanced neurotransmitter detection in live tissue. 
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4.3.1 Physical Characterization of Carbon Nanotube Yarn as an Electrode Substrate 

A 1 m length of carbon nanotube yarn was spun from a forest of 40-50 nm diameter 

individual ultralong multi-walled carbon nanotubes. The yarn, shown in Figure 4.1A, was 

approximately 30 µm in diameter with a twist angle of 20 degrees. It was then used to fabricate 

microdisk electrodes, polished at 30 degrees to form an elliptical sensing surface (Figure 4.1B). 

The minor diameter of the sensing surface is 17.3 ± 0.4 µm (n=5), because the yarn tightens as 

it is pulled in the micropipette puller. On the sensing surface, the ends of the nanotubes are 

distinguishable from the glass seal and can be recognized in the higher magnification scanning 

electron micrograph shown in Figure 4.1C.  

 

Figure 4.1. Scanning electron micrographs of a CNTy-D electrode. (A) Spun MWNTs form a 

continuous yarn. (B) A single CNTy-D electrode. (C) Detailed image of CNT surface and glass 

seal of the CNTy-D electrode.  

 

 

Throughout this work, CNTy-D electrodes (geometric sensing area = 8.08 (± 0.86) x 

10-6 cm2, n=5) are compared to conventional cylindrical carbon-fiber microelectrodes (7 µm 

diameter x 100 µm long, geometric sensing area of ~2.24 x 10-5 cm2), as cylindrical carbon-

fiber microelectrodes are typically used for dopamine detection in vivo.1, 3-7, 50 Disk electrodes 
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made from conventional carbon fibers do not offer sufficient sensitivity for work in live tissue. 

Because voltammetric current is proportional to the electrode surface area, atomic force 

microscopy (AFM) was used to estimate the roughness of the CNTy-D sensing surface, 

compared to that of conventional carbon-fiber microdisk electrodes. Quantitative analysis of 

these data indicated that the root mean squared (rms) roughness value inherent to the sensing 

surface of a standard carbon-fiber disk electrode was 13.8 (±0.8) nm,2 whereas the roughness 

of the CNTy-D sensing surface was significantly greater at 58.1 (±6.7) nm (p<0.001, n=4). A 

representative AFM image of the sensing surface of the CNTy-D electrode is shown in Figure 

4.2.  

 

 

Figure 4.2. (A) Representative three-dimensional AFM image of the CNTy-D electrode 

sensing surface, and (B) the associated line plot from this sample. 
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4.3.2 Electrochemical Characterization of Carbon Nanotube Yarn Using Fast-Scan Cyclic 

Voltammetry 

In FSCV, application of the electrochemical waveform generates a large, non-faradaic 

background current, even in the absence of analyte. This current is largely due to charging of 

the double layer at the electrode surface.51 It is dependent on electrode capacitance, which is 

proportional to electrode area. Figure 4.3A compares the background current density (current 

divided by geometric sensing area) between the CNTy-D electrodes and cylindrical carbon-

fiber electrodes. The background current density is comparable between the two electrode 

types (Figure 4.3A), but there are subtle differences in the shape of these voltammograms. 

These differences are more readily apparent when investigating the normalized background-

subtracted cyclic voltammograms for 1 µM dopamine (Figure 4.3B). The oxidative and 

reductive peaks for dopamine occur at reduced overpotentials when using the CNTy-D 

electrodes. Furthermore, the cathodic/anodic peak current ratio is significantly greater for 

CNTy-D electrodes than for conventional carbon-fiber electrodes (p<0.001, n=6). These 

results are summarized in Table 4.1. They reflect both faster (apparent) electron transfer 

kinetics at the CNTy-D electrode substrate, as well as a different mass transport profile at the 

surface of this sensor.  
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Figure 4.3. Fast-scan cyclic voltammetry at a conventional carbon-fiber microelectrode and a 

CNTy-D electrode. (A) Representative cyclic voltammograms depicting non-faradaic 

background charging current. The charging current densities recorded at the carbon-fiber 

microelectrode (gray) and the CNTy-D electrode (black) are similar in magnitude. (B) 

Representative normalized voltammograms for 1 µm dopamine collected at both electrode 

subtypes. The voltammogram collected using the CNTy-D electrode clearly exhibits a 

decreased peak-to-peak separation. 

 

 

 

 

 

 

Table 4.1. Analysis of anodic and cathodic peak currents, redox potentials, and peak-to-peak 

separation for the detection of 1µM dopamine. 

 ipa(nA) ipc(nA) ipc/ipa
 a 

Epa(V) 
a 

Epc(V) 
a 

ΔEp(V) 
a 

CNTy-D 

22.67 ± 

2.34 

20.17 

± 2.45 

0.89 ± 

0.04 

0.34 ± 

0.02 

-0.06 ± 

0.02 

0.40 ± 

0.01 

Conventional 

19.78 ± 

2.82 

13.14 

± 2.53 

0.66 ± 

0.03 

0.47 ± 

0.01 

-0.17 ± 

0.01 

0.64 ± 

0.02 

n=6, data is mean ± SEM. Significant differences between CNTy-D and conventional 

carbon-fiber microelectrodes were determined by unpaired t-test. a p < 0.001.  
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Figure 4.4A compares simulated voltammograms for 1 µM dopamine detection at 

cylindrical and disk microelectrodes. The simulation utilizes a finite difference model51-52 and 

a diffusion coefficient of 7 x 10-6 cm2/s. The rate constant for electron transfer (k) was chosen 

to be 3 x 10-6 cm/s, to fit the experimental data. A greater cathodic/anodic peak current ratio is 

evident in the data simulated for the disk microelectrode. Figure 4.4B overlays voltammograms 

collected at the CNTy-D and conventional carbon-fiber microelectrodes. The peak oxidation 

potential predicted by the simulation (~0.46 V) correlates with the peak oxidation potential 

evident in the voltammograms collected using the conventional carbon-fiber microelectrodes 

(dashed line). However, voltammograms collected using the CNTy-D microelectrodes exhibit 

oxidative and reductive peaks at significantly reduced overpotentials and a diminished peak 

width as compared to conventional carbon-fiber electrodes. This is in agreement with previous 

research that has suggested that modifying a carbon-fiber with CNTs can provide superior 

apparent electron transfer kinetics.11, 52-53 Indeed, the voltammograms collected using the 

CNTy-D electrodes could be forced to match the voltammograms simulated for disk-shaped 

microelectrodes by increasing k by two orders of magnitude (Figure 4.4C). However in 

electrochemical monitoring, mass transport to the sensor surface also plays a large role in 

determining the electrochemical response. A previous work has shown that voltammograms 

collected at glassy carbon electrodes modified with MWNTs were effectively simulated by a 

model incorporating a ‘thin layer’ mass transport regime – a change in electrode kinetics was 

not required.54 Those voltammograms exhibited anodic peaks that were shifted to more 

negative potentials, even approaching their formal potential values when the distance between 

individual nanotubes on the carbon surface was minimized. However, the detection of 
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dopamine is adsorption controlled, and a distinction between thin-layer and adsorption effects 

is not easily made.  

 

 

 
Figure 4.4. Voltammograms collected using the CNTy-D microelectrodes exhibit well-

defined oxidative and reductive peaks at significantly reduced overpotentials, as well as an 

enhanced cathodic/anodic peak current ratio. (A) simulated and (B) actual voltammograms 

generated at cylindrical and disk microelectrodes in response to 1 µM dopamine. Simulations 

were performed using D = 7 x 10-6 cm2/s. (C) Increasing k (cm/s) by two orders of magnitude 

results in a simulated voltammogram that closely resembles the electrochemical response 

observed on CNTy-D electrodes.  

 

 

 

A series of representative voltammograms collected for the detection of dopamine 

using the CNTy-D electrodes is shown in Figure 4.5A. A full data set was used to construct a 

linear calibration curve for both the CNTy-D and standard cylindrical carbon-fiber 

microelectrodes, where current density was plotted vs. analyte concentration (Figure 4.5B). A 

calibration curve that does not account for electrode area (plotting current vs. analyte 

concentration) is presented as Figure C1. The CNTy-D electrodes are significantly more 

sensitive than the conventional carbon-fiber microelectrodes (p<0.001, n=6), as a result of the 

enhanced mass transport to this modified surface. They also exhibit a significantly lower 

theoretical limit of detection (defined as three times the standard deviation of the noise) when 
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compared to conventional carbon-fiber electrodes (13.4 ± 1.7 nM and 20.8 ± 1.3 nM, 

respectively, p<0.01, n=9). This is due to the low noise inherent to the CNTy-D electrodes. 

The detection of dopamine at carbon-fiber electrodes is adsorption controlled, and thus the 

measured current increases linearly with scan rate.55 This relationship also holds at the CNTy-

D electrodes (Figure 4.5C). Using faster scan rates necessarily increases the peak-to-peak 

separation; however, even at 800 V/s the peaks were completely resolved in the potential 

window. This demonstrates that faster scan rates, even beyond those used here, can be 

exploited with this nanoscale electrode material to further increase sensitivity and temporal 

resolution. 
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Figure 4.5. Dopamine voltammetry on carbon nanotube yarn electrodes. (A) Representative 

voltammograms for physiological concentrations. (B) Calibration curve. The CNTy-D 

electrodes (red) are significantly more sensitive than conventional carbon-fiber 

microelectrodes (blue, p<0.001, Student’s t-test, n=6). (C) Anodic current increases linearly 

with scan rate when detecting 1µM dopamine using CNTy-D electrodes. (D) Voltammograms 

collected at scan rates ranging from 100 - 800 V/s. Faster scan rates increase sensitivity and 

ΔEp. 

 

4.3.3 Carbon Nanotube Yarn Facilitates Voltammetric Discrimination Between Species 

A major strength of voltammetry is its ability to resolve multiple analytes in a complex 

mixture. This is done by evaluating voltammetric peak shape and position. To distinguish 

between chemical species that are involved in diffusion-controlled, one-electron electrolysis 

processes, the E°’s must differ by at least 0.118 V.56 Thus, sharp and well-defined peaks are a 

significant advantage when resolving multiple compounds, such as in the complex 
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environment of the brain. Voltammograms for several analytes commonly encountered in live 

brain tissue were collected using a broadly-applicable electrochemical waveform at CNTy-D 

and conventional cylinder carbon-fiber microelectrodes. The normalized voltammograms are 

compared in Figure 4.6. In all cases, the voltammograms collected using the CNT yarn (red) 

exhibit sharper peaks and faster apparent electron transfer kinetics when compared to the 

conventional carbon-fiber microelectrodes (black), as well as enhanced cathodic/anodic 

current ratios. However, it must be noted that the optimized waveform for serotonin detection14 

is considerably different from the one applied here. Interestingly, when using the CNTy-D 

electrode an extra peak is evident in the voltammogram for adenosine (~530 mV) that has not 

been previously reported when using a similar voltammetric waveform.9 This peak could aid 

in distinguishing adenosine from other analytes that have electrochemical features evident near 

the switching potential, such as H2O2,
10, 57 histamine,58-60 and shifts in pH.16 It is likely a 

product of adenosine polymerization onto the electrode surface, as it develops on a slower time 

scale (Figure C2). Finally, the voltammogram for norepinephrine is indistinguishable from that 

of dopamine, and the CNTy-D electrodes did not improve this issue (data not shown).  
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Figure 4.6. Voltammograms for several analytes commonly encountered in brain tissue. 

Normalized data collected using CNTy-D electrodes are shown in red, and those collected 

using conventional carbon-fiber electrodes are shown in black. Potential was scanned from -

0.4V to +1.4V and back at 400V/s and applied at 10Hz to allow for the detection of many 

analytes.  

 

To quantify the extent to which the carbon nanotube yarn facilitates voltammetric 

discrimination between species, a correlation coefficient (r) was calculated for a comparison 

of the voltammogram for each analyte to that of dopamine. A squared correlation factor of 1.00 

indicates an exact match; therefore a lower correlation factor indicates improved 

discrimination between the analytes. The results show that CNTy-D electrodes are 
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significantly better able to distinguish ascorbic acid, serotonin, and DOPAC from dopamine, 

when compared to conventional carbon-fiber microelectrodes (Figure 4.7A). Adenosine and 

H2O2 have low correlations to dopamine on both electrode materials, thus no significant 

improvement was observed. These data can also be used to assess sensitivity. The current 

density for all of the analytes, with the exception of H2O2, is significantly greater on CNTy-D 

electrodes than on the conventional carbon-fiber electrodes (Figure 4.7B). These results 

demonstrate that the CNTy-D electrodes are not only more adept at distinguishing dopamine 

from other analytes, but also that dopamine detection is most significantly enhanced (180% 

signal enhancement). This is likely due to the development of additional oxygen-containing 

functional groups on the abundant edge plane sites inherent to carbon nanotubes.2, 61-62 This 

would create a favorable electrostatic interaction between positively charged dopamine and the 

electrode surface, while also creating an electrostatic repulsion for ascorbic acid and DOPAC, 

which are negatively charged at physiological pH. Adenosine and H2O2 are neutral at 

physiological pH. Serotonin is positively charged at physiological pH; however, it is also 

known to foul the electrode surface when applying the waveform used here.13 Such fouling 

could be enhanced at the CNTy-D electrode, due to the large surface area and the oxygen 

functionalities inherent to the exposed nanotube ends. This would diminish signal 

enhancement. However, a recent report noted that carbon nanotube fiber microelectrodes show 

a higher resistance to dopamine fouling when compared to traditional carbon-fiber 

microelectrodes.45  
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Figure 4.7. The carbon nanotube yarn electrodes demonstrate enhanced selectivity and 

sensitivity for multiple analytes. (A) The square of the correlation coefficient (r2) for 

correlations between the voltammogram of each analyte and the voltammogram for dopamine 

collected using CNTy-D electrodes (red) and conventional carbon-fiber microelectrodes 

(blue). (B) Current density is significantly enhanced for dopamine, adenosine, serotonin, 

ascorbic acid, and DOPAC detection using CNTy-D electrodes. The numbers in parenthesis 

on the x-axis indicate the concentration used in µM. The data is mean ± SEM, compared using 

the Student’s t-test, n=5. *, **, *** = p<0.05, p<0.01, p<0.001, respectively. 

 

 

4.3.4 Voltammetric Detection of Dopamine in Live Brain Tissue 

To directly demonstrate that CNTy-D electrodes provide an attractive alternative to 

standard cylindrical carbon-fiber microelectrodes for work in brain tissue, single CNTy-D 

microelectrodes were inserted at least 100 μm into a section of a rat brain slice (400 μm overall 

slice thickness) that encompassed the striatum, a region with nerve terminals containing the 

neurotransmitter dopamine. A bipolar stimulating electrode was placed in the vicinity of the 

working electrode, and DA release was electrically evoked. Representative voltammetric data 

are presented in Figure 4.8. Figure 4.8A shows a representative data set of 300 background-

subtracted cyclic voltammograms. The applied potential (V) is the ordinate, the time (seconds) 
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is the abscissa, and current (nA) is depicted in false color.63 Plotting the data in this way enables 

visualization of current collected across the entire potential range and facile identification of 

interfering species and noise. No current is detected until the onset of the electrical stimulation 

(arrow), and the current is selectively associated with the oxidation and reduction of dopamine. 

Figure 4.8B presents the concentration vs. time trace created by extracting the current at the 

peak oxidation potential for dopamine (dashed horizontal line) and converting it to 

concentration upon electrode calibration. A single cyclic voltammogram extracted from the 

data (dashed vertical line) is presented in the inset in Figure 4.8A. These data demonstrate that 

the CNTy-D microelectrodes are well suited for work in brain tissue, as they retain a low noise 

profile at all potentials and serve to readily quantify dopamine fluctuations in the striatum. 

They also offer an electrode geometry that enables sensing from discrete neural circuits. 
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Figure 4.8. Endogenous dopamine detection using disk-shaped carbon nanotube yarn 

electrodes in living brain tissue. (A) Representative current vs. time trace collected at the peak 

oxidation potential for dopamine with concentration determined by electrode calibration. 

Electrical stimulation occurred at the time indicated by the arrow. Inset: a representative 

voltammogram corresponding to dopamine on CNTy-D (red) and conventional carbon-fiber 

(black) electrodes. (B) Three-dimensional colorplot of raw data collected in striatal tissue. The 

ordinate is the applied potential, the abscissa is time (seconds), and the current (nA) is depicted 

in false color.  

 

 

4.4 Conclusions 

We have shown that microelectrodes constructed from a carbon nanotube yarn provide 

an attractive alternative to conventional carbon-fiber microelectrodes offering several 

advantages. These electrodes exhibit faster apparent electron transfer kinetics that are 

manifested as sharper voltammetric peaks. As a consequence, qualitative identification of 

analytes is enhanced. Additionally, we have shown that the CNTy-D electrodes exhibit an 

enhanced sensitivity to many analytes commonly encountered in brain tissue. This work 

demonstrates that crafting electrodes made purely of carbon nanotubes is a viable and 

promising approach to improve the spatial, temporal, and electrochemical resolution of in vivo 

electrochemistry, even in the absence of a conventional base electrode substrate for detection 

within living tissue. It lays the foundation for a new generation of in vivo sensors; however, it 



 

 

 

100 

is only a preliminary exploration of the potential offered by this new technology. The 

properties of the carbon nanotube yarns are dependent on the nanotubes used to create them, 

as well as the twist angle used in spinning. Thus, the material is highly customizable and can 

be tailored to the kinetic and spatial constraints associated with a given electrochemical 

experiment. 
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CHAPTER 5 

 

Recessed Carbon-Fiber Microelectrodes for Use with FSCV in Living Tissue 

 

This work was completed in collaboration with: Schmidt, A.C., Dunaway, L.E., Roberts, J.G., 

Shogren, T.J., Zach, M.P., and Sombers, L.A., and is in preparation for submission to the 

Journal of Analytical Chemistry. Supplemental information is found in Appendix D. 

 

5.1 Introduction 

Carbon-fiber microelectrodes have been reliably utilized for real-time detection of 

neurotransmitters in living brain tissue since the 1980’s.1, 2 However, there has been limited 

advancement in microelectrode development, at least that which is adaptable to single-cell 

usage when coupled to background-subtracted fast-scan cyclic voltammetry (FSCV).  

Traditionally, carbon-fiber microelectrodes are constructed with either cylindrical3-6 or disk 

geometries.1, 7-10 Consideration of electrode geometry is critical in experimental design, as 

cylindrical shaped electrodes are more capable of sampling the surrounding environment with 

greater sensitivity due to their increased surface area than the planer surface of a disk electrode, 

which is more suitable for a spatially constrained environment, such as experiments involving 

single-cells. Since neurotransmission and cellular release occur on a sub-second timescale, 

FSCV provides the appropriate temporal resolution for the detection of neurotransmitter 

dynamics. One important consideration is that FSCV is fundamentally constrained by the 

sensing electrode and the solution interface; thus advancements in microelectrode technology 

are a promising avenue to consider for improving detection performance. This study focuses 
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on modifying the electrode geometry to improve the sensing capabilities of the electrode aimed 

at single-cell measurements, without requiring chemical modification or substitution of the 

carbon-fiber substrate. 

Quantification of vesicular release events from a single-cell benefit from a disk 

geometry, as the electrode can be placed directly on the membrane surface. However, lack of 

sensitivity when combined with FSCV at a single-cell is a critical limitation. A recessed 

carbon-fiber disk geometry (cavity) would be advantageous for a variety of applications, 

because a cavity would hinder analyte mass transport at the electrode surface and essentially 

trap the analyte proximal to the sensing surface, thus allowing more efficient analyte detection 

(Figure 1). A recessed sensing surface is shielded from convection, allowing steady-state 

current to be measured independent of outside forces, and microfabricated recessed microdisk 

electrodes have been described.11, 12 Further, the fabrication of nanopore platinum electrodes,13 

and glass insulated cholesterol oxidase modified platinum cavity microelectrodes have also 

been described.14 However, metal electrodes produce unreliable signals in vivo, due to non-

specific adsorption of biological molecules to the electrode surface. As individual vesicles in 

neurons release molecules in the zeptomole range,15 analyte sensitivity is a prime characteristic 

to consider.  
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Figure 5.1. Cavity electrode. A cavity-type geometry can trap neurotransmitters released by a 

cell close to the electrode surface. 

 

 

 

Several methods of carbon etching exist in the literature and could be adapted to 

fabricate this type of cavity electrode. One study has shown that it is possible to 

electrochemically etch carbon-fibers when applying potentials greater than +1.3 V in solution.5 

Additionally, recessed carbon fiber electrodes have been constructed as microhole array 

electrodes via oxidative etching.16, 17 In this work, carbon-fiber electrodes were etched using a 

plasma-etching strategy developed in-house. The application of high DC potentials to the 

carbon electrode across an air gap generated plasma, and the passing current was monitored 

and regulated to control etch rate. When the current reached a set threshold, the applied voltage 

was held for the desired etching time, thus ablating the exposed fiber. This method reliably 

produced electrodes with a controllable cavity depth, which were subsequently 

electrochemically characterized and compared to traditional disk electrodes using FSCV. The 

performance of these cavity electrodes was tested in live brain tissue to monitor rapid 

neurochemical fluctuations and demonstrate their viability as an advanced sensor.  Coupled 
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with FSCV’s inherent selectivity, the benefits of enhanced chemical sensitivity will permit 

researchers in the field of neuroscience to make improved measurements of pharmacological 

manipulation and cell function. 

 

5.2 Experimental Section 

For general materials and methods, please see Appendix A.  

 

5.2.1 Plasma Etching 

The microdisk electrodes were fabricated from T-650 carbon fibers as previously 

described.18 Plasma etching was performed in a custom-made apparatus (Figure 5.2). The 

carbon-fiber electrode (positive lead) and a conical stainless steel electrode (negative lead) 

were sealed in a glass chamber with a tip separation of ~1 cm. A picoammeter (Keithley 

Instruments, Inc., Cleveland, OH) was used to monitor the passage of current. The applied DC 

potential was sourced from a linear power supply (Lambda Electronics, Inc., Melville, NY) 

and regulated using a high voltage power supply (Bertan High Voltage Corp, Hicksville, NY). 

Custom written LabVIEW® software was used to regulate and increment the applied potential 

until the current reached a target value, where the potential was maintained for a given 

duration. 
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Figure 5.2. Plasma etching apparatus. The carbon-fiber electrodes were mounted inside a glass 

chamber with a ~1 cm tip separation. The DC potential was linearly ramped using a high-

voltage power supply, until the desired amount of current was reached. The etch-rate at this 

potential was constant, and held for a given amount of time to control how far the carbon-fiber 

recessed. 

 

 

5.2.2 Data Analysis and Statistics 

All data presented are shown as the mean ± standard error of the mean. Unpaired t tests 

were used to determine the significance of means between two groups. Statistical and graphical 

analyses were carried out using GraphPad Prism 5 (GraphPad Software, Inc., La Jolla, CA). 

 

5.2.3 Animal Care 

 Animal care and use was in complete accordance with NIH and NC State University 

institutional guidelines (IACUC). 
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5.3 Results  

5.3.1 Etching in Solution of Carbon-Fiber Microelectrodes 

It has been shown that potentials ≥ +1.3 V applied to a carbon-fiber microelectrode 

(CFME) induces etching of the carbon surface, and the rate of this process increases with 

application of higher potentials.5 Therefore it stands to reason that a recessed disk (cavity) 

electrode can be fabricated from a glass insulated CFME when sufficient etching time and a 

proper potential is used. Indeed this electrode geometry can be formed by applying a cyclic 

waveform to a glass insulated T-650 carbon fiber using a holding potential of +2.5 V, and 

rapidly scanning down to +1.5 V at 400 V/s before returning back to the starting potential at a 

frequency of 10 Hz (Figure 5.3A). The flowrate of the buffer was also slowed to 0.25 mL/sec 

to reduce convection and lower the chances of the glass insulation breaking. By using FSCV, 

the etching process was directly monitored by tracking the magnitude and shape of the 

background current over time. However, this etching method induced gas evolution from the 

electrode surface, as observed through a microscope, and resulted in damage to the critical 

glass insulation. Though some electrodes were capable of dopamine detection, they often 

suffered from noise and reliability issues as evidenced by the observed ‘waves’ in the 

colorplot19 shown in Figure 5.2B. In a colorplot, time is plotted on the x-axis, the applied 

potential on the y-axis, and the change in current from the background is depicted in false 

color. However, cavity electrodes manufactured in this fashion confine the analyte near the 

surface of the electrode, as shown by the extended signal in the current vs. time trace extracted 

at +0.6 V (oxidation peak potential) of dopamine (Figure 5.3C). Typically, a 2 second bolus 

injection of dopamine will result in a peak that is about 2 seconds long; however, here the 
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signal remained elevated for much longer. A representative cyclic voltammograms is shown 

in Figure 5.3D. In order to improve reproducibility and reliability, a ‘dry’ etching technique 

was adapted to enable reliable and reproducible fabrication of cavity microelectrodes with 

improved electrochemical performance. 

 

 

 

Figure 5.3. Solution etched electrode characterization. (A) Waveform utilized to etch 

electrodes in physiological buffered solution. (B) Representative color plot of 4 μM dopamine 

collected using the dopamine waveform shows the response of the electrode to a 2 second 

exposure to the analyte. There is a significant amount of noise evident in the colorplot, 

indicative of a damaged electrode. (C) The current vs. time trace extracted at peak oxidative 

current (+0.62 V) shows the limited mass transport of the analyte in the cavity. (D) An 

extracted cyclic voltammogram, at maximal response, is characteristic of dopamine.   
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5.3.2 Plasma Etching of Carbon-Fiber Electrodes 

Cylindrical carbon-fiber electrodes with an exposed carbon surface of 100 µm in length 

were placed into the plasma etching chamber, so that a 1 cm gap was established between the 

carbon-fiber tip and the stainless steel electrode (Figure 5.2). A potential was applied between 

the electrodes and the passage of current was monitored. The applied potential was stepped in 

increments of +25 V at a frequency of 4 Hz until the target current of 15 µA was reached. This 

current value was chosen because it allowed for rapid and reliable etching, although higher or 

lower currents could be used for faster or more controlled etching, respectively. Typically, the 

target current was reached at a potential of ~+6 kV; however, many variables can affect the 

final potential required to reach the target current (Section 5.3.3). Once the desired target 

current was reached, the potential was held constant for 10-25 seconds, depending on the 

desired depth of the cavity. Scanning electron micrographs (SEMs) of representative electrodes 

with a shallow (~5 µm), medium (~10 µm), and deep cavity (~40 µm) are shown in Figure 

5.4A-C, respectively. The diameter of a T-650 carbon-fiber is about 7 µm, thus the cavities 

also have an inner diameter of ~7 µm. By simply etching an already polished disk electrode, 

instead of a cylindrical electrode, the cavity opening was elliptical (Figure 5.4D, E).  
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Figure 5.4. Variable pressure scanning electron microscope image of cavity electrodes with 

varying recessed depths. (A) 5 µm, (B) 10 µm, and (C) 40 µm recessed. (D) Side of beveled 

electrode recessed by 20 μm. (E) Front of beveled electrode with a 10 μm cavity. 

 

5.3.3 Controlling the Depth of the Cavity 

The depth of the cavity was dependent on both the target current as well as the total 

time the target current was held. Once the target current was reached, the measured current 

fluctuated rapidly within a few µA of the set target (Figure 5.5A). These fluctuations were 

thought to occur due to an instability in the generated plasma and vibrations of the carbon 

electrode. Not surprisingly, the potential necessary to reach the target current did not correlate 

well with etch rate (data not shown), possibly due to inherent variability in setting the gap 

between the carbon-fiber electrode and the stainless steel electrode. A larger gap necessitates 

a greater potential to reach the same target current, due to increased resistance across the air 

gap, an effect that is analogues to ohmic drop in a weak electrolyte. On the other hand, 

recession distance is directly related to the amount of time the etching potential is applied. 

Integrating the measured current over the total etching time results in the total charge (mC) 

passed through the electrode.  Figure 5.5B plots the distance that the carbon-fiber was etched 
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from its original length versus the total charge passed between the two electrodes.  With a slope 

of 163 (±12) µm/mC, this linear relationship (r2 = 0.83, n = 38 electrodes) allows the user 

complete control of cavity depth. Interestingly, other types of carbon-fibers have different etch 

rates. Pitch-based P-55 carbon-fibers etch at a slower rate than polyacrylonitrile (PAN) based 

T-650 carbon-fibers, likely due to the inherent differences in the orientation of the graphitic 

structure of each substrate.  

 

 

 

Figure 5.5. Cavity depth control. (A) Representative measured current vs. time showing the 

effect of increasing the potential to reach the target current of 15 µA and maintained for 100 

seconds. (B) The amount of charge passed through each electrode linearly correlates with the 

distance that the carbon fiber was etched (slope = 163 (±12) µm/mC, r2 = 0.83, n = 38) 

 

 

 

 

 

 

 

 



117 

5.3.4 Electrochemical Characterization 

Traditional carbon-fiber electrodes have been well characterized for the detection of 

dopamine.3, 20, 21 To assess the advantages and the performance capabilities of the recessed 

carbon-fiber electrodes, the electrochemical characteristics of cavity electrodes were compared 

to the characteristics of carbon-fiber disk electrodes made of the same substrate. The greater 

background current generated by the recessed electrode shown in Figure 5.6A implies an 

increased surface area and oxygen functionality, which has experimentally been shown to be 

indicative of increases in dopamine sensitivity.8, 22 Fundamentally, the measured peak current 

is directly proportional to the surface area of the electrode, therefore it is expected that two 

electrodes made of the same material will have sensitivities consistent with their surface 

areas.23 Interestingly, the cavity CFME exhibited a much larger background current than the 

disk-shaped geometry. This suggests that the cavity electrodes have a larger area, or a unique 

surface chemistry, that facilitates electron transfer. However, the disk electrodes have a slightly 

larger geometric surface area due to their elliptical shape, versus the presumed circular shape 

of the sensing surface in the cavity CFME (explained in Figure D1). Representative 

background-subtracted voltammograms for 1 µM dopamine are shown in Figure 5.6B. Again, 

the cavity geometry exhibited higher faradaic currents relative to the disk electrode. Further, 

the ratio between the reductive and oxidative peak was also significantly greater (p < 0.01) for 

recessed carbon-fiber electrodes (0.66 ± 0.04, n = 6) compared to disk electrodes (0.39 ± 0.04, 

n = 3) as shown in Figure D2. This is indicative of decreased convection at the sensing surface 

and redox cycling. Typically, the cathodic peak is much smaller than the anodic peak due to 

the diffusion of the oxidized species away from the electrode surface before it is reduced back 
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to the starting analyte. This limited mass transport is also evident in the current vs. time trace 

extracted at the representative peak oxidation potential shown (Figure 5.6C). The measured 

current returns to baseline 10 to 12 seconds after oxidation using a disk electrode, but remains 

above the baseline for a longer time with the recessed electrodes even though both electrode 

types experience the same flowing buffer. The sensitivities of both electrode types were 

directly compared using calibration plots for dopamine detection for concentrations ranging 

from 0.25 µM to 2 µM (Figure 5.6D).  The sensitivity inherent to the cavity electrode (5.23 ± 

0.07 nA/µM, r2 = 0.99, p < 0.05, n = 11) was significantly higher than that of the disk electrode 

(1.86 ± 0.04 nA/µM, r2 = 0.99, p < 0.05, n = 3).  
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Figure 5.6. Electrochemical characterization of recessed carbon-fiber microelectrodes. (A) 

The background charging current is much larger at cavity electrodes compared to disk 

electrodes. (B) Representative background-subtracted cyclic voltammograms showing 

difference in dopamine peak amplitude for each electrode type. (C) Representative electrode 

responses to dopamine, showing decreased mass transfer within the cavity. (D) Linear 

calibration plot shows that cavity electrodes are significantly more sensitive to dopamine than 

disk electrodes (ANCOVA, p < 0.05, n = 11). 

 

 

5.3.5 Surface of Plasma-Etched Carbon-Fibers 

To investigate the increased dopamine sensitivity of the plasma-etched fiber relative to 

the traditional carbon-fiber electrode, we chose to explore the possibility of increased surface 

roughness of etched electrodes. A roughened surface would increase the real surface area 

relative to the geometric surface area and would support the enhanced sensitivity. To examine 
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the effects of etching on the surface structure, a traditional carbon-fiber microelectrode was 

briefly etched as to not allow the carbon surface to recess into the glass seal. In Figure 5.7, it 

can be clearly seen that the surface of the carbon that is exposed to plasma is roughened. We 

propose that this increased surface area translates to the carbon surface within the cavity 

electrode (unfortunately, the electrode surface of a cavity electrode was shielded from view by 

SEM, due to the glass insulation). The geometry and increased performance of this carbon 

surface provides an additional tool in applications that require disk carbon-fiber electrodes. 

 

 

 

Figure 5.7. Field Emission scanning electron microscope images of plasma etched carbon-

fibers. (A)  The tip of the fiber is rougher than the smooth unetched side of the fiber. (B) 

100,000x magnification of the etched tip on the same fiber showing increased surface 

roughness. 
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5.3.6 Recessed Carbon-Fiber Electrodes in Tissue 

A shallow recessed electrode (<10 µm) was placed into a rat brain slice encompassing 

the striatum, a region rich in dopaminergic terminals, in order to assess the detection cabablities 

of the new recessed carbon-fiber microelectrodes in tissue A bi-polar stimulating electrode was 

placed in the vicinity of the working electrode and five electrical biphaisc pulse stimulations 

of 500 µA applied at 60 Hz were used to evoke dopamine release. A representative colorplot 

is shown in Figure 5.8A. The red arrow indicates the time of electrical stimulation. To compare 

the response of each electrode type for measurements in living tissue, Figure 5.8B shows the 

normalized current vs. time trace extracted at the potential of peak dopamine oxidation. Much 

like the in vitro results, the current collected using the recessed geometry did not immediately 

return to baseline, suggesting redox cycling dopamine molecules inside the cavity. Figure 5.8C 

overlays normalized background-subtracted cyclic voltammograms extracted at the time 

indicated by the vertical white line during the detection of dopamine, collected using a 

traditional carbon-fiber electrode and a recessed cavity electrode. The voltammograms 

colleced using the recesed disk electrode exhibited an increased cathodic to anodic current 

ratio, consistent with the in vitro results. These results show that the recessed electrodes are 

adaptable for tissue studies, though their real advantage may lie in single cell measurements 

using CFME coupled to FSCV. 
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Figure 5.8. Application of cavity electrode in brain slice preparation. (A) A representative 

colorplot showing electrically stimulated (red arrow) dopamine release in the striatum. (B) 

Normalized current vs. time traces showing the different response times of electrode 

geometries. (C) Normalized cyclic voltammograms of dopamine, comparing a traditional 

CFME to a cavity electrode.  

 

 

 

5.4 Conclusions 

Recessed carbon-fiber microelectrodes were successfully and reproducibly fabricated 

by plasma etching the electrode surface. This approach allows fabrication of cavity electrodes 

that are reliable for FSCV in brain tissue. The principle advantage lays in future work at single 

cells where the cavity will effectively trap low abundance analytes released by a single cell 

near the electrode surface, allowing sensitive and accurate measurements. 
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5.6 Associated Content 

 Supplemental Figure D1 and D2 can be found in Appendix D of this document. 
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CHAPTER 6 

 

m-Phenylenediamine Modified Carbon-fiber Microelectrodes for the Selective 

Detection of Hydrogen-Peroxide Dynamics using FSCV 

 

This work was completed in collaboration with: Schmidt, A.C.; Wilson, L. R.; Lugo-Morales, 

L.Z.; and Sombers, L.A. 

 

 

6.1 Introduction 

 The real-time detection of reactive oxygen species (ROS) found within the brain, such 

as hydrogen-peroxide (H2O2), superoxide anion, and hydroxyl radical, is a critically important 

field of study needed to understand their effects on neurodegeneration. Increased oxidative 

stress from elevated ROS concentrations has been suggested to play a role in the development 

of Parkinson’s disease.1, 2 However, the detection of most reactive oxygen species is 

challenging due to their high chemical reactivity. Oxygen radicals can be converted by 

superoxide dismutase to form H2O2, which is stable long enough to be detected. H2O2 is still a 

potent oxidizer, but it can be used as a reporter molecule for the presence of other ROS. To 

date, H2O2’s biological function(s) aren’t well understood. For example, H2O2 is most often 

regarded as a potential neurotoxin because it can form highly reactive hydroxyl radicals that 

can irreversibly alter DNA, lipid, and protein structure.3 Therefore, increased concentrations 

of H2O2 can indicate pathological oxidative stress and neuronal degeneration in various disease 

states.4-6 On the other hand, H2O2 is also essential for normal cell function.6-8 Thus the reliable 
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detection of H2O2 will be an important step in understanding the various roles H2O2 plays in 

the brain.  

 To date, there are only a few detection techniques available that can directly measure 

H2O2 fluctuations in tissue. H2O2 studies have been done using molecular imaging with H2O2-

responsive fluorophores;9 however, this technique has limitations in its ability to make 

dynamic measurements and its selectivity for H2O2 over other ROS. In contrast, 

electrochemical approaches offer excellent temporal and spatial resolution.10 The development 

of the first electrochemical sensor to detect H2O2 in a biological application was described in 

1962,11 where H2O2 was amperiometrically detected as a by-product of the degeneration of 

glucose by the enzyme glucose oxidase, which was deposited on the electrode surface as a thin 

layer. Typically, platinum electrodes are used for the detection of H2O2;
12-17 however, metal 

electrodes produce unreliable signals in vivo, due to non-specific adsorption of biological 

molecules to the electrode surface. Further, they are often used with constant-potential 

amperometry, which lacks chemical selectivity. Thus, these electrodes require selective 

exclusion layer coatings, which reduce interferences, but slow the electrode response time.18-

22 Of the available electrochemical techniques, background-subtracted fast-scan cyclic 

voltammetry (FSCV) inherently offers the greatest selectivity.23 

Recently, the electrochemical characterization and endogenous detection of H2O2 using 

carbon-fiber ultramicroelectrodes (CFME) coupled with FSCV was described.24-26 However, 

pharmacological verification of H2O2 dynamics has been challenging because some drugs 

thought to elevate the endogenous concentration of H2O2 are electrochemically active and 

indistinguishable from H2O2 using this approach. Therefore, researchers must be very careful 
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in their experimental design to ensure selective detection of H2O2. Consequently, a sensor 

capable of selective H2O2 detection in the presence of other analytes is an imperative step to 

expanding the potential FSCV has in understanding H2O2’s endogenous functions. 

Presented herein is a carbon-fiber microelectrode (CFME) modified with an m-

phenylenediamine (mPD) coating. This polymer is a size-exclusion polymer, which has been 

used in conjunction with enzymatically modified glucose sensors to only allow small 

molecules, such as H2O2, to reach the surface of the electrode for electrochemical detection.27-

29 Here, this coating serves as a size-exclusion membrane that is capable of excluding analytes 

that are larger than H2O2 (that may have the same electrochemical signal) while maintaining 

adequate sensitivity. Crucially, this coating excludes the electrochemical signal of 

mercaptosuccinic acid (MCS), a glutathione peroxidase inhibitor that is commonly used in 

electrochemical experiments because it blocks enzyme degradation of H2O2 leading to 

increased concentrations of H2O2 in the extracellular space. These electrodes were insulated 

with fused-silica rather than glass, as this material is more robust and flexible than conventional 

borosilicate insulations. Lastly, these electrodes were successfully tested in tissue. 

 

6.2 Experimental Section 

For general materials and methods, please see Appendix A. 

 

6.2.1 Chronic Electrode Fabrication 

Chronic electrodes were fabricated as previously described,30 by using the same T-

650/35 PAN based carbon fibers as used with the borosilicate glass insulated electrodes. The 
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insulation consisted of a 75 µm outer diameter silica tubing with a polyimide coating. The 

carbon-fiber and silica tubing were placed in a 70% isopropyl alcohol bath, and the carbon-

fiber was inserted into the silica tubing under a stereoscopic microscope. After insertion, the 

carbon-fiber and silica were allowed to dry for one day. A seal was created using fast curing 

epoxy at one end of the silica tubing and cured in a 100 ºC oven for 20 minutes. The electrical 

connection was made using highly conductive silver epoxy. Carbon fibers were then cut to 

100-150 µm under a microscope slide. Dual electrode systems were created by placing two 

chronic electrodes less than 100 µm apart and cementing them together using dental cement 

applied to the silica insulation.  

 

6.2.2 Electrochemical Waveform 

 A triangular waveform, herein referred to as the hydrogen-peroxide waveform 

(Appendix A, Table A.1), was used for analyte detection. The applied potential ranged from -

0.4 V to +1.4 V and back to -0.4 V unless otherwise specified. It was scanned at a rate of 400 

V/s and applied at a frequency of 10 Hz. 

 

6.2.3 Data Analysis and Statistics 

All data presented are shown as the mean ± standard error of the mean (SEM). Unpaired t tests 

were used to determine the significance (p < 0.05) of means between two groups. Statistical 

and graphical analyses were carried out using GraphPad Prism 5 (GraphPad Software, Inc., La 

Jolla, CA). 
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6.2.4 Animal Care 

 Animal care and use was in complete accordance with NIH and NC State University 

institutional guidelines (IACUC). 

 

6.3 Results 

6.3.1 mPD Deposition 

 Although the size-exclusion membrane m-phenylenediamine (mPD) can be 

electrodeposited onto an electrode surface via cyclic voltammetry31 or by simply applying a 

DC potential of greater than +0.7 V for 20 minutes,27-29 a more quantitative approach desired 

to allow for greater and added control over the coating procedure.  Pre-cycled (with the 

hydrogen-peroxide waveform for at least one hour) carbon-fiber microelectrodes (CFME) 

were first mounted in the in vitro flow injection apparatus (Appendix A) and lowered into a 

beaker (no convection) containing 10 mM mPD dissolved in PBS. This approach allowed for 

the deposition to take place in the same location as the in vitro characterization experiments, 

thus lowering the chances of electrode breakage between different stages of the experiment.  

An electrodeposition waveform was developed where the potential was held at 0.0 V, 

scanned up to + 1.0 V, and then returned to the holding potential at 5 V/s. One scan required 

400 msec to complete, and this was repeated at 1 Hz for 35 seconds (Figure 6.1A). The 

measured current was monitored at the switching potential (+1.0 V), and a representative 

current vs. time trace is shown in Figure 6.1B. The current initially spiked when the reference 

electrode was inserted into the solution to start the electrodeposition process, and leveled off 

after about 10 seconds. Importantly, the deposition time was proportional to the coating 
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thickness. A thicker coating provides better selectivity at the expense of sensitivity for 

hydrogen-peroxide (H2O2) detection, thus this customizability is an important component in 

experimental design.  

 

 

 

Figure 6.1. mPD deposition strategy. (A) Waveform used for electrodeposition of 10 mM 

mPD, which was ramped once per second at 5 V/s from 0.0 V to +1.0 V and back. (B) 

Representative current vs. time trace extracted at +1.0 V showing the measured current for a 

35 second deposition. 

 

 

It is important to note that CFME that were not pre-cycled did not form an even layer 

on the electrode surface (as observed with SEM), and did not properly reject interfering 

analytes. Previous work has shown that the carbon surface is changed upon application of 

potentials greater than +1.3 V,32, 33 which likely influences the mPD electrodeposition. A 

representative field emission scanning electron microscope (SEM) image of a pre-cycled, but 

not coated, electrode is shown in Figure 6.2A, next to an electrode that was coated with mPD 
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after electrochemical pre-conditioning. In this case, the mPD electrode was coated for 90 

seconds to allow for a thick coating that would be more visible in the SEM images (Figure 

6.2B). Using visual inspection, it was roughly approximated that the thickness of the coating 

here is around 500 nm. 

 

 

 

Figure 6.2. Field emission SEM images. (A) Bare electrode cycled for one hour using H2O2 

detection waveform. (B) Electrode after 90 sec mPD coating. 

 

 

 

6.3.2 mPD Electrode Characterization 

 The electrochemical properties of H2O2 dynamics using FSCV have been previously 

described;24, 25 however, a number of other analytes share similar characteristics in their cyclic 

voltammograms (CV), namely a peak at the switching potential. This problem may be 

compounded further if the drugs used to elicit a biological response also have a similar CV as 
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H2O2, thus making it difficult to ascertain if the drug contributed to the electrochemical signal. 

One mathematical technique used in the past to interpret signals stemming from multiple 

analytes is principal component regression (PCR).34 PCR is a multivariate statistical analysis 

technique that first requires principal component analysis to identify the principle components 

that best describe the variance in the data and then uses linear regression on the selected 

components to de-convolute these components from the complex data. However, this 

technique requires building lengthy training sets of all analytes suspected of being present. 

Further, PCR is not effective if the CVs of multiple components are identical to one-another. 

In order to unequivocally determine if a peak was due only to H2O2, a sensor capable of only 

measuring H2O2 dynamics would be ideal. Because H2O2 is a very small molecule (34.01 amu), 

the size exclusion capabilities of the mPD coated electrodes were characterized, and the results 

are shown in the form of colorplots35 and CVs in Figure 6.3. In a colorplot, time is plotted on 

the x-axis, the applied potential on the y-axis, and the measured current is portrayed in false 

color. In Figure 6.3, the left panel are the results obtained using bare CFME when exposed to 

2 µM adenosine (Figure 6.3A), 1 µM dopamine (Figure 6.3C), 200 µM mercaptosuccinic acid 

(MCS) (Figure 6.3E), and 200 µM H2O2 (Figure 6.3G). Dopamine was included in these results 

to ensure there were no interference problems, as it is often detected with other target analytes 

in vivo. MCS is a glutathione peroxidase inhibitor that blocks enzyme degeneration of H2O2, 

thus leading to increased H2O2 levels in tissue.26 Because the CV for MCS is similar to that for 

H2O2, it is difficult to determine if the addition of the drug contributed to the measured signal. 

The CV for adenosine also has a peak near the switching potential, confounding determination 

of the identity and quantity of each analyte when using a bare CFME. Conversely, when using 
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an mPD coated electrode, no peaks were detected for any of the analytes (Figure 6.3B, D, & 

F), except for H2O2 (Figure 6.3H). Interestingly, the CV for H2O2 also contains a significant 

pH shift, likely due to the entrapment of H+ ions upon the oxidation of H2O2, as described by 

equation 1. 

Equation 1: H2O2 → O2 + 2H+ + 2e- 

Indeed, the extra peaks caused by pH can be removed using PCR with the construction 

of a training set containing acidic pH shifts, leaving only the signal produced for H2O2 

oxidation (Figure 6.4). Notably, the sensitivity toward H2O2 detection was negatively affected 

(Figure 6.3G & H). Therefore, it is important to calibrate each electrode and to consider the 

desired thickness of the mPD coating to maintain a well struck balance between selectivity and 

sensitivity. The sensitivity of mPD electrodes coated for 30 seconds was assessed and a 

sensitivity of 147 ± 13 nA/mM (n=5) was recorded. Although this was lower than a bare CFME 

(252 ± 22 nA/mM, n=5) used as control electrodes in this experiment, it is still within an 

acceptable range for in vivo detection, and relatively close to the previously published 

sensitivity (177 ± 13 nA/mM, n=16) using the same technique,24 albeit with older equipment.  
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Figure 6.3. Representative colorplots with inset CVs of various analytes on bare (left column) 

and mPD coated (right column) electrodes. (A, B) 2 µM Adenosine, (C, D) 1µM dopamine, 

(E, F) 200µM MCS, and (G, H) 200 µM H2O2. mPD coated electrodes were able to exclude 

all measured analytes except for H2O2 and pH.  
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Figure 6.4. Using PCR to remove pH contribution. mPD coated electrodes also exhibited an 

acidic pH shift in their CVs (black trace). This pH shift (inset) can be removed from the data 

by construction a pH training set and using PCR to remove the pH contribution from the CV, 

leaving only the signal from H2O2 (red trace). 

 

 

6.3.3 Chronic Electrodes 

 The ultimate goal of this research is to use this newly developed technology in 

conjunction with electrodes that are chronically implanted in an animal. The traditional glass 

insulation is fragile and is often damaged when inserting or removing the electrode from the 

animal. In contrast, carbon-fibers insulated using fused-silica with a polyimide coating, and 

epoxy, are much more robust and flexible, and are referred to as chronic electrodes herein. This 

type of electrode can be implanted into an animal without fear of breakage from normal animal 

movement and can remain implanted for several weeks, which is not possible with glass 

insulated electrodes. Additionally, electrode-to-electrode variability is eliminated by using the 
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same electrode over many experiments rather than using a different electrode for every 

experiment. An SEM of chronic electrode is shown in Figure 6.5. The seal between the fused-

silica and the carbon-fiber is achieved by epoxy filling the fused silica after placing the carbon-

fiber. The carbon-fiber is then cut to the desired length. Since the sensing surface remains 

unaltered compared to a glass-insulated electrode, the electrochemical performance of the 

sensor is unaffected. No significant difference in sensitivity was observed between glass 

insulated electrodes (30.9 ± 2.8 nA/µM, n=5) and the chronic-type electrodes (26.5 ± 1.2 

nA/µM, n=5) for dopamine detection. 

 

 
Figure 6.5. Fused-silica (chronic) electrodes. (A) SEM image of a carbon-fiber insulated with 

epoxy inside fused-silica. (B) There is no significant difference (p > 0.05) in sensitivity 

between the chronic electrode (26.5 ± 1.2 nA/µM, n=5) and glass-insulated electrodes (30.9 ± 

2.8 nA/µM, n=5) 
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6.3.4 Brain Slice 

In order to test mPD coated electrodes in tissue, two chronic electrodes were bundled 

together in such fashion that the carbon-fiber surface of each individual electrode was less than 

100 µm apart. Each electrode was individually addressed. After pre-cycling both electrodes, 

one of the electrodes was coated with mPD for 30 seconds and the other remained uncoated. 

The bundled electrodes were then inserted into a 400 µm thick rat brain slice containing the 

striatum. Electrical stimulations using a bipolar stimulating electrode were used to stimulate 

dopamine release, and the results are shown in Figure 6.6. As was the case in Figure 6.3, results 

for the bare electrode are shown in the left column (Figure 6.6A & C) and the results for the 

mPD coated electrodes are in the right column (Figure 6.6B & D). Consistent with in vitro 

results, the bare electrode detected both dopamine release and a peak at ~ +1.3 V on the return 

scan (Figure 6.6A), but only a small signal was detected on the coated electrode at this potential 

(Figure 6.6B). Next, a 3 second micro-infusion was performed about 200 µm away from the 

electrodes using 5 mM MCS infused at 26.5 µL/min. Because MCS was acutely added in the 

vicinity of the electrode, and because it has the same electrochemical signature as H2O2, the 

mPD electrode was necessary to verify the identity of the analyte(s) in this experiment. Upon 

electrical stimulation following MCS addition, a significant increase (n=3, p<0.05) in H2O2 

release was detected using the mPD coated electrode (Figure 6.6D, and Figure 6.7). 

Importantly, because the mPD electrode is capable of excluding MCS, no contribution from 

the drug’s oxidation affected the current measured for H2O2 oxidation. Further, the magnitude 

of dopamine release remained relatively unaffected measured by the bare CFME (Figure 6.6C). 
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Figure 6.6. Representative colorplots with inset CVs using bare electrodes (left column) and 

mPD coated (right column) chronic electrodes. (A, B) Signal observed following electrical 

stimulation prior to MCS addition. (C, D) Results showing increase in H2O2 release following 

electrical stimulation in the presence of MCS.  
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Figure 6.7. Effect of MCS addition on H2O2 release. Microinfusing 5mM MCS caused a 

significant increase of H2O2 release as measured with mPD coated electrodes (n=3, p<0.05). 

 

 

6.4 Conclusions 

 The mPD coated carbon-fiber electrodes used in this study were only able to detect 

H2O2 concentration changes and pH fluctuations as this size-exclusion polymer prevented the 

detection of larger molecules. The major benefit of the mPD coating is that analytes and drugs 

with similar electrochemical signatures as H2O2 are excluded from the measured currents; 

providing a more straightforward analysis. A new and reproducible approach for mPD coating 

CFMEs was developed which allowed for straightforward control of the mPD coating 

thickness. 
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CHAPTER 7 

 

Hydroxyl Radical Generation Underlies the Voltammetric Detection of Hydrogen 

Peroxide 

 

The following was completed in collaboration with: James G. Roberts, Maxim A. Voinov, 

Andreas C. Schmidt, Tatyana I. Smirnova, Leslie A. Sombers, and is in preparation for 

submission to the Journal of the American Chemical Society as a communication. This work 

was part of a collaborative effort and only a small portion constitutes the author’s personal 

dissertation research; however, all results are shown to allow for a complete interpretation of 

the findings. Supplemental information is found in Appendix E. 

 

 

 

7.1 Introduction 

Hydrogen peroxide (H2O2) is a molecule that is of broad interest across multiple 

disciplines.  In the field of biosensing, oxidase-based electrochemical sensors are developed 

to combine the exquisite selectivity of H2O2-producing enzymes with the rapid response time 

and low detection limits inherent to electrochemistry.1, 2 This union has resulted in the 

development of powerful analytical tools that are used in many fields, including clinical 

diagnostics, drug discovery, biodefense, environmental monitoring, military, and security 

applications. Despite wide interest in exploiting the electrochemistry of H2O2, the precise 

mechanisms that underlie its redox activity at various electrode surfaces are not well 

understood.  

The electrochemical oxidation of H2O2 results in the generation of 2 protons, 2 

electrons, and oxygen gas.  However, this reaction is convoluted by its dependency on 
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electrode surface, applied potential, electrolyte composition, etc.3-5  Several studies have 

demonstrated that the oxidation of H2O2 is favored on an oxidized platinum surface,6 and that 

H2O2 oxidation occurs in the potential region corresponding to oxide film formation.7  Thus, 

a longstanding question is how the oxidized electrode surface influences chemical reactivity. 

Hickling and Wilson have proposed that H2O2 reduces oxides on the electrode surface, and 

that the observed current is generated in the re-oxidation of platinum.8  However, far less is 

known about the oxidation of H2O2 on carbon surfaces.  In this work, we use electron 

paramagnetic resonance (EPR) spectroscopy to identify the hydroxyl radical as a key 

intermediate species underlying the voltammetric detection of H2O2 at both carbon-fiber and 

platinum electrodes.  These unexpected data advance our fundamental understanding of the 

chemical processes occurring at the electrode surface, and promise to aid in the further 

exploitation of H2O2 electrochemistry in numerous applications.  

 

7.2 Experimental Section 

For general materials and methods, please see Appendix A 

 

7.2.1 Microelectrode Fabrication 

Carbon-fiber disc microelectrodes with a polished angle of 30° were fabricated using 

10 µm P-55s pitch-based carbon fibers (Cytec Industries, Woodland Park, NJ) as previously 

described.9  Platinum disc microelectrodes with a polished angle of 30° were constructed 

using 25 µm hard platinum wire (Goodfellow, Huntingdon, England), following the same 

procedure.   
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7.2.2 Electrochemical Wavefrom  

 In most experiments, a triangular cyclic waveform ranging from +0.2 to +1.3 V with a 

holding potential of +0.2 V versus Ag/AgCl was applied at a scan rate of 400 V∙s-1 and at a 

frequency of 10 Hz using a custom built instrument for potential application to the 

electrochemical cell and for current transduction 

 

7.2.3   Spin-trapping Experiments   

 Spin-trapping agents were obtained from Enzo Life Sciences (Farmingdale, NY).  A 

solution containing 5 mM 5,5-dimethyl-1-pyrroline-N-oxide (DMPO) along with a mixed 

solution containing 5 mM hydrogen peroxide (H2O2) and 5 mM DMPO was prepared in pH 

7.4 PBS.  200 µL of either solution was placed in a custom polypropylene microliter 

electrochemical cell, which included a Ag/AgCl reference electrode.  A platinum microdisc 

or carbon-fiber microelectrode was lowered into the solution and a waveform from +0.2 to 

+1.3 V at 400 V∙s-1 was applied at 100 Hz.  This waveform was applied for 30 minutes, and 

the solution was immediately transferred to a polytetrafluoroethylene (PTFE) 0.81 x 1.12 mm 

diameter tubing (NewAge Industries, Southampton, PA) for EPR measurements.  2-

ethoxycarbonyl-2-methyl-3,4-dihydro-2H-pyrrole-1-oxide (EMPO) was also employed as an 

additional spin-trapping agent. 

 

7.2.4  EPR Measurements 

 All measurements were taken at room temperature with a Varian (Palo Alto, CA) 

Century Series E-109 spectrometer.  In the experiments, the sample was drawn into PTFE 
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tubing (NewAge Industries, Southampton, PA), the tubing was folded twice and inserted into 

a standard 3 x 4 mm diameter quartz EPR tube (Wilmad-LabGlass, Vineland, NJ).  Data 

acquisition parameters were set as follows:  0.8 G modulation amplitude; 2 mW microwave 

power; 100 G scan width; 30 sec sweep time; 64 msec time constant.  All spectra represent 

100 averaged scans.   

 

7.2.5 Voltammetric Simulations 

 Digital simulations of voltammograms were performed with DigiSim V3 

(Bioanalytical Systems, West Lafayette, IN).  Since DigiSim cannot model irreversible 

reactions, so two reactions were simulated:  the heterogeneous reaction of hydrogen peroxide 

oxidation and a homogeneous reaction that rapidly depleted the oxidized species.  Filtering of 

simulated voltammograms was accomplished with Matlab (The MathWorks, Natick, MA).  

  

7.2.6 Voltammetric Simulation Parameters 

 Reactions:  B + e- = A, B = C; Waveform:  -0.4 to +1.4 to -0.4 at 400 V∙s-1; Electrode:  

Planer 4E-5 cm2; Semi-infinite linear diffusion; Butler-Volmer kinetics; Room temperature; 

Initial concentration of H2O2:  100 µM; Eo:  0.85 V; α/λ:  0.55 eV; ks:  1E-4 cm∙s-1; D (all 

species):  1E-5 cm2∙s-1; Homogeneous reaction rates: Keq: 100, Kf: 1E+4, Kb:  100. 

 

7.2.7 Statistics 

 All values are given as the mean ± standard deviation, unless otherwise noted.  Two-

tailed paired Student’s t tests were used, with significance designated as p < 0.05.  Multiple 
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linear regression was used to extract concentration values from complex mixtures (Matlab, 

The MathWorks, Natick, MA).  Statistical and graphical analysis was accomplished using 

GraphPad Prism 5 (GraphPad Software, Inc., La Jolla, CA).   

 

7.3 Results 

 Figure 7.1A-B depicts voltammograms for 100 mM H2O2 collected using a scan rate 

of 1 V∙s-1 on a carbon-fiber and platinum microelectrode, respectively.  The current density is 

plotted on the y-axis in order to facilitate a direct comparison of these data.  Distinct 

voltammetric responses are observed, where platinum generates anodic current at a lower 

potential relative to that of the carbon substrate.  We have found that fast-scan cyclic 

voltammetry (FSCV) is particularly useful for monitoring rapid fluctuations of H2O2, as it 

enables real-time measurements when coupled with carbon-fiber microelectrodes.10-12 When 

qualitatively comparing the two substrates, a cyclic waveform that ranged from +0.2 to +1.3 

V was applied at a frequency of 10 Hz using a scan rate of 400 V∙s-1.  This abbreviated 

waveform was chosen because it prevents the larger platinum microdisc electrode from 

overloading the circuitry.  It is not optimal for the carbon electrode and significantly reduces 

analyte sensitivity at this substrate (~94 %), but the approach is sufficiently sensitive for this 

fundamental study.  We previously reported that the electrochemical oxidation of H2O2 

generates a similar peak at ~1.3 V on both carbon and platinum microelectrodes when using 

fast scan rates, suggesting a common mechanism of electron transfer.13 Figure 7.1 shows 

representative background-subtracted fast-scan voltammograms for H2O2 oxidation on 

carbon (C) and platinum (D) electrodes. On carbon, peak current increases as the positive 
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wavelimit is increased (+0.9, +1.1, and +1.3 V).  However, the opposite trend is observed 

using the platinum electrode, suggesting that the electrochemistry is critically dependent on 

the oxidation state of the platinum surface.  The atypical location of the peak at these high 

scan rates (it is evident on the reverse scan) is an advantageous consequence of data filtering 

(Figure 7.2),14 resulting in a predictable and well-resolved signal that allows rapid qualitative 

identification and accurate quantitation. Figure 7.2A shows representative voltammogram for 

100 µM H2O2 with both a 2 kHz analog Sallen-Key low-pass filter and a 2 kHz digital 4th 

Order Bessel low-pass filter enabled (red line).  Peak current is evident on the return scan, at 

about +1.2 V.  As the filters are individually removed, the oxidative peak shifts toward the 

switching potential (black and grey dashed lines).  To further demonstrate this, commercially 

available software that utilizes a finite difference model15, 16 was employed to simulate a 

voltammogram  (grey dashed line, Figure 7.2B), using a scan rate of 400 V∙s-1 and the 

parameters listed in the supporting information.  Briefly, two reactions were simulated 

including a heterogeneous reaction for H2O2 oxidation and a homogeneous reaction that 

rapidly depletes the oxidized species to force an irreversible voltammogram.  The simulated 

voltammogram is similar in shape to the unfiltered fast scan experimental data.  When a 

digital low-pass filter is applied to the simulated voltammogram (black line), the peak shifts 

in a manner that closely approximates the experimental data (Figure 7.2A, red line). 

Additional differences between these materials are evident when investigating the effects of 

scan rate (Figure E1).  Together, these trends suggest that distinct mechanisms underlie the 

electrochemistry at each electrode material.   
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Figure 7.1. Slow and fast scan rate voltammetry of H2O2.  Representative voltammograms 

for 100 mM H2O2 collected on (A) carbon and (B) platinum electrodes using a scan rate of 1 

V∙s-1.  Using background subtracted FSCV at 400 V∙s-1, the effects of varying the positive 

limit are shown for (C) 200 µm H2O2 on carbon and (D) 20 µm H2O2 on platinum. 

 

 

 

 

Figure 7.2.  Effects of filtering. (A) Representative voltammograms (scan rate: 400 V∙s-1) for 

100 µM H2O2 with filters enabled (red line), the analog filter disabled (black dashed line), 

and both the analog and digital filters disabled (grey dashed line).  (B) Simulated 

voltammogram for H2O2 (grey dashed line) and lowpass filtering of the simulated data (black 

line). 
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EPR spectroscopy was used to investigate whether a short-lived radical species is 

electrochemically formed in solution during H2O2 oxidation, as EPR spectroscopy can 

selectively identify a trapped radical species.  A commonly-used spin-trapping reagent, 5,5-

dimethyl-1-pyrroline N-oxide (DMPO), was added to the H2O2 solution.  DMPO itself is not 

a radical, and remains EPR silent until adduct formation.  Figure 7.3 illustrates the reaction 

paths for two possible oxygen-centered radicals with DMPO, and their respective spectra.  A 

second and more stable spin trap, 2-ethoxycarbonyl-2-methyl-3,4-dihydro-2H-pyrrole-1-

oxide (EMPO), was also utilized in this study.   

 

 

   

Figure 7.3. Suspected DMPO and EMPO adducts with respective EPR spectra. 
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The left path shows hydroxyl radical addition to the alpha carbon of DMPO, forming 

the DMPO•-OH adduct; while the right path illustrates the trapping of a superoxide radical to 

form the DMPO•-OOH adduct.  The resulting spectra demonstrate the qualitative power of 

EPR spectroscopy.  A platinum or carbon-fiber microelectrode was lowered into a 200 µL 

custom electrochemical cell with a Ag/AgCl reference electrode, and a cyclic waveform was 

applied for 30 minutes (+0.2 to +1.3 V, 400 V∙s-1, 100 Hz).  Continuous wave X-band EPR 

spectra collected for samples that contained both 5 mM H2O2 and 5 mM DMPO show a clear 

four line 1:2:2:1 splitting pattern characteristic for the DMPO•-OH adduct (Figure 7.4A), 

regardless of whether they were generated using carbon or platinum electrodes.  The 

experimental EPR spectra were least-squares simulated using a convolution of the Gaussian 

and Lorentzian lineshapes (Voight function) with previously described software to yield AN 

= 14.97 ± 0.01 G and AH = 14.86 ± 0.01 G.17, 18 Literature values for the DMPO•-OH adduct 

are AH = AN = 14.9.19  By contrast, samples that contained only DMPO, without H2O2, 

resulted in spectra that did not exhibit any discernible signal above noise (Figure 7.4B). 
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Figure 7.4.  EPR spectra implicate the hydroxyl radical in the electrochemical oxidation of 

H2O2.  Electrochemistry was performed on carbon (blue) or platinum (red) electrodes using a 

scan rate of 400 V∙s-1. Representative EPR spectra are shown for solutions of DMPO (A) in 

the presence and (B) absence of H2O2. (C) Electrochemical cycling of platinum electrodes 

with a traditional scan rate (1 V∙s-1) in the presence of EMPO and H2O2 generated consistent 

EPR spectra (blue).  The simulated spectrum is overlaid (red). (D) Spectrum for EMPO in the 

absence of H2O2. 

 

 

Next, experiments were designed to assess the possibility that the trapped radicals 

originated at a location other than the working electrode surface.  To determine if radical 

formation was occurring at the reference electrode, a micro-agar salt bridge was 
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constructed.20  This enabled the application of stable potentials and effectively excluded the 

Ag/AgCl reference electrode from the sample. The resulting EPR spectra were identical to 

those generated using the direct-contact reference electrode, verifying that the site of radical 

formation was not the reference electrode (data not shown).  An oxygen-centered radical 

could also originate from the supporting electrolyte.  Trizma buffer and phosphate buffered 

saline were compared to uncover any contribution from Trizma (which possesses three 

terminal hydroxyl groups) on adduct formation, and equivalent spectra resulted for both 

buffered solutions (data not shown).   

It is also contended that DMPO•-OOH adducts can rapidly decay to the DMPO•-OH 

adduct, resulting in false identification of the principal radical.21  To test this possibility, 

dimethyl sulfoxide (DMSO, 20-fold excess) was included in the solution of DMPO and H2O2 

to selectively scavenge hydroxyl radicals.22  The typical four-line spectra was completely 

abolished (Figure E2). Next, the spin trap EMPO was employed. EMPO is the most efficient 

spin trap for the detection of oxygen-centered free radicals.  The EMPO•-OOH spin adduct is 

about five times more stable than the corresponding DMPO adduct, and it does not decay to 

EMPO•-OH.23  For these experiments, a commonly used slow scan rate of 1 V∙s-1 was 

employed.  The resulting EPR spectra again show a clear hyperfine splitting pattern 

characteristic for the EMPO•-OH adduct with no evidence of the hydroperoxyl radical 

(Figure 7.4C-D).  The hyperfine coupling constants fitted for these data are presented in 

Table E-1.  Additional control experiments consisted of applying the holding potential (+0.2 

V) without cycling the potential, or allowing the potential of the electrode to float in a 

solution of H2O2 and DMPO.  The collected spectra resulted in no observable signal over 
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noise (data not shown). These data definitively demonstrate that hydroxyl radicals are 

generated in the voltammetric detection of H2O2 at both platinum and carbon electrodes, 

using a wide range of voltammetric scan rates, though it is not clear if the radical originates 

from the oxidized electrode surface or from H2O2 itself. It has been previously suggested that 

H2O2 decomposes to provide an adsorbed layer of hydroxyl radicals at the electrode surface 

and is energetically favorable over the production of the hydroperoxyl radical.24  

Additionally, the voltammetric detection of H2O2 is pH dependent (Figure E3). Finally, the 

oxidation of H2O2 to O2 could proceed by way of the hydroperoxyl radical, but this radical 

was not observed; however, the absence of an EPR signal for trapped hydroperoxyl radical 

does not prove that it is not transiently formed.  

Adenosine25 and histamine23,24 are neurochemicals that also generate a fast-scan 

voltammetric signature in which peak current is evident on the reverse scan at approximately 

+1.2 V when using a similar waveform and filter settings (Figure 7.5).  In order to determine 

if a peak in this position is generally indicative of the formation of a radical species, the 

trapping experiment was replicated using 5-10 mM adenosine or 5 mM histamine, in solution 

with 5 mM DMPO.  DMPO is an efficient trap of both nitrogen- and carbon-centered 

radicals.  The concentration of adenosine was increased to nearly the solubility limit, to 

account for the possibility that an adenosine-DMPO adduct may have additional hyperfine 

splitting relative to that of the DMPO-OH adduct, resulting in reduced signal intensity.26  

Nonetheless, the EPR spectra did not exhibit a significant signal over the noise (data not 

shown).  Although these data do not absolutely rule out the possibility of radical generation 

during voltammetry of these molecules, the results do suggest that despite similar 
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voltammetric shapes, the hydroxyl radical formation is specific to the electrochemistry of 

H2O2. 

 

 

 

Figure 7.5. Neurochemicals with similar voltammetric responses.  Representative 

voltammograms for (A) histamine and (B) adenosine collected on cylindrical carbon-fiber 

microelectrodes. 

 

 

We next sought to determine if the electrochemical oxidation of H2O2 was dependent 

on hydroxyl radical generation.  Using carbon-fiber microelectrodes, voltammograms for 

H2O2 were collected in the presence and absence of DMPO in 10-fold excess (Figure 7.6). 

DMSO was also tested, at 100-fold excess.27, 28 Currents generated for samples containing 

multiple electroactive analytes should be additive, such that the sum of the voltammograms 

for each analyte comprises the voltammogram for the mixed sample. 29  Current is attenuated, 

however, if there is a chemical reaction that partially consumes any of the analytes.  The 

voltammograms of the spin-trap reagents demonstrate some current (left panels) that is 
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evident in samples containing both the trap and H2O2 (right panels).  In these experiments, a 

summation of current was generally observed, except at +1.2 V on the cathodic scan where 

the oxidation of H2O2 is apparent.  At this potential, the sum of the currents for the individual 

analytes totals more than the current observed in the electrochemical detection of the 

mixture, suggesting that the voltammetric detection of H2O2 directly involves the hydroxyl 

radical, at both carbon and platinum electrodes.  Since all individual analytes generated 

predictable currents that increased linearly with respect to concentration, multiple linear 

regression (MLR) was used to solve for the concentration of H2O2 in each mixture,30, 31 

following the equations: 

 

𝛼 ∙ (𝑇𝑟𝑎𝑝𝐶𝑉) +  𝛽 ∙ (𝐻2𝑂2𝐶𝑉) =  (𝑀𝑖𝑥𝐶𝑉)    (1) 

𝛽

𝛿
∙ (𝐻2𝑂2𝐶𝑉)  =  [𝐻2𝑂2]𝐻2𝑂2𝐶𝑉    (2) 

𝛽

𝛿
 =  [𝐻2𝑂2]𝑀𝑖𝑥𝐶𝑉     (3) 

 

where TrapCV and H2O2 CV are normalized voltammograms for each analyte, MixCV is a 

voltammogram for the mixed analyte solution, α and β are coefficients with units of nA, and 

δ is a calibration factor for each electrode describing sensitivity to H2O2 (nA∙µM-1).  The 

results are presented in Figures 7.6C-D and listed in Table E-2.  There was a significant 

reduction in the predicted concentration of H2O2 in both the DMPO-H2O2 mixture (Student’s 

t-test, p = 0.0105), as well as in the DMSO-H2O2 mixture (Student’s t-test, p = 0.0057), when 

compared to samples containing the same concentration of H2O2 alone.  It is possible that the 
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spin trapping reagents reduced electrode sensitivity to H2O2 oxidation (fouling).  To 

investigate this possibility, a parallel experiment was performed using 1 µM histamine and 1 

mM DMPO.  Histamine was chosen because its voltammogram exhibits peak current at a 

comparable potential to that of H2O2 (Figure 7.5).  MLR predicted equal concentrations of 

histamine in solutions of histamine and mixed solutions of histamine and DMPO (Table E-3).  

This result demonstrates that electrode sensitivity is not significantly attenuated by spin trap 

exposure, and confirms a fundamental role for the hydroxyl radical in the voltammetric 

detection of H2O2. 

Overall, these results identify the hydroxyl radical as a key species underlying the 

anodic oxidation of H2O2 on both carbon and platinum electrode substrates.  The elucidation 

of this chemical intermediate is significant due to the broad interest in H2O2 electrochemistry, 

and it promises to inform continued innovation in biosensor development for a range of 

diagnostic applications across diverse scientific disciplines. 
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Figure 7.6. The electrochemical signal is hydroxyl radical dependent.  (A and B) 

Representative voltammograms for H2O2, spin trap reagents, and mixtures of the two.  (C and 

D) Incorporation of a spin trap reagent significantly attenuated the signal evident in the 

electrochemical oxidation of H2O2.  (Student’s t-test, p = 0.0150 and 0.0057, respectively, n 

= 4 electrodes). 
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CHAPTER 8 

 

Peroxygenase and Oxidase Activities of Dehaloperoxidase-Hemoglobin from 

Amphitrite Ornate 

 

The following work was reprinted with kind permission from the Journal of the American 

Chemical Society: David A. Barrios , Jennifer D’Antonio, Nikolette L. McCombs, Jing Zhao, 

Stefan Franzen, Andreas C. Schmidt, Leslie A. Sombers and Reza A. Ghiladi. JACS, 2014, 

136 (22), 7914-7925. This work was part of a collaborative effort and only a small portion 

constitutes the author’s personal dissertation research; however, all results are shown to allow 

for a complete interpretation of the findings. Supplemental information is found in Appendix 

G. The formatting of this article was changed from the published version of this document to 

fit this dissertation; no content changes were made. 

 

 

 

8.1 Introduction 

 A longstanding question in catalysis is how structure plays a role in influencing 

chemical reactivity. This is readily apparent in heme proteins where O2-binding, oxygenase, 

oxidase, peroxygenase, and electron-transfer reactions all occur at active sites that often 

contain a surprising number of similarities, both structural and, by consequence, mechanistic. 

For example, the reactive heme species known as Compound I contains an Fe(IV)-oxo (ferryl) 

and porphyrin π-cation radical and has been implicated in the mechanisms of cytochrome c 

oxidase,1 cytochrome P450 monooxygenase,2 human indoleamine 2,3-dioxygenase,3 the 

fungal peroxygenase AaeAPO,4 horseradish peroxidase,5 and prostaglandin endoperoxidase 

synthase (cyclooxygenase)6 and has even been shown to form in myoglobin.7 Despite the 

common intermediate, the chemical reactivity of each of the aforementioned systems remains 
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exquisitely controlled by the protein structure6 to ensure maximum intended function with a 

minimum of unintended cross reactivity. How nature achieves this control for the selectivity 

of function continues to be of interest, yet remains a significant challenge to fully understand. 

Our chosen platform for the elaboration of the structural features and other 

determinants that impart specific discrete functions to heme proteins is the enzyme 

dehaloperoxidase (DHP), the coelomic hemoglobin from the marine worm Amphitrite ornata.8-

10 DHP has also been shown to possess a biologically relevant peroxidase activity that is 

believed to have arisen from the evolutionary pressure to overcome high levels of volatile 

brominated secondary metabolites that are secreted as repellents by other infaunal marine 

organisms that co-inhabit the benthic ecosystems within which A. ornata is found.10,11 The 

oxidative dehalogenation of 2,4,6-trihalophenol yielding 2,6-dihaloquinone (Figure 8.1) has 

been investigated for both known isoenzymes of DHP (A and B).12-23 The DHP peroxidase 

cycle can be initiated from both the ferric and ferrous (or oxyferrous) oxidation states.16,20 

When starting from the ferric state, DHP appears to function via a Poulos–Kraut type 

mechanism24 in which H2O2 reacts with a ferric heme to form DHP Compound I,17,19 the 

iron(IV)-oxo porphyrin π-cation radical species that is formally two electrons oxidized relative 

to the ferric resting state. Compound I rapidly converts in DHP to an iron(IV)-oxo heme center 

with an amino acid radical that has been termed Compound ES by analogy with cytochrome c 

peroxidase.13-15,17,19 These peroxide-activated forms of DHP return to the ferric resting state 

upon oxidation of substrate in what is likely two consecutive one-electron steps.22 Thus, 

although the activated heme of dehaloperoxidase can theoretically support a direct oxygen 

atom transfer, no peroxygenase activity has been reported for DHP. 
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Figure 8.1. Reaction of DHP with trihalogenated phenols and hydrogen peroxide yields 

quinone products. 

 

 

In an effort to identify whether DHP is capable of oxygen atom transfer chemistry, we 

have expanded the substrate scope of our reactivity studies to include other halometabolites 

that are native to the marine environment of A. ornata. Given the diversity of naturally 

occurring organobromine compounds found in benthic ecosystems (e.g., mono-, di-, and 

tribromophenols, mono- and dibromovinylphenols, bromopyrroles),25-27 we have limited the 

current study to brominated indoles, as these have been isolated from several species of the 

Hemichordata phylum that cohabitate with A. ornata in coastal estuaries,28,29 and may represent 

another family of chemical deterrents evolutionarily targeted by A. ornata and DHP. 

Furthermore, similar marine-related indoles and their derivatives continue to gain interest as 

antimicrobial and/or anticancer agents (e.g., meridianins, fascaplysin)30-33 and are emerging as 

a new class of compounds for further study. 

Herein, we have investigated the ability for DHP to catalyze the oxidation of 

haloindoles in the presence of H2O2. The reaction products were identified in the presence and 
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absence of labeled peroxide, and the results provide unequivocal evidence that DHP is capable 

of a previously unreported peroxygenase activity that is similar to that observed for the 

peroxide shunt pathways of both P450 monooxygenase and indoleamine 2,3-dioxygenase.2,34-

36 The peroxygenase activity was observed to be initiated from either the ferric or oxyferrous 

states, with the enzyme returning to the oxyferrous state upon completion of its activity due to 

an unusual product-driven oxidase reaction that ultimately forms indigo derivatives as 

products. The fact that the peroxygenase activity is initiated from, and returns to, the 

oxyferrous state is likely related to the primary function of DHP of serving as an oxygen 

transport protein, yet also highlights the plasticity of the DHP active site for supporting 

multiple enzymatic functions. 

 

8.2 Experimental Section 

8.2.1 Materials and Methods 

 Isotopically labeled H2
18O2 (90% 18O-enriched) and H2

18O (98% 18O-enriched) were 

purchased from Icon Isotopes (Summit, NJ). Acetonitrile (MeCN) was HPLC grade and all 

other chemicals were purchased from VWR, Sigma-Aldrich, or Fisher Scientific and used 

without further purification. UV–vis spectroscopy was performed on a Cary 50 UV–vis 

spectrophotometer. Stock solutions (10 mM) of all indoles were prepared in MeOH, stored in 

the dark at −20 °C until needed, and were periodically screened by HPLC to ensure that they 

had not degraded. Aliquots were stored on ice during use. Solutions of H2O2 were prepared 

fresh daily and kept on ice until needed. The concentration was determined by UV–vis (ε240 

= 46 mM–1 cm–1).37 Ferric and oxyferrous samples of WT DHP B, DHP B (Y28/38F), and WT 
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DHP A were expressed and purified as previously reported.13,14,17 Enzyme concentration was 

determined spectrophotometrically using εSoret = 116,400 mM–1 cm–1 for all isoenzymes.14 

Lyophilized horseradish peroxidase and horse heart myoglobin were purchased from Sigma-

Aldrich and stored at −20 °C until utilized. Anaerobic studies were performed as described 

above in an MBraun Lab Master 130 nitrogen-filled glovebox using argon degassed solutions 

of buffer, peroxide, substrate and enzyme. 

 

8.2.2 Enzyme Assay Protocol 

 Reactions were performed in triplicate at pH 7 in 5% MeOH in 100 mM KPi at 25 °C. 

Buffered solutions (total reaction volume 250 μL) of DHP (10 μM final concentration) and 

(halo)indole (500 μM final concentration) were premixed, and then the reaction was initiated 

upon addition of H2O2 (50, 100, 250, 500, or 1000 μM final concentrations). Experiments were 

performed in the presence of d-mannitol (500 μM), superoxide dismutase (SOD) (∼2 U/μL), 

and DMSO (10% v/v). For the studies with sodium formate, a buffered solution (100 mM KPi; 

500 mM sodium formate) at pH 7 was utilized. After 5 min, reactions were quenched with 

excess catalase. A 100 μL aliquot of reaction sample was diluted 10-fold with 900 μL of 100 

mM KPi (pH 7). Diluted samples were analyzed using a Waters 2796 Bioseparations Module 

coupled with a Waters 2996 Photodiode Array Detector and equipped with a Thermo-Scientific 

ODS Hypersil (150 mm × 4.6 mm) 5 μm particle size C18 column. Separation of observed 

analytes was performed using a linear gradient of binary solvents (solvent A, H2O containing 

1% trifluoroacetic acid; solvent B, MeCN). Elution was performed using the following 

conditions: (1.5 mL/min A:B) 95:5 to 5:95 linearly over 10 min; 5:95 isocratic for 2 min; 5:95 



 

 

171 

to 95:5 linearly over 1 min, and then isocratic for 4 min. Data analysis was performed using 

the Empower software package (Waters Corp.). Calibration curves for all indoles, and 

available products were performed using serial dilutions of commercially available analytes to 

determine the amount of substrate conversion. 

 

8.2.3 LC-MS Studies 

 Experiments were analyzed using a 6210 LC-TOF mass spectrometer (Agilent 

Technologies, Santa Clara, CA). Analyte separation was performed using the same conditions 

and column as the HPLC studies with the exception of solvent A (water with 0.1% formic 

acid). Samples were analyzed using electrospray ionization in positive ion mode to provide 

observation of the [M + H]+ species. Spectra were collected each second while scanning in the 

range from 100–1000 m/z. Data analysis was performed using Agilent software. Quantitation 

of the amount of 18O-labeled incorporated was performed using previously established 

methods.36,38 In the H2
18O2 studies, an aliquot of 2.15% (w/w) solution of 90% enriched H2

18O2 

was diluted 3-fold to provide a peroxide solution at 20 mM concentration. A final reaction 

volume (5% MeOH in 100 mM KPi, pH 7) of 250 μL containing 10 μM enzyme, 50 equiv of 

substrate, and 50 equiv of labeled peroxide was allowed to react for 5 min before quenching 

with catalase. For the H2
18O studies, stock solutions of the reactants ([enzyme] = 120 μM; 

[H2O2] = 12.5 mM) in unlabeled water were kept at sufficiently high concentrations to allow 

for the 98% enriched H2
18O to be diluted to ∼89% in the final reaction mixture. Labeled water 

(207.5 μL) was charged with 21 μL enzyme, 10 μL H2O2, and 12.5 μL substrate (in MeOH) 
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and reacted for 5 min and then quenched with catalase. A 20 μL aliquot of undiluted reaction 

mixtures was injected for LC-MS analysis. 

 

8.2.4 Stopped-Flow UV–vis Studies 

 Optical spectra were recorded using a Bio-Logic SFM-400 triple-mixing stopped flow 

instrument coupled to a rapid scanning diode array UV–vis spectrophotometer. The 

temperature was maintained at 20 °C with a circulating water bath, and all solutions were 

prepared in 5% MeOH in 100 mM KPi (variable pH). Data were collected (900 scans total) 

over a three-time domain regime (2.5, 25, and 250 ms; 300 scans each) using the Bio Kinet32 

software package (Bio-Logic). All data were evaluated using the Specfit Global Analysis 

System software package (Spectrum Software Associates) and fit to exponential functions as 

one-step/two-species, two-step/three species or three-step/four species irreversible 

mechanisms where applicable. For data that did not properly fit these models, experimentally 

obtained spectra at selected time points shown in the figure legends are shown. Data were 

baseline corrected using the Specfit autozero function. 

 Experiments were performed in single-mixing mode where enzyme at a final 

concentration of 10 μM was reacted with 2.5–25 equiv of H2O2. For substrate preincubation 

studies, the enzyme solution also contained substrate (2.5–50 equiv). Double mixing 

experiments were performed using an aging line prior to the second mixing step to observe 

Compound ES/Compound I reactivity with 5- or 7-Br-indole substrate (2.5–50 equiv). For 

studies with 5-Br-3-oxindole, a solution of 5-Br-3-acetoxyindole in 100 mM potassium 

phosphate buffer was prepared from a 10 mM stock solution in pure methanol for final 
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concentrations of 100, 250, or 500 μM. The 5-Br-3-acetoxyindole solutions were loaded into 

the stopped-flow syringe, and ∼1 mg (20 U) of liver esterase was directly added to the syringe 

and mixed thoroughly, and then the solution was loaded into the apparatus. Control 

experiments were also performed as above in the absence of hydrogen peroxide. 

 

8.2.5 Resonance Raman Studies 

 Samples were prepared with final concentrations of 50 μM WT DHP B and 500 μM 

substrate in 100 mM KPi (pH 7) containing 10% MeOH (v/v) and then transferred to a 5 mm 

diameter glass NMR tube. Spectra were obtained by Soret band excitation using a Coherent 

Mira 900 titanium sapphire (Ti:sapphire) laser. The Ti:sapphire laser was pumped using a 

Coherent Verdi 10 frequency doubled diode pumped Nd:vanadate (Nd:VO4) laser producing 

10 W at 532 nm. The beam generated was sent through a Coherent 5-050 doubler to generate 

a normal working range of 400–430 nm for Soret band excitation of both DHP only and the 

DHP/indole complexes. The beam was collimated and cylindrically focused to a vertical line 

of ∼0.5 mm on the sample. Laser power at the sample was 60 mW. Scattered light was 

collected with a Spex 1877 triple spectrometer equipped with a liquid nitrogen-cooled CCD 

detector controlled by Spectramax software. 

 

8.2.6 Geometry Optimization Studies 

 The native substrate 2,4,6-tribromophenol (2,4,6-TBP) in the structure PDB 4HF639 

was substituted with 7-bromoindole. Since diatomic O2 was observed bound to the heme Fe in 

that structure, the bound O2 was preserved in this model. The 5-bromoindole model was 
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obtained by replacement of 4-bromophenol in the PDB 3LB2 structure.40 In this model, the 

bromine atom is located in the Xe binding site41 as observed in the 4-bromophenol structure. 

The parameters for the 5-bromo and 7-bromoindole molecules were obtained by modification 

of the tyrosine amino acid from the CHARMM force field implemented in the NAMD code42,43 

with a charge set calculated using electrostatic potential fitting44 implemented in the density 

functional theory (DFT) code DMol3.45,46 The DFT calculations were conducted using a 

double numerical basis set with polarization functions and the PBE functional.47,48 The charge 

set and templates for the NAMD topology file are provided in the Supporting Information. The 

bond stretching, bending, and torsional parameters for the C–Br bond and associated angles 

and dihedrals were obtained from the structure and an estimate of the relative bond stretching 

force constant. Visual molecular dynamics (VMD) was used for visualization and generation 

of the figures.49 

 

8.2.7 Haloindole-Binding Studies 

 Adapted from previously published protocols,50 stock solutions of 2 mM 5-X-indole 

(X = F, Cl, Br and I) in MeOH were prepared. The UV–vis spectrophotometer was blanked 

with 10 μM ferric WT DHP B in 100 mM KPi (pH 7) containing 10% MeOH. Spectra were 

then acquired in the presence of 2.5, 5, 10, 25, 50, and 100 equiv of the indole substrates while 

maintaining both constant enzyme and MeOH concentrations. Analysis by nonlinear 

regression using the GraFit software package (Erithacus Software Ltd.) of the experiments 

performed in triplicate provided a calculated Amax, which was in turn used to calculate α for 
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the average ΔA for each indole concentration. A nonlinear regression plot provided the 

reported apparent Kd values. 

 

8.2.8 Studies with 5-Br-3-oxindole 

 250 μM 5-Br-3-acetoxyindole was incubated in the presence or absence of 10 μM ferric 

WT DHP B in 5% MeOH in 100 mM KPi at pH 7 (<1 min) in a quartz cuvette. Reactions were 

initiated by the addition of porcine liver esterase (LE, 45 U), and spectra collected at the times 

indicated. Anaerobic studies were initiated in the glovebox, the quartz cuvette was sealed from 

the atmosphere, and the spectra were obtained on the benchtop. 

 

8.2.9 O2-Consumption Studies 

 All experiments were performed in triplicate with a Fisher Scientific AR 60 dissolved 

oxygen Accumet BOD probe that was standardized in dH2O prior to use. Solutions of 5-Br-3-

acetoxyindole in methanol were freshly prepared prior to each experiment. Ten mg of liver 

esterase was dissolved in 500 mL of 100 mM KPi buffer and kept on ice. A 5 mL solution was 

made containing 10 μM ferric WT DHP B and 500 μM 5-Br-3-acetoxyindole in 5% MeOH in 

100 mM KPi buffer (pH 7), and the meter was stabilized in the solution. A 50 μL aliquot of 

porcine liver esterase (∼1 U/μL) was added to the 5 mL solution, and the final O2 concentration 

was measured after 6 min 
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8.3 Results 

8.3.1 DHP-Catalyzed Haloindole Reactivity with H2O2 

 The hydrogen peroxide-dependent oxidation of haloindoles as catalyzed by ferric WT 

DHP B at pH 7 was monitored by HPLC. Reactions were initiated upon addition of 500 μM 

H2O2 to a solution containing 10 μM enzyme and 500 μM indole, incubated at 25 °C for 5 min 

and then quenched with catalase. Reactivity was greatest with 5-Br-indole (Table 8.1), but 

overall a <1.5-fold difference in reactivity was observed as the position of the bromine 

substituent was varied (5-Br ≈ 7-Br > 4-Br > 6-Br). Indole itself also showed reactivity, albeit 

2-fold lower than 5-Br-indole. Reactivity across the halogen series of 5-X-indoles was also <2-

fold varied and was observed as follows: Br > Cl ≈ I > F ≈ H. These results suggest that neither 

the sterics nor the electronics of the substrate play a significant role in its conversion. No 

reactivity was observed when either DHP (non-enzymatic control) or peroxide (non-oxidant 

control) were excluded from the reaction. 

 The reactivity with 5-Br-indole was virtually identical for oxyferrous DHP B compared 

to the ferric enzyme, indicating that the reaction can be initiated from either the globin active 

(FeII– O2) or peroxidase-active (FeIII) states, a result that has been observed previously for 

TCP oxidation.16,20 The mutant DHP B(Y28F/Y38F), which forms Compound I rather than the 

Compound ES species observed in WT DHP B,17 was only 1.3-fold more reactive with 5-Br-

indole, which is approximately in line with the ratio of the catalytic efficiencies (kcat/Km) of 

these two enzymes for TCP oxidation (∼1.6).17 WT DHP B was also found to be ∼2.4-fold 

more reactive than WT DHP A, which is nearly identical to the ratio observed (2.6-fold) for 
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TCP oxidation.14 In the presence of 500 μM 4-bromophenol, a known inhibitor of TCP 

oxidation,40 a 2-fold attenuation in reactivity was observed for 5-Br-indole. 

 

Table 8.1. Enzyme-Catalyzed Reactivity of Haloindoles 

 
Reaction conditions: [haloindole] = [H2O2] = 500 μM, [enzyme] = 10 μM, 5% MeOH in 100 

mM KPi buffer at pH 7 (unless indicated), 25 °C, 5 min. b. n.d. = none detected. c. SOD = ∼2 

U/μL. 



 

 

178 

 Reactions performed in the presence of radical scavengers (DMSO, sodium formate, 

d-mannitol) and superoxide dismutase (SOD) all showed nearly equivalent 5-Br-indole 

reactivity when compared to the reaction run in their absence. No changes in product 

distribution were observed by HPLC (vide infra) in the presence of these radical scavengers. 

Reactions performed anaerobically under N2 showed no decrease in reactivity, consistent with 

previous studies of WT DHP B and TCP that demonstrated an O2-independent reaction 

pathway.14,16 Finally, studies performed with horseradish peroxidase (HRP) or horse heart 

myoglobin (Mb), the respective archetypes of the peroxidase and globin superfamilies, showed 

no reactivity with 5-Br-indole substrate. 

 

8.3.2 Identification of Reaction Products by HPLC 

 A representative HPLC trace at 242 nm is shown in Figure 8.2A for studies performed 

with 5-Br-indole.1 Products were identified by their characteristic retention time and electronic 

absorption spectrum as compared to authentic samples (Figure F1), by similarity to those of 

their respective unsubstituted analogue when the halogenated versions were not commercially 

available,36 and/or by mass spectrometry (vide infra). Two major products were identified: 5-

Br-2-oxindole (1c, 44%) and 5-Br-3-oxindolenine (1a, ∼47% as determined from mass 

balance). Minor products were also noted: the doubly oxygenated products 5-Br-2,3-

dioxindole (1b, 2.9%) and 5-Br-3-hydroxy-2-oxindole (1d, 3.7%), the pyrrole ring-opened 

product N-(4-Br-2-formylphenyl)formamide (1e, 0.6%), and the indigo derivative (E)-5,5′-

dibromo-[2,2′-biindolinylidene]-3,3′-dione (1f, ∼2%). 
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Figure 8.2. (A) HPLC chromatogram of the reaction of 5-Br-indole (500 μM) with DHP B (10 

μM) in the presence of H2O2 (500 μM) at 25 °C (5% MeOH in 100 mM KPi, pH 7). The 

reaction was quenched upon addition of catalase and subjected to HPLC analysis as described 

in the text. (B) Product distribution for the reaction described in panel A under variable [H2O2]. 
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8.3.3 Product Distribution as a Function of H2O2 Concentration 

 The distribution of products for studies performed with 5-Br-indole (500 μM) was 

monitored as a function of H2O2 concentration (Figure 8.2B). With one exception, the 

formation of all products was linear as a function of peroxide concentration up to 100 μM 

([indole] > [H2O2]), yet reached a plateau above 500 μM ([indole] < [H2O2]). The ratio of the 

products formed was nearly constant regardless of the H2O2 concentration employed (Table 

S1). The lack of further product formation under conditions of excess peroxide is in line with 

previous observations that DHP enters a peroxidase-attenuated state, Compound RH,8,13-15,17 

under conditions of low [substrate]. As the exception, 5-Br-2,3-dioxindole formed linearly 

throughout the tested H2O2 concentration range, suggesting a non-enzymatic process under 

conditions of excess peroxide. A similar H2O2 concentration-dependent product distribution 

profile was observed for studies performed with indole (Figure F2B, Table S1). 
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Figure 8.3. ESI-MS total ion chromatograms obtained for the reaction products 5-Br-2-

oxindole (A: H2
18O, H2

16O2; C: H2
16O, H2

18O2) and 5-Br-3-oxindolenine (B: H2
18O, H2

16O2; 

D: H2
16O, H2

18O2). Reaction conditions: [haloindole] = [H2O2] = 500 μM, [enzyme] = 10 μM, 

5% MeOH in 100 mM KPi (pH 7), 25 °C. 

 

 

8.3.4 Isotopically Labeled Oxygen Studies 

 As the observed reactivity was O2-independent (anaerobic study, Table 1), studies 

employing labeled H2
18O2 and H2

18O (90% and 98% oxygen atom enriched, respectively) were 

performed with 5-Br-indole and subsequently analyzed by LC-MS to determine the source of 

the oxygen atom incorporation. The background-subtracted total ion chromatograms (TICs) 

are shown in Figure 8.3. The isotopic distributions for the major products observed, 5-Br-2-

oxindole and 5-Br-3-oxindolenine, were determined using previously established methods.36,38 
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Products were identified by the respective m/z of the (M + H)+ ion and retention time as 

compared to available standards. In the absence of an 18O source, both 5-Br-2-oxindole (m/z: 

212, 99.2%; 214:100%) and 5-Br-3-oxindolenine (m/z: 210, 96.9%; 212:100%) exhibited 

masses with the expected ca. 1:1 isotopic distribution for bromine (Table S2). In the presence 

of H2
18O and unlabeled H2O2, neither product exhibited an increase in mass: 5-Br-2-oxindole 

(m/z: 212, 99.8%; 214, 100%; Figure 8.3A) and 5-Br-3-oxindolenine (m/z: 210, 100%; 212, 

99.4%; Figure 8.3B). The parent ions also exhibited their expected ∼1:1 relative abundance, 

and thus solvent water was ruled out as the source of the oxygen atom incorporated. These 

same experiments employing H2
18O2 and unlabeled H2

18O showed a clear increase to higher 

mass for both products by 2 Da: 5-Br-2-oxindole (m/z: 212, 6.1%; 214, 100%; 216, 75.8%; 

Figure 8.3C) and 5-Br-3-oxindolenine (m/z: 210, 4.7%; 212, 100%; 214, 89.5; Figure 8.3D). 

The results showed a 97+% 18O enrichment (normalized), providing unequivocal evidence that 

the oxygen atom was derived from H2O2. The minor dioxygenated products were of too low 

concentration to be observed, and their origins were not pursued further at the time. 

 In studies with indole (m/z: 134, 100%; Table S2), the oxygen incorporated into the 

respective 2-oxindole product was derived from H2
18O2 (m/z: 134, 10.1%; 136, 100%; ∼100% 

normalized 18O enrichment) and not from H2
18O (m/z: 134, 100%; 136, 0.8%), consistent with 

the results from above for 5-Br-indole. However, the results for the 3-oxindolenine product 

showed some scrambling of the label. Experiments run in H2
18O2 and unlabeled water 

exhibited 51.8% 18O enrichment (normalized), whereas those run with H2
18O and unlabeled 

water yielded minimal label incorporation (5.5%). Reactions performed with both H2
18O2 and 

H2
18O showed 60.1% 18O enrichment. The reasons for why the 18O enrichment for 5-Br-3-
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oxindolenine was nearly quantitative versus ∼50% for 3-oxindolenine for experiments 

performed under identical reaction conditions and work-up times remain unclear. 

 

 

Figure 8.4. (A) Resonance Raman spectra of 5-X-indole (500 μM; X = F, Cl, Br, I) complexes 

of DHP B (50 μM) in 10% MeOH/100 mM KPi (v/v) at pH 7. (B) Geometry optimized 

structure for 5-Br-indole. The 5-bromoindole model was obtained by replacement of 4-

bromophenol in the PDB 3LB2 structure.40 In this model, the bromine atom is located in the 

Xe binding site41 as observed in the 4-bromophenol structure. (C) Geometry optimized 

structure for 7-Br-indole. The native substrate 2,4,6-tribromophenol (2,4,6-TBP) in the 

structure PDB 4HF639 was substituted with 7-bromoindole. Since diatomic O2 was observed 

bound to the heme Fe in that structure, the bound O2 was preserved in this model. 

 

 

 

http://www.rcsb.org/pdb/search/structidSearch.do?structureId=3LB2
http://www.rcsb.org/pdb/search/structidSearch.do?structureId=4HF6
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8.3.5 Resonance Raman Studies 

 Resonance Raman spectra were collected of ferric WT DHP B in the presence of 10 

equiv haloindoles in 10% MeOH/100 mM KPi (v/v) at pH 7. Compared to aqueous buffer, 

there is a significant increase in the 6-coordinated high spin (6cHS) heme Fe in 10% MeOH 

buffer solution. The red spectrum in Figure 8.4A shows that the heme Fe is nearly 100% 6cHS 

with H2O bound to the heme Fe, while in aqueous solution there is a mixture of 5-coordinated 

high spin (5cHS) and 6cHS metaquo heme as observed in previous work.40 Presumably, this 

arises from a destabilization of the distal histidine (His55) in the solvent exposed (or “open”) 

conformation in the 10% MeOH buffer solution. The fact that His55 appears to favor the 

internal or “closed” conformation means that the contrast shown in Figure 8.4A between free 

DHP (no added indole substrate) and the various indole substrates is larger than observed in 

previous work in aqueous solution. 

 Neither indole nor bromoindoles (4-, 6-, or 7-Br) caused a significant perturbation in 

the high-frequency region (Figure F3) when compared to the DHP only sample. However, 5-

Br-indole exhibited an increase in the core size marker bands (ν3 = 1494 cm–1; ν2 = 1569 cm–

1; ν10 = 1630 cm–1) attributed to 5cHS heme and a decrease in those for 6cHS heme (ν3 = 1477 

cm–1; ν2 = 1563 cm–1). As such, the spectra for the 5-substituted halogen series were 

investigated (Figure 8.4A). A decrease in the modes assigned to the 6cHS heme population 

and an increase in those for 5cHS heme that follows the halogen series (I > Br > Cl > F) was 

observed. 

 Similar observations for halophenols have been noted,40,51  where their binding to DHP 

has been shown to perturb the relative population of 5cHS vs 6cHS high spin ferric heme. 
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Specifically, 4-halophenols, known inhibitors of DHP,40 bind in the distal pocket, displacing 

the distal histidine (His55) into an “open” or solvent exposed confirmation. This limits the 

availability of His55 to stabilize an iron-bound water ligand through hydrogen bonding, thus 

shifting the relative population from primarily 6cHS heme to predominantly 5cHS heme, with 

the magnitude of the shift correlating with the size of the halogen atom.40,51 We envision a 

similar process occurring here with 5-haloindoles, where their binding to the active site of DHP 

results in the displacement of the distal histidine, loss of the water ligand, and increase in the 

5cHS heme population. As shown in Figure 8.4B, the geometry optimized structure for 5-Br-

indole binding to DHP B, where the indole occupies the space right above the heme iron (i.e., 

the monohalophenol inhibitor site), is consistent with this hypothesis. By contrast, the 

geometry optimized structure shown in Figure 8.4C shows that the DHP B active site can 

accommodate a 6cHS heme when 7-Br-indole is bound off of the α-edge of the heme (i.e., the 

trihalophenol substrate site). These calculations show that 5-bromo- and 7-bromoindole fit in 

the inhibitor and substrate binding sites, respectively, consistent with the results from the 

resonance Raman spectroscopic studies. 

 

8.3.6 5-Haloindole Binding Studies 

 The electronic absorption spectra of ferric DHP B in the presence of 50 equiv 5-Br-

indole [402 (Soret), 508, 540 (sh), 585, 635 nm] and alone [407 (Soret), 507, 540 (sh), 635 

nm] were recorded in 100 mM KPi (pH 7) containing 10% MeOH (v/v) (Figure F4). Using the 

observed hypochromicity and hypsochromic shift of the Soret band upon 5-Br-indole binding, 

optical difference spectra were recorded per literature protocol as a function of substrate 
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concentration (2.5–100 equiv; Figure F5).50 Analysis by nonlinear regression provided a 

calculated Amax of 0.51, which was in turn used to calculate α for the average ΔA for each [5-

Br-indole]. A second nonlinear regression plot provided an apparent dissociation constant (Kd) 

of 150 ± 10 μM. Similarly, the Kd values were experimentally determined for the other 5-

substituted halogens (5-Cl-indole: 317 ± 23 μM; 5-I-indole: 62 ± 10 μM). No significant 

changes in the optical difference spectra were observed for 5-F-indole even at the highest 

concentrations tested, and as such its binding affinity was suggested to be weaker than 5-Cl-

indole. Overall, a trend in Kd was observed of increasing binding affinity as the size of the 

halogen atom was increased: F < Cl < Br < I. For the latter three indoles whose Kd values were 

experimentally determined, all exhibited higher affinity for DHP than 4-bromophenol (Kd ∼ 

1.2 mM),40 a known inhibitor of the enzyme. 

 

8.3.7 Stopped-Flow Studies with Ferric DHP B 

 Double-mixing stopped-flow UV–vis spectroscopic methods were used to investigate 

the reaction of 5-Br-indole with H2O2-activated DHP, preformed either as Compound ES (WT 

DHP) or Compound I [DHP B(Y28F/Y38F)]. Ferric WT DHP B (10 μM) was reacted with 10 

mol equiv of H2O2 at pH 7, incubated for 350 ms to allow for the maximum accumulation of 

Compound ES,14 and subsequently mixed with 10, 25, or 50 equiv of 5-Br-indole. When 

reacted with 10 equiv substrate (Figure 8.5), the preformed Compound ES [UV–vis: 418 

(Soret), 545, 583 nm] was rapidly reduced [kobs = (2.54 ± 0.05) × 105 M–1 s–1] to a species 

whose spectral features we attribute to substrate- (or possibly product-) bound ferric DHP B 

[406 (Soret), 508, 540 (sh), and 633 nm] (see Figure F4 for comparison). For substrate 
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concentrations ≥25 equiv 5-Br-indole, no Compound ES was observed. Rather, it was rapidly 

reduced within the mixing time of the stopped-flow apparatus (<2.5 ms), and only the ferric 

enzyme was observed initially. For all substrate concentrations examined, the ferric enzyme 

was found to convert to a species [418 (Soret), 544, 577, 590 (sh) nm] that is similar, but not 

identical, to Compound ES/II (these two species being indistinguishable by optical 

spectroscopy for DHP16,17) and is described as indole-derived ferryl DHP (vide infra). This 

was likely attributable to the reaction of the initially produced ferric enzyme with the excess 

H2O2 employed in this study. At longer observation times, a new species [414 (Soret), 540, 

577 nm; kobs = (1.39 ± 0.08) × 10–2 s–1] was noted whose spectral features matched those of 

a mixture of oxyferrous DHP B and the ferric enzyme.14,16 Under these conditions of excess 

substrate, Compound RH, the stable form of DHP that forms from H2O2 activation in the 

absence of substrate, was not observed. 
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Figure 8.5. Kinetic data obtained by optical spectroscopy for the reaction of preformed 

Compound ES with 5-Br-indole. (A) Stopped-flow UV–vis spectra of the double-mixing 

reaction of preformed DHP B Compound ES (10 μM), itself formed in an initial mixing step 

from ferric DHP reacted with a 10-fold excess of H2O2 in an aging line for 350 ms, with a 10-

fold excess of 5-Br-indole at pH 7.0 (800 scans over 83 s). Inset: The single wavelength (418 

nm) dependence on time obtained from the raw spectra and its fit with a superposition of the 

calculated spectral components. (B) Calculated spectra of the four reaction components 

derived from the SVD analysis: Compound ES (black), ferric DHP B in the presence of excess 

5-Br-indole (blue), ferryl DHP in the presence of 5-Br-indole (red), and a mixture of 

oxyferrous and ferric DHP B (purple). (C) Time dependences of the relative concentrations for 

the four components shown in the middle panel as determined from the fitting of the spectra 

in the top panel. 
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 The 5-Br-indole reactivity studies performed with preformed Compound I using DHP 

B(Y28F/Y38F) were qualitatively the same as those reported above for preformed Compound 

ES using WT DHP B (Figure F6) with the exception that no activated enzyme (i.e., preformed 

Compound I [406 (Soret), 528, and 645 nm])17 was observed. Rather, substrate- (or possibly 

product-) bound ferric DHP B(Y28F/Y38F) [401 (Soret), 508, 540 (sh) nm] was the first 

spectrum recorded, and a conversion to oxyferrous DHP B(Y28F/Y38F) [415 (Soret), 542, 578 

nm] was noted after 697 or 120 s for reactions performed with 10 or 50 equiv 5-Br-indole, 

respectively. 

 The main observations from these studies employing ferric DHP B were (i) both 

Compound ES and Compound I were rapidly reduced by 5-Br-indole to the ferric enzyme, and 

(ii) ferric DHP was further reduced to oxyferrous DHP. Reduction of ferric DHP to the 

oxyferrous form has been previously observed with dichloroquinone,13,14,16 the product of 

trichlorophenol oxidative dehalogenation by DHP, which suggested that a reaction product 

related to the 5-Br-indole reactivity described above may have led to a similar product-driven 

reduction chemistry being observed. 

 

8.3.8 Stopped-Flow Studies with Oxyferrous DHP B 

 As previously reported, oxyferrous DHP is only activated toward reactivity with H2O2 

(forming Compound II)16 in the presence of 1 equiv TCP substrate.16,20 In the absence of 

substrate, a slight bleaching of the Soret band and/or long time scale conversion to Compound 

RH have been noted, but no fast time scale reactive intermediates were observed. Such 

substrate-dependent activation of DHP was investigated here with indole substrates using 
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stopped-flow methods. Upon rapid mixing of a solution of oxyferrous DHP B preincubated 

with 2.5 equiv of 5-Br-indole with 5 equiv of H2O2, substantial spectral changes were observed 

(Figure 8.6). The oxyferrous form converted to a species whose spectral features [420 (Soret), 

544, 584 nm; kobs = (3.30 ± 0.01) × 10–2 s–1] matched those of Compound II formed from our 

previous identification of this species when employing TCP as the substrate.16 However, when 

higher equivalents of indole were employed, the intermediate observed had spectral features 

that were similar [420 (Soret), 545, 578, 584 (sh) nm] (data not shown; vide infra), but not 

identical, to authentic TCP-derived Compound II. We surmise that the presence of the indole 

in the active site led to these minor spectral differences. The indole-derived Compound II 

species was found to convert at longer times to the ferric enzyme. Overall, 5-Br-indole was 

found to activate oxyferrous DHP toward reactivity with H2O2 via a Compound II intermediate. 
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Figure 8.6. Kinetic data obtained by optical spectroscopy for the reaction of oxyferrous DHP 

B with 5-Br-indole and hydrogen peroxide. (A) Stopped-flow UV–vis spectra of the single-

mixing reaction between oxyferrous DHP B (10 μM) preincubated with 2.5 equiv 5-Br-indole 

and a 5-fold excess of H2O2 at pH 7.0 (800 scans over 83 s). Inset: The single wavelength (418 

nm) dependence on time obtained from the raw spectra and its fit with a superposition of the 

calculated spectral components. (B) Calculated spectra of the three reaction components 

derived from the SVD analysis: oxyferrous DHP B (black), a mixture of oxyferrous DHP with 

5-Br-indole (blue), and DHP B Compound II (red). (C) Time dependences of the relative 

concentrations for the three components shown in the middle panel as determined from the 

fitting of the spectra in the top panel. 

 



 

 

192 

 

Figure 8.7. Kinetic data obtained by optical spectroscopy for the reaction of preformed DHP 

B Compound II with 5-Br-indole. (A) Stopped-flow UV–vis spectra of the double-mixing 

reaction between preformed DHP B Compound II (10 μM) and 25 equiv 5-Br-indole at pH 8.0 

(800 scans over 83 s). DHP B Compound II was itself formed from an initial reaction between 

oxyferrous DHP B preincubated with 1 equiv trichlorophenol and 10 equiv H2O2 and reacted 

for 85 s prior to the second mix with 5-Br-indole. (B) Experimentally obtained spectra for 

Compound II derived from TCP (black, t = 2.5 ms), and Compound II observed in the presence 

of 5-Br-indole (t = 30 s). 

 



 

 

193 

 To further investigate the reactivity of DHP B Compound II, sequential double-mixing 

stopped-flow studies were employed to monitor the reaction of preformed Compound II with 

5-Br-indole substrate. Oxyferrous DHP B containing 1 equiv TCP was reacted with 10 mol 

equiv of H2O2 at pH 8, incubated for 85 s to allow for the maximum accumulation of 

Compound II [420 (Soret), 545, 584 nm],16 and subsequently mixed with an additional 10 equiv 

(Figure F7) or 25 equiv (Figure 8.7) of 5-Br-indole. Conversion of the Compound II spectrum 

from the one in the absence of indole to the one observed in the presence of indole [420 (Soret), 

545, 578, 584 (sh) nm] was noted in all cases. The disappearance of indole-derived Compound 

II and the formation of the ferric enzyme were linearly dependent on the concentration of 5-

Br-indole cosubstrate, yielding a bimolecular rate constant of (8.15 ± 0.26) × 102 M–1 s–1. At 

concentrations of 5-Br-indole above 25 equiv, the ferric form of the enzyme was further found 

to partially convert to oxyferrous DHP (data not shown) as noted above for other experiments 

with this substrate 

http://pubs.acs.org.prox.lib.ncsu.edu/doi/full/10.1021/ja500293c#notes-1
http://pubs.acs.org.prox.lib.ncsu.edu/doi/full/10.1021/ja500293c#fig7
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Figure 8.8. (A) UV–vis spectra obtained under anaerobic conditions of 5-Br-3-oxindole after 

addition of liver esterase to a solution of 5-Br-3-acetoxyindole (∼250 μM) in 5% MeOH in 

100 mM KPi (pH 7) scanned at times indicated (aerobic). Inset: Spectral region showing 

minimal 5,5′-Br2-indigo formation. (B) UV–vis spectra obtained under aerobic conditions of 

5-Br-3-acetoxyindole (∼250 μM) and ferric DHP B (10 μM) in 5% MeOH in 100 mM KPi 

(pH 7) prior to (black spectrum) and 0–5 min after the addition of liver esterase. (C) UV–vis 

spectra obtained under anaerobic conditions of 5-Br-3-oxindole (∼250 μM) and ferric DHP B 

(10 μM) from 3 to 12 min after the addition of liver esterase. Inset: Spectral region showing 

5,5′-Br2-indigo formation. 
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8.3.9 Reactivity Studies of 5-Br-3-oxindole 

 The primary products of 5-Br-indole reactivity, identified to be 5-bromo-2-oxindole 

and 5-bromo-3-oxindolenine (vide supra), were investigated as the putative reductants that led 

to the observed formation of oxyferrous DHP in the above stopped-flow studies. 5-Br-2-

oxindole, unreactive in the HPLC studies above as a substrate, was unable to reduce ferric 

DHP B even at 100 equiv (data not shown). Thus, our attention focused on 5-bromo-3-

oxindole, the precursor of 5-bromo-3-oxindolenine, as a potential reductant. 

 In the absence of DHP, UV–vis spectroscopic monitoring of a 250 μM solution of 5-

Br-3-oxindole (λmax = 383 nm), formed in situ from the hydrolysis of 5-bromo-3-

acetoxyindole by porcine liver esterase (LE, 45 U), under aerobic conditions showed only a 

trace of 5,5′-Br2-indigo formation (λmax = 289 and 640 nm; Figure 8.8A) after 5 min, likely 

attributable to the known (non-enzymatic) oxidation of 3-oxindole and derivatives by O2.
52 In 

the presence of DHP, however, the first spectrum obtained after addition of LE (∼3 s) showed 

new features [415 (Soret), 543, 577 nm] that closely resembled those of oxyferrous DHP B 

with a minor component of ferric enzyme present, indicative of DHP reduction by 5-Br-3-

oxindole and subsequent binding of O2 under aerobic conditions (Figure 8.8B). New spectral 

features at 289, 370, and 659 nm, corresponding to the formation of 5,5′-Br2-indigo, were also 

noted. Full formation of oxyferrous DHP B [418 (Soret), 543, 577 nm] was seen after 2 min, 

however the reaction proceeded to generate 5,5′-Br2-indigo throughout the entire 5 min 

observation period. Using the molar absorptivity coefficient of indigo (22 140 M–1 cm–1)53 for 

5,5′-Br2-indigo, we estimate the latter’s concentration after 5 min to be ∼31 μM, or 45-fold 

greater, when formed in the presence of DHP versus the absence of enzyme. As a control, the 



 

 

196 

absorption spectrum of 10 μM ferric DHP [407 (Soret), 508 nm] incubated with 250 μM 5-Br-

3-acetoxyindole (λmax = 280 nm) exhibited no spectral changes (data not shown). 

 

 

Figure 8.9. Kinetic data obtained by optical spectroscopy for the reaction of ferric DHP B with 

5-Br-3-oxindole. (A) Stopped-flow UV–vis spectra of the double-mixing reaction of ferric 

DHP B (10 μM) with a 25-fold excess of 5-Br-3-oxindole at pH 7.0 (800 scans over 83 s). 5-

Br-3-oxindole was itself formed from an initial reaction between 5-Br-3-acetoxyindole and 

liver esterase in an aging line prior to the second mix with ferric DHP B. (B) Experimentally 

obtained spectra for ferric DHP B (black, t = 2.5 ms), oxyferrous DHP B (blue, t = 8 s), and a 

mixture of oxyferrous DHP B and 5,5′-Br2-indigo (red, t = 83 s). 
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 When the above enzymatic reaction was repeated under anaerobic conditions, the first 

spectrum obtained after addition of LE in a glovebox and subsequent removal to the 

spectrophotometer (∼3 min) in a sealed cuvette showed new features [426 (Soret), 558 nm] 

that closely matched those of ferrous DHP B,(17) suggesting reduction of the ferric enzyme 

by 5-Br-3-oxindole (Figure 8.8C). 5,5′-Br2-indigo formation (λmax = 659 nm) was also 

observed. No other significant changes in the spectral features were observed at longer times. 

The concentration of 5,5′-Br2-indigo was estimated to be ∼8 μM, or nearly stoichiometric with 

respect to the enzyme concentration, under anaerobic conditions after 10 min. Overall, nearly 

4-fold greater 5,5′-Br2-indigo formation was observed under aerobic (31 μM) versus anaerobic 

(8 μM) conditions when DHP was present, both of which were higher than the non-enzymatic 

aerobic control (0.7 μM). 

O2-Consumption Studies 

 The reaction of 5-Br-3-oxindole (500 μM), formed in situ from the hydrolysis of 5-

bromo-3-acetoxyindole by liver esterase (LE, 45 U), with ferric WT DHP B (10 μM) at pH 7 

was monitored for O2-consumption using a dissolved oxygen probe. Prior to the addition of 

LE, the oxygen concentration was determined to be 17.49 ± 0.20 mg/L (547 ± 6 μM) at room 

temperature. After 5 min from the addition of LE, the [O2] was 10.12 ± 0.84 mg/L (316 ± 26 

μM) yielding a Δ[O2] of 7.37 ± 0.86 mg/L. The non-enzymatic control exhibited Δ[O2] of 1.71 

± 0.51 mg/L after 5 min. 
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8.3.10 Stopped-Flow Studies with 5-Br-3-oxindole 

 Single-mixing stopped-flow UV–vis spectroscopic methods were used to investigate 

the reaction of 25 equiv 5-Br-3-oxindole with 10 μM ferric WT DHP B (Figure 8.9). Upon 

their rapid mixing, oxyferrous DHP B [417 (Soret), 543, 578 nm] formation was observed after 

8 s, in line with the reactivity studies of 5-Br-3-oxindole described above. At longer 

observation times, the features related to oxyferrous DHP remained, whereas a new, broad 

feature ∼600 nm, suggestive of 5,5′-Br2-indigo, was also observed to form. When repeated 

with oxyferrous DHP B (Figure F8), the spectral features of the enzyme were unchanged as 

oxyferrous and 5,5′-Br2-indigo formed at the same rate (kobs = 0.021 ± 0.001 s–1) as was 

previously observed when starting with the ferric enzyme. These results suggested that the 

reactivity with 5-Br-3-oxindole yielding 5,5′-Br2-indigo could be initiated from either the 

ferric or oxyferrous states. Under these conditions, no Compound RH was observed. 

 Double-mixing stopped-flow methods were also used to investigate the reaction of 5-

Br-3-oxindole with preformed Compound ES (Figure F9). Ferric WT DHP B (10 μM) was 

reacted with 5 mol equiv of H2O2 at pH 7, incubated for 350 ms to allow for the maximum 

accumulation of Compound ES,14 and subsequently mixed with 25 equiv of 5-Br-3-oxindole. 

After 8 s, Compound ES [UV–vis: 417 (Soret), 545, 590 nm] was converted to a species whose 

spectral features we attribute to oxyferrous DHP B [417 (Soret), 543, 578 nm]. At longer 

observation times, the spectral features of oxyferrous DHP persisted, while significant 5,5′-

Br2-indigo formation was also noted after 83 s. No Compound RH was observed. 
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8.4 Discussion 

 The activity studies presented herein demonstrated that dehaloperoxidase was able to 

catalyze the conversion of haloindoles, a previously unreported class of substrate for DHP that 

is likely physiologically relevant given their production by infaunal organisms that coinhabit 

the benthic ecosystems within which A. ornata resides.28,29 Activity was observed for all 

monohaloindoles studied, regardless of the type of halogen or its position on the six-membered 

ring; however, tryptophan itself was not found to be a substrate. Isotope labeling studies 

showed that the oxygen atom incorporated into the major (monooxygenated) products was 

derived exclusively from hydrogen peroxide, analogous to the “peroxide-shunt” of cytochrome 

P450s and indoleamine 2,3-dioxygenase.2,34-36 In line with a peroxygenase mechanism, 

substrate reactivity readily proceeded under anaerobic conditions as well as in the presence of 

superoxide dismutase and radical quenchers. Such peroxygenase chemistry had been 

previously unreported for dehaloperoxidase with any substrate. 

 Activation of most ferric heme proteins by H2O2 generally leads to Compound I 

formation, the Fe(IV)-oxo porphyrin π-cation radical species that is two electrons oxidized 

compared to the resting enzyme and has been implicated as the principal reactive species in 

peroxidases,54 P450s,34,35 and other hemoproteins.55,56  By contrast, ferric WT DHP forms 

Compound ES, a species that like Compound I is also two-electrons oxidized above resting, 

yet whose second oxidizing equivalent resides on an amino acid (tyrosyl radical) rather than 

on the porphyrin ring.13,14,17 Our results show that DHP Compound I and Compound ES are 

both capable of reacting with haloindoles, with both being rapidly reduced back to the ferric 

state (<200 ms for Compound ES, <2.5 ms for Compound I). By comparison, the reaction of 
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preformed WT DHP Compound ES with TCP substrate under similar conditions also reforms 

the ferric enzyme but is ∼102–104-fold slower (18.5 s).13,14 

 While no mechanistic insight was derived from the stopped-flow studies for the 

reduction of the ferryl species given the apparent time scale of these reactions, a secondary 

reaction was noted. Namely, the reduction of the ferric enzyme and formation of oxyferrous 

DHP were observed. Two lines of evidence suggested a product-driven reduction of ferric 

DHP: first, we have previously observed for ferric DHP that its reaction with H2O2 and TCP 

ultimately regenerates the oxyferrous enzyme and that separately the product of that reaction, 

dichloroquinone, is capable of reducing ferric DHP to the oxyferrous state.13,14,16 While the 

details of that reaction remain poorly understood, we proposed that the unusually high redox 

potential of DHP (206 ± 6 mV)14,16 helped facilitate the reduction of the enzyme by the reaction 

products after the initial peroxidase activity was completed.8 Second, Mauk and co-workers 

recently described the reduction of ferric IDO to ferrous IDO by 3-oxindole that was itself 

generated as a product during the oxidation of indole by ferric IDO and H2O2.
36 It was these 

two precedents of product-driven reduction of a heme protein that provided the motivation to 

explore if 5-Br-3-oxindole was able to reduce ferric DHP, which was, in fact, observed to be 

the case. 

 On the basis of the results obtained above, and through modification of the previously 

established mechanisms for peroxygenases,2,34-36 we propose the following catalytic cycle for 

the in vitro hydrogen peroxide-dependent oxidation of haloindoles by ferric DHP from A. 

ornata (Scheme 1): ferric DHP reacts with 1 equiv H2O2, forming either Compound I (step i) 

or Compound ES (step iii). The reaction of either of these two ferryl species with haloindole 
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leads to the regeneration of the ferric enzyme (steps ii and iv for Compounds I and ES, 

respectively), with incorporation of the oxygen atom into indole yielding either 5-Br-2-

oxindole or 5-Br-3-oxindole. The latter subsequently reacts with the ferric enzyme, leading to 

oxyferrous DHP formation (v) and the observed 5-Br-3-oxindolenine product. The initial step 

of substrate reactivity can likely be viewed as hydrogen atom abstraction to yield an indolyl 

substrate radical57,58 and an Fe(IV)–OH that subsequently undergoes oxygen rebound to 

generate indoxyl/oxindole; however, we cannot rule out other possible mechanisms for oxygen 

atom insertion into an arene,59 including indole epoxidation via an electrophilic ferryl species. 

 Alternatively, we have previously proposed that, although counter to monofunctional 

peroxidase conventions, a bifunctional peroxidase-hemoglobin such as DHP may be able to 

initiate a peroxidase catalytic cycle from the globin-active oxferrous, and not ferric, state.8 

Oxyferrous DHP reacts with 1 equiv H2O2 in the presence of haloindole substrate forming 

Compound II (step vi), analogous to this substrate-dependent activation that has been observed 

previously with TCP.16 At this point, two possibilities must be considered. The first is that 

oxindole formation occurs upon transfer of the oxygen atom from Compound II, regenerating 

ferrous DHP which can rebind O2 under aerobic conditions (not shown). In this pathway, the 

two-electron chemistry (Fe2+/Compound II) is occurring in a similar fashion as in the pathway 

initiated from the ferric state (Fe3+/Compound I or ES). Our results, however, suggest that this 

pathway does not occur as Compound II reduction clearly yielded the ferric enzyme. The 

second possibility is that an initial one-electron process occurs where the enzyme is reduced 

from Compound II to the ferric state by haloindole (step vii) and that the subsequent reactivity 

proceeds as described above for a typical peroxidase. Overall, however, it is clear that 
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peroxygenase chemistry can be initiated from the globin-active oxyferrous state and that the 

3-oxindole reactivity leads back to this state as well. 

 

 

Scheme 1. Proposed Peroxygenase Cycle for Ferric and Oxyferrous Dehaloperoxidase B 

 

 The oxygen atom transfer chemistry strongly suggests that the haloindole substrate 

must be in close proximity to the active ferryl intermediate to form the observed products. The 

results of the haloindole resonance Raman study can be interpreted in light of the two known 

halophenol binding sites. The addition of 5-X-indole (X = I, Br, Cl) to DHP led to an observed 

increase in the 5cHS heme population. This is reminiscent of monohalophenol binding, which 

has been shown to bind in the distal pocket above the heme, and forces the distal histidine to a 

solvent exposed conformation.10,40,51,60,61 This ultimately leads to the loss of the iron-bound 

water ligand and an increase in the 5cHS heme population. We suggest a similar binding 



 

 

203 

location for the 5-haloindoles, as denoted in Figure 8.4B. By contrast, none of the other 

bromoindoles (4-, 6-, or 7-) led to changes in the resonance Raman spectrum. We interpret this 

result to suggest that these substrates bind elsewhere in the distal cavity, possibly in the recently 

identified tribromophenol binding site that is located in the pocket above the α-edge of the 

heme (Figure 8.4C).39,62 Tribromophenol binding to DHP also does not perturb the resonance 

Raman spectrum of the ferric enzyme.14 Given that two binding sites may be present, structural 

studies may play an important role in deducing whether concerted or nonconcerted (radical) 

mechanisms form the basis for the observed peroxygenase activity in DHP. 

 Indole oxidation chemistry has been reported previously: HRP is reactive toward both 

indole and derivatives (including 5-Br-3-indole acetic acid) via a peroxidase mechanism,57,63 

and a recent report has shown that engineered myoglobin is able to catalyze the oxidation of 

indole to form indigo blue.64 Under the conditions examined here, however, neither of these 

native monofunctional archetypes of the peroxidase and globin families, respectively, were 

reactive toward 5-Br-indole, a result that highlights the unique reactivity of the 

dehaloperoxidase-hemoglobin system. Indoleamine 2,3-dioxygenase has also been shown to 

catalyze the oxidation of indole via a peroxygenase mechanism, however the product 

distribution is different.36 Notably, the major products of indole oxidation with IDO are 2- and 

3-oxindole in a ∼3:1 ratio when [indole] > [H2O2], vs an ∼1:1 ratio of 2-oxindole and 3-

oxindolenine for DHP. We surmise that the peroxidase activity of DHP led to the oxidation of 

3-oxindole to yield the observed 3-oxindolenine product. Further, unlike IDO that was found 

to be reactive with both 2- and 3-oxindole, DHP exhibited no reactivity toward 5-Br-2-

oxindole, a result that suggests that the minor dioxygented products observed must be derived 
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exclusively from the 5-Br-3-oxindole pathway, and likely in a similar fashion that has been 

reported for P450s.59,65 Other minor differences between these two enzymes in the product 

distribution of the dioxygenated products are also evident, but the secondary reactions that led 

to them in DHP were not further explored. 

 The investigation of 5-Br-3-oxindole as the reducing agent that led to oxyferrous DHP 

formation also revealed an unexpected activity for DHP: not only did the aerobic reaction of 

ferric DHP with 5-Br-3-oxindole (in situ generated) immediately form oxyferrous DHP but 

also gave 5,5′-Br2-indigo in an amount that exceeded the predicted reaction stoichiometry. 

Under anaerobic conditions, the yield of 5,5′-Br2-indigo was near stoichiometric with respect 

to the enzyme concentration, showing that excess O2 was obligatory for the catalytic generation 

of the indigo species by DHP. The non-enzymatic, aerobic oxidation of 5-Br-3-oxindole only 

produced a trace of 5,5′-Br2-indigo over the same time scale, showing that DHP was also 

obligatory for the catalytic generation of the indigo species. Moreover, O2 consumption studies 

showed a significant decrease in dissolved oxygen concentration beyond that exhibited by the 

background (non-enzymatic) reaction, providing confirmatory evidence that the reaction was 

indeed consuming molecular oxygen. Taken together, the requirements for both dioxygen and 

DHP in the catalytic formation of 5,5′-Br2-indigo from the respective oxindole demonstrated 

an apparent oxidase activity of dehaloperoxidase-hemoglobin. As to the mechanism of the 

oxidase activity, based upon these initial observations we propose that, in analogy with the 

cytochrome P450 catalytic cycle, the one-electron reduction of oxyferrous DHP by 5-Br-3-

oxindole yields a ferric-peroxo (Compound 0) intermediate that undergoes O–O bond cleavage 

to yield Compound ES. The reaction of Compound ES with 5-Br-3-oxindole, as supported by 
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the stopped-flow UV–vis spectroscopic studies, leads to the formation of oxyferrous DHP, 

likely through a ferric intermediate that is reduced (as above) to the ferrous enzyme and 

subsequently binds dioxygen, thereby enabling the next round of the oxidase catalytic cycle. 

 

8.5 Conclusions 

 In summary, DHP has now been shown to possess peroxygenase and oxidase activities 

in addition to its previously identified O2-binding and peroxidase functions. What appears to 

control for each activity is a complex set of parameters that depends, in part, on the nature of 

the substrate as well as the dual identity of DHP as both an enzyme and a globin: (i) the 

relatively high redox potential and protein fold of DHP, hallmarks of the globin family that 

impart reversible O2-binding, also lead to its ease of reduction by 3-oxidole, thereby leading 

to DHP oxidase activity; (ii) an active site pocket capable of halophenol and haloindole 

binding, unnecessary for an O2 transport globin, supports both peroxidase and peroxygenase 

activities, respectively; (iii) a highly flexible distal histidine ligand capable of both stabilizing 

bound O2 and serving as a general acid/base catalyst; and (iv) a sterically hindered substrate in 

2,4,6-tribromophenol is a DHP peroxidase substrate, whereas the unhindered (at the C2 and 

C3 positions) haloindole is susceptible to DHP peroxygenase activity, possibly due to the 

ability of the ferryl intermediate to perform an electrophilic attack on the latter. Other factors, 

such as the reactivity of Compound I vs Compound ES, the redox potential of the substrate or 

its pKa, likely are important determinants of enzymatic activity as well. 

 The diverse range of functions exhibited by DHP highlights the versatility of this heme 

protein. The trade-off in being a more versatile enzyme is that DHP exhibits catalytic 
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efficiencies below its monofunctional counterparts, albeit far greater than what is noted as side 

reactivity in other systems. This increased versatility at the expense of high catalytic efficiency 

is possibly attributable to the nature of the DHP active site in that it lacks the additional 

structural features normally observed in more specialized systems that tune the protein toward 

one specific discrete function. Thus, DHP provides a platform for probing in detail how nature 

evolved structure–function relationships in ancestral multifunctional systems of competent 

catalytic activity from lower organisms to achieve the complexity necessary for specialization 

of function and increased activity observed in the monofunctional systems of higher organisms. 

 

8.6 Supporting Information 

 UV–vis spectra of 1a–1f and 2a–2f, reactivity studies of DHP with indole and product 

distribution tables, resonance Raman spectra of indole and 4-, 5-, 6-, and 7-Br-indole with DHP 

B, optical difference spectra and titration curves of 5-X-indole binding to DHP B, additional 

kinetic data and stopped-flow studies of DHP B with 5-Br-indole and 5-Br-3-oxindole, mass 

spectrometric analyses of isotope labeling studies, and the charge set and templates for the 

NAMD topology file. This material can be found in Appendix F and is available free of charge 
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APPENDIX A 

 

Supplemental Information to this Dissertation 

 

A.1 Materials and Methods 

 The below are general materials and methods used for all work presented. 

Information specific to only parts of this dissertation are listed in their respective chapters. 

 

A.1.1 Chemicals 

All chemicals were purchased from Sigma-Aldrich (St. Louis, MO) and used as 

received, unless otherwise specified. M-ENK, L-ENK, and neurotensin were obtained as 

acetate salts from LKT Laboratories (St. Paul, MN). Electrochemical experiments were carried 

out in phosphate buffered saline (0.1 M PBS) or Tris buffer (15 mM Tris, 3.25 mM KCl, 1.20 

mM CaCl2, 1.2 mM MgCl2, 2 mM Na2SO4, 1.25 mM NaH2PO4, 145 mM NaCl), both at 

physiological pH 7.4. Brain slice experiments used artificial cerebral spinal fluid (aCSF) 

saturated with 95% O2 and 5% CO2, at physiological pH 7.4. aCSF consisted of 124 mM NaCl, 

26 mM NaHCO3, 3.7 mM KCl, 2.4 mM CaCl2, 1.3 mM MgCl2, 1.3 mM NaH2PO4, and 10 mM 

glucose. Adrenal slice experiments used bicarbonate buffered saline (BBS) saturated with 95% 

O2 and 5% CO2, at physiological pH 7.4.  BBS consisted of 125 mM NaCl, 26 mM NaHCO3, 

2.5 mM KCl, 2.0 mM CaCl2, 1.0 mM MgCl2, 1.3 mM NaH2PO4, 10 mM HEPES, and 10 mM 

glucose. All aqueous solutions were made from doubly deionized water >18 MΩ∙cm 

(Millipore, Billerica, MA). 
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A.1.2 Electrode Fabrication.  

Electrochemical experiments carried out with T-650 carbon-fiber microelectrodes 

(Cytec Industries, West Patterson, NJ) were fabricated as described previously.55 Briefly, a 

single 7 μm diameter fiber was aspirated into a single borosilicate glass capillary (1.0 mm x 

0.5 mm, A-M Systems, Carlsburg, WA). Using a micropipette puller (Narishige, Tokyo, Japan) 

the glass was tapered to form sealed microelectrodes which were then cut to 100 - 300 μm. To 

establish an electrical connection with the carbon fiber, the glass capillary was backfilled with 

ionic solution (4 M potassium acetate, 150 mM KCl) and a lead wire was inserted. All 

measurements were recorded against a Ag/AgCl reference electrode (World Precision 

Instruments, Inc., Sarasota, FL). 

 

A.1.3 Flow Injection. 

All in vitro data were collected in a custom-built flow injection apparatus housed within 

a Faraday cage. A syringe pump (New Era Pump Systems, Inc., Wantagh, NY) supplied a 

continuous buffer flow of 1 mL/min across both the working and reference electrodes. The 

working electrode was lowered into the electrochemical cell via a micromanipulator (World 

Precision Instruments, Inc., Sarasota, FL). Two-second bolus injections of analyte were 

accomplished using a six-port HPLC valve and air actuator controlled by a digital valve 

interface (Valco Instruments Co., Inc., Houston, TX).  
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A.1.4 Electrochemical Waveforms  

 Several different waveforms were employed and are summarized in table A.1 

 

Table A.1. Selected waveforms employed in this dissertation 

Chapters Waveform Name (Abbrv.) Description 

1, 3, 4, 5, 6, 7 Dopamine (DW) -0.4V to +1.3V to -0.4V  

Scanned at 400V/s; Repeated at 10 Hz 

 

2, 4, 6, 7 Hydrogen Peroxide (HPW) -0.4V to +1.4V to -0.4V  

Scanned at 400V/s; Repeated at 10 Hz 

 

2 Conventional Triangular (TW) -0.2V to +1.2V to -0.2V  

Scanned at 400V/s; Repeated at 10 Hz 

 

2 Modified Sawhorse (MSW) -0.2V to +0.6V to +1.3V to -0.4V  

Scanned at 100V/s, then 400V/s, then 

held at +1.3V for 3msec, then 100V/s; 

Repeated at 10 Hz 

 

3 Sawhorse (SW) -0.4V to +1.3V to -0.4V  

Scanned at 400V/s, Held at +1.3V for 

2msec; Repeated at 10 Hz 

 

7 Modified waveform for Hydrogen 

Peroxide 

0.2V to +1.3V to 0.2V  

Scanned at 400V/s; Repeated at 10 Hz 

 

6 mPD Deposition  0.0V to +1.0V to 0.0V  

Scanned at 5V/s; Repeated at 1 Hz 

 

 

 

A.1.5 Data Acquisition. 

Waveforms were output using a custom instrument for potential application to the 

electrochemical cell and current transduction (University of North Carolina at Chapel Hill, 
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Department of Chemistry, Electronics Facility). Either HDCV software (University of North 

Carolina at Chapel Hill, Department of Chemistry, Electronics Facility) controlled waveform 

output and synchronization using a 6363 PCIe bus card (National Instruments Corp., Austin, 

TX), or TH-1 software (ESA, Chelmsford, MA) controlled waveform output, in which case 

two PCI bus cards (National Instruments Corp., Austin, TX) were used for collecting data and 

synchronization of the electrochemical experiment with the flow injection system. Signal 

processing (background subtraction, signal averaging, and digital filtering (2-pole Sallen-Key 

Filter, 2 KHz)) was software-controlled. Electrical stimulations were carried out with a DS-4 

Biphasic Stimulus Isolator (Digitimer Ltd., Welwyn Garden City, England), controlled by 

software written in-house through aforementioned PCI bus cards.  

 

A.1.6 Brain Slice Preparation 

Male Sprague-Dawley rats (250-300 g, Charles River Laboratories, Raleigh, NC) were 

decapitated after being deeply anesthetized with urethane (1.5 g/kg, ip). The brain was rapidly 

removed, mounted, and placed in cold aCSF. Coronal slices with a thickness of 400 μm 

containing the striatum were obtained with a vibratome (World Precision Instruments, 

Sarasota, FL). The slices were allowed to rest in the buffer for at least one hour before the start 

of an experiment. Experiments were conducted in a heated brain slice recording chamber, 

housed within a Faraday cage. Brain slices were subsequently placed in a recording chamber 

(Warner Instruments, Hamden, CT) and superfused with aCSF buffer maintained at 34 °C for 

at least another hour. The working electrode and bipolar stimulating electrode placements were 

made with the aid of a microscope (Nikon Instruments, Inc., Melville, NY), and the 
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microelectrodes were positioned about 100 μm below the surface of the slice. Electrical 

stimulation of nerve terminals consisted of five 500 μA pulses at 60 Hz using a pulse width of 

4 msec. Animal care and use was in complete accordance with institutional guidelines and 

IACUC. 

 

A.1.7 Adrenal Slice Preparation  

Animal care and use was in complete accordance with NIH and NC State University 

institutional guidelines (IACUC). Male Sprague-Dawley rats (250-300 g, Charles River 

Laboratories, Raleigh, NC) were deeply anesthetized with urethane (1.5 g/kg, ip). The adrenal 

glands were rapidly removed, trimmed of fat tissue, and embedded in agarose gel containing 

3% agarose in BBS. The gel blocks containing the adrenal glands were placed in cold BBS 

while 400 μm thick slices were obtained with a vibratome (World Precision Instruments, 

Sarasota, FL). The slices were allowed to rest in the buffer for at least one hour before the start 

of an experiment. Adrenal slices were subsequently placed in a  heated recording chamber 

housed within a Faraday cage (Warner Instruments, Hamden, CT) and superfused with BBS 

buffer maintained at 34 °C for at least another 1.5 hours. Carbon-fiber microelectrodes were 

placed about 100 μm below the surface of the slice, and a twin tungsten electrode was 

positioned in the tissue approximately 1 mm from the recording electrode for the stimulation 

experiments. Working electrode and stimulating electrode placements were made with the aid 

of a microscope (Nikon Instruments, Inc., Melville, NY). Electrical stimulations consisted of 

trains of 15 biphasic 500 µA pulses, at a frequency of 350 Hz with a pulse-width of 0.5 ms.  
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A.1.8 Statistics 

All data presented are shown as the mean ± standard error of the mean, unless otherwise 

specified. One-tailed Student’s t tests were used to determine the significance of means. 

Significance was designated at p< 0.05. A Pearson correlation value was calculated for 

endogenous molecules vs. in vitro standards. Statistical and graphical analysis was carried out 

using GraphPad Prism 5 (GraphPad Software, Inc., La Jolla, CA). 
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APPENDIX B 

 

Supplemental Information to Chapter 2 

 

B.1 Supporting Information 

 

 

Figure B1.  Cyclic voltammograms are typically plotted as current (y-axis) vs. potential (x-

axis). Typically, two separate y values are plotted for each x value, one corresponding to the 

current measured during the forward scan (anodic current) and one from the reverse scan 

(cathodic current).  However, when the potential is held constant, as is the case with the MSW, 

there will be multiple y-values collected at a single potential (x-value), making it difficult to 

visualize the electrochemical response at that potential. Each cycle of the MSW consists of 

1000 individual data points. Data collected using the MSW are easily visualized when 

displayed in a linear fashion with current (y-value) plotted versus data point number (in time) 

of the applied waveform. The benefits of this approach are highlighted by the red ellipses; the 

second peak is only visible when the data is plotted linearly (vs. time or data point number 

converted to potential).  
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Figure B2.  (A) 10 consecutive injections of 1 µM M-ENK. The MSW retained sensitivity, 

but the performance of the triangular waveform (TW) rapidly declined. (B, C) Representative 

voltammograms from 1st and 10th injections using the MSW (top) and TW (bottom).  The 

effects of electrode surface fouling are evident when using a conventional TW. 
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Figure B3.  Incrementally increasing the scan rate from 100 V/s to 400 V/s in the second 

portion of the anodic scan (0.6-1.2V) increases the (A) current and (B) oxidation potential 

inherent to the first (tyrosine-derived) peak in the voltammetric detection of 1 μM M-ENK. A 

scan rate of 400 V/s was chosen for the second portion of the anodic scan, as it provides the 

best option for sensitivity and peak resolution. 
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APPENDIX C 

 

Supplemental Information to Chapter 4 

 

C.1 Supporting Information 

 

 

Figure C1. Calibration curves plotting peak anodic current vs. dopamine concentration for 

CNTy-D (red) and conventional carbon-fiber (blue) microelectrodes.  
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Figure C2. Colorplot for the detection of 2µM adenosine. (A) CNTy-D shows increased 

intensity of the peak highlighted by the black arrow due to polymerization. (B) Conventional 

carbon-fiber has almost no current generated at the same potential. 
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APPENDIX D 

 

Supplemental Information to Chapter 5 

 

D.1 Supporting Information 

 

Figure D1. Illustration of the different geometries. (A) A recessed carbon-fiber electrode with 

a 7 µm cavity diameter compared to (B) a 45 degree carbon-fiber disk electrode with an 

elliptical sensing geometry; the minor diameter is also 7 µm whereas the major diameter is 9.9 

µm. Assuming flat surfaces, the calculated geometric area of the sensing surface of the cavity 

electrode is ~38.5 µm2 while the geometric area of the polished disk electrode is ~54.4 µm2. 
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Figure D2. The ratio of the peak current for the reduction of 1 µM DA compared to the peak 

current for the oxidation of 1 µM DA is significantly larger (p < 0.01) when using cavity 

electrodes (0.66 ± 0.04, n = 6) than disk electrodes (0.39 ± 0.04, n = 3). This is indicative of 

redox cycling due to lowered mass-transport away from the sensing surface in the cavity. 
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APPENDIX E 

 

Supplemental Information to Chapter 7 

 

E.1 Supplemental Figures and Tables 

 

 

Figure E1.  Representative voltammograms of (A) 200 µm H2O2 on carbon and (B) 20 µm 

H2O2 on platinum microelectrodes, collected at various scan rates.   

  

 Peak current increases with increased scan rates on platinum electrodes, in agreement 

with theory.3  Interestingly, the opposite trend is evident on carbon, again suggesting a 

critical dependence on the state of the electrode surface.   
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Figure E2.  Representative EPR spectra of solutions containing 5 mM DMPO and 5 mM H2O2 

(red line) or 5 mM DMPO, 5 mM H2O2 and 0.1 M DMSO (blue line), where the cyclic 

waveform was applied to a platinum electrode for 30 minutes. 

 

 

 

 

 

 

Figure E3.  pH dependence of H2O2 oxidation on carbon-fiber electrodes.  Representative 

voltammograms at 400 V∙s-1 of 100 µM H2O2 showing an increase in current for higher pH 

values.  (n = 6 electrodes) 
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Table E1.  Least-squares simulated data of EMPO•-OH adduct. 

Species 

Experimental 

Hyperfine Coupling 

Constants 

Literature4 

Hyperfine Coupling 

Constants 

1 

A(N) = 14.11 ± 0.02 G A(N) = 14.0 G 

A(H) = 15.00 ± 0.04 G A(H) = 15.1 G 

A(H) = 0.82 ± 0.03 G A(H) = 0.9 G 

2 

A(N) = 14.02 ± 0.03 G A(N) = 14.0 G 

A(H) = 12.62 ± 0.02 G A(H) = 12.7 G 

(n = 2 spectra) 

 

 

 

 

 

Table E2.  Predicted concentration of H2O2 within a solution containing only H2O2, and within 

a solution containing H2O2 plus a trapping agent (DMPO or DMSO). 

Solution 
Predicted H2O2 Concentration 

(µM) 

1 mM DMPO + 100 µM 

H2O2 
91.87 ± 2.13 

100 µM H2O2 99.92 ± 2.77 

10 mM DMSO + 100 µM 

H2O2 
95.99 ± 1.11 

100 µM H2O2 100.00 ± 0.90 

(n = 3 electrodes) 
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Table E3.  Predicted concentration of histamine within a solution containing only histamine, 

and within a solution containing histamine plus DMPO. 

Solution 
Predicted histamine Concentration 

(µM) 

1 mM DMPO + 1 µM 

histamine 
0.99 ± 0.17 

1 µM histamine 0.98 ± 0.18 

(n = 4 electrodes) 
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APPENDIX F 

 

 

 

Supplemental Information to Chapter 8 

 

 

 

F.1 Supplemental Figures and Tables 

 

 

 
Figure F1. UV-visible spectra of the reaction products identified from the HPLC 

chromatograms for the reactions of 5-BR-indole (1a-1f) or indole (2a-2f) with DHP B (10 µM) 

in the presence of H2O2 (500 µM) at 25 °C (100 mM KPi, pH 7). The reaction was quenched 

upon addition of catalase and subjected to HPLC analysis as described in the text. 
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df 

Figure F2. (A) HPLC chromatogram of the reaction of indole (500 µM) with DHP B (10 µM) 

in the presence of H2O2 (500 µM) at 25 °C (100 mM KPi, pH 7). The reaction was quenched 

upon addition of catalase and subjected to HPLC analysis as described in the text. Products are 

as follows: 3-oxindolenine (2a), 2,3-dioxindole (2b), 2-oxindole (2c), 3-hydroxy-2-oxindole 

(2d), N-(2-formylphenyl)formamide (2e), and the indigo dye (E)-[2,2'-biindolinylidene]-3,3'-

dione (2f). (B) Product distribution for the reaction described in panel A under variable [H2O2]. 

 

 

 

 



232 

 
 

 

 



233 

 
 

 

 

 

 

 



234 

 
Figure F3. Resonance Raman spectra of complexes of indole and 4-, 5-, 6-, and 7-Br-indole 

with DHP B (50 µM) in 10% MeOH/100 mM KPi (v/v) at pH 7. 

 

 

 

 

 

 

 
Figure F4. UV-visible spectra of DHP B (10 µM) in the absence (black) and presence (red) of 

50 eq. 5-Br-indole in 100 mM KPi at pH 7. 
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Figure F5. Optical difference spectra (top) and titration curves (bottom) of 5-X-indole (2.5-

100 eq) binding to 10 µM DHP B in 10% MeOH/100 mM KPi (v/v) at pH 7 for A) 5-Cl-indole, 

B) 5-Br-indole, and C) 5-I-indole. 
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Figure F6. Stopped-flow UV-visible spectra of the double-mixing reaction of preformed DHP 

B(Y34F/Y38F) Compound I (10 µM) with a A) 10-fold or B) 50-fold excess of 5-Br-indole at 

pH 7 (800 scans over 83 sec). Compound I was itself formed in an initial mixing step from 

ferric DHP B(Y34F/Y38F) reacted with a 10-fold excess of H2O2 in an aging line for 100 ms 

prior to the second mix with 5-Br-indole.3  
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Figure F7. Kinetic data obtained by optical spectroscopy for the reaction of preformed DHP 

B Compound II with 5-Br-indole. A) stopped-flow UV-visible spectra of the double-mixing 

reaction between preformed DHP B Compound II (10 µM) and 10 equiv 5-Br-indole at pH 8 

(800 scans over 83 sec). DHP B Com-pound II was itself formed from an initial reaction 

between oxyferrous DHP B pre-incubated with 1 equiv. trichlorophenol and 10 equiv. H2O2 

and reacted for 85 sec prior to the second mix with 5-Br-indole.4 B) experimentally obtained 

spectra for Compound II derived from TCP (black, t = 2.5 ms), and Compound II observed in 

the presence of 5-Br-indole (t = 30 s).  
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Figure F8. Kinetic data obtained by optical spectroscopy for the reaction of oxyferrous DHP 

B with 5-Br-3-oxindole. A) stopped-flow UV-visible spectra of the double-mixing reaction of 

oxyferrous DHP B (10 µM) with a 25-fold excess of 5-Br-3-oxindole at pH 7 (800 scans over 

83 sec). 5-Br-3-oxindole was itself formed from an initial reaction between 5-Br-3-

acetoxyindole and liver esterase in an aging line prior to the second mix with oxyferrous DHP 

B; inset - the single wavelength (418 nm) dependence on time obtained from the raw spectra 

and its fit with a superposition of the calculated spectral components. B) calculated spectra of 

the three reaction components derived from the SVD analysis: oxyferrous DHP B (black), a 

mixture of oxyferrous DHP with 5-Br-3-oxindole (blue), and oxyferrous DHP with an in-

creasing amount of 5,5-Br2-indigo (red, purple). C) time dependences of the relative 

concentrations for the four components shown in the middle panel as determined from the 

fitting of the spectra in the top panel to a four species/three-step irreversible model (k1 = 0.49 

±0.01 s-1, k2 = 0.15 ±0.01 s-1, k3 = 0.21 ±0.001 s-1).  
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Figure F9. Kinetic data obtained by optical spectroscopy for the reaction of preformed DHP 

B Compound ES with 5-Br-3-oxindole. A) stopped-flow UV-visible spectra of the double-

mixing reaction of preformed DHP B Compound ES (10 µM), itself formed in an initial mixing 

step from ferric DHP reacted with a 5-fold excess of H2O2 in an aging line for 350 ms,5 with 

a 25-fold excess of 5-Br-3-oxindole at pH 7 (800 scans over 83 sec). 5-Br-3-oxindole was itself 

formed from an initial reaction between 5-Br-3-acetoxyin-dole and liver esterase in a conical 

vial, and loaded immediately into the stopped-flow apparatus prior to the experiment. B) 

experimentally obtained spectra for ferric DHP B (black, t = 2.5 ms), oxyferrous DHP B (blue, 

t = 8 s), and a mixture of oxyferrous DHP B and 5,5’-Br2-indigo (red, t = 83 s) 
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