
ABSTRACT 

MALY, MORGAN ANN. Assessing Puberty in Ex situ Cheetahs (Acinonyx jubatus) via 

Growth Patterns and Fecal Hormone Metabolites. (Under the direction of Dr. Scott 

Whisnant). 

 

Cheetahs are one of the most heavily studied felid species, with numerous 

publications on health, disease, and reproductive physiology being produced over the last 30 

years. Despite this relatively long history of research, there is a paucity of crucial biological 

data, such as pubertal onset, which have direct and significant applications to improved 

management of this species in Association of Zoos and Aquariums facilities. This study 

aimed to determine pubertal age of both male and female captive cheetahs using non-

invasive monitoring of steroid hormones. Fecal samples from 12 male and 9 female cheetahs 

from 5 institutions were collected 2-3 times weekly from 2-to-42 months of age. Fecal 

gonadal (androgens for males and estrogens for females) and glucocorticoid (GC) hormones 

were analyzed using enzyme immunoassays and reported as µg/g dry feces. Animal body 

weights were recorded monthly. All hormone measures (baseline, amplitude) were 

determined for individuals and calculated at 6 month intervals (from 0-6 mo. through 36-42 

mo. of age). Baseline fecal estrogens, androgens, and GC concentrations were calculated for 

each animal using an iterative process, excluding values > mean + 1.5 SD. Peaks were 

calculated as 1.5 times (estrogens) or 3 times (GC) the baseline value. Baseline values were 

subtracted from all points in an individual age category that were > baseline and are 

represented as amplitude over baseline. Fecal hormone and body weight data were analyzed 

with a generalized linear mixed model using MLwiN version 2.02 and are reported as mean ± 

SEM. In males, there was a significant (P < 0.05) rise in baseline androgens between 12-18 

(0.26 ± 0.03 µg/g dry feces) and 18-24 (0.36 ± 0.03 µg/g) months of age. Androgen 



amplitude increased (P < 0.05) beginning at 18-24 months (0.12 ± 0.01 µg/g) until 30-36 

months (0.17 ± 0.01 µg/g). Male GC baseline (0.41 ± 0.06 µg/g) and amplitude above 

baseline (0.47 ± 0.05 µg/g) concentrations were highest in 0-6 month old males (P < 0.05). A 

secondary increase in GC amplitude occurred at 18-24 months of age (0.29 ± 0.02 µg/g; P < 

0.05). Females exhibited a significant increase in mean estrogens from 18-24 (0.21 ± 0.01 

µg/g) to 24-30 months (0.23 ± 0.01 µg/g) of age (P < 0.05). The number of estrogen peaks 

(12.03 ± 1.15 peaks) and cycles (11.74 ± 1.08 cycles) was greatest at 24-30 months (P < 

0.05). Female GC baseline values did not differ across age groups (P > 0.2). Both male and 

female cheetahs reached adult body weights (44.54 ± 0.94 and 40.69 ± 1.03 kg, respectively) 

by 21 months of age. Based on weight data, as well as the initial increase in androgens 

toward adult concentrations and an increase in GC amplitude over baseline, males reach 

puberty between the ages of 18-24 months. Females were more variable, however, based on 

estrogen production and cyclicity data most females were pubertal between 24-30 months of 

age. Pubertal knowledge is useful for more thorough understanding of cheetah biology and ex 

situ management for improving reproductive success. 
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Chapter 1: Literature Review 

Introduction 

 Cheetahs (Acinonyx jubatus) are listed as vulnerable by the International Union for 

Conservation of Nature (IUCN) due to many threats including habitat loss, human conflict, 

and capture for the pet trade (Durant et al., 2008). Ex situ populations are important for 

education, awareness, and research purposes but also as an emergency reserve as the last line 

of defense against extinction (Wildt et al., 2010). Unfortunately, ex situ populations are 

difficult to breed and consequently, not self-sustaining. Many studies have investigated this 

problem and resulted in a need for a better understanding of basic cheetah physiology. This 

thesis aims to contribute basic data on young male and female cheetahs in the hopes of 

increasing knowledge regarding pubertal onset and reproductive maturation. These data will 

be useful for improving husbandry and management techniques to increase the success of 

captive cheetah breeding programs. 

In situ Cheetah Populations 

The cheetah (Acinonyx jubatus) is a medium-sized felid designed for speed with a tall 

slender build, semi-retractable claws, and an enlarged respiratory system (Eaton, 1970; 

Marker & Dickman, 2003; Hayward et al., 2006). Cheetahs can reach speeds up to 105 km/h 

in short bursts enabling them to catch fast prey (Sharp, 1997). Primary prey species for 

cheetahs include mid-sized ungulates, particularly Grant’s gazelles (Gazella granti), 

Thomson’s gazelles (Gazella thomsoni), impala (Aepyceros melampus), springbok 

(Antidorcas marsupialis), and blesbok (Damaliscus 1yclic phillipsi) (Hayward et al., 2006). 

Despite a preference for gazelles, the cheetah exploits a wide range of possible prey 

including small ground-dwelling birds and other small mammals such as hares (Caro, 1994). 
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Cheetahs are primarily found in open grassy habitats but can also utilize dry forest, savanna 

woodland, semi-desert and scrub (Durant et al., 2008). 

Historic range of the cheetah includes much of Africa, the Middle East and parts of 

eastern Asia (Durant et al., 2008). They have been extirpated from most of their historic 

range and now exist in fragmented populations across Africa. (Ray et al., 2005). Cheetahs are 

classified as vulnerable by the IUCN as there are an estimated 10,000 left in the wild, with a 

30% decrease in the wild population over the past 18 years (Durant et al., 2008). Currently, 

the species’ strongest populations are in southern Africa with an estimated population of at 

least 4,500 individuals (Namibia – 2,000; Botswana – 1,800; South Africa – 550; Zimbabwe 

400; Zambia – 100; Mozambique – <50; Malawi – <25; Angola – cheetahs present but 

numbers unknown) (Durant et al., 2008). Eastern Africa has an estimated population of 2,572 

individuals, the largest being the Serengeti/Mara/Tsavo population in Kenya and Tanzania 

that consists of approximately 710 adults. The greatest Asian population, estimated at 60-100 

individuals, of the critically endangered subspecies A. j. venaticus remains in Iran (Durant et 

al., 2008). Aside from the extirpation from a vast majority of the Asian continent, 

populations in northern and western Africa have experienced the largest decline, while the 

status of much of central African populations remain unknown Although the greatest 

strongholds for in situ populations are in eastern and southern Africa, these populations have 

been experiencing local declines and exist in only 6% of their historic eastern range (Durant 

et al., 2008). Their biggest threats include habitat loss and human-predator conflicts. Part of 

the reason for increased human conflict is due to the cheetah’s preference to reside on 

ranchland outside of designated wildlife protection areas. Wildlife areas are more saturated 

with larger predators such as lions, leopards, and hyenas all which have been known to 
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compete with and kill cheetahs (Marker et al., 2003a; Marker et al., 2003b; Marker et al., 

2008). Current conservation efforts for cheetahs include habitat preservation, human-predator 

conflict mitigation, and generation of a sustainable ex situ population. 

Ex situ Cheetah Populations 

The cheetah is a charismatic animal popular with many zoo attendees. This offers a 

unique opportunity for these animals to act as ambassadors for their wild counterparts. These 

cheetah ‘ambassadors’ offer education opportunities as well as increase awareness of the 

threats and support for conservation programs. Captive species also provide an opportunity 

for research. Monitoring basic biology of in situ animals is often difficult, expensive, and 

alters their natural behavior/hunting ability. Utilizing existing captive populations for 

systematic biological research initiatives enables thoughtful collection of scientific 

information on a threatened species, data that would be otherwise impossible to collect. The 

North American Association of Zoos and Aquariums (AZA) has an ex situ population of 284 

cheetahs throughout 54 accredited institutions (Grisham, Lackey & Spevak, 2013). This 

population is managed by the AZA’s Species Survival Plan (SSP) which focuses on ex situ 

research involved in basic biology and maintaining and increasing current ex situ population 

size and genetic diversity (Wildt & Grisham, 1993; Grisham et al., 2013). Research utilizing 

the ex situ population has increased fundamental knowledge in a wide array of topics 

including reproduction (Wildt et al., 1988; Howard et al., 1992, 1997; Roth et al., 1995; 

Brown & Wildt, 1997; Brown et al., 2001; Crosier et al., 2009), disease (Bolton & Munson, 

1999; Munson et al., 2002, 2005; Franklin et al., 2015), nutrition (Bell et al., 2011; Depauw 

et al., 2012; Becker et al., 2014), behavior (Wielebnowski & Brown, 1998; Wielebnowski, 

1999) and genetics (O’Brien et al., 1983, 1985).  
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Captive populations not only provide opportunities for education, awareness, and 

research they provide a reservoir population for their in situ conspecifics in the event of an 

environmental disaster or disease outbreak. Therefore, the importance of maintaining genetic 

variability and a self-sustaining captive population remains high. Unfortunately, both the 

current AZA and international captive cheetah populations are not self-sustaining. Unlike 

their in situ counterparts, captive cheetahs have a severely poor incidence of successful 

reproduction. Of the 1689 cheetahs in the international captive population, only 268 

(15.76%) are proven breeders (Marker, 2013). In 2013, only 85 of these animals (4.9%) 

successfully bred and 2.4% of these were wild caught animals (Marker, 2013). Further, of the 

258 facilities worldwide that hold captive populations of cheetahs, only 32 had reproductive 

success in 2013 (Marker, 2013). The current SSP population is stable, but this is primarily a 

result of captive imports, which account for approximately 33% of the population (Grisham 

et al., 2013). The SSP population requires at least 40 births to maintain its current size (0% 

growth rate; Grisham et al., 2013). To accomplish this goal of approximately 13 litters 

(average litter size 3 cubs) with a success rate of 20%, 66 mating pairs are required (Grisham 

et al., 2013). However, to increase the population to the targeted size of 300 and maintain 

genetic diversity, more births are required. Because the ancient cheetah population faced a 

serious genetic bottleneck, maintaining high genetic diversity amongst the captive population 

remains a top priority. Presently, genetic diversity of the SSP population is high (97.71%), 

but similar to the population numbers, this is again due to imports (Grisham et al., 2013). 

Maintaining a 0% growth rate or averaging 40 births a year, genetic diversity would remain 

above 90% for 32 years (Grisham et al., 2013). However, current growth rates are below the 

necessary 24 births a year to maintain the population and therefore genetic diversity could 
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only be maintained at this rate for 19 years (Grisham et al., 2013). By increasing the captive 

population, specifically through increasing the effective breeding size of the current 

population and incorporating underrepresented lineages, genetic diversity can remain near 

90% for 100 years (Grisham et al., 2013). Increasing our understanding of captive cheetah 

behavior, health, and reproductive milestones, such as onset of puberty, is essential to 

reaching a self-sustaining captive population. 

General Endocrinology of the Female Reproductive System  

The following information on female reproductive endocrinology can be found in 

review in Pathways to Pregnancy and Parturition (Senger, 2005). The female reproductive 

cycle is characterized by two dominant structures, the follicle and the corpus luteum, and 

thus, the two phases of the female cycle are named the follicular phase and the luteal phase. 

Follicular and luteal structures coincide with specific hormonal profiles. Hormonal regulation 

is achieved by a combination of positive and negative feedback loops between the 

hypothalamic-pituitary-gonadal (HPG) axis. At the beginning of the follicular phase, the 

hypothalamus secretes GnRH to stimulate the production of FSH and LH from the anterior 

pituitary. FSH and LH are carried through the blood stream to the ovary where they influence 

both granulosa cells and theca cells that surround the oocyte. The production of estrogens in 

the ovary results from the two-cell two gonadotropin theory. The granulosa cells surround the 

oocyte, and those nearest the oocyte, corona radiata, will be released with the oocyte during 

ovulation. The theca cells form concentrically around the follicle separated from the 

granulosa cells by a basement lamella. Theca cells exhibit LH receptors, allowing LH from 

the anterior pituitary to bind and stimulate androgen production from cholesterol. From here, 

the androgens diffuse into the granulosa cells. Granulosa cells exhibit FSH receptors and 
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upon FSH binding, the diffused androgens from the theca cells are aromatized to estrogens, 

primarily estradiol.  FSH binding also stimulates secretion of inhibin from granulosa cells. 

Inhibin, as its name might suggest, inhibits the production of FSH from the anterior pituitary, 

working as part of a negative feedback system. However, inhibin does not influence LH 

production. As follicles mature, FSH, acting in the presence of estrogen, induces the 

formation of LH receptors on granulosa cells of the dominant follicle(s). Therefore, as FSH 

decreases in response to inhibin production, the dominant follicle can continue estrogen 

production while the immature follicles regress. Estrogen secretion from the dominant 

follicle continues to increase, reaching a threshold which then functions as a positive 

feedback mechanism to stimulate a large pre-ovulatory surge of LH. The LH surge is 

followed by a cascade of hormonal events leading to ovulation. For induced or reflex 

ovulators, hormonal changes are not enough to cause the LH surge and ovulation. These 

individuals require stimulation either physically and/or pheromonally to induce the LH surge 

and subsequent ovulation. If an induced ovulator is not stimulated, neither the LH surge nor 

ovulation occur and the dominant follicle(s) becomes atretic.  

For both induced and spontaneous ovulators, the theca interna cells and granulosa 

cells begin to produce progesterone instead of androgens. After ovulation, progesterone 

synthesis increases as the rupture site forms a corpus hemorrhagicum followed by the corpus 

luteum (CL). The CL continues to grow until it reaches is maximum/full size. This also 

coincides/corresponds to the duration of time in which progesterone synthesis is highest. 

Negative feedback on the hypothalamus by progesterone from the CL inhibits the production 

of GnRH and LH thereby preventing follicular growth and large quantities of estrogen 

production.  If there is no indication of pregnancy, the CL undergoes luteolysis accompanied 
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by decreasing progesterone concentrations. This process also terminates the negative 

feedback exerted by progesterone and GnRH production resumes, followed by increased 

production of LH and FSH with subsequent follicular growth beginning a new follicular 

phase. 

General Reproductive Physiology of Female Cheetahs 

Once sexually mature, female cheetahs experience estrous cycles ranging from 7 to 

21 days in length, averaging a 13.6 day cycle (Brown et al., 1996). It is important to note that 

duration of estrous cycles vary even amongst individuals. These cycles consist of four major 

phases. The first of these phases, proestrus, typically lasts only one day. This phase includes 

development of ovarian follicles and increasing concentrations of estrogens. Proestrus is 

followed by estrus which involves further development of ovarian follicles and peak estrogen 

concentrations. Estrus in cheetahs typically lasts between 2-6 d (Brown, 2011) and peak 

estrogen concentrations are observed for approximately 4 d (Brown et al., 1996). Peak and 

baseline estrogen concentrations vary by individual (Brown et al., 1996; Brown, 2011). In 

general, fecal baseline estradiol concentrations have been found between 25-80 ng/g dry 

feces (Brown et al., 1996; Terio et al., 2003) with peak concentrations between 100-750 ng/g 

dry feces (Brown et al., 1996).  

Female receptivity to males is highest during this time and occasionally accompanied 

by behaviors such as rolling, rubbing, and vocalizations (Wielebnowski & Brown, 1998). 

However, it should be noted that while an increase in the aforementioned behaviors often 

occur during estrus in cheetahs these behaviors are also variable on an individual basis and 

no single behavior is indicative of estrus (Wielebnowski & Brown, 1998). Due to the 

increase in female receptivity to males during estrus, this phase is when male mounting and 
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coitus occur. Cheetahs are induced ovulators, and thus will ovulate matured follicles only 

upon mating. The surge of mating-induced GnRH stimulates the anterior pituitary to secrete 

an abundance of luteinizing hormone (LH). The increasing LH concentrations influence the 

final maturation of the Graafian follicles and eventual ovulation at mating. While felids are 

traditionally induced ovulators some wild species do spontaneously ovulate regularly, such as 

the clouded leopard (Neofelis nebulosa) (Brown et al., 1995) and margay (Leopardus wiedii) 

(Moreira et al., 2001) or occasionally, such as the lion (Panthera leo) (Schramm et al., 1994) 

and Pallas’ cat (Otocolobus manul) (Brown et al., 2002). This can vary by species and even 

amongst individuals within a species. Cheetahs are induced ovulators and rarely ovulate 

outside of mating (Brown et al., 1996).  

After ovulation occurs, the next phase of the estrous cycle marks the beginning of the 

luteal phase, diestrus. This phase is characterized by the presence of at least one corpus 

luteum (CL) at the ovulation site. The CL produces progesterone at similar concentrations 

whether or not conception occurs (Brown et al., 1996). However, the duration of 

progesterone production and CL lifespan is dependent on conception. The production of 

progesterone from the CL in the absence of conception is referred to as a non-pregnant luteal 

phase (NPLP). The length of NPLP in cheetahs is approximately two thirds the length of a 

normal gestation. The progesterone concentrations produced during a NPLP (240.6 ± 26.4 

µg/g) are similar to those produced during an actual pregnancy (202.9 ± 15.3 µg/g) (Brown et 

al., 1996). In female cheetahs, NPLP and gestation are approximately 53 and 94 days, 

respectively (Brown, 2011). If no conception occurs, the CL regresses around day 50 post-

mating and progesterone production decreases. If conception does occur, the CL is 

maintained and progesterone concentrations remain elevated until parturition.  
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The final phase of the cheetah’s estrous cycle is anestrus. Anestrus is characterized by 

low estrogen concentrations and no follicular development. Anestrus is not uncommon in 

cheetahs and may range from 30 days to multiple months in length and is rarely consistent 

even within individuals (Brown et al., 1996). A portion of captive cheetahs from various 

studies have shown no ovarian activity at all during monitoring (Wildt et al., 1993; Brown et 

al., 1996). Previous research has shown some estrous suppression may be due to social cues 

from conspecifics. Female adults are solitary in the wild but because of limited space, zoos 

often group unrelated adult females together which can lead to increased periods of anestrous 

particularly in the subordinate female (Wielebnowski & Brown, 1998; Wielebnowski et al., 

2002).  

Present information on female cheetahs suggests an individual is sexually mature by 

36 months of age (Caro, 1994; Brown, 2011). This is based on successful breeding and 

birthing of litters. In captivity the average age at first reproduction in female cheetahs is 61 

months (approximately five years) (Marker, 2012). The youngest female in captivity to give 

birth was 24 months old at time of parturition (Marker, 2012). Further, oocytes from donor 

females between 24-36 months of age were successfully fertilized in vitro, indicating the 

ability to produce mature and developmentally competent oocytes at this age (Crosier et al., 

2011). In the wild, age of first conception is just over 37 months of age (Laurenson et al., 

1992). Of course, assessments of both captive and free-ranging ages of sexual maturity are 

flawed in their own way. Captive females have controlled access to potential mates. Females 

may be receptive or able to support pregnancies earlier than currently suggested. Free-

ranging females may give birth to litters at a younger age but as first time mothers, these 

litters may die before reaching the age where they would leave the den and would be spotted 
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by researchers. These litters may perish due to improper care/nutrition from an inexperienced 

mother; they may be abandoned due to disease, small litter size, the presence of a singleton 

cub, or may be killed by predators or adult male conspecifics (Laurenson et al., 1992; Caro, 

1994). 

Current evidence suggests captive and free-ranging female cheetahs are not strict 

seasonal breeders, as cubs are born throughout the year (Laurenson et al., 1992; Caro, 1994; 

Brown et al., 1996). However, in the wild more cubs are born during the wet season 

compared to the dry season. This may be due in part to the abundance of prey species during 

the dry season (Caro, 1994). Independence is also affected by season, with a very slight 

increase in the number of cubs that leave their mother during the wet season than the dry 

(Caro, 1994). Average litter size is 3-4 cubs for free-ranging and captive cheetahs (Marker & 

O’Brien, 1989; Laurenson, 1993; Caro, 1994). Average age of cub independence from their 

mother is around 18 months, and the sibling group remains together for an additional 6-7 

months (Caro, 1994). Females are solitary as adults and leave their siblings between the ages 

of 23 and 27 months (Caro, 1994). Females in mixed sex sibling groups do not leave earlier 

than those from all female sibling groups, indicating inbreeding avoidance may not be a 

strong cause for independence (Caro, 1994). First conception in wild females is currently 

recorded around 37 months of age, or roughly six months after leaving their sibling group 

(Laurenson et al., 1992). Females may leave their sibling groups prior to onset of cycling or 

may depart around onset of first estrus (Caro, 1994). However, reports of adult males 

following mixed sibling groups closely to examine female members suggest it may be 

possible for females to be cycling while still living in sibling groups (Kuenkel, 1978; Caro, 
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1994). Current knowledge on age of first estrus and onset of puberty is lacking in both in situ 

and ex situ female cheetahs. 

Estrus Behaviors in Felids 

Similar to other female animals, felids exhibit particular behaviors during the estrus 

period. These behaviors are similarly reported across felid species, from the domestic cat to 

the small and large wild felids. The behaviors most exhibited at time of estrus include 

vocalizations, pacing, rubbing of head on objects, rolling, self-grooming, urine spraying, 

sniffing and lordosis (Michael, 1961; Wildt et al., 1978; Shille et al., 1979). Cheetahs have 

been previously reported to exhibit “silent” estruses, due to lack of reliable indicators and 

extreme variation in behaviors among individuals (Wildt et al., 1981). A silent estrus creates 

difficulties when attempting to mate pair female cheetahs and exacerbates the complications 

associated with captive breeding and management.  

Cheetah estrus behaviors have been indicated and paired with fecal estradiol 

concentrations. The study found five specific behaviors (rolling, rubbing, vocalizing, 

sniffing, and urine spraying) that significantly correlated with an increase in fecal estradiol 

(Wielebnowski & Brown, 1998). However, it was noted that no single behavior was 

indicative of estrus but rather an increase in frequency of one or more of the five behaviors in 

varying occurrences across individuals. Thus, the cheetah may not exhibit a true “silent” 

estrus but due to the individuality of changes in behavior frequencies rather than in behavior 

types it is difficult to detect without intensive monitoring by management (Wielebnowski & 

Brown, 1998). As one might imagine, few institutions can lend extra staff and time to 

monitor each individual female daily to mark these estrus indicators.  
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General Endocrinology of Male Spermatogenesis 

A review of male spermatogenesis, from which the following information was 

sourced unless otherwise noted, can be found in Pathways to Pregnancy and Parturition 

(Senger, 2005). The endocrinology of the male HPG system relies on the same hormones as 

the female system. The hypothalamus secretes GnRH which acts upon the anterior pituitary 

stimulating secretion of FSH and LH. However, a difference in the secretion patterns of these 

hormones exists between males and females. Females develop a surge center in the 

hypothalamus which allows for the switch from basal secretion of GnRH to the pre-ovulatory 

surge and positive feedback loop mechanism. In males, GnRH is released in only sporadic 

and frequent pulses that occur continuously. The pulsatile fashion of GnRH secretion results 

in similar release of both LH and FSH. Luteinizing hormone is released in high amplitude but 

short duration peaks while FSH exhibits low amplitude peaks but with a longer duration. 

Luteinizing hormone binds to receptors on the Leydig cells of the testicles. Considered 

analogous to the theca cells of the female, the Leydig cells are located across the basement 

membrane from the Sertoli cells which are found in the seminiferous tubules. Luteinizing 

hormone binding to the Leydig cell receptors results in the production of progesterone and 

subsequent conversion into androgens, mainly testosterone. Peripheral concentrations of 

testosterone exhibit similar pulsatile peaks immediately after those of LH. It is believed this 

pulsatile nature of release is to avoid a refractory period in Leydig cells to LH as high 

concentrations of LH have resulted in a reduction of testosterone production. Follicle 

stimulating hormone binds to the Sertoli cells within the seminiferous tubules. Sertoli cells, 

often called nurse cells, support spermatogonia throughout the process of spermatogenesis. 

Binding of FSH activates conversion of diffused testosterone from the Leydig cells into 
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dihydrotestosterone (DHT) and estradiol. Sertoli cells also produce inhibin, which along with 

the gonadal steroids, exerts a negative feedback on the hypothalamus and GnRH production. 

As mentioned, spermatogenesis takes place in the seminiferous tubules and 

encompasses all differentiation processes involved in the production of spermatogonia, 

spermatocytes, and spermatids. One cycle of spermatogenesis takes roughly 60 days to 

complete in domestic bulls (Senger, 2005), jaguars (Panthera onca) (Costa et al., 2008), and 

ocelots (Leopardus pardalis) (Silva et al., 2010). Most importantly, before spermatogenesis 

can successfully occur, there must be adequate concentrations of testosterone. Therefore, 

peripheral testosterone concentrations will be noticeably increased before production of 

fertile sperm will be seen in ejaculate of a male.        

General Reproductive Physiology of Male Cheetahs 

 Information on male cheetah reproduction comes from both wild and captive 

populations in various locations. The majority of these studies focused on sperm production 

and quality. Results of these studies conclude the male cheetah has the highest percentage of 

malformed spermatozoa amongst felids, with roughly 75% of spermatozoa exhibiting 

structural abnormalities per ejaculate (Wildt et al., 1983, 1987b, 1993; Donoghue et al., 

1992; Roth et al., 1995; Crosier et al., 2007). Other felid species that exhibit similar levels of 

structurally abnormal sperm are the Florida panther (Puma concolor coryi) and the Asiatic 

lion (Panthera leo persica). Both of these species have very small populations that suffer 

from a serious lack in genetic diversity (Wildt et al., 1987a; Roelke et al., 1993). It is well-

documented that cheetahs have suffered two population bottlenecks leaving the species 

genetically compromised. Therefore, teratospermia in cheetahs is believed to be, at least in 

part, due to this lack of genetic diversity (O’Brien et al., 1983, 1985). Despite the high 
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incidence of structurally abnormal sperm, cheetahs still manage to reproduce successfully in 

the wild (Caro, 1994). However, their ex situ counterparts do not exhibit similar success 

suggesting captive management and environmental factors may also be at the source of this 

problem rather than only genetic physiological issues (Wildt et al., 1993; Crosier et al., 

2007).  

Until recently, most studies on male cheetahs, both captive and free- ranging, focused 

primarily on spermatozoa. Many of these included optimum conditions and techniques for 

cryopreservation and in vitro conditions. However, the latest research has focused on 

longitudinal hormone data in male captive cheetahs. Koester (2014) characterized fecal 

androgen metabolite profiles for adult (≥ 2 years) males. For the first time basic biological 

parameters, such as baseline and average androgen metabolite concentrations, became 

available. The author determined that within an individual, androgen concentrations do not 

vary significantly over time in any of the adult males in the study, providing further evidence 

for lack of seasonality (Koester, 2014). Koester (2014) also discovered males in coalitions 

had significantly (P < 0.01) higher baseline fecal androgen concentrations (0.539 ± 0.053 

µg/g) compared to males living as singletons (0.412 ± 0.088 µg/g) (2014). However, average 

fecal androgen concentrations did not differ significantly (P = 0.06) between coalition males 

(0.650 ± 0.034 µg/g) and singleton males (0.624 ± 0.101 µg/g) (Koester, 2014). 

Presently, male cheetahs, similar to females, are believed to achieve reproductive 

abilities between the ages of 24 – 36 months (Caro, 1994; Marker, 2012). In the wild, it is 

difficult to determine age at sexual maturity in male cheetahs because breeding is rarely, if 

ever, observed (Caro, 1994). It is known that male cheetahs reach independence and leave 

their mother around 18 months of age with the remainder of their littermates (Caro, 1994). 
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However, male siblings often stay together for life whereas their sisters leave them around 

23-27 months of age (Caro, 1994). In captivity, the average age at first reproduction, 

measured at time of conception, is 63 months (approximately five years) old (Marker, 2012). 

The youngest male to sire a litter in captivity was 23 months of age (Marker, 2012). 

Observations from zoo veterinarians and keepers provide anecdotal evidence for male 

development milestones. Male cheetahs have exhibited mounting behavior towards sisters as 

early as 7-8 months of age (personal communication, cheetah keeper). The testicles of young 

males become fully and permanently descended by 4-6 months of age (personal 

communication, Dr. Copper Aitken-Palmer). In a nine month old male with fully descended 

testicles and the presence of penile spines, the balano-preputial separation of the penis, 

necessary for successfully breeding, had not yet occurred (personal communication, Dr. 

Copper Aitken-Palmer).  

General Endocrinology of the Female Pubertal Process  

 The following information on the female pubertal process can be found in Pathways 

to Pregnancy and Parturition unless otherwise noted (Senger, 2005). Puberty is defined as 

the process by which an individual reaches sexual maturity resulting in the ability to 

reproduce successfully. Key changes in a pubertal animal include maturation of sex organs 

and development of secondary sex characteristics. These phenotypic changes occur in 

response to the most central requirement of the pubertal process, which is the change in 

release patterns of GnRH. The increase in GnRH secretion stimulates gonadotropin release 

from the anterior pituitary, which in turn stimulate steroidogenesis and gametogenesis. In 

females, the hypothalamus contains the major GnRH neuronal centers, the tonic and surge 

centers. The tonic center releases low frequency pulses of GnRH, stimulating low 
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concentrations of gonadotropins and estrogen. Before puberty the tonic center is highly 

sensitive to estrogen concentrations in circulation, resulting in a high negative feedback 

response and low estrogen concentrations. The surge center of the hypothalamus is 

responsible for producing high frequency pulses of GnRH in adult post-pubertal females. 

These high frequency and high amplitude GnRH pulses are what drive the pre-ovulatory 

surge of LH production and subsequent ovulation. Prior to puberty, the surge center is still 

highly sensitive to estrogen but the amount of estrogen in circulation is remains low, due to 

the high sensitivity of the negative feedback system of the tonic center. Therefore, ovulation 

does not occur in pre-pubertal females because the ovaries cannot produce enough estrogen 

to reach threshold concentrations to activate the surge center. At puberty, the process begins 

when the sensitivity of the tonic center decreases. As the hypothalamus becomes less 

sensitive to estrogen in circulation, more GnRH is produced in low frequencies, causing an 

increase in FSH/LH and estrogens. As the tonic center sensitivity decreases more and more 

estrogen is produced from growing follicles in the ovary. Eventually the estrogen 

concentration in circulation reaches the threshold causing a positive feedback response, 

releasing a large amount of GnRH from the surge center, followed by the pre-ovulatory LH 

surge, and the first ovulation (in spontaneous ovulators). While from the HPG axis 

perspective, puberty appears to be begin with the GnRH neurons of the tonic center of the 

hypothalamus, it remains to be determined what causes this change in the sensitivity of the 

GnRH neurons. Previous studies have shown this hypothalamic start to puberty is influenced 

by many factors including photoperiod (Peters et al., 1980; Schillo et al., 1983), social cues 

(Bronson & Maruniak, 1975; Perret, 1992), body weight, body condition score and nutrition 

(Baker, 1985; Ojeda & Skinner, 2006; Plant & Witchel, 2006). 



 

17 

 

General Endocrinology of the Male Pubertal Process  

The following information was collected from Pathways to Pregnancy and 

Parturition, please reference book for further detail (Senger, 2005). The pubertal process of 

the male is similar, if not simpler than that of the female. Unlike females, males have only a 

tonic center of the hypothalamus. Near the time of birth, the male’s brain is defeminized by 

aromatization of testosterone into estradiol after crossing the blood brain barrier. This de-

feminization prevents the surge center of the hypothalamus from developing. Therefore, in 

the post-pubertal male, only a negative feedback system exists between GnRH, gonadotropin, 

and gonadal steroid production. In pre-pubertal males the tonic center is highly sensitive to 

testosterone and estrogen. Similar to females, at puberty the tonic center becomes less and 

less sensitive to the gonadal steroids. This allows greater and greater quantities of GnRH to 

be released leading to increased production of FSH/LH, testosterone, and estrogen. Once 

testosterone levels are maintained at a threshold concentration, spermatogenesis can occur. 

After puberty, in non-seasonal males, testosterone concentrations remain within this suitable 

concentration and spermatogenesis continues throughout the individual’s life. The negative 

feedback system of the tonic center in the hypothalamus remains but is far less sensitive in 

the adult than in the pre-pubertal male. 

Puberty Determination in Domestic Species 

Puberty is designated in female animals in various ways, but the most common are by 

age at first estrus, age at first ovulation, and age at which the female can support and 

successfully bring to term a pregnancy (Senger, 2005).  Depending on the species in 

question, all methods can be useful. Determining onset of puberty by age at first estrus 

indicates the age at which the female is first sexually receptive to males and displays typical 
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estrus behavior. However, in some species the first ovulation does not coincide with a 

behavioral estrus display, also known as a “silent ovulation” (Senger, 2005). Therefore, 

indicating onset of puberty as the first sign of estrus in these species would be not be an 

accurate reflection of when the pubertal process actually began (Senger, 2005). Further, some 

species do not exhibit or are very difficult to discern estrus behavior in, proving this 

definition to be problematic for such cases.  

Another technique used to determine puberty is age at first ovulation. There are many 

ways to decipher whether ovulation has occurred or not, depending on the species. In larger 

animals, such as the cow and camelids, the ovary can be palpated via the rectum. When 

palpation is not plausible, ultrasonographic imaging can also be utilized. Surgical procedures 

and laparoscopic observation may also be of use, but are considered invasive methods. All of 

the aforementioned methods, while providing accurate and important information, are often 

expensive and time consuming as they require high levels of expertise. Other methods than 

can also be utilized when determining ovulation include collection of serum, urine, or fecal 

samples. Serum samples have been collected from a variety of species, including non-

domestic species such as the Asian elephant (Elephas maximus) (Brown et al., 1991) and the 

Sumatran rhinoceros (Dicerorhinus sumatrnsis) (Roth et al., 2001), to indicate ovulation by 

measuring concentrations of the pre-ovulatory LH surge, rising E2 from follicular wave, 

dominant follicle and positive feedback loop, or P4 from the newly formed CL. While 

obtaining serum is considered an invasive collection method, urine and feces are becoming 

more popular among the non-domestic species for determining ovulation because collections 

are non-invasive and relatively simple.  
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Lastly, and perhaps the most applicable definition of puberty for domestic animals as 

well as non-domestics involved in captive breeding programs is by the age at which the 

individual can support a successful pregnancy. Though an animal may exhibit a first 

ovulation, it does not mean that individual can carry a pregnancy to term. Compared to 

folliculogenesis and ovulation, pregnancy and lactation in mammals are incredibly 

metabolically expensive. There are many other factors and organs that go in to supporting 

pregnancy and lactation. As briefly mentioned, some of the determinants of onset of puberty 

include body weight and nutrition (Baker, 1985; Ojeda & Skinner, 2006). Therefore, by this 

definition, a female is sexually mature when she has become a proven breeder. 

In males, there are also multiple ways to define onset of puberty. These include 

measurements of behavior and ejaculate presence and characteristics. Beginning with the 

behavioral definition, males of most species exhibit particular breeding behaviors that are 

easily deciphered. However, opposite to that of the female who sometimes lack behavior 

during silent ovulations, males frequently exhibit reproductive behavior well before they are 

able to ejaculate or produce mature spermatozoa (Senger, 2005). Thus, the age at which these 

behaviors begin may be premature to the actual age of sexual maturity. 

 Puberty in the male can also be determined by the age at first ejaculation. In order for 

ejaculation to occur an integrated series of nerves, muscles and accessory sex glands for 

seminal fluid must develop (Senger, 2005). However, males develop the ability to produce 

seminal fluid and ejaculate before spermatogenesis and mature sperm production take place 

(Senger, 2005). Therefore, this measure may also be premature to the actual age of pubertal 

onset.  
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A third common measure of puberty is the age at the first presence of mature sperm in 

the ejaculate. By producing mature spermatozoa this male could now fertilize a female and is 

considered sexually mature as far as a male role in reproduction is concerned. Because 

reproductive behaviors usually occur earlier, by the time a male is producing mature 

spermatozoa in the ejaculate it should be possible to collect samples using an artificial vagina 

in most domestic species (Senger, 2005). However, the difficulty in this definition lies in the 

timing and impact of collection because it is necessary to collect semen samples at least once 

per week, which may not be feasible on young animals (Senger, 2005). 

Another measurement of puberty includes age at which spermatozoa first appear in 

urine. In males, when ejaculation occurs in infrequent intervals, also known as sexual rest or 

abstinence, spermatozoa are excreted in the urine (Senger, 2005). By collecting urine 

samples from juvenile males, spermatozoa in the urine signify the successful existence of 

spermatogenesis, and indicate an important landmark in the sexual maturation process. 

Depending on the species, collecting urine may be more or less difficult than ejaculate 

collections. 

The final methodology used to define puberty in males includes the age when a 

minimum number of spermatozoa exist in the ejaculate. While sperm may be present in the 

ejaculate at an earlier age, they may not be present in high enough numbers for successful 

fertilization to occur upon breeding (Senger, 2005). The threshold values of spermatozoa 

vary among species. Similar to the age when a female can support a pregnancy, the age of a 

minimum spermatozoa production in a male is the most applicable definition of sexual 

maturity from a breeding management perspective (Senger, 2005). 
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Only recently has puberty been evaluated in domestic cats and little information on 

puberty exists in any of the non-domestic felid species. Faya et al. (2013) determined puberty 

in female and male domestic cats occurred at approximately 13 and 14 weeks of age, 

respectively. Methods used to determine domestic felid puberty include using fecal gonadal 

steroid metabolites as well as through physical (vaginal cytology, balano-preputial separation 

and presence of penile spines) and behavioral observations.  

Puberty Determination in Female Cheetahs 

Many factors may affect the reproduction rate of captive cheetahs, including 

husbandry and management techniques (Wielebnowski et al., 2002; Koester, 2014). 

However, it remains unknown when cheetahs become reproductively viable. Part of the 

difficulty in determining puberty in cheetahs is traditional methods are difficult or impossible 

due to the nature of their reproductive physiology. As mentioned previously, estrus can be 

difficult to detect in female cheetahs as they display varying frequencies of a handful of 

behaviors (Wielebnowski & Brown, 1998). However, because these animals are non-

domestic, using non-invasive measurements are desired. So while serum FSH and LH levels 

cannot be measured in the feces, the assumption is that appropriate pulses and surges are 

taking place as they do in other mammals. Non-invasive monitoring focuses on steroid 

metabolites, in the urine or feces. Cheetah urine must be collected quickly before being 

absorbed by the ground or being contaminated by another individual if the animal lives with 

conspecifics, making it a difficult means of assessment. Therefore, fecal collection is the 

easiest and least invasive method available. Fecal steroid metabolites are easily measured in 

cheetahs by use of radioactive and enzyme-linked immunoassays (Brown et al., 1996; 

Borque et al., 2005; Crosier et al., 2011; Koester, 2014). Defining puberty by age at first 
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ovulation using progesterone concentrations is also difficult because cheetahs are induced 

ovulators, meaning ovulation will not occur without mating. In captivity, young females do 

not have access to males, with the exception of siblings, limiting opportunities for mating and 

subsequent ovulation. Therefore, another endocrine signal is needed. Circulating estradiol 

concentrations have been observed in peripubertal animals. In heifers, serum estradiol 

increases with age, most noticeably, 12 weeks prior to ovulation (Evans et al., 1994; Melvin 

et al., 1999). Bergfeld et al. (1994) also noted maximum serum estradiol concentrations were 

higher at puberty in heifers compared to max estradiol concentrations 9-12 weeks prior to 

first ovulation. Similar estradiol patterns also exist in pubertal ewes (Bartlewski et al., 2006). 

Previous studies in captive cheetahs have shown that high fecal estradiol concentrations 

significantly correlated with follicular growth; with concentrations peaking during estrus 

when mature follicles are primed for ovulation should the stimulus occur (Brown, 2011). By 

mapping estradiol production as well as other cycle parameters beginning in young female 

cheetahs through the age of three (current known age to be reproductively viable) it can be 

determined when these important changes occur indicating pubertal initiation.  

Puberty Determination in Male Cheetahs 

As discussed, puberty in males can be determined using a long list of indicators. 

However, a majority of these are unreliable or inappropriate for the captive cheetah. While 

breeding behaviors are easily noticeable in the male as well as a non-invasive method of 

determination, it may not be the most accurate. As previously mentioned, breeding behavior 

in males of many species are seen much earlier than when they are actually reproductively 

viable. Breeding behaviors (mounting sisters) have been noted in cubs as young as seven 

months (personal communication with cheetah keepers).  
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 Many domestic species rely on ejaculate and spermatozoa characteristics to determine 

puberty onset. While these are more accurate measures than behaviors, they are considered 

more invasive methods and are time and resource consuming for use in captive cheetahs. 

However, data from a study of free-ranging and captive animals in Namibia indicates 

juvenile males (< 2 years) exhibited decreased sperm motility, forward progressive status, 

seminal volume and motile spermatozoa compared to older males (Crosier et al., 2007).  In 

the same study, the youngest male to produce mature sperm in ejaculate was 14 months of 

age (Crosier et al., 2007). To determine age when sperm first exists in the ejaculate, the 

animal needs to be sampled at least weekly from a young age. In cheetahs, electro-ejaculation 

requires anesthesia and is a stressful event for both the individual and his mother and 

siblings. Performing this process weekly is not advised for the welfare of the animals.  

Lastly, the presence of sperm in the urine can also be used. Unfortunately, urine is 

also difficult to collect from males, especially those living with mother and siblings. As with 

females, fecal steroid metabolites remain the most viable option for puberty determination in 

male cheetahs. Only recently testosterone concentrations of adult male cheetahs have been 

studied (Koester, 2014) and little to no data exists on prepubertal testosterone concentrations 

in non-domestic felids. However, it can be assumed that cheetah males, like other mammals, 

must reach a threshold testosterone concentration to initiate and maintain spermatogenesis 

(Senger, 2005). Therefore, by comparing testosterone metabolite concentrations and related 

parameters across ages from less than six months to three years of age (the age when males 

are currently believed to be sexually mature) the onset of puberty can be determined.   
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Progesterone in Pre- and Peripubertal Animals  

 Previous studies have documented the presence of increased progesterone 

concentrations prior to puberty in domestic livestock species (Gonzalez-Padilla et al., 1975a; 

Berardinelli et al., 1979, 1980). These studies found one or two increases in progesterone 

prior to the female’s first ovulation. The source of the progesterone is the ovary but not from 

surface luteal structures such as the corpus luteum. Rather prepubertal progesterone is 

derived from microscopic compact luteal tissue encased in the ovary (Berardinelli et al., 

1979). Berardinelli and coworkers suggested the luteal structures may have originated from 

immature follicles lacking a developed antrum (Berardinelli et al.,1979). Studies have shown 

throughout the juvenile period of female rats, the ovary exhibits waves of follicular 

development and atresia. However, none of the developing follicles reach the ovulatory state 

(Ojeda & Skinner, 2006). Assuming these juvenile follicular waves occur in the heifer and 

ewe, the underdeveloped follicles may be the source of the embedded ovarian luteal tissue. 

Gonazalez-Padilla et al., (1975a,b) suggested two theories to explain how the prepubertal rise 

in progesterone may be important for first ovulation (Gonzalez-Padilla et al., 1975b; 

Gonzalez-Padilla et al., 1975a). The first theory proposes that progesterone may play a role 

in establishing a phasic pattern of LH release. Following an increase in serum progesterone 

concentration, LH production patterns from the anterior pituitary switch from an 

uninterrupted sequence of high peaks to periodic peaks separated by low concentrations 

(Gonzalez-Padilla et al., 1975a,b).The second theory is that progesterone may sensitize the 

ovaries to LH and is necessary for successful ovulation (Gonzalez-Padilla et al., 1975a,b). 

Puberty has been induced in heifers through injection of progestogens (Gonzalez-Padilla et 

al., 1975b; Short et al., 1975). This peripubertal increase in progesterone is comparable to 
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that seen in postpartum cows prior to resumption of normal cyclicity (Odde et al., 1980; 

Rawlings et al., 1980). While these are spontaneously ovulating species, it is possible that 

follicle development and immature luteinization may also occur in the prepubertal cheetah. 

General Endocrinology of the Post Natal Surge 

 Based on various ultrasonographic imaging and post mortem studies in heifers, there 

appears to be two distinct periods of reproductive organ development (Adams et al., 

1992;1994; Evans et al., 1994a,b). The first development occurs postnatally during an early 

rise in gonadotropin secretion. For the heifer this occurs between 2-14 weeks of age 

(Rawlings et al., 2003). The second period of enhanced development occurs just before 

puberty, which here is defined as the first estrous cycle. For the heifer this time frame is 36-

60 weeks of age (Rawlings et al., 2003).  

Recently, early postnatal gonadal data were determined in domestic cats (Faya et al., 

2013). Gonadal steroid metabolites from domestic kittens were monitored from 1 week of 

age until puberty (13-14 weeks of age) in females and males and divided into two time 

windows (TW) for a comparison of hormone concentrations. In both females and males, 

gonadal steroid metabolite concentrations were greater in the first TW (weeks 1-5 & 1-4, 

respectively) than the second TW (weeks 6-13 & 5-14, respectively) (Faya et al., 2013). The 

authors suggested the first TW exhibits hormone concentrations similar to a postnatal surge 

of gonadal steroids characterized in other species such as the rat (Ojeda & Skinner, 2006), 

chimpanzee (Winter et al., 1975), and human (Forest, Cathiard & Bertrand, 1973; Gendrel et 

al., 1980) (Faya et al., 2013). The postnatal surge is described in humans and chimpanzees as 

a response of the infant’s hypothalamic-pituitary-gonadal (HPG) axis to the immediate 

removal from the maternal endocrine environment (Winter et al., 1975). While in utero, the 



 

26 

 

male fetus is exposed to his mother’s estrogens. After birth, the inhibitory effects of maternal 

estrogen dissipates allowing infant gonadotropins, particularly LH in the males, to 

significantly increase stimulating a rise in testosterone and Leydig cell proliferation (Winter 

et al., 1976; Hadziselimovic et al., 1986; Codesal et al., 1990). Male infant increases in FSH 

concentrations are followed by an increase in inhibin B. Because Sertoli cells produce inhibin 

B, it is believed that increasing levels indicate increased Sertoli cell proliferation. In human 

male infants, the LH concentrations of the postnatal surge peak around 1-2 months of age, 

followed by the rise in testosterone and Leydig cell proliferation around 3 months of age. LH 

and testosterone concentrations decline to pre-pubertal levels by 4-6 months of age (Winter 

et al., 1975; Hammond et al., 1979; Gendrel et al., 1980; Burger et al., 1991; Bouvattier et 

al., 2002). In Faya et al., (2013) domestic cat fecal testosterone levels increased at 1-3 wks of 

age and decreased dramatically after the 3 wk mark. These domestic cat patterns were similar 

to those described in humans, but occurred at a much faster pace. The age differences are 

expected given the development and maturity difference between the species.  

The postnatal surge also occurs in female infants but is slightly more complex than in 

the male. In female humans, FSH is the dominant gonadotropin released during the HPA axis 

activation, though it is important to note a small rise in LH also occurs (Winter et al., 1975; 

Hammond et al., 1979). This small amount of LH secretion by the anterior pituitary is 

enough to cause an increase in infant E2 levels in 2-4 month old human females (Winter et 

al., 1976; Channing et al., 1984). The infant surge in FSH stimulates ovarian follicular 

maturation and peaks around 3-6 months of age and declines after 12 months of age. 

However, FSH remains at measurable concentrations until after 24 months of age 

(Brennemann et al., 1995). For domestic cat female postnatal surges, Faya et al. (2013) 
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reports elevated fecal estradiol concentrations from 1-5 wks of age. In both sexes, the 

postnatal surge of gonadotropins and subsequent stimulation of gonadal steroids is 

imperative to ensuring reproductive potential later in life. In the male, proliferation of Sertoli 

cells is important for spermatogenesis and relative sperm production (Muller & Skakkebaek, 

1984). The increase in infant testosterone also aids in the development of primitive 

reproductive cells, gonocytes, to spermatogonia (Hadziselimovic et al., 1986). In the female, 

the gonadotropins secretion pattern, FSH followed by LH, exhibited in the postnatal surge is 

again mirrored later in life at the start of puberty (Quigley, 2002).  

While it may be assumed the cheetah exhibits similar gonadal secretion patterns 

throughout early development, currently no data exist for young cheetahs. Time frames and 

gonadal steroid values for these critical development stages remain unknown.  

General Endocrinology of the Stress Response – The HPA Axis 

The following review information for the endocrinology of the stress response can be 

found in Animal Physiology: From Genes to Organisms unless otherwise noted (Sherwood et 

al., 2005). Living organisms contain a vast series of compensatory mechanisms that are 

constantly at work to keep the body in a state of relative homeostasis. The stressor is the 

cause of the response and can encompass many different factors including physical, 

chemical, physiological, psychological/emotional, and social causes. Stress is not the cause 

of the response, a common misconception, but rather the state induced by a stressor. The 

stress response refers to the comprehensive, indiscriminate response to any factor, or stressor, 

which threatens homeostasis. Hormones released during a stress response allow an organism 

to cope with the physiological and physical demands brought on by the stressor in an attempt 

to return the body to a state of homeostasis, a process known as allostasis (Sapolsky et al., 
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2000; McEwen, 2004).The stress response involves both the sympathetic nervous system 

(SNS) and the endocrine system, both of which are either directly or indirectly under the 

control of the hypothalamus. In response to a stressor, the hypothalamus activates the SNS 

which stimulates the inner layer of the adrenal gland, the adrenal medulla. The adrenal 

medulla secretes catecholamines and increases epinephrine production upon activation by the 

SNS. The SNS also stimulates the glucagon-secreting cells of the pancreas, increasing 

glucagon production and availability. While stimulating glucagon production, it in turn, 

inhibits secretion of insulin by insulin-secreting cells of the pancreas. Further, the SNS 

activates the arteriolar smooth muscle, causing vasoconstriction and decreases blood flow 

through the kidneys through increased production of renin, angiotensin, and aldosterone. This 

process, termed the “fight or flight” response, enables an individual to quickly respond to its 

stressor by providing the essential metabolic and vascular components for fighting or fleeing. 

The paraventricular nucleus of the hypothalamus produces vasopressin to assist in 

maintaining blood pressure through expanding plasma volume, particularly beneficial in the 

event of trauma and severe blood loss. Along with the activation of the SNS, the 

hypothalamus also activates the anterior pituitary to produce adreno-corticotropic hormone 

(ACTH) which stimulates glucocorticoid secretion from the zona fasciculata of the adrenal 

cortex. The glucocorticoids produced are either cortisol or corticosterone, depending on the 

species. Because glucocorticoid secretion increases in response to a variety of stressors, they 

are the best way to measure a stress response in an animal. In a short-term stressor situation, 

the magnitude of the plasma glucocorticoid increase is proportional to the intensity of the 

stressful stimulation. Therefore, a greater increase in glucocorticoid secretion is expected in 

response to a severe stressor than to a mild stressor.   
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During a short term stressor, the stress response can be shut off by the negative 

feedback of glucocorticoids on ACTH and CRH production at the anterior pituitary and 

hypothalamus, respectively. This negative feedback loops maintains average glucocorticoid 

concentrations at approximately constant levels, exhibiting pulsatile secretions modulating 

between moderate secretion and low to no secretion. It is important to note that the amount of 

glucocorticoids secreted with each burst does not change, but rather during a stressful event 

the frequency of the secretory pulses increases resulting in a summation effect. Two factors 

that can change set points of plasma glucocorticoid concentrations include stress and diurnal 

rhythms. Stress, as previously discussed, causes a cascade of events in an organism to 

respond to this shift from homeostasis. The second factor, diurnal rhythms, occurs as part of 

the sleep-wake cycle in an individual. Higher plasma glucocorticoid concentrations occur in 

the morning, decreasing over the afternoon resulting in lowest levels at night. This pattern is 

reversed in nocturnal animals. 

Glucocorticoids can be measured in the plasma as they are put into circulation. 

However, they also must be metabolized and cleared from the system. Glucocorticoids are 

metabolized in the liver where they are conjugated to sulfates or glucuronides to increase 

water solubility. The metabolites are then excreted in either the urine or the feces, depending 

on the species. These metabolites can also be measured to indicate stress responses in an 

animal where serum collection is not possible. 

The Stress Response and Puberty 

Puberty is defined as a life stage when many neuroendocrine axes undergo 

transformations altering hormonal output (Ojeda & Skinner, 2006; Plant & Witchel, 2006). 

The most prominent and studied of these is the changes in the hypothalamic-pituitary-
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gonadal (HPG) axis. The HPG modifications that take place result in the development of a 

cascade of reproductive characteristics and behaviors (Romeo, Richardson & Sisk, 2002). 

Recently, maturation of the hypothalamic-pituitary-adrenal axis associated with puberty has 

undergone review. A number of studies have noted that prepubertal and adult animals 

showed similar responses to acute physical or psychological stressors, with an increase in 

ACTH and corticosterone. However, after removal of the stressor, there was a significant 

difference between the prepubertal and adult animals in the length of the response before 

circulating response hormones returned to baseline levels (Goldman et al., 1973; Vazquez & 

Akil, 1993; Romeo et al., 2004a; Romeo et al., 2004b). After a stressor, the ACTH and 

corticosterone levels were elevated twice as long in prepubertal animals as they were in the 

adults indicating a protracted stress response and resulting in a longer exposure to circulating 

glucocorticoids (Romeo, 2010; Klein & Romeo, 2013). The physiological consequences of 

the extended hormone response and subsequent exposure remain to be elucidated but due to 

corticosterone’s important role in energy metabolism, prepubertal animals may exhibit 

different metabolic demands during a stress response compared to adults (Klein & Romeo 

2013). Throughout the course of puberty, the changes in the individuals stress response were 

abrupt, transitioning from a prepubertal to a more adult-like pattern of ACTH and 

corticosterone release (Foilb, Lui & Romeo, 2011). Foilb et al. (2011) also discovered 

dissociation between when the ACTH and corticosterone response shifts throughout 

adolescent maturation. The corticosterone response shifts earlier (approximately 20 days in 

male rats) than the ACTH, both hormones showing distinct developmental profiles (Foilb et 

al., 2011). In their review, Klein and Romeo (2013) suggested this dissociation in late 
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adolescence may indicate age-dependent changes in the sensitivity of the adrenal gland to 

ACTH.  

 Further, evidence suggests the protracted hormonal stress response in prepubertal 

animals, particularly males, may be due to both decreased negative feedback on, as well as 

increased activation of, the HPA axis (Klein & Romeo, 2013). In a study of male rats, 

prepubertal males exhibited less glucocorticoid-dependent negative feedback in response to a 

stressor than the adults (Goldman et al., 1973). The decreased negative feedback may be 

responsible for the slower return of stress response hormones to baseline (Klein & Romeo, 

2013). In male rats prepubertal individuals exhibited higher levels of neural activation in the 

paraventricular nucleus (PVN) of the hypothalamus (Viau et al., 2005; Romeo et al., 2006; 

Lui et al., 2012). This evidence suggests an increased hypothalamic drive stimulating the 

pituitary production of ACTH in prepubertal male rats (Klein & Romeo, 2013). In 

prepubertal males, there was an increase in the basal expression of CRH from the PVN 

(Romeo et al., 2007). However, the opposite was true for the prepubertal females when 

compared to adult females (Viau et al., 2005). While it appears there are age-dependent shifts 

in the HPA axis sensitivity to the involved hormones, CRH, arginine vasopressin (AVP), and 

ACTH, and the ability of the associated glands to produce ACTH and corticosterone, there 

may also be a difference between the sexes (Foilb et al., 2011; Klein & Romeo, 2013). This 

gender difference in HPA reactivity was also noted in prepubertal rats when exposed to 

homotypic stressors. Adult animals generally habituate to a homotypic stressor. However, 

prepubertal male rats did not appear to habituate to the homotypic stressor and exhibited a 

greater ACTH and corticosterone response than the adults (Romeo et al., 2006; Doremus-

Fitzwater, Varlinskaya & Spear, 2009; Lui et al., 2012). Interestingly, when prepubertal 
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female rats were presented with a homotypic stressor, they showed a similar corticosterone 

response as the habituated adult females (Doremus-Fitzwater et al., 2009). Again, this 

suggests there may be sex differences in HPA reactivity prior to puberty. 

 Major differences between the sexes that may influence responsiveness of HPA axis 

to stress include the gonadal steroids. This HPG hormonal influence on the HPA axis has 

been documented in adult males and females (Viau, 2002; Williamson et al., 2005). For 

example, in adult males testosterone may decrease stress reactivity, as castrated males 

exhibited higher hormonal stress responses than intact or testosterone treated castrated males 

(Handa et al., 1994; Viau & Meaney, 1996; McCormick et al., 2002). However, in 

ovariectomized adult females, the hormonal stress response was decreased compared to 

ovariectomized adult females with exogenous estradiol and progesterone treatment (Redei et 

al., 1994; Carey et al., 1995; McCormick et al., 2002). At puberty, significant changes in 

gonadal hormone output occur that may influence reactivity of the stress response. However, 

when pubertal male rats were given exogenous testosterone to match adult baseline levels, 

they continued to experience a protracted stress response (Romeo et al., 2004a). A similar 

pattern was observed in ovariectomized prepubertal female rats, exhibiting continued 

protracted stress response despite absence of ovarian hormones (Romeo et al., 2004b). 

Further, stress response patterns from animals that were castrated before puberty were 

analyzed in early adulthood and exhibited similar corticosterone patterns as sham-castrated 

animals (Romeo et al., 2004a). Therefore, the variation of gonadal hormone concentrations in 

pre and post pubertal animals does not appear to be responsible for the developmental shifts 

in the stress response, which may in turn be more dependent on chronological age (Klein & 

Romeo, 2013). However, it is possible due to the effect of gonadal hormones on the HPA 
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axis, that the magnitude of the rising phase of the stress response may be influenced by 

gonadal hormones during puberty (Klein & Romeo, 2013). 

 As mentioned, the relationship between the HPA and HPG axes are often intertwined. 

The effects of stress on the HPG axis show a certain degree of dependence on pubertal 

development (Klein & Romeo, 2013). In rats, the adrenal influence on puberty has been 

observed. Implantation of adrenal extracts initiated early onset of puberty (Corey & Britton, 

1931). Moreover, pubertal maturation was delayed by adrenalectomy within a specific time 

frame (18-25 days of age) in rats (Gorsky & Lawton, 1973). The implantation of adrenal 

tissue of adrenalectomized rats corrected the pubertal delay when performed at 18 days of 

age, but was of no consequence after this age (Gorsky & Lawton, 1973). Further, vaginal 

opening did not occur in adrenalectomized prepubertal female rats, but was reversed after 

administration of ACTH (Moon, 1937). These studies suggest the significance of adrenal 

factors in pubertal development. Once again, both age and sex appear to be factors in this 

developmental relationship. In prepubertal males, exposure to serious stressors reduced the 

already low baseline levels of testosterone (Romeo et al., 2004a; Foilb et al., 2011). However 

in prepubertal females, exposure to serious stressors resulted in little to no difference in 

estradiol or progesterone (Romeo et al., 2004b; Hodes & Shors, 2005). In addition, male and 

female mice exposed to stress, either by shipping to new locations or an immune challenge, 

during puberty exhibited decreased sexual receptivity behaviors in response to gonadal 

steroids as adults (Laroche et al., 2009a, 2009b; Ismail et al., 2011). Pubertal stress also 

resulted in an impaired regulation of anxiety-like behaviors by ovarian hormones estradiol 

and progesterone, in later female adulthood (Olesen et al., 2011). Thus, the effects of short- 

and long-term stress on the HPG axis, especially during puberty, can result in potentially 
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serious physiological and behavioral consequences (Klein & Romeo, 2013). Currently, little 

to no information exists on adolescent and pubertal stress or the effects of stress during this 

developmental period in the cheetah. 

The Stress Response in Cheetahs 

Previous studies have shown that management of ex situ populations can have 

adverse effects on adrenal activity in a variety of felid species including the clouded leopard 

(Wielebnowski et al., 2002), domestic cat (Carlstead et al., 1992; Carlstead et al., 1993b), 

leopard cat (Prionailurus bengalensis) (Carlstead et al., 1992; Carlstead et al., 1993a), puma 

(Puma concolor) (Carlstead et al., 1992) and Geoffrey’s cat (Leopardus geoffroyi) (Carlstead 

et al., 1992). These management effects on the increased adrenal activity are related to a 

variety of husbandry-related practices involving relocation of animals, exposure to a large 

number as well as a variety of people, irregular feedings, restraint, inappropriate enclosure 

size, and lack of enrichment (Mellen, 1991; Lindburg & Fitch-Snyder, 1994; Moreira et al., 

2007). Cheetahs are also included in this category of ex situ felid populations experiencing 

adverse adrenal activity in response to captive management, as evidence for chronic stress 

has been documented (Terio et al., 2004). 

The stress response to environmental changes in cheetahs has been quantified by 

measuring fecal glucocorticoid concentrations (Jurke et al., 1997; Brown et al., 2001; Terio 

et al., 2004; Wells et al., 2004; Young et al., 2004). The longitudinal profiles of cheetah fecal 

glucocorticoid concentrations exhibited high degrees of variation both within and between 

individuals (Jurke et al., 1997; Wells et al., 2004; Koester, 2014). Despite variable individual 

patterns, evidence still suggests the effects of captive management, particularly relocation to 

an on-exhibit enclosure on increased adrenal activity (Wells et al., 2004).  
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As it has been well documented, cheetahs reproduce poorly in captivity (Lindburg et 

al., 1993; Marker-Kraus & Grisham, 1993) compared to those in the wild (Laurenson et al., 

1992; Caro, 1994). Previous studies indicate the negative effects of increased stress response 

on reproduction in a variety of species including felids (Mellen, 1991; Moreira et al., 2007), 

and non-felid species such as the black rhinoceros (Diceros bicornis) (Carlstead & Brown, 

2005) and the white rhinoceros (Ceratotherium simum) (Carlstead & Brown, 2005; Metrione 

& Harder, 2011). The link between environmental effects and reproduction was also 

observed in cheetahs. Wielebnowski et al. (2002) discovered five of six pairs of females 

living together in captivity were acyclic, but after separating the pairs, all resumed estrous 

cyclicity. Jurke et al. (1997) noted that non-reproductive females, indicated by behavioral 

observations, exhibited higher fecal glucocorticoid concentrations compared to the 

reproductive females. 

Investigations into the interactions between environmental stressors, adrenal activity, 

and gonadal activity in cheetahs are few and primarily focused on the adults. The 

longitudinal profile for young cheetahs has yet to be elucidated, as well as the changes that 

occur throughout the period of pubertal development and how these events affect the 

animals, physiologically and behaviorally, in the future. 
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Chapter Two: Assessing Puberty in Captive Male Cheetahs (Acinonyx jubatus) via 

Growth Patterns and Fecal Hormone Metabolites  

 

Introduction 

The cheetah (Acinonyx jubatus) is a charismatic carnivore, popular among safari and 

zoogoers alike, and one of the most well-studied large felids, including extensive 

investigations on itsreproduction (Wildt et al., 1988; Howard et al., 1992, 1997; Roth et al., 

1995; Brown & Wildt, 1997; Brown et al., 2001; Crosier et al., 2009), health and disease 

(Bolton & Munson, 1999; Munson et al., 2002, 2005; Franklin et al., 2015), and behavior 

(Wielebnowski & Brown, 1998; Wielebnowski, 1999). Cheetahs are classified as vulnerable 

by the IUCN with only an estimated 10,000 left in the wild, and a 30% decrease in the free-

ranging population over just the past 18 years (Durant et al., 2008). Both wild and captive 

cheetahs have been the focus of numerous research studies, among the most influential being 

the discoveries of their low genetic diversity (O’Brien et al., 1983, 1985), followed by the 

documentation of the species’ poor sperm quality and routine production of 75% malformed 

spermatozoa per ejaculate (Wildt et al., 1983, 1987b, 1993; Donoghue et al., 1992; Roth et 

al., 1995; Crosier et al., 2007). Despite the similar high incidence of structurally abnormal 

sperm in both captive and free-ranging males, cheetahs still manage to reproduce 

successfully in the wild (Caro, 1994). However, their ex situ counterparts do not exhibit 

similar success, with greater than 75% of the SSP population failing to reproduce (Grisham 

et al., 2013). This discrepancy between the two populations suggests that captive 

management and environmental factors may be contributing to ex situ fecundity problems in 

addition to genetic or sperm morphology concerns (Wildt et al., 1993; Crosier et al., 2007). 
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A multitude of factors may affect the reproductive success of captive cheetahs, 

including those associated with husbandry and management (Wielebnowski et al., 2002; 

Koester, 2014). To determine how these factors play a role in reproductive function, it is 

important to first understand basic male biology. Previously, the majority of studies on male 

cheetahs (captive and free-ranging) focused primarily on spermatozoa structure and function. 

Many of these included the determination of optimum conditions and applied techniques for 

cryopreservation and in vitro conditions (Wildt et al., 1983, 1987b, 1993; Crosier et al., 

2007; Terrell et al., 2012). Only recently have longitudinal androgen and glucocorticoid 

profiles been elucidated in adult (≥ 24 months) male cheetahs (Koester, 2014). Based on this 

research, male cheetahs do not demonstrate seasonality (Crosier et al., 2007; Koester, 2014) 

but, androgen concentrations varied in response to extrinsic factors such as whether they live 

as singletons or in coalitions (Koester, 2014). In addition, exposure to high numbers of 

human individuals negatively influenced total sperm concentration highlighting the potential 

impact of external factors on male physiology (Koester, 2014).  

Despite the ever growing library of information on adult cheetahs, the age at which 

cheetahs undergo puberty remains unknown. Pubertal data are important for improving the 

success of captive breeding programs, not only in terms of knowing when to initiate breeding 

introductions, but also because early and peri-pubertal developmental time-periods are highly 

sensitive in mammals due to a substantial degree of physiological changes. Disruption of the 

HPG axis during these early influential periods may lead to delayed onset of puberty (Risso 

et al., 2012; Carranza et al., 2014) or decreased reproductive function through stunted sexual 

development (Mann et al., 1998). Such effect can carry into adulthood (Kolho & Huhtaniemi, 

1989).  
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Puberty is the process of achieving the physiological capability of successful 

fertilization. This process includes the rise of androgen concentrations to adult levels, the 

acquisition of breeding behaviors, and the initiation of spermatogenesis. To be considered 

sexually mature, a male is able to produce competent sperm capable of fertilization as well as 

exhibit proper breeding behaviors which leads to successful propagation (Levasseur & 

Thibault, 1980; Senger, 2005; Sherwood et al., 2005). Puberty is difficult to determine, 

particularly in wild male cheetahs, as mating events are rarely witnessed (Caro, 1994). 

However, other life milestones have been documented including the age at which in situ 

males typically gain independence from their mother, which is approximately 18 months of 

age (Caro, 1994). Further, data from a study of free-ranging and captive animals in Namibia 

indicates juvenile males (< 2 years; age estimated by tooth wear) exhibited decreased sperm 

motility, forward progressive status, seminal volume and percent motile spermatozoa 

compared to older males (Crosier et al., 2007). In the same study, the youngest male to 

produce mature sperm in an ejaculate was 14 months of age (Crosier et al., 2007). Although 

data on length of spermatogenesis does not exist for cheetahs, the process takes 

approximately 60 days in jaguars (Panthera onca) (Costa et al., 2008) and ocelots 

(Leopardus pardalis) (Silva et al., 2010). Therefore, if this same timeframe is applied to this 

individual cheetah, testosterone concentrations must have reached adult threshold values by 

approximately 12 months of age to support spermatogenesis for mature sperm production at 

around 14 months of age. Longitudinal hormone data on young cheetahs are scarce, however; 

and, changes in androgen concentration associated with the onset of puberty are yet to be 

determined. 
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In pubertal males, the tonic center becomes less and less sensitive to gonadal steroids. 

This allows greater and greater quantities of GnRH to be released leading to increased 

production of FSH, LH, and testosterone. As the pubertal process continues and greater 

quantities of androgens are produced, they will also be metabolized in the liver and excreted. 

Unlike serum steroid concentrations which can vary based on the time they are sampled, 

fecal steroid concentrations offer a pooled overview of excreted metabolites and may provide 

a more accurate representation of longitudinal androgen profiles (Morais et al., 2002).  

Consequently, one would expect fecal androgen concentrations to increase with onset of 

puberty in the male to support initiation of spermatogenesis. Indeed, increased testosterone 

production in peripubertal animals has been documented in domestic cats (Tarttelin, 

Hendriks & Moughan, 1998). After puberty, in non-seasonal males such as the cheetahs, 

testosterone concentrations remain within a suitable threshold concentration for continuation 

of spermatogenesis throughout the individual’s life.  

An additional important aspect of puberty is growth rate. Body weight, body 

condition score, and nutrition have been shown to influence pubertal onset through activation 

of adult hypothalamic secretion patterns, where animals must reach a threshold weight or fat 

percentage (Levasseur & Thibault, 1980; Baker, 1985; Boulanouar et al., 1995; Klein, 1998; 

Macdonald et al., 2005; Ojeda & Skinner, 2006; Plant & Witchel, 2006; Norris, 2007). 

Previous studies on wild cheetah body weights provide a wide range of adult male cheetah 

mass (38.6-62 kg) with means from these studies falling between 44-55 kg (McLaughlin, 

1970; Du Preez, 1976; Labuschagne, 1979; Marker & Dickman, 2003). Captive adult males 

are slightly lighter ranging from 27.9-51 kg, with a mean of 40.2 kg (Wildt et al., 1993). 

However, similar to previous studies on hormone data, little to no information exists on 
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growth patterns in cheetahs < 24 months of age. Tracking growth rate in young cheetahs will 

provide a better understanding of when the pubertal process occurs.  

Information collected from the Association of Zoos and Aquariums (AZA) Species 

Survival Plan (SSP) indicates the average age of first reproduction for male cheetahs 

(recorded at age of successful mating) is approximately 63 months of age, with the youngest 

male to successfully sire a litter in the SSP population being 23 months of age (Marker, 

2012). However, captive environments are heavily influenced by management rather than 

always by natural biology. Male cheetahs may not be given access to females until this 

average age (~5 yr old) of success, or later in life, or may not be selected for breeding 

introductions at all, due to their potential genetic contribution to the population. Therefore, 

age at first reproduction may not be a useful indicator of age at puberty in this case. 

Of the neuroendocrine modifications that take place during the pubertal process, the 

hypothalamic-pituitary-adrenal (HPA) axis has received less attention than the hypothalamic-

pituitary-gonadal (HPG) axis. However, in adult animals fecal glucocorticoids have been 

shown to increase around the time of other major physiological events in many species as 

part of the response to an intensification of metabolic demand (Romero, 2002), such as 

pregnancy (Cavigelli, 1999; Weingrill et al., 2004; Dantzer et al., 2010; Fanson et al., 2012) 

and at the beginning of breeding season (Kersey et al., 2010; Fanson et al., 2012; Eggermann 

et al., 2013; Pavlova et al., 2014). As animals begin a major physiological transition during 

puberty, it may be likely that glucocorticoid production patterns change as well. In rats, 

ACTH and corticosterone levels were elevated twice as long after a stressor in prepubertal 

animals compared to adults, indicating a protracted stress response and resulting in a longer 
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exposure to circulating glucocorticoids (Romeo, 2010; Foilb et al., 2011; Klein & Romeo, 

2013). An extended glucocorticoid response may provide evidence of this pubertal shift in 

the stress response through increased excretion of fecal glucocorticoid metabolites.  

Determination of when male cheetahs become pubertal is critical to improve 

management to ensure the appropriate environmental conditions are provided, and support 

successful reproductive capabilities into adulthood. Based on previous observational data, we 

hypothesize that puberty occurs between 12-18 months of age in the captive male cheetah. 

The objectives of this study were to determine age of pubertal onset in male cheetahs by 

characterizing growth rate through monthly body weight measurements and longitudinal 

fecal gonadal and adrenal hormone metabolite profiles in animals ranging from 1 month to 

42 months of age. This is the first study to our knowledge of longitudinal body weight as 

well as gonadal and adrenal hormone profiles in male cheetahs under 24 months of age. 

Materials and Methods 

Experimental animals and sample collection 

Twelve male cheetahs from four AZA accredited institutions were included in this 

study. All study animals were captive born and the age of individuals ranged from 1-47 

months. Cheetahs were located at the Smithsonian Conservation Biology Institute (SCBI; 

n=9; Front Royal, VA), National Zoological Park (NZP; n=1; Washington D.C.), White Oak 

Conservation Center (WOCC; n=3; Yulee, FL), and Dallas Zoo (DZ; n=2; Dallas, TX). 

Three males began the study at WOCC and were relocated to SCBI at 18 months of age. 

Three males (NZP n=1; DZ n=2) in this study were hand-raised and were removed from their 

mother within 0-4 days of birth. The remaining nine males in the study were mother-reared. 
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Mother-reared cubs remained with their family until approximately 15-18 months of age. 

Sibling males from the same litter were kept together as a coalition when possible. All but 

two males (NZP and SCBI) were part of a coalition during at least one stage of the study. All 

institutions met required animal management and husbandry guidelines as outlined by the 

Cheetah SSP (Marker, 2013).  

Fecal samples were collected 2-3 times weekly for each individual for varied age 

intervals (Table 2.1). Cheetahs that were housed with conspecifics received non-toxic 

colored glitter in their food to differentiate individual fecal samples. Collection for cheetahs 

less than 6 months of age began when cubs were weaning and could be separated from their 

mother and siblings for feeding of glitter-marked meat(balls). Individual samples were placed 

into clean, labeled plastic bags and stored frozen (-20°C) until freeze-dried (Lyophilizer; 

Labconco, Kansas City, MO), pulverized with a rubber mallet and stored in labeled, plastic 

tubes at -20°C until further processing.   

Body Weights 

Cheetah body weights were measured monthly using a platform scale (Tru-Test, 

Auckland, New Zealand). Animals were trained to stand on the scale for monthly weight 

measurements, when possible. Some individuals did not have consistent monthly weights 

available; therefore, every third monthly weight (ex. 3, 6, 9 months) was used for data 

analysis to increase the number of cheetahs for each analyzed age. 

Sample processing 

Fecal extraction processes followed previously described procedures for cheetah 

(Crosier et al. 2015). In brief, dried samples were pulverized into powder using a rubber 

mallet, sorted through a sieve to remove large/foreign particles and stored in 12x75mm 
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polypropylene tubes (Perfector Scientific, Atascadero, CA) at -20˚C. Steroids were extracted 

from powdered feces by shaking 0.2 g feces and 5 ml 90% ethanol (EtOH) in 16x125mm 

disposable glass culture tubes (Fisher Scientific, Pittsburgh, PA) for 30 minutes followed by 

centrifugation at 1500 rpm for 20 minutes at 6˚C. Supernatant was poured off into new glass 

tubes and pellets were resuspended in 5 ml 90% EtOH, vortexed briefly, and centrifuged for 

a second time at 1500 rpm for 15 minutes. The second supernatant was poured off and 

combined with the first supernatant, totaling 10 ml. Combined supernatants were dried down 

under air in a fume hood and 3 ml 100% EtOH was added to dried tubes, vortexed briefly, 

sonicated for 15 minutes, and dried down again. After second dry down, 1 ml 100% 

methanol (MeOH) was added, vortexed briefly, sonicated for 15 minutes, and dried down. 

Following final dry down, 1 ml dilution buffer (NaH2PO4 + Na2HPO4 + NaCl + H2O, pH 7.0) 

was added to bring steroids into final neat solution. Neat solutions were diluted further in 

dilution buffer as necessary for assays (1:20, 1:100, 1:200, and 1:500). Neat and diluted 

samples were stored in 12x55 polypropylene tubes (Perfector Scientific) at -20°C until 

utilized for hormone assays. 

Enzyme immunoassays – fecal androgen metabolites 

Androgen metabolite concentrations were quantified from diluted fecal extracts using 

a single polyclonal antibody (No. R156/7; 1:8000; C. Munro, University of California, Davis, 

CA) enzyme immunoassay (EIA) previously validated in the cheetah (Koester, 2014). The 

testosterone antibody cross-reacts with testosterone 100%, 5α-dihydrotestosterone 57.37%, < 

1% with androstenedione, androsterone, androsteneolone, cholesterol, and β-estradiol, and < 

0.02% with progesterone, pregnenolone, and hydrocortisone (Koester, 2014). In brief, diluted 

samples (0.05ml; 1:20), controls in duplicate (0.05 ml; Quality High Control (QHC) ~30% 
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binding, Quality Low Control (QLC) ~70% binding), and standards in triplicate (0.05 ml; 46 

– 12,000 pg/ml; 17β-hydroxy-4-androstein-3-one; Steraloids, Inc.) followed by a horseradish 

peroxidase enzyme-conjugated testosterone (0.05 ml; 1:20,000; C. Munro) were added to a 

96-well microtiter plate (NUNC, Thermo Fisher Scientific, Inc.). The plate was left to 

incubate at 23°C for 2 hours before unbound components were washed out. A chromogen 

solution (0.1 ml) was added to all wells. Following a 30 minute incubation period at 23ºC, 

plates were placed in the microplate reader (Dynex MRX, reading filter 405nm, reference 

filter 540 nm) to determine optical densities.  

Sensitivity of the testosterone assay at 100% binding was 2.3 pg/well. The inter-assay 

CVs for two internal controls were 7.90% and 9.55% and the intra-assay CV was less than 

10% (n = 82 assays). The androgen assay has been previously validated (Koester, 2014) 

where serially diluted pooled fecal extracts demonstrated displacement curves parallel to 

those of standard hormone preparations. Recovery of added standard to fecal extract (y = 

1.08x – 3.80, r = 0.99) demonstrated significant recovery (P < 0.05) (Koester, 2014). 

Enzyme immunoassays – fecal glucocorticoid metabolites 

Glucocorticoid metabolite concentrations were quantified from diluted fecal extracts 

using a polyclonal primary antibody (R4866; 1:8500; C. Munro, University of California, 

Davis, CA) enzyme immunoassay previously validated in the cheetah (Koester, 2014). This 

antibody was taken from rabbits immunized against cortisol 3-carboxymethyloxine 

associated with bovine serum albumin, and cross-reacts with cortisol 100%, prednisolone 

9.9%, prednisone 6.3%, cortisone 5%, and <1% with corticosterone, desoxycorticosterone, 

21-desoxycortisone, testosterone, androstenedione, androsterone, and 11-desoxycortisol 

(Young et al., 2004). A double antibody system was utilized with a secondary goat-anti 
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rabbit IgG antibody (A009, 10 µg/ml, Arbor Assays, Ann Arbor, MI). In brief, secondary 

antibody (0.15ml) was added to 96-well microtiter plates (Costar, Fisher Scientific) followed 

by incubation at room temperature (RT) for 15-24 hours. After incubation, coating buffer 

(X108, 20X, Arbor Assays, Ann Arbor, MI) with unbound antibodies was removed from 

wells. Blocking solution (X109, 10X, Arbor Assays, Ann Arbor, MI) was added to each well 

(0.25ml) and left to incubate for 4-24 h at RT. Following incubation, blocking solution was 

removed and plates were dried at RT in a dry cabinet. After drying, plates were packaged in a 

vacuum sealed bag and stored at 4°C until use. Diluted fecal extracts (0.05 ml; 1:20) and 

controls (0.05 ml; Quality High Control (QHC) ~30% binding, Quality Low Control (QLC) 

~70% binding) were loaded in duplicate and cortisol standards (0.05ml; 78-20,000 pg/ml; 

Sigma Diagnostics, St. Louis, MO) were loaded in triplicate. A horseradish peroxidase 

enzyme-conjugated cortisol (0.5 ml; 1:20,000; C. Munro, University of California, Davis, 

CA) was added to all wells containing sample, control, or standards. The primary cortisol 

antibody was added to all wells except for the non-specific binding (NSB) wells followed by 

incubation for one hour at 23°C. After one hour, unbound components were removed with 

wash solution followed immediately by the addition of a chromagen solution (0.1 ml) to all 

wells. Another incubation period of 15 minutes at 23°C occurred before plate was placed in 

the microplate reader (Dynex MRX, reading filter 405nm, reference filter 540 nm) to 

determine optical densities.  

Sensitivity of the glucocorticoid assay at 100% binding was 3.9 pg/well. The inter-

assay coefficients of variation (CVs) for the two internal controls (QHC & QLC) were 7.51% 

and 9.28%, and the intra-assay CV was less than 10% (n = 82 assays). Serially diluted pooled 

fecal extracts demonstrated displacement curves parallel to those of standard hormone 
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preparations. Recovery of added standard to fecal extracts (y = 1.3087x – 25.885, r = 0.9951) 

demonstrated significant recovery (P < 0.05). 

Definitions, analysis and statistics  

The birth dates of all study animals were known, and ages were recorded in months. 

Animals were assigned to age groups in 6 month increments from <6 mo to 36-42 mo. When 

an animal was one day older than the upper limit of the age group, the data point was 

included in the next oldest age category (ex. a male data point from 6 months 1 day of age 

would be included in the 6-12 month category).  

Raw data for fecal androgen and glucocorticoid metabolite concentrations were used 

to calculate mean, SD, minimum and maximum values for each individual in each age group 

(Table 2.1). Fecal androgen and glucocorticoid metabolite data were then used to create three 

variables, calculated for each individual using six-month intervals from 0-6 months through 

36-42 months of age. These include 1) overall steroid hormone mean of all samples in each 

age category, 2) mean baseline following an iterative process where all values greater than 

the mean plus 1.5 standard deviations (SD) were excluded (Brown et al., 1994) and 3) 

amplitude over baseline which includes the mean of the distance between the baseline value 

and all concentrations over baseline value. 

Due to non-normal distribution and because males were not represented evenly in every 

age group, both body weight and the three variables for each hormone metabolite were 

analyzed by generalized linear mixed models (GLMM) using MLwiN version 2.02 (Rasbash 

et al., 2005). GLMM allowed both fixed and random effects to be incorporated to control for 

both repeated fecal samples and body weight measurements across individuals. GLMM data 

are reported from minimum models where all fixed effects were entered into the GLMM 
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together before non-significant terms were dropped sequentially until only those that 

explained significant variation (in the dependent variable) remained. All statistics reported 

are taken from this minimal model. Finally, each dropped term was re-entered to the minimal 

model individually to obtain their level of non-significance. 

The minimum GLMM for body weight included random (individual) and fixed (age) 

effects (Table A2.1, Appendix A). Facility was not included as it was not significant in the 

minimal model. Age group was incorporated into the model as a categorical fixed effect to 

determine the relationship between body weight and age. The reference category for age in 

the body weight GLMM was 42 months as this was the oldest age group and most 

comparable to published male data (Koester, 2014). 

Separate models were performed for each androgen and glucocorticoid hormone 

metabolite variable (Fig A2.1 and Fig A2.2, Appendix A) where the same random (individual 

and sample) and categorical fixed effects (age and facility) were incorporated across all 

models. Within each fixed effect, a category was chosen as a reference for the model. First, 

age group was incorporated as a categorical fixed effect to determine the relationship 

between hormone metabolite measures and age group. The 36-42 month age category was 

chosen as the reference category because these males were over 3 years of age and most 

likely to be fully mature and most comparable to previously published adult male data 

(Koester, 2014). Secondly, among similar age groups, hormone metabolite variables were 

compared among animals according to their location by facility. Facility status was 

determined for each individual at each age category. The reference category for facility was 

SCBI as this was where a majority of the study animals were located. However, although 

facility was included to account for variance and was significant in some of the models it was 
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not discussed further, due to the difficulty in drawing conclusions based on the demographics 

of the study population. For example, only one male resided at NZP and only <12 month old 

males resided at DZ. 

The significance of each fixed effect was determined using the Wald statistic and chi-

squared (χ2) distribution, where significance was defined as P < 0.05 and statistical tendency 

was defined by P < 0.1. Data are represented as mean prediction based on GLMM ± standard 

error (SE), which takes into account non-independence of data as defined by nested random 

effects.  

Results 

Body Weights 

Weight significantly increased (P ≤ 0.01) for male cheetahs during each three month 

interval evaluated from 3 months of age until 21 months of age (Fig 2.1). It was determined 

that males reached full adult body weight after 21 months of age, when weights remained 

consistent (P ≥ 0.11) through 42 months. GLMM information can be found in Table A2.1 in 

Appendix A.   

Enzyme immunoassays – fecal androgen metabolites 

Raw fecal androgen metabolite concentrations (mean, SD, minimum, and maximum 

values) for each individual at each age group are presented in Table 2.1. Overall, there was a 

significant (P < 0.05) difference in predicted fecal mean androgen, baseline, and amplitude 

above baseline metabolite concentrations with age (Fig A2.1 and Fig A2.2 in Appendix A).  

Mean fecal androgen concentrations were not significantly different in a pairwise 

comparison between the 0-6 month and 6-12 month groups (χ2 = 0.126, df = 1, P > 0.7) (Fig 
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2.2A). However, the mean androgen concentrations were lowest (P ≤ 0.02) in the 12-18 

month group and highest (P ≤ 0.027) for both the 30-36 and 36-42 month old males (Fig 

2.2A). Following 12 months of age, mean concentrations dropped at 12-18 months (χ2 = 

8.668, df = 1, P < 0.003) (Fig 2.2A). After the decline in 12-18 month olds, mean androgen 

concentrations then again increased with age at 18-24 months (χ2 = 21.748, df = 1, P < 0.001) 

and at 30-36 months (χ2 = 54.622, df = 1, P < 0.001) (Fig 2.2A).  

Baseline fecal androgen concentrations followed similar patterns to the mean 

concentrations, with initially high values observed in the youngest males (Fig 2.2B). These 

concentrations were followed by a decline between the 6-12 month and 12-18 month groups 

(χ2 = 5.778, df = 1, P <0.016) (Fig 2.2B). Baseline androgen concentration again increased 

with age in that the oldest males (30-36 and 36-42 month olds) but were not different from 

the youngest males (0-6 month olds, P ≥ 0.25) (Fig 2.2B).  

Similar to mean androgen values, the baseline value for the 12-18 month group was 

lower (P ≤ 0.018) than all other age groups, with the exception of the 24-30 month group (P 

= 0.07) (Fig 2.2B). Further, the oldest males (36-42 months) exhibited the highest (P ≤ 

0.032) androgen baseline concentrations compared with all other groups except (P ≥ 0.27) 

the youngest males (0-6 months) and the next closest in age, 30-36 months old (Fig 2.2B).  

Overall, average androgen amplitude over baseline increased with male age (Fig 

2.2C). All males from the 0-6 month, 6-12 month, and 12-18 month groups had lower (P ≤ 

0.047 for all pairwise comparisons) amplitude values than males over 24 months of age  (Fig 

2.2C). The amplitude for the 18-24 month group exhibited similar (P > 0.05) amplitude to 
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both the younger (< 18 months) and older males (> 24 months), with the exception of the 30-

36 month old group (χ2 = 12.755; df = 1; P < 0.001) (Fig 2.2C). 

Enzyme immunoassays – fecal glucocorticoid metabolites 

Raw fecal glucocorticoid metabolite concentrations (mean, SD, min, and max) for each 

individual at each age group are presented in Table 1. Overall, there was a significant 

difference in predicted mean, baseline, and amplitude above baseline fecal glucocorticoid 

metabolite models with age (Fig A2.1 in Appendix A). 

Mean fecal glucocorticoid concentrations fluctuated across ages (Fig 2.3A). 

Interestingly, the youngest males (0-6 months) had higher (P < 0.001) mean concentrations 

than all other age groups (Fig 2.3A). Mean glucocorticoid concentrations then declined with 

age, where 12-18 month olds exhibited the lowest (P ≤ 0.029 for all pairwise comparisons) 

mean concentrations compared to all other age groups, except the 30-36 month males (P = 

0.197) (Fig 2.3A).  

Similarly, baseline glucocorticoid concentrations were highest (P ≤ 0.037) in the 

youngest males and then decreased until 12-18 months after which they remained relatively 

constant (Fig 2.3B). A significant decrease (χ2 = 5.116, df = 1, P < 0.024) occurred between 

the 0-6 and 6-12 month age groups. A second decrease (χ2 = 4.349, df = 1, P < 0.037) 

occurred between the 6-12 and the 12-18 month groups (Fig 2.3B).  

Average amplitude over baseline glucocorticoids depicted a “wave-like” pattern 

across ages (Fig 2.3C). Similar to both average and baseline glucocorticoids, 0-6 month old 

males exhibited the highest (P < 0.001) amplitude values followed by a decline until 12-18 
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months. At 18-24 months, amplitude increased (χ2 = 15.561, df = 1, P < 0.001) from the 

previous age group (Fig 2.3C). Values then declined (χ2 = 11.778, df = 1, P < 0.001) between 

the 18-24 and 24-30 month age groups before rising (χ2 = 6.233, df = 1, P < 0.013) again at 

36-42 months of age. However, it should be noted the “wave peaks” at 18-24 and 36-42 

months are not significantly different, and are also similar (P ≥ 0.188) to the waning value of 

the 6-12 month group (Fig 2.3C). 
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 Table 2.1 Raw androgen and glucocorticoid values per male cheetah by age group 

(months). n denotes number of samples per age category for each animal. 

      

Raw Androgen Data 

(µg/g dry feces) 

Raw Glucocorticoid Data 

( µg/g dry feces)   

Animal 

ID 

Age 

Group Location Mean SD Min Max Mean SD Min Max n 

8284 6-12 SCBI 0.49 0.07 0.41 0.63 0.52 0.26 0.25 0.96 8 

  12-18 SCBI 0.34 0.12 0.12 0.87 0.35 0.23 0.13 1.25 52 

  18-24 SCBI 0.41 0.12 0.16 0.69 0.37 0.20 0.16 1.17 65 

  24-30 SCBI 0.50 0.25 0.14 1.38 0.31 0.19 0.11 1.12 55 

  30-36 SCBI 0.57 0.21 0.24 1.35 0.34 0.24 0.09 1.57 44 

8870 0-6 SCBI 0.47 0.34 0.31 1.97 0.61 0.54 0.08 2.22 22 

  6-12 SCBI 0.41 0.13 0.21 1.05 0.26 0.26 0.06 1.53 50 

  12-18 SCBI 0.49 0.18 0.31 0.89 0.10 0.08 0.04 0.31 13 

6835 12-18 WOCC 0.31 0.10 0.11 0.50 0.17 0.08 0.08 0.33 17 

  18-24 SCBI 0.46 0.13 0.23 0.84 0.34 0.26 0.05 1.59 56 

  24-30 SCBI 0.45 0.11 0.25 0.83 0.37 0.20 0.12 1.12 76 

  30-36 SCBI 0.57 0.15 0.23 1.23 0.34 0.20 0.10 1.15 74 

  36-42 SCBI 0.50 0.13 0.05 0.86 0.32 0.19 0.04 0.93 42 

6836 12-18 WOCC 0.41 0.11 0.25 0.70 0.28 0.31 0.08 1.38 16 

  18-24 SCBI 0.54 0.21 0.26 1.63 0.51 0.42 0.14 2.35 57 

  24-30 SCBI 0.40 0.10 0.07 0.68 0.38 0.19 0.17 1.15 76 

  30-36 SCBI 0.53 0.17 0.25 1.28 0.31 0.20 0.10 0.96 76 

  36-42 SCBI 0.49 0.14 0.25 0.92 0.48 0.33 0.14 1.52 43 

8423 12-18 NZP 0.41 0.18 0.19 0.89 0.20 0.09 0.04 0.50 34 

  18-24 NZP 0.60 0.24 0.25 1.43 0.16 0.09 0.04 0.55 50 

  24-30 NZP 0.68 0.27 0.24 1.36 0.20 0.18 0.06 0.76 29 

8872 0-6 DZ 0.34 0.07 0.22 0.51 0.18 0.11 0.04 0.46 23 

8102 0-6 SCBI 0.52 0.17 0.35 1.03 1.08 0.98 0.43 4.45 14 

  6-12 SCBI 0.32 0.09 0.19 0.55 0.30 0.17 0.12 1.06 38 

  12-18 SCBI 0.32 0.10 0.11 0.57 0.25 0.12 0.10 0.56 53 

  18-24 SCBI 0.38 0.11 0.14 0.67 0.38 0.30 0.05 1.63 74 

  24-30 SCBI 0.35 0.13 0.14 0.89 0.39 0.28 0.13 2.09 75 

  30-36 SCBI 0.57 0.30 0.19 1.85 0.43 0.29 0.14 1.57 62 

8282 6-12 SCBI 0.41 0.06 0.30 0.50 0.54 0.41 0.17 1.79 19 

  12-18 SCBI 0.28 0.08 0.13 0.58 0.38 0.34 0.09 1.71 51 

  18-24 SCBI 0.21 0.07 0.08 0.37 0.39 0.25 0.09 1.03 31 

7225 18-24 SCBI 0.51 0.13 0.39 0.79 0.52 0.36 0.14 1.02 6 

  24-30 SCBI 0.33 0.13 0.05 0.83 0.30 0.18 0.10 1.02 78 

  30-36 SCBI 0.26 0.11 0.15 0.87 0.36 0.17 0.15 1.27 78 

6834 12-18 WOCC 0.37 0.10 0.20 0.66 0.30 0.23 0.09 0.95 18 

  18-24 SCBI 0.52 0.27 0.11 2.29 0.45 0.46 0.11 2.82 58 

  24-30 SCBI 0.46 0.10 0.27 0.82 0.44 0.34 0.13 2.21 73 

  30-36 SCBI 0.58 0.16 0.29 1.30 0.25 0.14 0.09 0.83 77 

  36-42 SCBI 0.62 0.17 0.28 0.99 0.42 0.36 0.04 1.62 41 

8871 0-6 DZ 0.33 0.10 0.18 0.52 0.13 0.06 0.05 0.29 21 

  6-12 DZ 0.49 0.23 0.15 1.08 0.19 0.13 0.05 0.61 32 

8283 6-12 SCBI 0.35 0.04 0.29 0.43 0.26 0.15 0.11 0.71 20 

  12-18 SCBI 0.38 0.22 0.15 1.71 0.30 0.24 0.07 1.19 54 

  18-24 SCBI 0.30 0.09 0.12 0.44 0.53 0.58 0.11 2.66 30 
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Figure 2.1 Male cheetah body weights by age (mean ± SEM). Bars denoted with different 

letters represent a difference of P < 0.05. n denotes number of males in each group 

 

 

 

 

 

 

 

 

 

 

 

 
 

 

 

 

 



 

54 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.2 (A) Mean androgen concentrations ± SEM, (B) baseline androgen 

concentrations ± SEM, and (C) amplitude androgen concentrations ± SEM by male age 

group. Within the same metric, bars denoted with different letters represent significant 

difference of P < 0.05. The number of individual males (n) is listed for each age group. Note 

the difference in scale for androgen concentrations in C. 

  



 

55 

 

 



 

56 

 

 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



 

57 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.3 (A) Mean glucocorticoid concentrations ± SEM, (B) baseline androgen 

concentrations ± SEM, and (C) amplitude androgen concentrations ± SEM by male age 

group. Within the same metric, bars denoted with different letters represent significant 

difference of P < 0.05. The number of individual males (n) is listed for each age group.  
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Discussion 

Cheetahs are one of the most heavily studied felid species, with numerous 

publications on health, disease, and reproductive physiology being produced over the last 30 

years. Despite this relatively long history of research, there is a paucity of crucial biological 

data, such as pubertal onset, which have direct and significant applications to improved 

management of cheetahs in AZA facilities. This study aimed to determine pubertal age of 

male captive cheetahs using body weight and fecal hormone metabolite concentrations. Four 

important discoveries regarding captive male cheetahs were made, including: 1) achievement 

of adult body weight by 21 months of age; 2) the youngest males (0-6 months old) exhibited 

significantly higher mean and baseline androgens than 12-18 month olds 3) significant 

increase in mean, baseline, and amplitude androgen concentrations at 18-24 months of age 

yet still not comparable to adult values until 30-42 months of age; and 4) the youngest males 

(0-6 months old) exhibited significantly higher glucocorticoid concentrations than any other 

age group and there was a significant increase in mean and amplitude over baseline 

glucocorticoid concentrations at 18-24 months of age compared with 6-12 and 12-18 month 

age groups. This is the first study to characterize longitudinal gonadal and adrenal hormones 

and body mass in male cheetahs < 24 months of age. 

 Prior to this study, information regarding growth curves in cheetahs < 24 months was 

scarce. As expected, body weight increased with age in young (< 12 months) male cheetahs 

and continued to increase until 21 months of age. The achievement of adult body weight at 

21 months is important to determining puberty as body weight has been shown in other 

species to be one of the indicators for pubertal onset (Levasseur & Thibault, 1980; Baker, 
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1985; Ojeda & Skinner, 2006; Plant & Witchel, 2006). Many mammals, particularly females, 

become pubertal after achieving a particular body weight or fat content (Garcia et al., 2002). 

Mechanisms for this include linear rising concentrations of serum leptin from an increasing 

number of adipocytes acting as a proposed signal for pubertal onset (Wiltbank et al., 1966; 

Frisch, 1984; Chehab, Lim & Lu, 1996; Ahima et al., 1997; Cheung et al., 1997; Issad et al., 

1998; Quinton et al., 1999; Garcia et al., 2002). While the majority of “body weight 

thresholds” for pubertal onset research have been geared towards females, it should be 

considered that males also would require a particular body size. If 21 months is the age at 

which captive male cheetahs attain adult size, it can be assumed pubertal onset would have 

occurred before or around this time.  

After 21 months of age, small, non-significant fluctuations in weight were 

documented, most likely due to adjustments in husbandry and feeding management. As 

young cheetahs grow, diets are increased to accommodate developmental demands. 

However, once the animal reaches maximum body size, excess food may then be stored as 

fat. As animals are weighed, keepers may notice an excessive increase in weight combined 

with a high body score condition indicating the animal is overweight and reduce feeding 

allotments. This may explain the slight dip in weight after 36 months of age as adult diets are 

adjusted accordingly. From a management perspective, understanding the growth rate of 

captive cheetahs is important to ensure nutritional needs are being met while avoiding 

overfeeding and obesity as carrying excessive weight has been linked in other species to 

decreased fertility (Jungheim et al., 2012; Michalakis et al., 2013; Fan et al., 2015). By 

providing a first look into the growth rate of young cheetahs, this information will aid in 
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creating a guide to help influence management decisions regarding nutritional and 

developmental requirements.  

Only recently has longitudinal fecal androgen data been characterized in the adult (> 

24 months) male cheetah (Koester, 2014). By analyzing androgen concentrations in males as 

young as two months of age, the current study was able to expand on knowledge of 

reproductive steroid levels in captive male cheetahs. The masculinization of males is under 

heavy influence of testicular androgens. At puberty, the tonic center of the hypothalamus 

becomes desensitized to gonadal steroids, allowing greater GnRH production leading to 

increased output of gonadotropins, and subsequently, testosterone. Because gonadotropin 

concentrations and testicular morphology were beyond the scope of this study, the increase in 

androgen production was used as an indicator of testicular activity. Based on longitudinal 

analyses of androgen concentrations in the present study, the rise in fecal androgens at 18-24 

months of age is indicative of increasing testicular activity, suggesting males begin puberty at 

approximately 18-24 months of age. In domestic cats a similar pattern at puberty was 

documented where an increase in mean serum testosterone concentrations from prepubertal 

(6-8 months of age) concentrations were observed between 9 and 12 months of age. Peak 

levels occurred at 12 months of age (Tarttelin et al., 1998). This same study determined the 

males were pubertal between 10 and 12 months of age based on the increased period of 

plasma testosterone concentrations (Tarttelin et al., 1998). These conclusions are slightly 

different to an earlier study on domestic cats where all males > 8 months of age exhibited 

presence of sperm in the seminiferous tubules of the testes (Kirkpatrick, 1985), indicating 

they were pubertal by no older than six months of age as increased testosterone 

concentrations are required for at least 60 days (two months) to support spermatogenesis. 
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This increased pattern of pubertal androgen production has also been documented in other 

mammalian species; however, typically the pubertal rise exceeds adult concentrations 

(Probst, 1987; van Eerdenburg & Swaab, 1994). This pubertal rise beyond that of adult 

concentrations was not documented in the domestic cat (Tarttelin et al., 1998), nor was it 

seen in the pubertal male cheetahs in the current study.  

Due to the great variation within an individual’s daily androgen concentrations over 

time, it was of interest to measure this disparity across age groups. Amplitude, or 

concentration above baseline, was utilized as a way to quantify this variation in androgen 

profiles. Androgen amplitude increased with age where males < 18 months old had lower 

amplitude than males > 24 months. This pattern suggests an intensification of testicular 

activity, with an increase in androgen output as evidence. While baselines will be less 

affected by outlier data such as high values, amplitude clearly shows the increase in androgen 

production. The 18-24 month group was similar to both young (0-12 month) and older (24-

30, 36-42 month) males indicating a possible transitional period between juvenile and adult 

testosterone production patterns. While previously published androgen amplitude data do not 

exist for adult male cheetahs, it is clear that the increase in amplitude does not vary 

significantly, but remains high, between 30-36 and 36-42 months of age. Relatively high 

androgen amplitude suggests the older males have reached threshold androgen production for 

maintaining spermatogenesis and may continue at this magnitude for the duration of a male’s 

reproductive lifespan.  

In the present study, males in the 18-24 month group exhibited mean and baseline 

androgen levels within the range of previously published data for adults (> 24 months) 
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(Koester, 2014). However, 18-24 month old males were near the lower end of the published 

adult concentration ranges. Therefore, the rise in androgens may be reflective of the initiation 

of testosterone production prior to reaching threshold values necessary for spermatogenesis. 

By 30-42 months of age, males in this study had similar androgen baseline data as previously 

published adult males (Koester, 2014) with no significant difference between 30-36 and 36-

42 month groups. This indicates the possible achievement of threshold androgen levels to 

maintain spermatogenesis. In adult cheetahs, androgen concentrations varied by individual; 

however, provided a threshold level of production was maintained, this variation did not have 

a significant influence on sperm production as all adult males produced viable sperm 

(Koester, 2014). All of these factors provide evidence for increasing androgen production 

from developing testes as necessary to support successful production of mature spermatozoa. 

While overall it appeared androgen concentrations increased at 18-24 months of age, it 

should be noted that among the raw data individual distinctions were observed. Just as in 

humans and many other species, puberty is not a “one size fits all” event and some individual 

variation in age of onset should be expected. 

Together, the data from this study support observations from the wild where sibling 

groups become independent from their mother at approximately 18 months of age (Caro, 

1994). As males become pubertal it would make sense for them to disperse from their 

mothers to avoid inbreeding as well as avoid confrontation from interested and fully 

developed adult males.  

An interesting finding from this study includes the elevated concentrations of both 

androgens and glucocorticoids in the youngest age group. This is presumably unrelated to the 
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onset of puberty, but could instead reflect a post-natal surge. Post-natal surges of gonadal 

steroids have been documented in a number of species such as the rat (Ojeda & Skinner, 

2006), chimpanzee (Winter et al., 1975), and human (Forest et al., 1973; Gendrel et al., 

1980). The postnatal surge is described in humans and chimpanzees as a response of the 

infant’s hypothalamic-pituitary-gonadal (HPG) axis to the immediate removal from the 

maternal endocrine environment (Winter et al., 1975). Recently, the post-natal surge has also 

been documented in the domestic cat (Faya et al., 2013). Gonadal steroid metabolites from 

domestic kittens were monitored from 1 week of age until puberty (13-14 weeks of age) and 

divided into two time windows (TW) for a comparison of hormone concentrations. In males, 

fecal gonadal metabolite concentrations were greater in the first TW (weeks 1-4) than the 

second TW (weeks 5-14) as fecal testosterone levels increased at 1-3 wks of age and 

decreased dramatically after the 3 wk mark (Faya et al., 2013). These domestic cat patterns 

were similar to those described in humans, but occurred at a much faster pace. The 

differences in age at which the pattern change occurred are expected given the size and 

development difference between the species. Therefore, it seems plausible that the increase in 

fecal androgens seen in 0-6 month cheetahs in the present study may be evidence of the post-

natal surge in gonadal steroids.  

Glucocorticoid profiles indicate an increase in concentration at approximately the 

same time as pubertal onset in 18-24 month males. Many factors may contribute to this 

increase in glucocorticoids. One factor may be that this increase in glucocorticoids is a true 

consequence of puberty and associated physiological changes occurring within the 

hypothalamic-pituitary-adrenal axis. Previous studies have shown that, in rodents, 

prepubertal males exhibited prolonged corticosterone production in response to the same 
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stressor stimulus when compared to adults (Goldman et al., 1973; Vázquez & Akil, 1993; 

Romeo et al., 2004a, 2004b). The physiological consequences of the extended hormone 

response and subsequent exposure remain to be elucidated but due to corticosterone’s 

important role in energy metabolism, prepubertal animals may exhibit different metabolic 

demands during a stress response compared to adults (Klein & Romeo, 2013). Throughout 

the course of puberty in rodents, changes in an individual stress response were abrupt from a 

prepubertal to a more adult-like pattern of ACTH and corticosterone release (Foilb et al., 

2011). Fecal steroid hormone metabolites provide pooled information from an entire day. If 

an animal has a prolonged stress response, more hormone will be produced over a longer 

time-period, metabolized, and excreted in higher quantities. Therefore, it is possible the high 

glucocorticoid concentrations in < 18 month old cheetah males are indicative of prepubertal 

hormone release patterns. Glucocorticoid patterns after 24 months of age, particularly the 

baseline concentrations, do not express dramatic variation across age. This might suggest a 

matured HPA axis and adult glucocorticoid release patterns. However, it is important to note 

that fecal glucocorticoids in adult cheetahs are highly variable (Koester et al., 2015). The rise 

in glucocorticoids at 18-24 months may be explained by pubertal changes or may be 

influenced by the many management decisions and housing changes occurring during this 

time for these males. Typically, institutions will begin separating cubs from their mother 

around 18 months to mimic independence based on wild observations (Caro, 1994). Shortly 

after separation from their mother, the males are slowly removed from female siblings. These 

dramatic changes in living situations could prompt a stress response and account for the 

increased glucocorticoid concentrations in the 18-24 month group. Interestingly, just as 

observed with androgen concentrations, the youngest males (0-6 months) exhibited the 
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highest glucocorticoid concentrations. Whether the increase in glucocorticoid concentrations 

is also in relation to the early activation of hypothalamic-pituitary axes or simply responses 

to stressful stimuli remains to be elucidated in further studies. Previously, little to no 

information existed on adolescent and pubertal stress in the cheetah. The effects of stress 

during this developmental period in the cheetah is outside the scope of this study and is 

suggested for future research as this is important for the successful development, 

management, and propagation of ex situ cheetahs. 

In conclusion, it was determined that captive male cheetahs begin puberty around 18-

24 months of age based on increasing androgen concentrations, and reach adult body size at 

21 months of age. Glucocorticoid patterns indicated high concentrations in young males, 

followed by a decline and subsequent rise in concentration around puberty. This was the first 

study to characterize longitudinal data for growth rate as well as fecal gonadal and adrenal 

hormone metabolites in male cheetahs < 24 months of age. While pubertal data is by nature 

controversial as there are many ways to define puberty, this study has taken the first steps 

toward determining when physiological changes occur in male cheetahs. Increasing our 

understanding of captive cheetah behavior, health, and reproductive milestones, such as onset 

of puberty, is essential to improving management techniques and reaching a self-sustaining 

captive population.  
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Chapter Three: Assessing Puberty in Captive Female Cheetas (Acinonyx jubatus) via 

Growth Patterns and Fecal Hormone Metabolites 

 

Introduction 

 

Historically cheetahs were found across much of Africa, the Middle East and parts of 

eastern Asia, but have now been extirpated from most of this range. Due to the 30% decline 

in wild population numbers and their increasingly fragmented habitat, cheetahs are classified 

as vulnerable to extinction by the IUCN (Durant et al., 2008). Cheetahs in captivity are also 

facing dwindling numbers as less than 25% of the current SSP population and less than 5% 

of the international ex situ population has successfully reproduced (Grisham et al., 2013; 

Marker, 2013). While it is well known that cheetahs have low genetic diversity (O’Brien et 

al., 1983, 1985) and poor sperm quality with approximately 75% of spermatozoa per 

ejaculate exhibiting structural abnormalities (Wildt et al., 1983, 1987b, 1993; Donoghue et 

al., 1992; Roth et al., 1995; Crosier et al., 2007), cheetahs in situ do not experience 

difficulties in reproductive success (Caro, 1994). This information suggests captive 

management and environmental factors may be affecting the poor reproductive success of ex 

situ cheetahs (Wildt et al., 1993; Crosier et al., 2007).  

Data from the Association of Zoos and Aquariums Species Survival Plan (SSP) 

indicate the average age of first reproduction for female cheetahs (recorded at age of 

successful parturition) is approximately 61 months of age, with the youngest female to 

successfully produce a litter in the SSP population being 24 months of age (Marker, 2012). 

With an average gestation of three months, this individual presumably conceived at the age 

of 21 months. However, captive environments are heavily influenced by management rather 

than always by natural biology. Female cheetahs may not be given access to males until this 



 

69 

 

average age (~5 y old) of success, or later in life, or may not be selected for breeding 

introductions at all, due to their potential genetic contribution to the population. 

To improve management and welfare of cheetahs living ex situ we must first 

understand their basic biology and reproductive physiology. Previously, studies in female 

cheetahs have focused on adult individuals older than 24 months of age. These studies have 

characterized estrous cycles (Asa et al., 1992; Brown et al., 1996; Brown, 2011), pregnancies 

and non-pregnant luteal phases (Brown et al., 1996; Brown, 2011), periods of ovarian 

quiescence (Brown et al., 1996; Wielebnowski et al., 2002), ovarian function and uterine 

morphology (Crosier et al., 2011), and behavior (Wielebnowski & Brown, 1998; 

Wielebnowski, 1999). The female cheetah is a non-seasonal induced ovulator (Brown et al., 

1996), capable of breeding year-round and requiring stimulation by mating or exogenous 

gonadotropins (Howard et al., 1992, 1997) to ovulate. Estrous cycles range from 5-29 days, 

with a 13.6 day average (Brown et al., 1996), though even within an individual female cycle 

lengths are highly variable (Wildt et al., 1993; Wielebnowski et al., 2002; Brown, 2011). 

Estrus typically lasts approximately four days and has been significantly correlated with 

increased peak estradiol concentrations (Brown et al., 1996). Five specific behaviors (rolling, 

rubbing, vocalizing, sniffing, and urine spraying) have also been significantly correlated with 

an increase in fecal estradiol (Wielebnowski & Brown, 1998). However, it was noted that no 

single behavior was indicative of estrus but rather the increase in frequency of one or more of 

the five behaviors in varying occurrences across individuals during periods of elevated fecal 

estrogen concentrations (Wielebnowski & Brown, 1998). Adult female cheetahs can also 

experience frequent bouts of ovarian quiescence, lacking follicular development, evidenced 

by an accompanying lack of estrogen peaks for ≥ 30 days (Brown et al., 1996). As with 
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follicular growth waves, anestrous periods are also highly variable both within and among 

females (Brown et al., 1996), and are neither predictive of future reproductive potential nor a 

result of past reproductive success/failure (Crosier et al., 2015). 

Despite the ever growing library of information on adult cheetahs, longitudinal 

hormone data on young cheetahs, including timing of puberty, are scarce. Puberty is the 

process of achieving the physiological capability of successful fertilization. Pubertal data are 

important for improving the success of captive breeding programs. In domestic animal 

breeding programs, puberty indicates the beginning of an individual’s reproductive lifespan 

and the beginning of its ability to contribute to animal production. By understanding what 

factors affect pubertal onset in specific species, ex situ breeding programs can provide the 

best possible environments for these developmental time periods. Early and peri-pubertal 

developmental time periods are highly sensitive in mammals due to a substantial degree of 

physiological changes. Disruption of the hypothalamic-pituitary-gonadal (HPG) axis during 

these early influential periods have consequences such as delayed pubertal onset (Risso et al., 

2012; Carranza et al., 2014) or stunted sexual development (Mann et al., 1998) which may 

negatively impact future reproductive success (Kolho & Huhtaniemi, 1989). 

The pubertal process in females includes the rise of estrogen concentrations in 

response to decreased sensitivity of the hypothalamus and the initiation of folliculogenesis 

and the estrous cycle. To be considered sexually mature, a female is able to support mature 

follicular development capable of fertilization, exhibit proper breeding behaviors which leads 

to successful mating, and support a pregnancy to term (Levasseur & Thibault, 1980; 

Sherwood et al., 2005). Puberty is difficult to determine, particularly in wild female cheetahs 

as mating and parturition events are rarely witnessed (Caro, 1994). However, other life 
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milestones have been documented including the age at which in situ females typically gain 

independence from their mother, which is approximately 18 months of age (Caro, 1994). 

While male siblings will typically remain together for life in a coalition, the females leave the 

sibling group between 23-27 months of age (Caro, 1994). Additionally, in-vitro fertilization 

was successful using oocytes from females as young as 24-36 months of age indicating these 

cats were capable of producing developmentally competent, mature oocytes (Crosier et al., 

2011). Previous studies in captive cheetahs have shown that high fecal estradiol 

concentrations are significantly correlated with follicular growth; with concentrations 

peaking during estrus when mature follicles are primed for ovulation should the necessary 

stimulus occur (Brown et al., 1996; Brown, 2011). By mapping estradiol production as well 

as other cycle parameters beginning in young female cheetahs through 36 months of age 

(current known age to be reproductively viable) we can determine when these important 

changes occur indicating pubertal initiation.  

Of the neuroendocrine modifications that take place during the pubertal process, the 

hypothalamic-pituitary-adrenal (HPA) axis has received less attention than the HPG axis. 

However, in adult animals fecal glucocorticoids have been shown to increase around the time 

of other major physiological events in many species as part of the response to an 

intensification of metabolic demand (Romero, 2002), such as pregnancy (Cavigelli, 1999; 

Weingrill et al., 2004; Dantzer et al., 2010; Fanson et al., 2012) and at the beginning of 

breeding season (Kersey et al., 2010; Fanson et al., 2012; Eggermann et al., 2013; Pavlova et 

al., 2014). Further, in adult female cheetahs an increase in glucocorticoid excretion was 

positively correlated with increased estrogen production (Koester, 2014). These studies 

suggest a complex relationship between the HPG and HPA axes and, therefore, it is plausible 
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that changes in fecal glucocorticoid concentrations may occur at puberty when gonadal 

steroid concentrations increase. Glucocorticoid metabolite concentrations in female cheetahs 

less than 24 months remains to be elucidated. Determining glucocorticoid patterns in young 

cheetahs may not only offer evidence for pubertal onset, but will also provide insight into 

their physiological responses to current husbandry and management techniques as they have 

done in adult female cheetahs (Wielebnowski et al., 2002; Koester, 2014). 

An additional important aspect of puberty is growth rate. Body weight, condition 

score, and nutrition have been shown to influence hypothalamic pubertal onset, where 

animals must reach a threshold weight or fat percentage (Levasseur & Thibault, 1980; Baker, 

1985; Boulanouar et al., 1995; Klein, 1998; Macdonald et al., 2005; Ojeda & Skinner, 2006; 

Plant & Witchel, 2006; Norris, 2007). Previous studies on wild adult (>24 months) cheetah 

body weights provides a wide range of female cheetah mass (26-58 kg) with means from 

these studies falling between 35.9-48.5 kg (McLaughlin, 1970; Du Preez, 1976; 

Labuschagne, 1979; Marker & Dickman, 2003). Captive adult females are slightly smaller in 

weight ranging from 25-46 kg, with a mean of 35 kg (Wildt et al., 1993). However, similar to 

previous studies on hormone data, little to no information exists on growth patterns in 

cheetahs < 24 months of age. Tracking growth rate in young cheetahs will provide a better 

understanding of when the pubertal process begins. 

Determination of when female cheetahs become pubertal is critical to improve 

management to ensure the proper environmental conditions and support successful 

reproductive capabilities into adulthood.  Based on information gathered from ex situ 

observations and monitoring of the in situ population, we hypothesized puberty occurs 

around 18 months of age in the captive female cheetah. The objectives of this study were to 
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determine age of pubertal onset in female cheetahs by characterizing growth rate through 

monthly body weight measurements and longitudinal fecal gonadal and adrenal hormone 

metabolite profiles in animals ranging from 2 to 36 months of age. This is the first study to 

our knowledge of longitudinal body weight as well as gonadal and adrenal hormone profiles 

in female cheetahs under 24 months of age.  

Materials and Methods 

Experimental animals and sample collection 

Nine female cheetahs from three AZA accredited institutions were included in this 

study. All study animals were captive born and age of individuals ranged from 2-36 months. 

Cheetahs were located at the Smithsonian Conservation Biology Institute (SCBI; n=6; Front 

Royal, VA), National Zoological Park (NZP; n=1; Washington D.C.), and White Oak 

Conservation Center (WOCC; n=2; Yulee, FL). One female (NZP n=1) in this study was 

born by caesarian section and hand-raised from birth. The remaining eight females in the 

study were mother reared. Mother-reared cubs remained with their family until 

approximately 15-18 months of age. Female littermates (SCBI n=2) remained together 

throughout the duration of study after separation from brothers and mother, and one female 

(SCBI) remained with her mother after departure of male sibling. All institutions met 

required animal management and husbandry guidelines as outlined by the Cheetah SSP 

(Marker, 2013).  

Fecal samples were collected 2-3 times weekly for each individual for varied age 

intervals (Table 3.1). Cheetahs that were housed with conspecifics received non-toxic 

colored glitter in their food to differentiate individual fecal samples. Collection for cheetahs 

less than 6 months of age began when cubs were weaning and could be separated from their 
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mother and siblings for feeding of glitter-marked meat(balls). Individual samples were placed 

into clean, labeled plastic bags and stored frozen (-20°C) until being freeze-dried 

(Lyophilizer; Labconco, Kansas City, MO). 

Body Weights 

Cheetah body weights were measured monthly using a platform scale (SCBI & NZP – 

Tru-Test, Auckland, New Zealand; WOCC – Tru-Test Inc EC 2000 HD Series and A & D 

scales FG-200KAL, Milpitas, CA). Animals were trained to stand on the scale for monthly 

weight measurements, when possible. Some individuals did not have consistent monthly 

weights available therefore; every third monthly weight (ex. 3, 6, 9 months) was used for 

data analysis to increase the number of cheetahs for each analyzed age. 

Sample processing 

Fecal extraction processes followed previously described procedures for cheetah 

(Crosier et al. 2015). In brief, dried samples were pulverized into powder using a rubber 

mallet, sorted through a sieve to remove large/foreign particles and stored in 12x75mm 

polypropylene tubes (Perfector Scientific) at -20˚C. Steroids were extracted from powdered 

feces by shaking 0.2 g feces and 5 ml 90% ethanol (EtOH) in 16x125mm disposable glass 

culture tubes (Fisher Scientific) for 30 minutes followed by centrifugation at 1500 rpm for 20 

minutes at 6˚C. Supernatant was poured off into new glass tubes and pellets were 

resuspended in 5 ml 90% EtOH, vortexed briefly, and centrifuged for a second time at 1500 

rpm for 15 minutes. The second supernatant was poured off and combined with the first 

supernatant, totaling 10 ml.  Combined supernatants were dried down under air in a fume 

hood and 3 ml 100% EtOH was added to dried tubes, vortexed briefly, sonicated for 15 

minutes, and dried down again. After second dry down, 1 ml 100% methanol (MeOH) was 
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added, vortexed briefly, sonicated for 15 minutes, and dried down. Following final dry down, 

1 ml dilution buffer (NaH2PO4 + Na2HPO4 + NaCl + H2O, pH 7.0) was added to bring 

steroids into final neat solution. Neat solutions were diluted further in dilution buffer as 

necessary for assays (1:20, 1:100, 1:200, and 1:500). Neat and diluted samples were stored in 

12x55 polypropylene tubes (Perfector Scientific) at -20°C until utilized for hormone assays. 

Enzyme immunoassays – fecal estrogen metabolites 

Estrogen concentrations were quantified from diluted fecal extracts using a single 

polyclonal antibody (R4972; 1:50; C. Munro, University of California, Davis, CA) EIA 

validated for cheetahs (Crosier et al., 2011). The estrogen antibody was raised in rabbits 

against 17β-estradiol and cross-reacts with 17β- estradiol 100%, estrone 3.33%, and < 0.01% 

with estrone sulfate, progesterone, testosterone, cortisol, and corticosterone (Brown et al. 

1994, Crosier et al. 2011). In brief, primary estrogen antibody was added to all wells of the 

microtiter plates (NUNC, Fisher Scientific) except non-specific binding wells (NSBs) 

followed by incubation at 4°C for 12-48 hours. After incubation, unbound antibodies were 

removed from wells with wash solution and EIA buffer (0.05ml) was added to each well post 

wash. Diluted fecal extracts (0.02 ml; 1:20) and controls (0.02 ml; Quality High Control 

(QHC) ~30% binding, Quality Low Control (QLC) ~70% binding) were added in duplicate 

and standards in triplicate (0.02 ml; 97.5 – 25,000 pg/ml; Sigma Diagnostics) to the 

microtiter plate. A horse radish peroxidase enzyme-conjugated estrogen (0.05 ml; 1:175,000; 

C. Munro, University of California, Davis, CA) was added to all wells containing sample, 

control, or standards followed by incubation for two hours at 23°C. After two hours, unbound 

components were removed with wash solution followed immediately by the addition of a 

chromagen solution (0.1 ml) to all wells. Another incubation period of 15 minutes at 23°C 
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occurred before plate was placed in the microplate reader (Dynex MRX, reading filter 

405nm, reference filter 540 nm) to determine optical densities. 

Sensitivity of the estrogen assay at 100% binding was 1.95 pg/well. The interassay 

coefficients of variation (CVs) for two internal controls were 8.0% and 10.8% and the intra-

assay CV was less than 10% (n = 58 assays). The estradiol assay was validated previously in 

female cheetahs by demonstrating parallelism between dilutions of pooled fecal extracts and 

the respective standard curve (1.95–500 pg/well, y = 1.104x – 1.473, r = 0.99) (Crosier et al., 

2011) as well as significant recovery of exogenous estradiol (93%) (Brown et al. 1994). 

Enzyme immunoassays – fecal glucocorticoid metabolites 

Glucocorticoid metabolite concentrations were quantified from diluted fecal extracts 

using a polyclonal primary antibody (R4866; 1:8500; C. Munro, University of California, 

Davis, CA) enzyme immunoassay. This antibody was taken from rabbits against cortisol 3-

carboxymethyloxine associated with bovine serum albumin and cross-reacts with cortisol 

100%, prednisolone 9.9%, prednisone 6.3%, cortisone 5%, and <1% with corticosterone, 

desoxycorticosterone, 21-desoxycortisone, testosterone, androstenedione, androsterone, and 

11-desoxycortisol (Young et al., 2004). A double antibody system was utilized with a 

secondary goat-anti rabbit IgG antibody (A009, 10 µg/ml, Arbor Assays, Ann Arbor, MI). In 

brief, secondary antibody (0.15ml) was added to 96-well microtiter plates (Costar, Fisher 

Scientific) followed by incubation at room temperature (RT) for 15-24 hours. After 

incubation, coating buffer (X108, 20X, Arbor Assays, Ann Arbor, MI) with unbound 

antibodies was removed from wells. Blocking solution (X109, 10X, Arbor Assays, Ann 

Arbor, MI) was added to each well (0.25ml) and left to incubate for 4-24 h at RT. Following 

incubation, blocking solution was removed and plates were dried at RT in a dry cabinet. 



 

77 

 

After drying, plates were packaged in a vacuum sealed bag and stored at 4°C until use. 

Diluted fecal extracts (0.05 ml) and controls (0.05 ml; Quality High Control (QHC) ~30% 

binding, Quality Low Control (QLC) ~70% binding) were loaded in duplicate and cortisol 

standards (0.05ml; 78-20,000 pg/ml; Sigma Diagnostics) were loaded in triplicate. A 

horseradish peroxidase enzyme-conjugated cortisol (0.5 ml; 1:20,000; C. Munro, University 

of California, Davis, CA) was added to all wells containing sample, control, or standards. 

The primary cortisol antibody was added to all wells except for the non-specific binding 

(NSB) wells followed by incubation for one hour at 23°C. After one hour, unbound 

components were removed with wash solution followed immediately by the addition of a 

chromagen solution (0.1 ml) to all wells. Another incubation period of 15 minutes at 23°C 

occurred before plate was placed in the microplate reader (Dynex MRX, reading filter 

405nm, reference filter 540 nm) to determine optical densities.  

Sensitivity of the glucocorticoid assay at 100% binding was 3.9 pg/well. The 

interassay coefficients of variation (CVs) for the two internal controls (QHC & QLC) were 

4.9% and 9.3%, and the intra-assay CV was less than 10% (n = 51 assays). Serially diluted 

pooled fecal extracts demonstrated displacement curves parallel to those of standard hormone 

preparations. Recovery of added standard to fecal extracts (y = 1.3087x – 25.885, r = 0.9951) 

demonstrated significant recovery (P < 0.05). 

Definitions, analysis, and statistics 

The birth dates of all study animals were known, and ages recorded in months. 

Animals were assigned to age groups in 6 month increments from 0-6 to 36-42 months. 

When an animal was one day older than the upper limit of the age group, the data point was 
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included in the next oldest age category (ex. a male data point from 6 months 1 day of age 

would be included in the 6-12 month category).  

Raw data for fecal estrogen and glucocorticoid metabolite concentrations were used 

to calculate mean, SD, minimum and maximum values for each individual in each age group 

(Table 3.1). In addition, an iterative process was applied to estrogen and glucocorticoid data 

from each female in each age category, where all values greater than the mean plus 1.5 

standard deviations (SD) were excluded (Graham & Brown, 1996), with all remaining 

samples considered to have baseline concentrations. Peak values were calculated as any 

sample greater than 1.5 times baseline for each female/age category; if multiple peaks were 

less than 4 days apart only the highest value was counted as the peak (Brown et al., 1996). 

Using estrogen data, estrous cycles were defined as the number of days between peak values 

not exceeding 30 days (twice the number of days of previously established cycle lengths (Asa 

et al., 1992; Brown et al., 1996), and anestrous periods were calculated as the number of 

days between peak values that exceeded 30 days (Brown et al., 1996). For consistency, the 

same criteria for ‘cycles’ were used for all age groups, even though intervals between 

estradiol peaks in immature females may not represent the same exact biological occurrence 

as in mature females.  

Eight variables were calculated for each individual in each age category to compare 

fecal estrogen values, including: 1) mean concentration, 2) baseline concentration, 3) number 

of peaks, 4) mean peak concentration, 5) maximum peak concentrations, 6) number of 

cycles, 7) mean cycle length, and 8) number of anestrous periods. If a cycle or anestrous 

period spanned two age intervals it was counted in the age group in which >50% of the cycle 

or anestrous period occurred. 
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Additionally, three measurements were calculated by age at six month intervals for 

each individual to compare fecal glucocorticoid values. These measurements include: 1) 

mean concentration, 2) baseline concentration, and 3) amplitude over baseline which 

includes the distance between the baseline and all sample concentration values over the 

baseline value. 

Due to non-normal distribution, and because females were not represented evenly in 

every age group, both body weight and the variables (see above) for each hormone 

metabolite were analyzed individually by generalized linear mixed models (GLMM) using 

MLwiN version 2.02 (Rasbash et al., 2005). GLMM allowed both fixed and random effects 

to be incorporated to control for repeated fecal samples and body weight measurements 

across individuals. GLMM data are reported from minimum models where all fixed effects 

were entered into the GLMM together before non-significant terms were dropped 

sequentially until only those that explained significant variation in the dependent variable 

remained. All statistics reported are taken from this minimal model. Finally, each dropped 

term was re-entered to the minimal model individually to obtain their level of non-

significance. 

The minimum GLMM for body weight included random (individual) and fixed (age) 

effects (Table A3.1, Appendix B). Facility was not included as it was not significant in the 

minimal model. Age group was incorporated into the model as a categorical fixed effect to 

determine the relationship between body weight and age. The reference category for age in 

the body weight GLMM was 33 months as this was the oldest age group and most 

comparable to published female data (Brown et al., 1996; Crosier et al., 2011; Koester, 

2014). 



 

80 

 

Separate models were performed for each estrogen and glucocorticoid hormone 

metabolite variable (Figs A3.1 – A3.4, Appendix B) where the same random (individual and 

sample) and fixed effects (age and facility) were incorporated across all models. Within each 

fixed effect, a category was chosen as a reference for the model. First, age group was 

incorporated as a categorical fixed effect to determine the relationship between hormone 

metabolite measures and age group. The 30-36 month age category was chosen as the 

reference category because these females were closest to 3 years of age and most likely to 

exhibit hormone metabolite concentrations similar to previously published adult female data 

(Brown et al., 1996; Terio et al., 2003; Brown, 2011; Crosier et al., 2011) and was most 

useful to measure young immature females against. Secondly, among similar age groups, 

hormone metabolite variables were compared between animals according to their location by 

facility. Facility status was determined for each individual at each age category. The 

reference category for facility was SCBI as this was where a majority of the study animals 

were located. However, although facility was included to account for variance in the models 

it was not discussed further, due to the difficulty in drawing conclusions based on the 

demographics of the study population. For example, only one female resided at NZP. Sibling 

status was also included for all original female GLMMs due to previous data on influence of 

cohabitation with conspecifics (Wielebnowski & Brown, 1998; Koester, 2014). Sibling status 

was determined by who the individual shared an enclosure with (sister(s), brother(s), both 

sister(s) and brother(s), or neither) at the measured 6 month age interval. However, it was 

removed from all minimal models as it was not significant. 

The significance of each fixed effect was determined using the Wald statistic and chi-

squared (χ2) distribution, where significance was defined as P < 0.05 and statistical tendency 
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was defined by P < 0.1. Data are represented as mean prediction based on GLMM ± standard 

error (SE), which takes into account non-independence of data as defined by nested random 

effects.  

Results 

Body Weights 

Weight significantly increased (P ≤ 0.01) for female cheetahs during each three 

month interval from 3 months of age (average 5.6 ± 1.03 kg,) until 21 months of age (40.69 ± 

1.03 kg) (Fig 3.1). It was determined that females reached full adult body weight after 21 

months of age, similar to male cheetahs (Chapter 2), when weights remained consistent (P ≥ 

0.07) through 33 months. GLMM information can be found in Table A3.1 in Appendix B.   

Enzyme immunoassays – fecal estradiol metabolites 

Raw fecal estradiol concentrations (mean, SD, minimum, and maximum values) for 

each individual at each age group are presented in Table 3.1. Overall, there was a significant 

(P < 0.05) difference in predicted estradiol mean and baseline concentrations as they 

increased with age after 24 months of age as well as a significant increase in number of 

peaks, mean and maximum peak concentration, and number of cycles with age (Figs A3.1, 

A3.2 in Appendix B). Cycle length exhibited a statistical tendency (P < 0.07) to increase with 

age (Table 3.2 in Appendix B). Number of anestrous periods per age group was not 

significant with age (P > 0.21; Table A3.3 in Appendix B).  

Mean fecal estradiol concentrations were highest in the 0-6 month group, similar only 

to the 6-12 month group (χ2 = 3.15, df = 1, P > 0.08) (Fig 3.2A). Mean estradiol 

concentration continued to decline with age, until the lowest concentration at 18-24 months 

of age (P ≤ 0.004 for all pairwise comparisons). Following 24 months of age, mean estradiol 
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concentration increased for cheetahs in the 24-30 month age group (χ2 = 8.651, df = 1, P < 

0.003) and then remained at consistent levels for those animals in the 30-36 month group (χ2 

= 0.036, df = 1, P > 0.85) (Fig 3.2A). 

Fecal estradiol baseline concentrations followed similar patterns to the mean estradiol 

concentrations (Fig 3.2B). Cheetahs in the 0-6 month group exhibited the highest baseline 

concentration but these values were statistically similar, despite decreasing concentrations 

with age, to the values for both the 6-12 month olds (χ2 = 0.897, df = 1, P > 0.34) and the 

cheetahs in the 12-18 month group (χ2 = 2.301, df = 1, P > 0.13)(Fig 3.2B). Baseline 

estradiol concentrations were lowest in the 18-24 month group but were only significantly 

different (P < 0.05) from the two youngest groups (0-6 and 6-12) (Fig 3.2B). Following the 

18-24 month group, baseline estradiol concentrations increased slightly by 24-30 months (χ2 

= 0.309, df = 1, P > 0.58), and remained consistent in the 30-36 month group (χ2 = 0.007, df 

= 1, P > 0.93) (Fig 3.2B). 

Mean estradiol peak concentrations did not vary across all age groups (P ≥ 0.06 for 

all pairwise comparisons) (Fig 3.3A). However, there were tendencies for the 0-6 month (χ2 

= 3.541, df = 1, P < 0.06), 6-12 month (χ2 = 2.97, df = 1, P < 0.08), and the 12-18 month age 

groups (χ2 = 3.122, df = 1, P < 0.08) to have higher estradiol peak concentrations than the 

cheetahs in the 18-24 month group (Fig 3.3A).  Further, there was an increasing trend from 

the lowest mean peak value exhibited by animals in the 18-24 month group to the 24-30 

month group (χ2 = 2.732, df = 1, P < 0.1). Mean estradiol peak concentration continued to 

increase in the 30-36 age group (χ2 = 6.115, df = 1, P < 0.01) (Fig 3.3A). Interestingly, 

estrogen values from the oldest group of cheetahs (30-36 mos) was not significantly higher 

than that observed for the youngest group (0-6 mos) (χ2 = 0.208, df = 1, P > 0.64) or 6-12 
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months (χ2 = 1.42, df = 1, P > 0.23) (Fig 3.3A). Interestingly, the youngest group of females 

showed a tendency to have higher mean estrogen peak concentration than the 12-18 month 

group (χ2 = 3.217, df = 1, P < 0.07) (Fig 3.3A). 

Maximum estradiol peak concentration was highest (P ≤ 0.04 for all pairwise 

comparisons) in the oldest females, the 30-36 month group (Fig 3.3B). All other female age 

groups did not vary significantly (P ≥ 0.12 for all pairwise comparisons) among each other. 

The number of estradiol peaks within each six month age interval increased with age 

until the 24-30 month group (Fig 3.3C). The number of estradiol peaks remained consistently 

low (P ≥ 0.32 for all pairwise comparisons) from 0 – 18 months of age.  Peak numbers were 

similar for females from 12 – 24 months old (P > 0.05) (Fig 3.3C).  Interestingly, the oldest 

females (30-36 mos) demonstrated a similar number of estradiol peaks when compared to 

these age groups of females (12-24mos) (Fig 3.3C). The 24-30 month group had the greatest 

(P ≤ 0.03 for all pairwise comparisons) number of estradiol peaks (Fig 3.3C). Following the 

24-30 month group, number of peaks decreased (χ2 = 8.073, df = 1, P < 0.004) in the 30-36 

month group (Fig 3.3C). 

Number of cycles followed similar patterns to number of peaks (Fig 3.3D). Number 

of cycles increased with age until the 24-30 month group. The youngest females, 0-6 months, 

exhibited similarly low numbers of cycles compared to the 6-12 month (χ2 = 0.007, df = 1, P 

> 0.93), 12-18 month (χ2 = 0.86, df = 1, P > 0.35), and 18-24 month groups (χ2 = 2.399, df = 

1, P > 0.12) (Fig 3.3D). While the 18-24 month group did not differ from the younger 

females, it was also similar to the oldest females in the 30-36 month group (χ2 = 1.74, df = 1, 

P > 0.19) group (Fig 3.3D). The 24-30 month group had the greatest (P ≤ 0.0003) number of 
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cycles. Following the 24-30 month group, the number of cycles decreased (χ2 = 13.328, df = 

1, P < 0.0003) in the 30-36 month group (Fig 3.3D). 

While the overall model for mean cycle length was not significant it did show a trend 

with age (P < 0.07) (Fig 3.4). The youngest females (0-6 month age group) had shorter (P ≤ 

0.03 for all pairwise comparisons) mean cycle lengths (range 2.7-8.9 days) than all females > 

12 months of age (range 10.9-14.9 days) (Fig 3.4). There was also a tendency for the 0-6 

month group to have shorter mean cycles than the 6-12 month group (χ2 = 2.636, df = 1, P < 

0.10). Females 12 months and older did not vary in mean cycle lengths (P ≥ 0.08) (Fig 3.4). 

Enzyme immunoassays – fecal glucocorticoid metabolites 

Raw fecal glucocorticoid metabolite concentrations (mean, SD, min, and max) for each 

individual at each age group are presented in Table 3.1. Overall, there was a significant 

difference in predicted mean and amplitude above baseline fecal glucocorticoid metabolite 

models with age (Fig A3.3 in Appendix B). The baseline fecal glucocorticoid metabolite 

model was not significant with age (Table A3.4 in Appendix B). 

Mean glucocorticoid metabolite concentrations were highest in the youngest females 

aged 0-6 months (P ≤ 0.01 for all pairwise comparisons except 12-18 months) and had a 

tendency to be higher than the 12-18 month group (χ2 = 3.589, df = 1, P < 0.06) (Fig 3.5A). 

Mean glucocorticoids decreased in the 6-12 month group (χ2 = 26.014, df = 1, P < 0.0001) 

compared with the younger animals (Fig 3.5A). Concentrations then increased for the 12-18 

month (χ2 = 12.81, df = 1, P < 0.0003) and 18-24 month groups (χ2 = 4.733, df = 1, P < 0.03) 

(Fig 3.5A). These values were then followed by a second decline in the 24-30 (0.35 ± 0.05 

µg/g; χ2 = 4.156, df = 1, P < 0.04) month group where it stayed constant into the 30-36 (0.39 

± 0.06 µg/g; χ2 = 2.418, df = 1, P < 0.12) month group (Fig 3.5A). The concentrations for the 
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animals in the 12-18 and 18-24 month groups were similar to that for the oldest females (30-

36 months old; P ≥ 0.13 for all pairwise comparisons) (Fig 3.5A). 

The amplitude over baseline glucocorticoid concentrations followed a similar pattern to 

the mean glucocorticoids (Fig 3.5B). The youngest females (0-6 month group) exhibited the 

highest (P < 0.3 for all pairwise comparisons) concentrations. The 0-6 age group had 

tendency to be higher than the 12-18 month group (χ2 = 2.721, df = 1, P < 0.1) (Fig 3.5B). 

The 12-18 month group was similar in concentration to the 30-36 month group (χ2 = 1.4, df = 

1, P < 0.24), with dips in concentrations between the three high age groups, exhibiting a 

“wave-like” pattern of amplitude concentration activity (Fig 3.5B). 
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Table 3.1 Raw estrogen and glucocorticoid values per female cheetah by age group 

(months). n denotes number of females in each group. 

  

      

Raw Estradiol  

(µg/g dry feces) 

Raw Glucocorticoid  

(µg/g dry feces)   

Animal 

ID 

Age 

Group Location Mean SD Min Max Mean SD Min Max n 

8873 0-6 SCBI 0.22 0.05 0.12 0.36 0.38 0.40 0.08 2.08 29 

 6-12 SCBI 0.25 0.07 0.11 0.41 0.29 0.32 0.05 1.97 51 

  12-18 SCBI 0.23 0.04 0.16 0.34 0.12 0.06 0.05 0.26 13 

8426 12-18 NZP 0.28 0.08 0.13 0.60 0.17 0.10 0.05 0.52 38 

 18-24 NZP 0.27 0.08 0.12 0.47 0.24 0.13 0.06 0.72 51 

  24-30 NZP 0.31 0.07 0.22 0.48 0.20 0.15 0.08 0.74 20 

8285 6-12 SCBI 0.26 0.05 0.19 0.39 0.35 0.31 0.14 1.54 19 

 12-18 SCBI 0.24 0.05 0.14 0.35 0.30 0.25 0.09 1.30 50 

  18-24 SCBI 0.21 0.06 0.13 0.49 0.37 0.23 0.10 1.20 66 

  24-30 SCBI 0.25 0.09 0.07 0.64 0.21 0.18 0.06 0.91 61 

  30-36 SCBI 0.20 0.17 0.09 1.14 0.38 0.40 0.07 2.49 37 

8874 0-6 SCBI 0.25 0.10 0.12 0.55 0.68 0.66 0.10 3.10 30 

 6-12 SCBI 0.23 0.04 0.11 0.34 0.24 0.26 0.04 1.86 50 

  12-18 SCBI 0.25 1.65 0.17 0.38 0.13 0.09 0.05 0.35 13 

8042 18-24 WOCC 0.26 0.10 0.12 0.51 0.11 0.06 0.05 0.30 24 

 24-30 WOCC 0.27 0.10 0.12 0.56 0.21 0.27 0.05 1.97 55 

  30-36 WOCC 0.41 0.22 0.09 1.48 0.18 0.13 0.07 1.01 59 

8603 12-18 WOCC 0.38 0.14 0.10 0.71 0.15 0.13 0.05 0.81 32 

  18-24 WOCC 0.28 0.08 0.12 0.47 0.10 0.03 0.06 0.20 33 

8103 0-6 SCBI 0.45 0.10 0.26 0.62 0.57 0.37 0.20 1.52 13 

 6-12 SCBI 0.28 0.06 0.19 0.48 0.36 0.22 0.11 1.01 41 

  12-18 SCBI 0.25 0.06 0.14 0.44 1.02 0.78 0.27 4.19 52 

7221 12-18 SCBI 0.23 0.09 0.13 0.47 0.58 0.39 0.15 1.42 14 

 18-24 SCBI 0.21 0.05 0.13 0.33 0.28 0.19 0.07 1.19 74 

  24-30 SCBI 0.21 0.07 0.11 0.50 0.31 0.22 0.07 1.02 69 

  30-36 SCBI 0.21 0.06 0.11 0.51 0.27 0.18 0.06 1.12 74 

8286 6-12 SCBI 0.24 0.02 0.21 0.28 1.01 0.66 0.26 2.29 8 

 12-18 SCBI 0.21 0.05 0.14 0.36 0.35 0.24 0.11 1.26 50 

  18-24 SCBI 0.23 0.09 0.11 0.67 0.41 0.28 0.14 1.45 52 

  24-30 SCBI 0.28 0.11 0.14 0.70 0.28 0.16 0.08 0.93 58 

  30-36 SCBI 0.18 0.05 0.10 0.32 0.44 0.29 0.06 1.20 35 
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Figure 3.1 Female cheetah body weights by age (mean ± SEM). Bars denoted with 

different letters represent significant difference of P < 0.05. n denotes number of females in 

each group. 
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Figure 3.2 (A) Mean estrogen concentrations ± SEM and (B) baseline estrogen 

concentrations ± SEM by female age group. Within the same metric, bars denoted with 

different letters represent significant difference of P < 0.05. The number of individual 

females (n) is listed for each age group.  
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Figure 3.3 (A) Mean peak estrogen concentrations ± SEM, (B) maximum peak estrogen 

concentrations ± SEM, (C) number of peaks ± SEM, and (D) number of cycles ± SEM 

by female age group. Within the same metric, bars denoted with different letters represent 

significant difference of P < 0.05. The number of individual females (n) is listed for each age 

group. Note differences of scale. 

  



 

90 

 

 



 

91 

 

 
  



 

92 

 

 
Figure 3.4 Mean cycle length ± SEM by female age group. Bars denoted with different 

letters represent significant difference of P < 0.05. The number of individual females (n) is 

listed for each age group.  
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Figure 3.5 (A) Mean glucocorticoid concentrations ± SEM and (B) amplitude 

glucocorticoid concentrations ± SEM by female age group. Within the same metric, bars 

denoted with different letters represent significant difference of P < 0.05. The number of 

individual females (n) is listed for each age group. Note differences of scale. 
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Discussion 

This study aimed to determine pubertal age of female captive cheetahs using body 

weight and fecal steroid hormone metabolite concentrations. Five important discoveries 

regarding captive female cheetahs were made including: 1) achievement of adult body weight 

by 21 months of age; 2) the youngest females (0-6 months old) exhibited significantly higher 

mean and baseline estrogens than females >18 month olds 3) pubertal estrogen and cycle 

characteristics were highest at approximately 24-30 months of age; 4) estrogen peaks 

increased with age but were still prevalent in ≥ 6 month old females; 5) the youngest females 

(0-6 months old) exhibited significantly higher glucocorticoid concentrations than any other 

age group followed by a “wave-like” secretion pattern over age. This is the first study to 

characterize longitudinal body mass and gonadal and adrenal hormones in female cheetahs < 

24 months of age. 

 Prior to this study, information regarding growth curves in cheetahs < 24 months was 

scarce. The achievement of reaching adult body weight at 21 months is important as body 

weight has been shown in other species to be an indicator of pubertal onset. Many mammals, 

particularly females, become pubertal after achieving a particular body weight (Boulanouar 

et al., 1995; Klein, 1998; Macdonald et al., 2005) or fat content (Garcia et al., 2002). 

Mechanisms for this include linear rising concentrations of serum leptin from an increasing 

number of adipocytes acting as a proposed signal for pubertal onset (Wiltbank et al., 1966; 

Frisch, 1984; Chehab et al., 1996; Ahima et al., 1997; Cheung et al., 1997; Issad et al., 1998; 

Quinton et al., 1999; Garcia et al., 2002). Leptin serves as one of many signals that decrease 

hypothalamic sensitivity and increase pulses of GnRH to stimulate gonadotropins from the 
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anterior pituitary, resulting in greater concentrations of estradiol from the ovaries (Foster & 

Nagatani, 1999). Following the decrease in hypothalamic sensitivity to gonadal hormones, 

estrogens can reach threshold concentrations to stimulate the surge center of the 

hypothalamus and generate the positive feedback loops necessary for follicular growth and 

ovulation. 

After 21 months of age, small, non-significant fluctuations in weight were 

documented, most likely due to adjustments in husbandry and feeding management. As 

young cheetahs grow, diets are increased to accommodate developmental demands. 

However, once the animal reaches maximum body size, excess food may be stored as fat. 

Animal care staff may notice an excessive increase in weight and reduce feeding allotments, 

which may explain the slight dip in weight after 27 months of age as diets are adjusted 

accordingly. From a management perspective, understanding the growth rate of captive 

cheetahs is important to ensure nutritional needs are being met while avoiding overfeeding 

and obesity as carrying excessive weight has been linked in other species to decreased 

fertility (Jungheim et al., 2012; Michalakis et al., 2013; Fan et al., 2015). By providing a first 

look into the growth rate of young cheetahs, this information will aid in creating a guide to 

help influence management decisions regarding nutritional and developmental requirements.  

While many studies in female cheetahs have focused on describing adult reproductive 

cycles, few have examined reproductive processes in individuals younger than 24 months. 

This study expanded on current reproductive endocrine knowledge of the ex situ cheetah by 

characterizing fecal gonadal hormone patterns in young females. Based on estrogen 

concentrations in the present study, data suggest females are pubertal around 24-30 months 
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of age. Similar to testosterone patterns seen in young male cheetahs (Chapter 2), female 

estrogens are initially high, decline with age until reaching a nadir, followed by an increase 

in estrogen concentration. However, this nadir occurred at an older age in the females (18-24 

mos) than it did in the males (12-18 mos) (Chapter 2). As one of the many physiological 

changes occurring during puberty, the tonic center of the hypothalamus becomes 

decreasingly sensitive to gonadal steroids. This allows greater concentrations of GnRH to be 

produced from the hypothalamus, leading to increased output of gonadotropins, and 

consequently, estrogen from the ovaries. While the increase in estrogen concentration in the 

24-30 month group was only significant in the mean estrogens model, this may still signify 

an increase in ovarian activity and follicular growth. In pre-pubertal ewes, serum estradiol 

increased gradually with age from 6 weeks until puberty at 32-36 weeks (Bartlewski et al., 

2006). In pre-pubertal heifers, the last 12 weeks before first ovulation exhibit a marked 

increase in serum estradiol (Evans et al., 1994; Melvin et al., 1999). Waves of fecal estrogen 

metabolites were also used to measure follicular development in lions and were found in 

captive females as young as 1.1 years of age (Putman, 2015). 

Additionally, the number of estrogen peaks and cycles, or intervals of ≤ 30 days 

between estrogen peaks, in young female cheetahs also increased with age as females under 

18 months of age had low numbers of estrogen peaks and cycles compared to females > 24 

months of age. The similarity in number of peaks between the18-24 month group and both 

the younger and older females may indicate the beginning of the transition into adult 

follicular activity. As follicular development increases, estrogen concentrations should 

increase with follicular growth and decrease as these follicles become atretic, thereby 

creating these follicular patterns of estrogen peaks and valleys. This increase in follicular 
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activity is further exaggerated in the 24-30 month group by the highest number of peaks. 

While data were grouped in the current study by 6 month categories for ease of data analysis, 

it appears follicular activity may be increasing in frequency near the end of the 18-24 month 

group for some of the females and continuing into the 24-30 month group. It may be of 

interest to categorize data by three month intervals, as individual fluctuations may be getting 

lost in the larger six month intervals. However, due to the small number of samples, it was 

difficult to calculate measures such as baseline in any interval less than six months. Both 

mean and maximum estrogen peak levels were highest in the 30-36 month group. All female 

groups < 30 months of age were not statistically different suggesting estrogen concentrations 

indicative of adult follicular waves may not be attained until after puberty (> 30 months of 

age).  

Interestingly, while number of peaks and cycles increased with age after 18 months, 

cycle length did not differ in females after 6 months of age. Cycle length in all groups > 12 

months of age agree with previously published cycle length (12-14 days) data for cheetahs 

(Asa et al., 1992; Brown et al., 1996). This may be evidence that young prepubertal cheetahs 

experience non-ovulatory follicular waves similar to those seen in prepubertal ewes, heifers, 

goats, and rats (HW Hopper et al., 1993; Adams et al., 1994; Rawlings et al., 2003; 

Bartlewski et al., 2006; Ojeda & Skinner, 2006). As these follicular waves develop under 

influence of increasing gonadotropin secretion, increasing concentrations of estradiol are 

produced. However, because these animals are prepubescent, increased sensitivity of the 

negative feedback system keeps estrogens below the threshold concentration that would 

activate the positive feedback loop of the surge center of the hypothalamus to stimulate 

GnRH surge and thereby LH surge causing ovulation (Senger, 2005). It is believed that these 
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early prepubertal follicular waves and exposure to follicular patterns of gonadotropin release 

may be essential for ovarian organization and maturation of the HPG axis for pubertal onset 

and post-pubertal reproduction (Adams et al., 1994; Evans et al., 1994). Cheetahs differ from 

heifers, goats, and sheep in that they are almost exclusively induced ovulators (Brown et al., 

1996). As a result adult follicular waves end in atresia rather than ovulation in the absence of 

mating or exogenous gonadotropin stimulation (Howard et al., 1992, 1997). Consequently, 

without ovarian observations, it is difficult to determine whether these pre-pubertal estrogen 

peaks are indicative of follicular waves similar to those in non-mated adult female cheetahs 

(Wildt et al., 1993). It is also difficult to determine whether number of peaks or cycles 

present in each age group represent adult patterns, as adult female cheetahs are notoriously 

variable in their cyclicity, even within individuals (Brown et al., 1996). Using previously 

published cyclicity data, in adult females > 36 months of age, three of the four females 

averaged between 1.51 and 1.87 cycles per month (Asa et al., 1992). Extrapolating these data 

to calculate number of cycles in a 6 month time frame, these adult females exhibit between 

9.06 and 11.2 cycles in 6 months. These would be comparable with the 24-30 month age 

group in the current study and may indicate the initiation of adult-like follicular patterns. The 

decrease in both peak and cycle numbers in the 30-36 month group may be explained by the 

non-conventional estrous cycle patterns exhibited in most adult female cheetahs, where 

periods of ovarian activity are inconsistent and frequently interrupted by periods of acyclicity 

(Wildt et al., 1993; Brown et al., 1996; Koester, 2014). While the distinction between pre-

pubertal and adult follicular waves remains to be elucidated in the cheetah, it does appear that 

the number of peaks and cycles increases with age, with the highest values in the 24-30 

month group.  
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The estimated age at puberty from this study of between 24-30 months biologically 

supports observations from the wild where although sibling groups become independent from 

their mother at approximately 18 months of age (Caro, 1994), siblings remain together until 

the females depart to become solitary between 23-27 months of age (Caro, 1994). Females in 

mixed-sex sibling groups do not leave earlier than those from all female sibling groups, 

indicating inbreeding avoidance may not be a strong cause for independence (Caro, 1994). 

This suggests wild females are not yet sexually mature before ~27 months. However, there 

are reports of adult males following mixed sibling groups closely to examine the female 

members, suggesting it may be possible for females to be cycling while still living in their 

sibling groups (Kuenkel, 1978; Caro, 1994).  The adult male attention may indicate an 

increase in estrogen production in response to developing adult-like follicular waves during 

this time in the young females. Despite the male attention, breeding by interested males of 

these young females in sibling groups has not been documented and it is unlikely they are 

sexually mature until after the age of dispersal.  

Based on the results from this research, it can be concluded that female cheetahs 

reach puberty at an older age than male cheetahs (Chapter 2). This is not in agreement with a 

majority of mammal species where females typically reach sexual maturity earlier than males 

(Johnston, Root Kustritz & Olson, 2001; Senger, 2005; Aiken & Ozanne, 2013). However, 

unlike all other felids, cheetahs have a unique social structure whereby females are solitary 

while males typically live in social groups (Caro, 1994). The investment required to become 

sexually mature is far greater for a solitary female than it is for even a solitary male, let alone 

a male living with brothers. Males must acquire a threshold concentration of androgens for 

spermatogenesis and proper breeding behaviors to perform successful copulation and 
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fertilization of a female. This is the end of the reproductive involvement for a male cheetah. 

For a female cheetah, the stakes in reproduction are much higher. When females leave their 

sibling groups they are completely on their own for hunting and predator avoidance. They 

must acquire adequate hunting skills to provide for themselves as well as during pregnancy, 

lactation, and throughout raising cubs. The females must also be able to move and protect her 

cubs from threats. All of these aspects of reproduction are incredibly demanding when 

compared to the contribution of a social living male. Therefore, it seems logical that female 

cheetahs would experience puberty later than their male counterparts.  

Despite differences in pubertal onset, both males (Chapter 2) and females exhibited 

elevated concentrations of gonadal and adrenal steroids in the youngest age group. Because 

this hormonal increase occurred at the same age in both males in females, it may be unrelated 

to pubertal hormonal changes and could instead reflect a post-natal surge. Post-natal surges 

of gonadal steroids have been documented in a variety of species including the rat (Ojeda & 

Skinner, 2006), chimpanzee (Winter et al., 1975), and human (Forest et al., 1973; Gendrel et 

al., 1980). The post-natal surge is described as a response of the infant’s hypothalamic-

pituitary-gonadal (HPG) axis to the immediate removal from the maternal endocrine 

environment (Winter et al., 1975). In female infants, the post-natal surge is linked to an 

increase in follicular development within the ovary (reviewed in Kuiri-Hanninen, Sankilampi 

& Dunkel, 2014). Endocrine concentrations equal to the post-natal surge are typically not 

reached again until puberty. Recently, the post-natal surge has also been documented in the 

domestic cat (Faya et al., 2013). Gonadal steroid metabolites from domestic kittens were 

monitored from 1 week of age until puberty (13 weeks of age) and divided into two time 

windows (TW) for a comparison of fecal hormone concentrations. In females, fecal gonadal 
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metabolite concentrations were greater in the first TW (weeks 1-5) than the second TW 

(weeks 6-13). Similar to the 0-6 month female cheetahs, fecal estradiol levels in the 1-5 week 

old domestic cats were higher than concentrations the same authors measured in mature adult 

females (Faya et al., 2013). Further, the domestic cat fecal estradiol elevated concentrations 

persisted longer than those in the males, also similar to cheetahs (Chapter 2). Fecal estrogen 

patterns in domestic cats (Faya et al., 2013) and cheetahs also match with those discovered in 

both rats and humans (Winter et al., 1975; Quigley, 2002), with less defined post-natal peaks 

and a higher degree of fluctuation in estradiol production. This, combined with the increase 

in pre-pubertal follicular activity and non-conventional cyclicity of female cheetahs, may 

explain the extended duration in which fecal estrogens were elevated in young individuals 

compared to the fecal androgens of the male cheetahs (Chapter 2). While human infants 

experience longer post-natal surges compared to those of a rat or kitten, the differences in age 

at which the change in pattern occurred are expected given the size and development 

difference between the species. Therefore, it seems plausible that the increase in fecal 

estrogens seen in 0-6 month cheetahs in the present study may be evidence of the post-natal 

surge in gonadal steroids. 

In contrast to male cheetahs (Chapter 2), female glucocorticoid profiles did not 

indicate an increase in concentration occurring at the time of estimated puberty (24-30 

months). The females did exhibit a similar overall “wave-like” pattern of glucocorticoid 

mean and amplitude secretion over time as the males (Chapter 2), which includes both males 

and females < 6 months of age exhibiting the greatest concentrations of glucocorticoids. 

Despite the similar overall pattern of glucocorticoids, the female increase in concentrations 

occurred earlier (12-18 months) than in the males (18-24 months). Interestingly, the age of 
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increase in the female glucocorticoid concentrations also coincided with the age of lowest 

concentrations recorded in the males (Chapter 2). This may be evidence that environmental 

and management factors are not solely responsible for the glucocorticoid increases as males 

show an increase in glucocorticoid concentrations at the age in which cheetahs are typically 

separated from mother and opposite gendered siblings in captive environments, yet the 

females do not show this same increase. This gender discrepancy may also suggest a 

difference in the way the males and females respond to either environmental factors or 

internal physiological challenges. In pre-pubertal rats, a difference in corticosterone response 

was discovered between males and females where males exhibited an increase in the basal 

expression of corticotropin releasing hormone from the paraventricular nucleus of the 

hypothalamus (Romeo et al., 2007) while the opposite was true for pre-pubertal females 

(Viau et al., 2005). Further, pre-pubertal male rats did not appear to habituate to homotypic 

stressors and exhibited a greater ACTH and corticosterone response than the adults (Romeo 

et al., 2006; Doremus-Fitzwater et al., 2009; Lui et al., 2012). Interestingly, when pre-

pubertal female rats were presented with homotypic stress (exposure to the same stressor), 

they showed a similar corticosterone response as the habituated adult females (Doremus-

Fitzwater et al., 2009). Again, this suggests there may be sex differences in HPA reactivity 

prior to puberty but the relationship between the HPG and HPA axes requires further 

investigation in both male and female cheetahs. Whether the increase in glucocorticoid 

concentrations is also in relation to the early activation of hypothalamic-pituitary axes or is 

simply a responses to physiological challenges also remains to be elucidated in the cheetah. 

Previously, little to no information existed on adolescent and pubertal glucocorticoids in the 

cheetah. The causes and consequences of these unique secretion patterns during the 
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developmental period in the cheetah is outside the scope of this study and is suggested for 

future research as this is important for the successful development, management, and 

propagation of ex situ cheetahs. 

In conclusion, it was determined that ex situ female cheetahs are pubertal around 24-

30 months of age based on increasing mean, baseline, and peak estrogen concentrations, as 

well as increasing numbers of peak and cycles. It was also determined that female cheetahs 

reach adult body size at 21 months of age. Glucocorticoid patterns indicated high 

concentrations in young females, followed by a “wave-like” pattern of secretion similar to 

that of male cheetahs.  

While pubertal data is by nature controversial as there are many ways to define 

puberty, this study has taken the first steps toward determining when physiological changes 

occur in female cheetahs. While overall it appeared females were pubertal at 24-30 months of 

age, it should be noted that among the raw data individual distinctions were observed. Just as 

in humans and many other species, puberty is not a “one size fits all” event and some 

individual variation in age of onset should be expected. Increasing our understanding of ex 

situ cheetah behavior, health, and reproductive milestones, such as onset of puberty, is 

essential to improving management techniques and reaching a self-sustaining captive 

population.  
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Appendix A 

 

Body Weight             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   13     2017.164 0 

Age Group (months) 3 1 -35.7 1.716 432.759 <0.001 

  6 1 -25.397 1.716 219.017 <0.001 

  9 1 -15.834 1.716 85.134 <0.001 

   12 1 -9.048 1.658 29.782 <0.001 

   15 1 -4.77 1.758 7.358 0.007 

   18 1 -1.571 1.658 0.898 0.343 

   21 1 1.736 1.716 1.023 0.31181 

  24 1 2.733 1.716 2.536 0.111 

  27 1 1.264 1.716 0.543 0.461 

   30 1 1.617 1.758 0.845 0.358 

   33 1 2.333 1.758 1.761 0.185 

   36 1 2.417 1.758 1.889 0.169 

  39 1 0.367 2.031 0.033 0.856 

  ŧ42           

Table A2.1 Generalized linear mixed models (GLMM) for body weight (kg) in male 

cheetahs. A multivariate approach was used to determine how age affected body weight. For 

each variable, a reference category (ŧ) within the variable was assigned, to which all other 

categories were compared. A negative effect size indicates the body weight value was lower 

than the reference category, whereas a positive value means it was higher. Alpha was set to P 

< 0.05 for all models and statistical tendencies included P <0.1. 

 

  



 

120 

 

 

Figure A2.1 Generalized linear mixed models (GLMM) for (A) mean androgens, (B) 

baseline androgens, and (C) androgen amplitudes in male cheetahs. A multivariate 

approach was used to determine how age and facility affected androgen mean, baseline, and 

amplitude values. For each variable, a reference category (ŧ) within the variable was 

assigned, to which all other categories were compared. A negative effect size indicates the 

androgen value was lower than the reference category, whereas a positive value means it was 

higher. Alpha was set to P < 0.05 for all models and statistical tendencies included P <0.1. 

 

 

A. Mean Androgens             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the minimum 

model   9     152.4 <0.001 

Age Group (months) 0-6 1 -0.07 0.034 4.883 0.027 

  6-12 1 -0.08 0.025 10.88 0.001 

  12-18 1 -0.14 0.022 42 <0.001 

  18-24 1 -0.07 0.019 15.62 <0.001 

  24-30 1 -0.07 0.018 14.81 0.0001 

  30-36 1 0.02 0.018 1.002 0.317 

  ŧ36-42       

Facility NZP 1 0.18 0.07 6.695 0.01 

  WOCC 1 -0.03 0.029 1.394 0.238 

  DZ 1 -0.02 0.058 0.085 0.771 

  ŧSCBI           

B. Baseline Androgens             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the minimum 

model   9     24.166 0.004 

Age Group (months) 0-6 1 -0.07 0.063 1.227 0.268 

  6-12 1 -0.095 0.054 3.132 0.077 

  12-18 1 -0.203 0.053 14.388 0.0001 

  18-24 1 -0.108 0.05 4.602 0.032 

  24-30 1 -0.124 0.053 5.37 0.02 

  30-36 1 -0.057 0.053 1.172 0.279 

  ŧ36-42       

Facility NZP 1 0.099 0.047 4.498 0.034 

  WOCC 1 0.066 0.053 1.518 0.218 

  DZ 1 -0.101 0.055 3.338 0.068 

  ŧSCBI           

C. Androgen Amplitude             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the minimum 

model   9     36.893 <0.001 

Age Group (months) 0-6 1 -0.084 0.036 5.571 0.018 

  6-12 1 -0.063 0.028 5.203 0.023 

  12-18 1 -0.048 0.024 4.028 0.045 

  18-24 1 -0.03 0.021 2.047 0.153 

  24-30 1 -0.014 0.02 0.478 0.489 

  30-36 1 0.021 0.02 1.025 0.311 

  ŧ36-42       

Facility NZP 1 0.114 0.034 11.474 0.0007 

  WOCC 1 -0.003 0.033 0.006 0.938 

  DZ 1 0.077 0.037 4.371 0.0366 

  ŧSCBI           
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Figure A2.2 Generalized linear mixed models (GLMM) for (A) mean glucocorticoids, 

(B) baseline glucocorticoids, and (C) glucocorticoid amplitudes in male cheetahs. A 

multivariate approach was used to determine how age and facility affected glucocorticoid 

mean, baseline, and amplitude values. For each variable, a reference category (ŧ) within the 

variable was assigned, to which all other categories were compared. A negative effect size 

indicates the glucocorticoid value was lower than the reference category, whereas a positive 

value means it was higher. Alpha was set to P < 0.05 for all models and statistical tendencies 

included P <0.1. 

 

 

A. Mean Glucocorticoids             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   9     130.35 <0.001 

Age Group (months) 0-6 1 0.28 0.051 30.68 <0.001 

  6-12 1 -0.015 0.038 0.145 0.703 

  12-18 1 -0.094 0.034 7.657 0.006 

  18-24 1 0.012 0.03 0.175 0.676 

  24-30 1 -0.03 0.029 1.069 0.301 

  30-36 1 -0.061 0.029 4.365 0.037 

  ŧ36-42       

Facility NZP 1 -0.182 0.045 16.742 <0.001 

  WOCC 1 -0.053 0.046 1.367 0.242 

  DZ 1 -0.389 0.051 57.282 <0.001 

  ŧSCBI           

B. Baseline Glucocorticoids           

Fixed Term Categories df Effect SE Wald P 

Significant terms within the minimum 

model   9     25.42 0.003 

Age Group (months) 0-6 1 0.21 0.076 7.667 0.006 

  6-12 1 0.07 0.064 1.2 0.273 

  12-18 1 -0.041 0.064 0.421 0.516 

  18-24 1 -0.008 0.06 0.016 0.899 

  24-30 1 0 0.064 0 1 

  30-36 1 0.009 0.063 0.02 0.888 

  ŧ36-42       

Facility NZP 1 -0.073 0.056 1.685 0.194 

  WOCC 1 -0.035 0.064 0.293 0.588 

  DZ 1 -0.258 0.066 15.264 <0.001 

  ŧSCBI           

C. Glucocorticoid Amplitude           

Fixed Term Categories df Effect SE Wald P 

Significant terms within the minimum 

model   9     75.827 <0.001 

Age Group (months) 0-6 1 0.194 0.056 12.138 0.0005 

  6-12 1 -0.024 0.041 0.341 0.56 

  12-18 1 -0.085 0.037 5.288 0.021 

  18-24 1 0.018 0.033 0.303 0.582 

  24-30 1 -0.057 0.033 2.976 0.085 

  30-36 1 -0.083 0.033 6.233 0.013 

  ŧ36-42       

Facility NZP 1 -0.134 0.037 13.097 0.0003 

  WOCC 1 -0.023 0.05 0.206 0.65 

  DZ 1 -0.249 0.05 24.352 <0.001 

  ŧSCBI           
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Appendix B 

Body Weight             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   10     1384.676 0 

Age Group (months) 3 1 -33.61 1.674 402.902 <0.0001 

  6 1 -23.883 1.582 227.852 <0.0001 

  9 1 -16.008 1.621 97.495 <0.0001 

  12 1 -9.517 1.621 34.456 <0.0001 

  15 1 -4.654 1.582 8.653 0.00327 

  18 1 -2.515 1.621 2.406 0.12087 

  21 1 1.488 1.674 0.79 0.3741 

  24 1 1.4 1.751 0.639 0.42407 

  27 1 2.9 1.751 2.742 0.097742 

  30 1 -0.267 1.872 0.02 0.88754 

  ŧ33           

Table A3.1 Generalized linear mixed models (GLMM) for body weight (kg) in female 

cheetahs. A multivariate approach was used to determine how age affected body weight. For 

each variable, a reference category (ŧ) within the variable was assigned, to which all other 

categories were compared. A negative effect size indicates the body weight value was lower 

than the reference category, whereas a positive value means it was higher. Alpha was set to P 

< 0.05 for all models and statistical tendencies included P <0.1.  
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Figure A3.1 Generalized linear mixed models (GLMM) for (A) mean estrogens and (B) 

baseline estrogens in female cheetahs. A multivariate approach was used to determine how 

age and facility affected estrogen mean and baseline values. For each variable, a reference 

category (ŧ) within the variable was assigned, to which all other categories were compared. A 

negative effect size indicates the estrogen value was lower than the reference category, 

whereas a positive value means it was higher. Alpha was set to P < 0.05 for all models and 

statistical tendencies included P <0.1. 

 

  

A. Mean Estrogens             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   7     74.12 <0.001 

Age Group (months) 0-6 1 0.044 0.016 7.336 0.00676 

  6-12 1 0.019 0.013 2.226 0.1357 

  12-18 1 0.001 0.01 0.015 0.90252 

  18-24 1 -0.027 0.009 8.24 0.0041 

  24-30 1 -0.002 0.009 0.036 0.84952 

  ŧ30-36       

Facility NZP 1 0.06 0.018 10.687 0.00108 

  WOCC 1 0.106 0.014 55.618 <0.001 

  ŧSCBI           

B. Baseline Estrogens             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   7     17.72 0.0133 

Age Group (months) 0-6 1 0.075 0.035 4.543 0.03305 

  6-12 1 0.043 0.031 1.974 0.16002 

  12-18 1 0.028 0.028 0.971 0.32443 

  18-24 1 -0.013 0.03 0.184 0.66796 

  24-30 1 0.003 0.031 0.007 0.93332 

  ŧ30-36       

Facility NZP 1 0.079 0.029 7.271 0.00701 

  WOCC 1 0.075 0.024 9.839 0.00171 

  ŧSCBI           
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Figure A3.2 Generalized linear mixed models (GLMM) for (A) mean peak estrogen 

concentrations, (B) maximum peak estrogen concentrations, (C) number of peaks, and 

(D) number of cycles in female cheetahs. A multivariate approach was used to determine 

how age and facility affected mean peak concentration, maximum peak concentration, 

number of peaks, and number of cycles. For each variable, a reference category (ŧ) within the 

variable was assigned, to which all other categories were compared. A negative effect size 

indicates the value was lower than the reference category, whereas a positive value means it 

was higher. Alpha was set to P < 0.05 for all models and statistical tendencies included P 

<0.1. 
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A. Mean Peak Estrogen Concentration           

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   7     53.026 <0.0001 

Age Group (months) 0-6 1 -0.025 0.056 0.208 0.64834 

  6-12 1 -0.053 0.045 1.42 0.2334 

  12-18 1 -0.066 0.037 3.217 0.072877 

  18-24 1 -0.13 0.035 13.585 0.00023 

  24-30 1 -0.078 0.032 6.115 0.0134 

  ŧ30-36       

Facility NZP 1 0.134 0.058 5.336 0.02089 

  WOCC 1 0.161 0.027 34.916 <0.0001 

  ŧSCBI           

B. Maximum Peak Estrogen Concentration           

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   7     26.865 0.00035 

Age Group (months) 0-6 1 -0.291 0.144 4.115 0.04251 

  6-12 1 -0.48 0.127 14.392 0.00015 

  12-18 1 -0.385 0.115 11.276 0.00079 

  18-24 1 -0.406 0.122 11.123 0.00085 

  24-30 1 -0.293 0.126 5.357 0.02064 

  ŧ30-36       

Facility NZP 1 0.074 0.12 0.379 0.53814 

  WOCC 1 0.239 0.098 5.97 0.01455 

  ŧSCBI           

C. Number of Estrogen Peaks             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   7     58.199 <0.001 

Age Group (months) 0-6 1 -4.769 1.838 6.733 0.00946 

  6-12 1 -4.436 1.621 7.486 0.00622 

  12-18 1 -3.164 1.469 4.641 0.03122 

  18-24 1 -1.45 1.559 0.865 0.35234 

  24-30 1 4.599 1.619 8.073 0.00449 

  ŧ30-36       

Facility NZP 1 -5.431 1.533 12.552 0.0004 

  WOCC 1 0.257 1.252 0.042 0.83762 

  ŧSCBI           

       

       

D. Number of Cycles               

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   7     74.846 <0.0001 

Age Group (months) 0-6 1 -4.507 1.732 6.769 0.00928 

  6-12 1 -4.374 1.528 8.193 0.00421 

  12-18 1 -3.084 1.384 4.963 0.0259 

  18-24 1 -1.938 1.469 1.74 0.18714 

  24-30 1 5.57 1.526 13.328 0.00026 

  ŧ30-36       

Facility NZP 1 -5.023 1.445 12.087 0.00051 

  WOCC 1 0.304 1.18 0.066 0.79725 

  ŧSCBI           
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Mean Cycle Length               

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model  7   13.192 0.068 

Age Group (months) 0-6 1 -9.785 4.049 5.841 0.016 

  6-12 1 -3.592 3.571 1.011 0.315 

  12-18 1 1.054 3.235 0.106 0.745 

  18-24 1 -1.547 3.434 0.203 0.652 

  24-30 1 2.496 3.566 0.49 0.484 

  ŧ30-36       

Facility NZP 1 -4.563 3.377 1.826 0.177 

  WOCC 1 -3.117 2.759 1.277 0.258 

  ŧSCBI           

Table A3.2 Generalized linear mixed models (GLMM) for mean cycle length in female 

cheetahs. A multivariate approach was used to determine how age and facility affected mean 

cycle length values. For each variable, a reference category (ŧ) within the variable was 

assigned, to which all other categories were compared. A negative effect size indicates the 

value was lower than the reference category, whereas a positive value means it was higher. 

Alpha was set to P < 0.05 for all models and statistical tendencies included P <0.1. 
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Table A3.3 Generalized linear mixed models (GLMM) for number of anestrous periods 

in female cheetahs. A multivariate approach was used to determine how age and facility 

affected number of anestrous periods. For each variable, a reference category (ŧ) within the 

variable was assigned, to which all other categories were compared. A negative effect size 

indicates the value was lower than the reference category, whereas a positive value means it 

was higher. Alpha was set to P < 0.05 for all models and statistical tendencies included P 

<0.1. 

  

Number of Anestrous 

Periods               

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   7     9.577 0.21384 

Age Group (months) 0-6 1 -0.143 0.547 0.069 0.7928 

  6-12 1 0.19 0.482 0.155 0.6938 

  12-18 1 0.173 0.437 0.157 0.69193 

  18-24 1 0.707 0.464 2.327 0.12715 

  24-30 1 -0.437 0.482 0.824 0.36401 

  ŧ30-36       

Facility NZP 1 -0.625 0.456 1.875 0.1709 

  WOCC 1 -0.24 0.373 0.416 0.51894 

  ŧSCBI           
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Figure A3.3 Generalized linear mixed models (GLMM) for (A) mean glucocorticoids 

and (B) glucocorticoid amplitudes in female cheetahs. A multivariate approach was used 

to determine how age and facility affected glucocorticoid mean and amplitude values. For 

each variable, a reference category (ŧ) within the variable was assigned, to which all other 

categories were compared. A negative effect size indicates the glucocorticoid value was 

lower than the reference category, whereas a positive value means it was higher. Alpha was 

set to P < 0.05 for all models and statistical tendencies included P <0.1. 

 

  

A. Mean Glucocorticoids             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   7     46.006 <0.001 

Age Group (months) 0-6 1 0.15 0.059 6.508 0.01074 

  6-12 1 -0.084 0.047 3.268 0.070644 

  12-18 1 0.052 0.035 2.265 0.13233 

  18-24 1 0.01 0.031 0.105 0.74591 

  24-30 1 -0.047 0.03 2.418 0.11995 

  ŧ30-36       

Facility NZP 1 -0.198 0.13 2.34 0.12609 

  WOCC 1 -0.25 0.099 6.393 0.01146 

  ŧSCBI           

B. Glucocorticoid Amplitude             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   7     32.882 <0.001 

Age Group (months) 0-6 1 0.138 0.062 4.963 0.0259 

  6-12 1 -0.063 0.05 1.603 0.20548 

  12-18 1 0.046 0.039 1.4 0.23672 

  18-24 1 0.006 0.035 0.034 0.85371 

  24-30 1 -0.033 0.035 0.905 0.34144 

  ŧ30-36       

Facility NZP 1 -0.151 0.08 3.554 0.059402 

  WOCC 1 -0.182 0.062 8.697 0.00319 

  ŧSCBI           
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Table A3.4 Generalized linear mixed models (GLMM) for baseline glucocorticoids in 

female cheetahs. A multivariate approach was used to determine how age and facility 

affected glucocorticoid baseline values. For each variable, a reference category (ŧ) within the 

variable was assigned, to which all other categories were compared. A negative effect size 

indicates the glucocorticoid value was lower than the reference category, whereas a positive 

value means it was higher. Alpha was set to P < 0.05 for all models and statistical tendencies 

included P <0.1. 

 

 

Baseline Glucocorticoids             

Fixed Term Categories df Effect SE Wald P 

Significant terms within the 

minimum model   7     7.676 0.36203 

Age Group (months) 0-6 1 0.03 0.092 0.105 0.74591 

  6-12 1 0.052 0.081 0.416 0.51894 

  12-18 1 0.009 0.073 0.014 0.90581 

  18-24 1 -0.033 0.078 0.186 0.66627 

  24-30 1 -0.047 0.081 0.343 0.5581 

  ŧ30-36       

Facility NZP 1 -0.054 0.076 0.505 0.47731 

  WOCC 1 -0.1 0.062 2.552 0.11015 

  ŧSCBI           


