ABSTRACT
STRENG, DIANA ELISABETH. The Nanofluidic Analysis of Chromatin. (Under the
direction of Dr. Robert Riehn.)
Deoxyribonucleic acid (DNA) is the carrier of all genetic information within a cell. Within
eukaryotic cells DNA is efficiently packed into chromatin through the formation of a
complex of DNA and histone proteins. This complex is called chromatin. Because of the
formation of chromatin, DNA is extraordinarily condensed in eukaryotic cells.

This

condensation leads to a very limited resolution of optical techniques that investigate the
structure and function of DNA by attaching fluorescent markers.

It would thus be of

considerable utility to develop a method for stretching chromatin to a predictable extension,
so that a direct relationship between base pair number and spatial location is obtained. Such
methods exist for bare DNA, but not chromatin.
In this dissertation I investigate methods for stretching chromatin using surface and
nanofluidic stretching. In the former, chromatin is electrostatically attached to a positively
charged surface. In the latter, chromatin is confined to channels about 100 nm in diameter,
and hundred of microns long. I find that nanofluidic stretching leads to a more homogeneous
stretching of chromatin when compared to surface stretching.

Physical models were

evaluated for the description of the stretching process. I find that the classical worm-like
chain model yields qualitatively correct predictions, but a quantitative treatment is limited by
the knowledge about the mechanics of chromatin.
My results indicate that nanofluidic stretching of chromatin may become useful for future
studies that aim to directly image epigenetic modifications on chromatin molecules.
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I. Introduction to Chromatin
Decoding the nuclear DNA sequence of the human genome is a major step in
understanding human evolution, especially the causation of disease, and the relationship
between environment and heredity (Venter et al, 2001). Our genes, which we receive from
our parents, determine cell function and the passing of genetic traits to offspring (Hartl and
Jones, 2004). In 1944, American scientist Oswald Avery discovered that genes are carried in
nucleic acid, the “NA” in DNA. Consider that one very long DNA molecule is packaged
tightly together to form a eukaryotic chromosome, which, only then, is able to fit inside of
the cell nucleus. In example, a single human diploid cell contains approximately 6·109 base
pairs of DNA, where each base pair is ~ 0.33 nm long; this amounts to nearly 2 meters of
DNA (Roskoski, 1996)!
In every eukaryotic cell, DNA wraps around histone proteins to form an efficiently
folded unit called chromatin. Histone proteins are among the most conserved proteins in
nature, due to their very important role in packaging DNA inside the cell (DeLange et al.
1969). In eukaryotic DNA there exist "core particle" histone proteins H2A, H2B, H3, H4,
and one "linker" histone H1. In the core particle, there exist two each of histones H2A, H2B,
H3 and H4, which ~147 base pairs of double stranded DNA wraps around 1.67 times (Luger
et al. 1997). This nucleosomal core particle has a molecular mass of approximately 206 kDa.
It is the nucleosome that is the fundamental repeating unit of chromatin, and in its simplest
form, the DNA–protein complex resembles a "beads on a string" fiber as seen in Figure 1,
where nucleosomes are located every 200 bp on a fiber that is approximately 10 nm in width
(McGhee et al. 1980, Wolffe, 1998).
After the primary folding, the 10 nm chromatin fiber continues to condense into a 30 nm
fiber, where nucleosomes group to form a hexagonal shape, and nucleosomes lie
perpendicular to the fiber length. In this condensed form, center-to-center nucleosome
spacing is 12.5 nm, and the nucleosomes are spaced 8 nm apart along the length of the fiber,
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as represented in the top right panel of Figure 1 (Leforestier and Livolant, 1997). The 30 nm
fiber is then irregularly, but very compactly, coiled into the familiar “X” structure of the
duplicated chromosome.

3

Figure 1 | Chromatin, chromosomal packaging, and histone tail modifications.
Nucleosomes are depicted as yellow cylinders, nucleosomal DNA is represented by black
strands, and amino-terminal histone tails are red squiggles. Top left: image of the 10 nm
"beads on a string" configuration, with protruding histone tails. Top right: depiction of
condensed heterochromatin packaged into the 30 nm fiber.

Bottom Right: the high-

resolution structure of the nucleosome core particle. The DNA double helix is in blue,
histone H3 dimer is in red, H4 is in green, H2A is in aqua and H2B is in purple. Bottom left:
the histone H3 tail region from yeast, with the modifications that are known to regulate gene
activity. Acetylation (A), phosphorylation (P) and methylation (M) are shown. Modifications
that promote transcriptional activation are shown above the sequence, and modifications that
induce transcriptional silencing or chromosome condensation are shown below the sequence
(image taken from Marmorstein, 2001).
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II. Chromatin Structure and Function
a. Histone Proteins
Histone proteins are among those most conserved in nature. For example, there is a
>95% identity across all known sequences of core histone H4. All of the five species of
histone proteins are positively charged. Of the four species of histone proteins found in the
nucleosomal core particle, histones H2A and H2B are slightly lysine rich (McGhee and
Felsenfeld 1980). Histone H3 and histone H4 are arginine rich, and lastly, H1 is lysine rich
(Johns, 1967). There exists a fifth species of histone that is a variant of H1 - the H5 histone.
Histone H5 is structurally similar to histone H1, and performs a similar function in avian
erythrocytes (Ponder, 1948).
The molecular weights of the histone proteins are relatively low. Histone H1 is the
heaviest of the proteins, at approximately 22 kDa (Teller et al. 1965, Bäuerle et al. 2002),
followed by the smaller core histones H2A at 14 kDa, H2B at 13.8 kDa, H3 at 15.3 kDa, and
the smallest protein H4 at 11.2 kDa (Reeck et al. 1978). In 1972, Olson et al. suggested that
the sequence similarities in the N (amino)-terminal of the four smallest histones indicated
that histones H2A, H2b, H3, and H4 might have all evolved from a common ancestor.
Alternately, it could be the case that the DNA binding requirements forced a convergence of
functional properties, and unrelated proteins could have converged to form the currently
observed lysine and arginine rich sequences (Kornberg and Thomas, 1974, Reeck, 1978).
Histone H1 is less conserved than its counterparts in the nucleosomal core, but does have
conserved regions within its central globular domain (Baxevanis, Landsman, 1998). There
are no statistically significant regions of similarity between H1 and the other smaller core
histone proteins (Reeck et al. 1978). Linker histones are also structurally different from the
core histones, with a central globular domain and long carboxyl and amino terminal tails. It is
known that histones H1 and H5 associate with the linker DNA in such a way as to stabilize
the nucleosome and also facilitate the formation and stability of higher-order chromatin
structures (Wolffe, et al. 1997). It also is suggested that H1 and H5 stabilize the DNA that
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enters the nucleosome particle, and restrict the mobility of the nucleosome (preventing the
nucleosome from “sliding” up or down the DNA); H1 and H5 may also have some effect on
nucleosome spacing on the DNA molecule. As of now, there is no general agreement on
exactly how these linker histones associate with the nucleosomal core particles (Dou,
Gorovsky 2000). However, in equilibrium, H1 binding to the nucleosomal DNA in chromatin
is preferential (Dou, Gorovsky, 2000).
In addition to the H5 variant, it has been known for decades that histones H3 and H2A
also have variants (van Holde 1989, Wolffe 1998). For example, eukaryotic histone variant
H2A.Z has been discovered to associate with regions of transcriptionally active chromatin, as
has the “replacement” eukaryotic histone variant H3.3 (Henikoff et al. 2004). It has been
suggested by Henikoff et al. (2004) that these histone variants may be an alternative way of
marking chromatin, in lieu of the histone code hypothesis (Strahl et al. 2000).
b. Nucleosomes
All core histones share an evolutionarily conserved motif, the helix-loop-helix structure,
where there exist 3 helices connected by two loops, designated as L1 and L2 (Luger et al.
1997). This histone fold motif allows for easy dimerization (Arents et al. 1991). The
heterodimers H2A-H2B and H3-H4 (instead of homodimers or other heterodimers) are a
result of complementary packing within the nucleosome core (Luger et al. 1997). Within the
nucleosome, each histone pair is bound to 2.5 turns of the DNA superhelix, creating a
crescent shaped heterodimer with a 140-degree bend (Luger et al. 1997). This internal
packing of histones becomes more complicated when taking into consideration additional
histone-histone and histone-DNA interactions.
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Figure 2 | Histone modification maps for a typical chromosome in normal and cancer cells.
Nucleosomal arrays are shown in the context of chromosomal location and transcriptional
activity. Octamers of histones H2A, H2B, H3, and H4 are represented as gray cylinders.
Histone acetylation and methylation (di- and tri-) are shown. In "normal" cells, genomic
regions that include the promoters of tumor-suppressor genes are enriched in histonemodification marks associated with active transcription, such as acetylation of H3 and H4
lysine residues (in example K5, K8, K9, etc.) and trimethylation of K4 of H3. In the same
cells, DNA repeats and other heterochromatic regions are characterized by trimethylation
of K27 and dimethylation of K9 of H3, and trimethylation of K20 of H4, which function as
repressive marks. In transformed cells, this scenario is disrupted by the loss of the "active"
histone-marks on tumor-suppressor gene promoters, and by the loss of repressive marks
such as the trimethylation of K20 of H4 or trimethylation of K27 of histone H3 at subtelomeric DNA and other DNA repeats. This leads to a more "relaxed" chromatin
conformation in these regions (image taken from Esteller, 2007).
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Prior to 1991, histones were believed to be globular while packaged inside the
nucleosomal core particle. Due to inadequate resolution, it was impossible to map the
individual backbones of each of the polypeptides. The histone fold was first termed by
Arents et al. in 1991 (at a nucleosome resolution of 3.1 Å) to describe the way that the
histone proteins “interdigitate”, and it was then presented that none of the four pairs of
histone proteins were globularly compacted. It was also possible to map the amino acid
sequences of each of the histones. The H3-H4 and H2A-H2B histone pairs define the histone
fold dimer, which is highly conserved as seen in bacteria (Starich et al. 1996), insects (Xie et
al. 1996), birds (Arents et al. 1991), and amphibians (Luger et al. 1997).
In early X-ray and electron microscopy studies, it was predicted that the nucleosome
core is a disc-shaped particle approximately 70 Å in diameter (Olins and Olins 1974), as a
result of the flat left-handed superhelical arrangement of the DNA (Richmond et al. 1984,
Finch et al. 1981). Luger et al. confirmed this in 1997, when 2.8 Å resolution was attained. It
was discovered that the DNA is ~41.8 Å in diameter, but is very irregular along the
nucleosome core particle, sharply bending in some locations and seemingly straight at other
locations (Luger et al. 1997). It is also suggested that nucleosome positioning along the DNA
is both a result of DNA-sequence-dependent flexibility and histone-induced bendability, and
it is the DNA that determines the characteristics of the nucleosome (Luger et al. 1997). The
nucleosome controls access to the DNA on the atomic level by bending, but also on the
larger length scale of genes as the DNA-nucleosome complex undergoes higher-order folding
(Felsenfeld, 1996). Other physical properties of the nucleosome are determined by the buffer
conditions, i.e. ionic strength, the divalent-ion concentration, and the modification state of
the histone particles (Luger et al. 1997).
Each nucleosomal core particle includes both the histone tail and histone fold domains,
which act in concert to secure nucleosome position, and control higher-order condensation
(Horn et al. 2002). It has been noted that the stability of a nucleosome depends on the histone
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modifications as well as the sequence of the DNA (Cosgrove et al. 2004, Kouzarides et al.
2007, Segal et al. 2006).
c. Nucleosomal DNA
The principal DNA binding sites between the DNA superhelix and the histone proteins
lie on the histone fold domains, principally on eight locations on the L1, L2 loops and on
four of the alpha helical structures (Luger et al. 1997). The histone fold domains are able to
organize the central 129 base pair of the 147 total base pair of core particle DNA, in 1.59
left-handed superhelical turns, and with a diameter only four times that of the dsDNA itself
(Luger et al. 1997). The other 18 base pair of dsDNA are the terminal segments, which are
relatively straight, and their contribution to the 1.67 turn superhelix is negligible. HistoneDNA interactions within the nucleosome may be partly responsible for gene regulation due
to chromatin structure; restriction of DNA access is due to the distortion of the DNA in
addition to the physical blocking of some sequences due to the presence of a nucleosome.
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Figure 3 | Structure of the 147 bp nucleosome core particle (NCP147) at 1.9 A resolution.
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Figure 3 Continued | Structure of the 147 bp nucleosome core particle (NCP147) at 1.9 A
resolution. (a) This is a view down the dyad axis (black) with the DNA superhelix axis
oriented vertically (broken line). The dyad axis bisects the central base pair. The 147 bp
palindromic DNA sequence shows nearly perfect 2-fold symmetry relating the two 73 bp
halves of the DNA superhelix extending from the central base pair. The histone-fold domains
of the histone proteins are blue for H3, green for H4, yellow for H2A and red for H2B. The
histone-fold extensions and N-terminal tail regions shown are white. (b) This is a view down
the DNA superhelix axis, showing one half of the structure to illustrate the organization of
histone and DNA. Coloring is as for (a). The superhelix locations are labeled at the DNAbinding sites of the histone-fold pairs and the H3-aN helix - Super Helix Locations (SHL):
0.5, 1.5, 2.5, 3.5, 4.5, 5.5, 6.5. The central base pair is indicated as (0). The histone-fold
substructure for histones H3 and H2B are labeled (α1, L1, α2, L2, α3), as are histone-fold
extensions (αN, αC) and segments of the N and C-terminal tails (N, C, N’, C’); image taken
from Davey et al., 2002.

In the genome, between 75-90% of superhelical DNA is non-accessible to transcription,
polymerase, repair complexes, because it is wrapped around nucleosome core particles
(Segal et al. 2006). DNA that was isolated from the nucleosomal core particles was found to
have a sequence periodicity of approximately 10.17 base pairs per turn, whereas the sequence
periodicity of naked superhelical DNA is generally accepted to be 10.5 base pairs per turn
(Kruger et al. 1995, Travers and Klug, 1987). It was suggested by Kruger et al. that
nucleosomes have evolved such that the nucleosomal DNA is stretched on average by 1 to 2
base pair. The over-twisting of the dsDNA around the histone octamer (partially a result of
the DNA stretching) resolves the “linking number paradox” that has been observed for
nucleosomes assembled on closed circular DNA (Klug and Lutter, 1981). In theory, the
stretching of the linker DNA would facilitate the formation of a higher order nucleosomal
structure, through the prevention of non-uniform lengths of linker DNA; in effect, the linker
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DNA would be able to stretch or compress by up to 4 base pair, by stretching or compressing
the DNA that is bound to the core histone proteins (Richmond and Davey, 2003).
The packaging of DNA into chromatin is the main factor in control of gene expression
and other chromosomal processes. Chromosomal structure is central to DNA function, since
DNA is unavailable for transcription while compacted into the cell nucleus – therefore
chromatin structure determines DNA accessibility (Weisbrod, 1982). The nucleosome
structure must be stable enough to preserve the DNA in the chromosome, yet allow regulated
access to the genomic information contained within it (Hall et al. 2009). However, the
nucleosomal repeat structure does not distinguish between active and inactive genes
(Weisbrod, 1982).
Most sequence specific binding factors require the temporary loosening of the
nucleosomal DNA from the histone octamer from the particular region of their binding site
(Luger and Maeder 1997). Nucleosomes have been observed to be highly mobile in vitro,
allowing access to previously nucleosome-occupied regions (Pennings et al. 1991). It is
suggested that this dissociation occurs in many different cooperative stages, since there are
multiple locations of histone-DNA binding within the core particle. In this view, the
traditional role of acetylation as a primary cause of DNA release from the nucleosome maybe
need to be adjusted. It may be the case that histone acetylation causes a larger-scale
disruption in higher-order chromatin folding, rather than in the smaller scale of the individual
nucleosomal core particle (Luger and Maeder 1997). In either case, nucleosome particles are
able to “slide” up or down DNA without releasing it to allow for the appropriate genetic
processes (Elgin and Workman, 2000)
Nucleosomes have been shown to have a higher affinity for DNA sequences that are
highly flexible, and are able to wrap around the histone octamers (Segal et al. 2006). It has
been suggested that the eukaryotic genome determines the location of nucleosomes by
encoding for special “preferred” DNA sequences, and has a regulating effect due to the
positioning of nucleosomes (Segal, et al. 2006). By coding for certain DNA sequences,
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chromatin possibly facilitates its own remodeling by attracting (open DNA access) or
deterring (closed DNA access, at a nucleosome-filled position) chromatin remodeling
complexes (Segal et al. 2006).
Histone-DNA interactions were discovered to be non-uniform along the length of the
DNA, and three main regions of histone-DNA interaction have been recognized; the
strongest interactions occur at the dyad, and two other regions ± 40 bp away from the dyad
(Davey et al. 2002, Hall et al. 2009). Nonetheless, there are multiple histone-DNA binding
sites, occurring every 10 bp along the DNA, as the minor groove of the DNA faces the
octamer core surface. It was discovered that the DNA strands alternate such that the minor
groove, and then the major groove, faces the octamer surface every 5 base pair (Hennikoff et
al. 2004, Hall et al. 2009). However, each 2 binding events through 10 base pairs are
considered a single binding site, considering that a disruption at one site would disrupt its
sister site 5 base pair away (Luger, Richmond 1998). Mapping histone-DNA interactions will
be necessary to understand how nucleosomal DNA access is granted to RNA polymerase.
It is interesting to note the findings of Dou and Gorovsky (2000), and that the linker
histones can be removed and then replaced with inorganic cations that act as histone “place
holders” – and still retain their effect on nucleosome stabilization and spacing along the
DNA. It was also noted that sections of transcriptionally active chromatin seem to be
deficient in linker histones. If the current belief is true, that H1 and H5 linker histones are
transcription repressors, then they must be somehow removed, reduced in number, or
modified in some way so that transcription may occur. It is also suggested that linker histones
may in fact be co-repressors – activating or repressing transcription depending on which gene
they are located (Gunjan et al 1999a, 1999b).
d. Epigenetic Function of Chromatin and Applications to Health
Epigenetic regulation leads to inherited changes in the behavior of a cell without
affecting the sequence of the cell’s DNA. Epigenetic gene regulation is managed by the
combined efforts of DNA methylation, covalent modifications of the core histones (i.e.
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methylation, acetylation, etc.), local nucleosome remodeling, and long-range epigenetic
regulators (Lund and Lohuizen, 2004). Understanding the molecular details behind
“epigenetic cancer diseases” holds potentially important prospects for medical treatment, as it
allows for novel strategies for drug development (Lund and Lohuizen 2002, Esteller and
Herman 2002). And because the markers that make up the epigenetic code, particularly DNA
methylation, are easily changed or altered, it is very important to understand changes in the
epigenetic code and how certain environmental factors may increase the risk of cancer
(Esteller, 2002). A complex picture is emerging in which DNA methylation and histone
modifications work together as an epigenetic program that integrates the gene-silencing
networks within the cell (Fuks, 2005).
Flexible amino-terminal histone tails are believed to be targets of several posttranslational modifications, which may directly or indirectly effect transcriptional activity
(Cosgrove et al. 2004). The histone code that has been proposed describes that combinations
of histone modifications result in different phenotypic outcomes by recruiting specific
transcriptional regulators (Strahl and Allis 2000, Turner 2002). Histone modifications could
affect chromatin activity by creating identifiable binding sites (a “code”) for different binding
proteins. However, the histone code does not describe how these post-translational
modifications on the histone N-terminal tails can be propagated through cell division
(Henikoff et al. 2004).
But how do histone modifications correlate to the chromatin structure/ accessibility over
long distances? Could individual histone modifications be correlated with the timing of DNA
replication? It is believed that there is a larger scale relationship between the chromatin
accessibility and histone modifications, and that histone modifications are subject to subregions of high DNAse I sensitivity, which are also accompanied by high levels of
H3K4me2, H3K4me3, and H3ac modifications (ENCODE Project, 2007). Note that the
absence of a peak in acetylation at DNAse I hypersensitivity sites is surprising, since it is
widely accepted that histone acetylation is central to disrupting higher-order chromatin
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folding (ENCODE Project, 2007). Chromatin accessibility and histone tail modification
patterns may be highly indicative of transcriptional start sites and transcriptional activity
(ENCODE Project, 2007). The timing of DNA replication is correlated to chromatin
structure; RNA Polymerase, the enzyme that produces RNA from the chromatin template,
slows down or pauses when encountered with a nucleosome (Bondarenko et al. 2006,
Kireeva et al. 2002 and 2005, Studitsky et al. 1997).
We would like to map the spatial patterns of histone modification of chromatin by direct
optical observation of large genomic chromatin molecules. Although we use high resolution
oil immersion lenses with NA ~1.3, the Rayleigh criterion for the minimum resolvable detail
for a circular aperture is
R=

1.22λ
≅ 300nm ,
2 NA

(1)

which is not sufficient to map these modifications; thirty nucleosomes could fill a space of
300 nm (Hecht, 2002). Thus, we will attempt to stretch the chromatin molecules within
nanochannels for direct observation.
Genetic alterations combined with epigenetic gene regulation work together in the
development and growth of cancer cells as seen in Figure 3 (Lund and Lohuizen, 2004).
Epigenetic programming is crucial in mammalian cell development, and stable inheritance of
epigenetic markers is essential for the maintenance of biological functions (Li, 2002). Most
cell differentiation processes are initiated or maintained through epigenetic processes, and
thus not surprisingly, epigenetic gene regulation is characterized by a high degree of integrity
and stability (Lund and Lohuizen, 2004).
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III. Introduction to the Physics of Nucleic Acids
a. The Ideal Chain Model
The simplest model for a polymer represents the molecule as a sequence of identical
r
monomers in a chain of N links. Each monomer has a center of mass at ri . This ideal chain
has a step vector between subsequent monomers, of

r
r r
l i = ri − ri −1 ,

(2)

r
l
=
li
which describes a random walk with step length

through space. Note that the

orientation of one link is independent of the orientation of other links, and that there is no
interaction between segments that are not directly linked together; there are no long-range
interactions.
The contour length of the molecule is given by

r
LC = N l i = Nl .

(3)

The end-to-end distance of the molecule can be calculated by forming the expectation value
of the squared sum of all steps
< h 2 >= Nl 2 .

(4)

This can be used to define an effective radius for the polymer coil, also called the radius of
gyration (Graessley, 2008)

Rg ≅

h2

1/ 2

6

≅

N 1/ 2 l
6

.

(5)

From the Gaussian distribution of radii (not shown), an effective free energy for the
molecules can be derived. The source term is completely entropic, and we find the free
energy as
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F ( R ) = U − TS = F0 + k B T

3R 2
.
2 Nl 2

(6)

Note that this is a harmonic spring free energy in R, and that the spring constant is
temperature dependent.
For DNA, this model of freely jointed links of monomers has to be altered because
neighboring base pairs are stacked, leading to a bending stiffness. DNA is thus better
described by a worm-like chain (WLC).

The WLC model envisions the polymer as a

uniform, continuously flexible rod. The key parameter of the WLC model is the persistence
length LP, defined as the length over which the autocorrelation of the tangential vector decays
to 1/e. When considering the WLC, there exist two limiting considerations: LC « Lp, and LC »
Lp. In the case of a very long chain, a detailed calculation yields a relationship between

contour length and the radius of gyration as in Equation 5, if we let l → 2 L p .

b. Flory Model of Volume Exclusion
Note that the DNA worm-like chain in reality is not a “phantom chain” that can intersect
itself; two links cannot occupy the same space at the same time. Flory was the first to take
into account volume exclusion effects, and used the mean field approximation for the
monomer concentration,
c2 = c

2

≅

N2
R6 ,

(7)

if correlations between monomers are ignored. Flory then argued that the energy due to the
excluded volume could be calculated by

r
FVolume = ∫ k B Tχc 2 dx 3 .

(8)

The parameter χ is the excluded volume parameter, which has the units of volume.
Onsager proposed in the context of liquid crystals that the volume occupied by two rods of
length Lp and width weff, on average, could be represented as
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χ ≈ weff L p 2 .

(9)

In the following, we will drop factors of order one, and all results serve to establish
relative relationships. If we assume that the molecule is shaped as a spherical blob (“Flory
coil”) with radius R with constant density throughout, we can combine the free energy of the
freely jointed chain with the Flory energy to form the total free energy

FTotal = FSpring + FVolume

(10)

If NB is the number of persistence lengths stored inside the blob, this becomes

Ftotal

2
2
 R2
L p weff N B

= k BT
+
 L 2N
R3
 p B



,


(11)

The equilibrium radius can then be found by demanding a local minimum of the free energy:

∂FTotal
= 0.
∂R

(12)

Solving for R yields the Flory radius

RF = χ 1 / 5 L p

2/5

N 3/5

(13)

(Shaefer et al. 1980, Moon et al. 1991) for arbitrary χ. Combining this result with Onsager’s
excluded volume parameter leads to a Flory coil with length of

R F = ( L p weff )1 / 5 LC

3/5

.

(14)

c. De Gennes Blob Model for Confined Polymers
De Gennes modified Flory’s model for self-avoiding polymers constrained in a tube of
width R (Daoud et al. 1977, de Gennes, 1979). In the limit that R » Lp, the polymer is free to
coil in a channel, since the energy for a molecule to make a backbend is ~ kBT. He thus
treated the polymer as if it were a series of (affectionately named) “blobs”, which repel like
hard spheres. He treats each blob as a Flory coil. This means that (1) the polymer is evenly
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distributed along the channel, and (2) the blob radius RF scales as R, the size of the channel,
according to Equation 14.

Figure 4 | (a) De Gennes’ ‘‘blob’’ model of confined DNA in a channel of diameter D
describing the molecule as a series of self avoiding spheres. (b) Experimental stages of
compressing a molecule at a constriction (image taken from Mannion and Craighead, 2006).
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We are able to find the contour length that is stored in each blob, by back-solving
Equation 14 for LB, and we find that

R5/3
( L p weff )1 / 3 .

LB ≅

(15)

The apparent length along the channel L|| is then obtained from

L|| = R

N
L
=R
NB
LB .

(16)

A more rigorous derivation of the extension relationship would minimize the energy of the
collection of blobs. For a polymer chain of N monomers of length Lp, divided among N/NB
blobs, we rewrite Equation 16 as

Ftotal

N
= k BT
NB

2
 R2
l 2 weff N B

+
 l2 N B
R3




.


(17)

We will consider the apparent length along the axis of the nanochannel as the free
parameter, and we find that

Ftotal

2
 L|| 2
L p weff N 2

≅ k BT
+
 L 2N
R 2 L||
 p



.


(18)

Taking the derivative of Equation 18 with respect to length L|| and setting it equal to
zero, we find the equilibrium length (all factors of order one will be omitted in the
following),

 2 L||
L p weff N 2 
∂Ftotal

= 0 = k BT  2 −
2
2
L N

∂L||
R
L
||
 p

2

(19)
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and therefore

 L p weff
L|| → L0 = CLC 
2
 R





1/ 3

,

(20)

for LC = NL p . C is a parameter that is common to all systems independent of channel size
and polymer. This is in agreement with the more basic argument by De Gennes.

IV. Introduction to Micro- and Nanochannel Devices
Micro- and nano-fluidic devices are a relatively new and novel way of analyzing
singular biological molecules and polymers. Devices made from transparent materials enable
efficient imaging on the scale of biological interactions, with significantly smaller sample
volumes. Biological separation, on a smaller timescale than the typical methods of gel
electrophoresis, becomes possible. Nanostructures such as nanoslits, nanopores, and
nanochannels have been designed to trap molecules in 1 or 2 spatial dimensions (Riehn et al.,
2007). Channels inside these chips can be produced from microns in width down to a few
nanometers (Riehn et al. 2007). The mechanical properties of biological molecules are
implicitly related to their function in vivo. Hence, microchannel and nanochannel devices
that match the length scales of these interactions are very valuable research tools (Meyers,
1995).
Nanochannels act to confine biological molecules by restricting their motion to one
dimension along the channel axis. Once driven into the nanochannel, observed molecules are
subject to “confinement induced stretching” in the axial direction because they are
compressed in the lateral direction (Tegenfeldt et al., 2004). Molecules that are introduced
into micro- and nanochannel chips are directly manipulated by two main methods –
electrokinetic transport and pressure-driven flow.
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The stretching of individual molecules for imaging enables sizing of DNA molecules in
a few minutes, whereas former gel-based separation techniques require hours, or even days,
to separate genomic length DNA (Cox et al. 1990, Huang et al. 1996). A very small volume
of sample is required for chip use, and within a chip, it is possible to combine several
biochemical steps, to further increase efficiency.
Additionally, instead of the traditional method dealing with ensembles of molecules, it is
possible to measure the length of one molecule at a time. That is advantageous when
studying large numbers of cells, for instance from a cell culture. In traditional ensemble
methods data must be averaged across a population, which may hide the existence of
subpopulations or heterogeneity.
Stretching inside nanochannels is also an improvement over more traditional singlemolecules techniques, such as surface stretching methods (Bensimon et al.1995). That is
because in surface stretching the molecule is locked into a single molecular conformation
before measurement of its length. Hence, repeating the optical measurement on a single
molecule does not decrease the error. In nanofluidic devices, however, one molecule can be
“trapped” within a nanochannel and many independent measurements can be taken while a
molecule quickly fluctuates. This allows rapid measurement of genomic DNA with high
accuracy, within a few hundred base pairs (Tegenfeldt et al. 2004).
Nonetheless, there are some shortfalls to the “lab-on-a-chip” design. Although shearing
is avoided in the channels due to the low Reynolds number, very long portions of genomic
DNA cannot be pipetted without shearing. Current methods of production have a low
throughput that will need to be greatly increased; successfully repeating micro-/nanofluidic
chip experiments requires the use of many devices (Riehn et al. 2007).
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V. Materials and Methods
a. Fluorescence Microscopy
To image my chromatin molecules, I used a Nikon TE2000 microscope, with a Cascade
512B electromagnetic CCD (Charged Coupled Device, Photometrics). I use oil immersion
objectives, with 60x and 100x magnification, and a numerical aperture of 1.3 (Nikon).
Fluorescence images were obtained using a fluorescent filter, DAPI was observed with a
dedicated filter (Chroma, 49000, excitation 350/50x, dichroic 400LP, emitter 460/50). Texas
Red was also observed using a dedicated filter set (Chroma, 31004, excitation 560/40,
dichroic 595LP, emitter 630/60). YOYO-1 was observed using a FITC filter set (Semrock,
FITC-3540B, excitation 482/35, dichroic 506LP, emitter 536/40).
The light source used is an XCite 120 broadband metal halide lamp.

b. Preparation of Free Solution Samples
Before use, all glass slides and glass coverslips were soaked in Nanostrip (for cleaning
and resist stripping; Cyantek, Fremont, CA) solution overnight at room temperature. In the
morning, they were carefully removed from the solution and rinsed in 2 water baths, and kept
submerged until they could be dried. Each slide and coverslip was blow dried with nitrogen
gas underneath a fume hood, and placed in a storage box until needed for use.
DNA and chromatin solutions are imaged by pipetting droplets of ~4 µl of solution onto
Nanostrip cleaned glass coverslips. Nanostrip cleaned glass slides are immediately placed
over the coverslip, and sealed with nail varnish to prevent leakage of solution.

c. Preparation of Poly-l-lysine Samples
I create slides with a positively charged surface by coating them with poly-l-lysine. The
poly-l-lysine coating technique protocol was based on the method described by Pat Brown at
the Department of Biochemistry, Stanford University School of Medicine. Visibly
undamaged standard glass microscope slides are placed into a metal staining trough.
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Cleaning solution is prepared in a glass beaker. To make the cleaning solution, I add 70 g of
Sodium Hydroxide to 280 mL of 12.5 MΩ de-ionized water, and place the solution in a glass
beaker. I use a magnetic stirrer bar and stirrer plate to make sure that the NaOH dissolves
completely in a clear solution, and then I add 420 mL of 96% Ethanol, and mix completely
with the stirrer bar. If the solution is not clear, I may add more dI water at my discretion. The
slides in the staining trough are added to the liquid so that they are submerged in the cleaning
solution. I place a lid on the cleaning solution to prevent any evaporation, and then agitate the
solution for 2 hours on an orbital shaker. After the cleaning step, I rinse the cleaned slides in
dI water at least 4 times for 2 minutes, using a fresh water bath each time. After the final
rinse, I keep the slides submerged in dI water until the next step. At this point I pre-heat the
ceramic furnace to a temperature of 80° C.
I prepare the Poly-l-lysine slide coating solution in a plastic dish, adding 50 mL of polyl-lysine solution (Sigma # P8920) to 450 ml of dI water, which is enough for coating one
staining trough full of slides. Note that I may re-use this poly-l-lysine solution up to 3 times
within 2 weeks, left covered at room temperature.
I place the staining trough of cleaned slides into the poly-l-lysine solution for 10
minutes, agitating with the orbital shaker, to coat the slides. After the coating step, I remove
the staining trough of coated slides and let excess poly-l-lysine solution drain away. I put the
staining trough of coated slides into the heated ceramic furnace, and let the slides bake at 80°
C for 25 to 30 minutes, or until fully dried. Slides are now ready for use, and are then placed
in a slide box for storage, and refrigerated at 4° C.
When a droplet of DNA solution is pipetted onto a positively charged surface, the DNA
molecule will be stretched out from the motion of a receding meniscus, and adhere to the
lysine coated glass slide (Bensimon et al. 1995). There is an extension of the lambda DNA
molecule up to ~16 microns on antidigoxigenine (antiDIG) surfaces (Bensimon et. al 1995).
The later is a positively charged protein, similar to poly-l-lysine. The DNA molecule is
extended in this manner due to the forces exerted from the local DNA-surface interactions in
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front of the meniscus (electrostatic adsorption) and the force of pulling on the molecule from
the meniscus as it travels over the surface. The force exerted by the positively charged
surface is approximately 54 pN, which is stronger than entropic or hydrodynamic forces
(Smith et al. 1992).
To create an imaging sample of stretched out DNA molecules, I pipette a droplet of
DNA solution on the surface of a poly-l-lysine covered slide. I then place a Nanostrip
cleaned coverslip on top of the droplet, and seal the solution with nail varnish. As shown in
Figure 13, we are able to stretch single lambda DNA molecules to approximately ~16
microns in length using this technique with poly-l-lysine coated slides.

d. Buffer Solutions for Fluorescence Imaging
I used TBE and PBS buffer systems for this work. The 10x stock buffer (Tris base, boric
acid, EDTA disodium salt, Sigma, #T4415) is diluted to 2x TBE with 12.5 MΩ de-ionized
water, and sterilized at 121º C for 15 minutes. The pH must then be adjusted to 7.4.
The 10x PBS buffer solution is composed of 8g of NaCl salt (Fisher, #5271), 0.2 g KCl
(Sigma, # 9541), 1.44g of Na2HPO4 (Sigma, #S7907), and 0.24g of K2HPO4 (Sigma, #
P2222), which are dissolved in 1 L of 12.5 MΩ de-ionized water. The solution must be
adjusted to pH 7.4, and then is sterilized at 121º C for 15 minutes. I dilute the 10x PBS buffer
to 6.66x, at approximately 200 mM, equivalent to physiological conditions.
I add several preservatives to my chromatin solution, to prevent rapid deterioration of
molecules. β-mercaptoethanol (BME, Sigma Aldrich #M3148, ≥ 98% for molecular biology,
14.3 M) was ordered from Sigma Aldrich, and approximately 2% by volume was added to
my chip, immediately before running electrophoresis and imaging. BME is used to reduce
degradation of our molecules during fluorescence imaging. BME also reduces disulfide
bonds in solution, and thus reduces aggregation.
When added to a solution, phenylmethylsulfonyl fluoride (PMSF) is an enzyme that
preserves peptide bonds in proteins by preventing the action of serine proteases. PMSF is an
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inhibitor of some serine proteases, but not all, by sulfonating serine residues at the active site
(Gold and Fahrney 1964, Gold 1967).
Dithiothreitol (DTT) is an unusually strong reducing (electron donating) agent, which
reduces the disulfide bonds of proteins. Addition of DTT prevents inter- and intramolecular
disulfide bonds from forming between the cysteine residues of proteins. Disulfide bonds
form in proteins to control folding, and therefore control protein stability (Creighton, 1992).
DTT also acts as an antioxidant.
Bovine Serum Albumin (BSA) is a single polypeptide chain of approximately 583 amino
acid residues, and molecular weight of approximately 66430 g/mol (Putnam, 1975). It is very
stable molecule, and has no effect in many biochemical reactions. Albumins are a group of
acidic proteins that occur naturally in the body fluids of mammals, where they regulate the
colloidal osmotic pressure of blood and stabilize other proteins (Scott and Mercer, 1997).
BSA helps to prevent unspecific binding of proteins.

e. Preparation of Reconstituted Chromatin
Lambda DNA molecules were purchased from New England Biolabs (#N30135) at a
concentration of 500 g/L. The solution was diluted to useable concentrations with either 2x
TBE or 200 mM PBS, and stored in single-use aliquots at –20° C.
To blunt the ends of my lambda DNA molecules, I purchased DNA Polymerase T4 from

E. Coli from New England Biolabs (# M0203S). The function of T4 DNA Polymerase is to
catalyze the synthesis of DNA in the 5´ to 3´ direction. For reference, the 5' end is that with a
terminal phosphate group, and the 3' end is that with a terminal hydroxyl group. The T4
polymerase also has a 3´ to 5´ exonuclease activity (to “eat” away a sticky end), which is
much more active than that found in DNA Polymerase I. Unlike E. coli DNA Polymerase I,
T4 DNA Polymerase does not have a 5´→ 3´ exonuclease function.
The reaction buffer for the T4 polymerase reaction was 1 µg of Lambda DNA, 1 unit of
T4 exonuclease (as recommended in the enclosed protocol), 40 µg of BSA, 100 µM dNTPs,
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and 42 µl of NEB2 Buffer for a total reaction volume of 50 µl. I incubated the solution at 12°
C for 15 minutes to allow the reaction to occur. To stop the reaction, I brought the solution to
10 mM EDTA and heated to 75° C for 20 minutes. The blunted DNA may be stained,
stretched on a poly-l-lysine slide by applying a receding meniscus, and imaged for viability
in further experiments.
Chromatin reconstitution requires 2 buffers to be prepared beforehand, which I shall call
the HEPES and Nonidet buffers. The HEPES buffer is composed of 50 mM HEPES salt, 1
mM EDTA, 5 mM DTT, and 0.5 mM PMSF. The solution can be heated for 20 minutes at
37° C to dissolve the salts, and the pH must be adjusted to 7.4 for creation of viable
chromatin. The buffer must be sterilized in an autoclave at 121° C for approximately 15
minutes. HEPES buffers are very sensitive to light, and so I cover the buffer beaker with
aluminum foil. Light induces the production of hydrogen peroxide in HEPES buffers, which
is toxic to my chromatin (Zigler et al. 1985). The Nonidet buffer is composed of 0.01 M TrisHCl, 20% glycerol by volume, 0.1% Nonidet P-40 substitute (Fluka #74385), 1 mM EDTA,
5 mM DTT, and 0.5 mM PMSF. The pH must be adjusted to 7.4 to preserve the chromatin
structure. Both buffers are kept in storage in the dark at 4° C.
Unfractionated whole histone proteins isolated from calf thymus (Sigma #9250), were
diluted in 2 M sodium chloride salt in 12.5 mΩ de-ionized water, to a concentration of 250

µg per mL. Aliquots were stored at –80 °C until ready for use.
Using the protocol given by Steger et al. (1998), I reconstitute chromatin in vitro from
unfractionated histones and T4 polymerase treated lambda DNA. For the chromatin
reconstitution, I added 0.25 µg of histones, 15 µl of 4 M NaCl, 0.025 µg of BSA, and 0.25 µg
of lambda DNA in a reaction volume of 31 µl, and final salt concentration of 2 M. I let this
mixture incubate at 4° C for 15 minutes. Then, the salt concentration is decreased, at 30° C,
in 15-minute increments by adding the HEPES buffer in the following order: 10 µL, 21 µL,
15 µL, 11 µL, 15 µL, 21 µL, 31 µL, 93 µL, and 62 µL, to a final volume of 310 µL. As
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mentioned, the HEPES solution is very sensitive to light so I protect the chromatin from light
as it reconstitutes.
After the molarity of the chromatin solution has been decreased from 2 M to 200 mM by
addition of HEPES buffer, I dilute the chromatin (still at 30° C) by half by adding 310 µl of
Nonidet P-40 Substitute buffer as a preservative. I let the solution incubate at 30° C for 15
minutes, and afterwards the chromatin is ready for use. It is stored in the dark at 4° C until
needed. I have observed that the reconstituted chromatin degrades, and that it should be used
within 1 week for best results. It is not recommended that the reconstituted chromatin be
frozen for storage (Lusser and Kadonaga, 2004).
For antibody staining work, it became necessary to add additional monomethylated
histone H3 during the chromatin reconstitution process. Mono-methylated H3K4 histone
solution was ordered from Abcam (#1340). Abcam western blots show this histone to be
approximately 17 kDa. I diluted the histone solution with 150 mM sodium chloride to a
concentration of 0.1 µg per mL, then aliquoted and stored samples at –80°C until ready for
use. I calculate that I added 1 extra monomethylated H3K4 histone per nucleosome.
For the chromatin reconstitution with additional monomethylated histone H3K4, I added
0.25 µg of histones, 0.029 ng of mono-methylated H3K4, 15 µl of 4 M NaCl, 0.022 µg of
BSA, and 0.25 µg of lambda DNA in a reaction volume of 31 µl, and final salt concentration
of 2 M. I let this mixture incubate at 4° C for 15 minutes, and then followed the dilution
steps, Nonidet buffer addition, and storage procedures as previously mentioned. The
reconstituted chromatin with antibodies should be stored in the dark at 4° C, and used within
1 week for best results.

f. Fluorescent Staining of Nucleic Acids
I began staining my molecules with DAPI intercalating dye. DAPI is compatible with a
wide range of biological buffers, and does not interfere with the structure of DNA or
chromatin molecules. DAPI dye was also used to stain my chromatin in the antibody staining
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protocol. DAPI was ordered from Sigma Aldrich and diluted to 10 µM with 200 mM PBS.
Single use aliquots were stored at –20° C
Due to the dye unbinding effects (to be discussed later) observed inside the
nanochannels, I decided to switch to YOYO-1 dye. No adverse effects were noted during the
switch in fluorescent dyes. YOYO-1 dye was ordered from Invitrogen and diluted with
DMSO (Dimtheyl sulfoxide) to 10 µM. DMSO is used as a cryo-protectant to prevent
damage to samples stored at or above -80° C. Diluted YOYO-1 was pipetted into single use
aliquots and stored at –20° C. YOYO is a very bright intercalating dye, and it also very
photostable during imaging. However, YOYO-1 was found to rapidly dim inside of buffers
containing NaCl. It is suggested that intercalating dyes like YOYO-1 increase the contour
length of lambda DNA molecules by ~30% (Bakajin et al. 1998, Perkins et al. 1994).
When staining DNA and chromatin molecules, I use approximately 1 dye molecule per 4
base pairs of DNA.

g. Antibody Staining Protocol
Chromatin was stained with primary and secondary antibodies using a protocol adapted
from antibody staining of C. elegans embryos (Strome, 2008) I chose to use antibodies that
bind to monomethylated H3K4 histone modifications. This particular histone modification is
common within transcriptionally repressed chromatin (Dehé 2005, Cedar 1988). Sigma
Aldrich does not map the individual histone modifications in the histones that I ordered, but I
believed that there would be enough for significant antibody binding. However, my
assumption proved to be wrong as is discussed later in the paper.
Primary and secondary antibodies were ordered from Abcam (#ab8895 and #ab6793).
Primary antibodies are Rabbit polyclonal to Histone H3 (mono methyl K4), and secondary
antibodies are sheep polyclonal to rabbit IgG (Texas Red). They were both diluted in 1x
PBS to a concentration of 1 ug per mL. To avoid an excessive amount of antibody
background, I initially added approximately 84% of the calculated antibodies to DNA in the
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chromatin solution by mass. However, a large antibody background was unavoidable, and
imaging was better with the addition of antibodies that was 2.5 times that of the mass of
chromatin.

The antibody staining protocol is as follows. First I buffer exchanged* 0.024 µg of
chromatin in its “native” buffer (in which it had been reconstituted) into the same volume of
200 mM PBS.
I then added 0.024 µg of chromatin now in 200 mM PBS, 0.06 µg of primary antibody,
10 µM YOYO-1 dye, and 200 mM PBS to a volume of 200 µl. I let the antibodies and
intercalating dye stain the chromatin for 2 hours at room temperature in a dark drawer. I then
buffer exchange the stained chromatin into 140 µL of 200 mM PBS, and then add 0.06 µg of
secondary antibody to the solution. Again, I let the solution stain for 2 hours at room
temperature in a dark drawer. After this last incubation period, I can image immediately.
The reconstituted chromatin with antibodies should be stored in the dark at 4° C, and
used within 1 week for best results.

* Note that all buffer exchanges were performed with Microcon YM-100 centrifuge filters. This protocol is as
follows: wet the microcon filter with 30 µl of appropriate buffer (usually PBS or TBE), and spin at 2500 rpm
for 2 minutes, until the buffer liquid has wet the filter and most of the solution has filtered through. Then
add the solution to be buffer exchanged to the filter (no more than 250 µl), and centrifuge at 2500 rpm for 25
minutes, or until all the solution has filtered though. Next, add the new buffer to a new Microcon centrifuge
vial, and place the filter piece inverted within the vial, such that the chromatin will be pulled into the new
buffer solution. Centrifuge the inverted filter at 2500 rpm for another 25 minutes, and buffer exchange is
completed. DNA molecules that were filtered in this manner were stretched with a receding meniscus on a
poly-l-lysine slide, to ensure they had not been shredded (Bensimon et al. 1995).
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h. Device Preparation
Fused silica is the material chosen for etching of micro- and nanochannels in my
experiments. Fused silica is negatively charged, so that DNA and chromatin molecules are
repelled by the channel walls and thus sticking inside the chip is reduced. Fused silica is also
insulating, so that electrophoresis can be used to transport molecules through the channels.
When imaging with fluorescence microscopy, silica has a low background fluorescence that
does not interfere when imaging DNA and chromatin molecules.
The nanochannels used in chromatin and DNA molecule experiments were 100 nm in
width, 100 nm in height, and 200 microns in length. Microchannels were 1 micron deep, 100
micron wide, and about 20 mm long. Micro- and nanochannels were etched into a silica
wafer by optical and electron beam lithography combined with reactive ion etching
(performed by A. Karpusenka and R. Riehn).
The resist-covered wafer was diced into several chips, and each chip was sandblasted
with aluminum oxide sand (27 µm diameter Al2O3) to create a reservoir where solution could
enter the channels. To seal the channels, we bonded a quartz coverslip on the face of the
quartz chip. Quartz fusing was a combination of RCA surface cleaning protocol, room
temperature bonding, and annealing at 1000° C in a ceramic furnace (Madou, 2004).
Plastic reservoirs are plastic pipette tip ends segmented with a sterile razor blade, and
then cleaned in Contrex detergent (Fisher Scientific). After the quartz chip was removed
from the furnace and let to cool to room temperature, plastic reservoirs were glued over the
sandblasted channel entrance with UV curing glue (Norland Optical Adhesives, #68). The
chips were placed on a UV light source and let to cure for 15 minutes. After UV curing, the
chip is ready to be wetted with imaging solution.
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Figure 5 | (a) A diagram of the quartz nanochannel chip production method. (b) An image
from the top of the etched nanochannel before sealing. (c) A cross sectional image of a
nanochannel in a fused silica chip. (Riehn et al. 2007)

i. Device Handling
Chromatin solutions in the nanochannel are approximately 0.4 µg per ml. In wetting a
dry, unused chip, I first placed the chip in a dessicator. I vacuum pumped all the air out, and
then flooded the dessicator with carbon dioxide gas. I repeat this process 3 times, with CO2
flooding as the last step. Carbon dioxide gas makes the chip wet more uniformly, without
leaving “bubbles” (pockets of gas) inside my chip. The presence of bubbles in my chip is an
obstacle for the movement of the molecules by electrophoresis.
After the chip channels are flooded with CO2 gas, I immediately take the chip out of the
dessicator and wet it with dye stained chromatin solution as quickly as possible. I wet each of
two reservoirs of the chip with 35 µl of dye stained chromatin solution, such that the channels
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wet in the same direction. I then add 5% BSA by volume, and let the chip wet at 4° C for ~
30 minutes. This wetting period allows the BSA to diffuse through the channels. After the
wetting period, I add 35 µm of 200 mM TBE buffer to each of the two unwetted reservoirs.
Next I add 2% BME (by volume) to the chip to prevent rapid bleaching of chromatin
molecules while they are being imaged. The chip is now ready for electrophoresis and
imaging of the chromatin molecules.
When dealing with a used chip (one that has already been initially wetted), I flush the
reservoirs of old solution by vacuum pumping two of the reservoirs with fresh 200 mM TBE
solution. I pump the chip on ice for approximately 2 hours, adding fresh buffer
approximately every 30 minutes to prevent the chip from drying out. After buffer flushing in
this manner, the chip is ready for the addition of new chromatin solution and electrophoresis
can be run once more.
Note that if a chip becomes dry, it is nearly impossible to fully wet again, and becomes
useless. My experiences with recycling chips with the vacuum –buffer-flushing method are
less than satisfactory at best. Few chips were recycled for electrophoresis 3 or 4 times, but
typically a chip may be successfully recycled only once.
A voltage of ~7V is applied to the chip from the power supply, where ~4.2 V is applied
between the top reservoirs (Vµ2), and ~2.8 V is applied across the bottom reservoirs
(Vµ).This results in a potential difference of ~1.4 V across the nanochannels (Figure 6).
Once loaded with solution, the chip is placed into a specially designed chuck, and
platinum electrodes are suspended inside the reservoirs. As the power supply is turned on, the
potential difference causes the molecules electrophorese. Once a molecule enters the
nanochannel, the power supply it quickly turned off to “trap” the molecule inside. Video is
taken of the molecule while it stretches to an equilibrium length inside the nanochannel.
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Figure 6 | A diagram of the quartz nanochannel chip. A voltage Vµ2 (~4.2 V) is applied
across the top microchannels, and a voltage Vµ (~2.8 V) is applied along the bottom
microchannels. A voltage difference of Vn (~1.4 V) is created across the nanochannels. The
negatively charged chromatin molecules flow from reservoir through the nanochannels from
high (a) to low (b) voltage.
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Figure 7 | Photograph of a quartz nanochannel chip used in experiment.
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Figure 8 | A digram of a stretched out lambda DNA molecule, confined within a 100 nm
nanochannel.
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Video is taken until the molecule bleaches in the nanochannel; then the power supply is
turned back on and the molecule is flushed through the channel. This process is completed
until most chromatin molecules have traveled through the nanochannels.

VI. Results
Chromatin is reconstituted by the protocol presented in (Steger et al. 1998). The solution
is visualized using fluorescence microscopy on Nanostrip-cleaned slides and coverslips as
seen in Figure 9.

In comparison to a solution of naked lambda DNA molecules, the

chromatin molecules seem much more compact in size. Both chromatin and lambda DNA
were labeled using YOYO-1.
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Figure 9 | Chromatin molecules free in solution, stained with YOYO-1 dye. The typical
radius of a chromatin molecule is between 0.30 µm and 0.5 µm.
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Figure 10 | Lambda DNA molecules free in solution, stained with YOYO-1 dye.

While the compaction of DNA is the expected outcome of reconstituting chromatin, it
does not indicate the formation of chromatin as such. For instance, simple denaturation of
DNA would yield a similar structure. I investigate the attachment of histones to DNA by
labeling reconstituted chromatin using a polyclonal antibody specific to K4 monomethylation
of H3. The antibodies are visualized using Texas Red chromophores covalently attached to
secondary antibodies.

Because YOYO-1 and Texas red are observed using different

fluorescence filter sets, I am able to distinguish bare DNA and chromatin by their spectral
properties.
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(a)

(b)

(c)
Figures 11 (a), (b), (c) | Dilute, mobile chromatin with attached antibodies was observed.
Attached antibodies fluoresce in the left panel, and the corresponding chromatin molecule,
stained with DAPI, is on the right panel.
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To increase the rate of specific binding of antibodies and improve the signal to noise
ratio, I added extra histone H3 with mono-methylated lysine 4 during the chromatin
reconstitution process. I calculate that I added approximately one extra H3 histone for every
2 nucleosomes that formed on the lambda DNA. Images of the chromatin molecules stained
both with fluorescent antibodies and DAPI are shown in Figure 11. Under optimized
conditions, a high rate of coincidence of fluorescence in both spectral channels is observed.
This indicates that the molecules observed are indeed complexes of DNA and histones.
While optimized conditions lead to satisfactory results, antibody binding was more
complicated than originally anticipated. In my initial endeavors to check that my chromatin is
in fact reconstituted DNA with histone proteins, I attempted detecting the H3K4me1
modification to the H3 histone as included in the mix of histones ordered from the
manufacturer. It was later discovered that a significant proportion of antibodies did not bind
to my chromatin molecules. I view the fluorescent secondary antibodies on chromatin
molecules as seen in Figure 12 below.

Figure 12 | Reconstituted chromatin with bound primary and secondary antibodies on
monomethylated histone H3K4.

41

Figure 12 Continued | Reconstituted chromatin with bound primary and secondary antibodies
on monomethylated histone H3K4. Fluorescent secondary antibodies are on the left side of
the panel, and the corresponding chromatin molecules stained with DAPI are on the right
side of the panel. Note the aggregation and non-specific binding of some of the antibodies on
the left panel, and the very low percentage of antibody binding to the chromatin molecules in
this case.

Although there were some antibodies that bound to the chromatin molecules, there is a
significant amount of non-specific binding of antibodies. The antibodies also seem to
aggregate in solution, when not bound to chromatin molecules. I assume that this is due to a
lack of mono-methylation sites on the histone H3 in my original histone mix.
I believe that the aggregation of antibodies in solution was due to the lack of specific
binding sites on the chromatin molecules. I added extra histone H3 with mono-methylated
lysine during the reconstitution process; by increasing the amount of binding sites on the
chromatin, I reduced the amount of free antibodies in solution, as shown in Figures 11 (a),
(b), and (c).
The aim of this study is the linearization of chromatin such that site-specific epigenetic
marks can be observed. For bare DNA, stretching molecules on surfaces is a good way of
studying their structure, properties and localized protein binding (Bensimon et al. 1995). I
stretched out lambda DNA molecules on positively charged poly-l-lysine covered slides, as
seen in Figure 13. Stretched DNA strands are relatively homogeneous in fluorescence along
the length of the particle. We found lengths of about 15 microns for fully stretched lambda
DNA – in agreement with the contour length of about 15 micron, and earlier reports that
DNA extends to its full contour length when stretched on positively charged substrates
(Bensimon et al. 1995).
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In an effort to duplicate the surface-stretching method for reconstituted chromatin,
molecules were stretched in the same manner as lambda DNA on poly-l-lysine coated slides.
Stretching of the chromatin molecules was not homogeneous as observed in Figure 16 below.
Although the chromatin molecule is somewhat stretched, most of the DNA is still compacted.
In particular, I notice localized “lumps” and doubling of fluorescence in regions of the
stretched molecule. Furthermore, stretched molecules were extremely rare. The molecule
shown in Figure 16 also demonstrates a further problem because it is stretched to 5.1
microns, a length greater than the contour length of a fully reconstituted chromatin fiber (3.7
micron). It can be suspected that this discrepancy is due to the partial removal of histones due
to the large tension during surface stretching, which has been observed in experiments
stretching chromatin using optical tweezers (Hall et al. 2009) Unfortunately, the simplest
method is not the most effective; surface stretching is not a satisfactory way of studying the
properties of the tightly bound DNA-histone protein molecules.
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Figure 13 | Two lambda DNA molecules stretched across a positively charged poly-l-lysine
covered slide. The left molecule is approximately 16.3 microns in length, and the molecule
on the right is approximately 14.8 microns. A single lambda DNA molecule, 48502 base
pairs long, should be ~16.5 microns in length when fully elongated. DNA is stained with
YOYO-1 dye.
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Figure 14 | A diagram of a coiled lambda DNA molecule as found in solution, a DNA
molecule can then be confined within a nanochannel. Its length in base pairs can be
determined from images taken while the molecule is confined in this manner. Length of each
molecule can be fitted by Matlab analysis, and a histogram can be created (for many
observed molecules) of the amount of DNA versus its length.
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Figure 15 | A reconstituted chromatin molecule stretched on a poly-l-lysine slide. Notice the
inhomogeneous structure of the molecule, where DNA and proteins are tightly bound
together in small aggregates within the molecule. This molecule is approximately 5.1
microns in length, and was stained with YOYO-3 dye.

In an effort to improve the stretching of chromatin, I investigated whether the relatively
novel method of stretching DNA inside nanofluidic channels can be adapted to the use with
chromatin. The apparent advantage is that the stretching homogeneity should be increased
with comparison with surface stretching.

However, the basic experiment appears

challenging, since surface-chromatin interactions have to be controlled (sticking), and it is
not clear that nucleosome-DNA bonds will remain intact under the stress of insertion forces.
For instance, work by Hall et al. (2009) showed that nucleosomes are stripped from DNA
above a critical tension applied by optical tweezers.
Chromatin solutions and nanofluidic chips are prepared as described in the methods
section. The channel cross-section was about 100 nm. In these experiments, nuclear material
is stained using YOYO-1, and no antibodies to histones is added. Electrophoresis is then used
to force the negatively charged molecules through the micro- and nanochannels. The
experiment was performed in the following manner. At first, an electric field was applied to
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device while the nanochannel region of the device is continuously monitored for the presence
of molecules. Once a molecule enters the nanochannel region, the electric field is removed,
and data of the drifting chromatin or DNA molecule is recorded. Typically, the molecule
continued moving due to ion imbalances created by long periods of applied fields. After the
molecule is bleached or breaks up, the remainders are flushed out of the channel, and a new
molecule is introduced.
A time-lapse movie of a chromatin entering a nanochannel and drifting is shown in
Figure 16. For comparison, Figure 17 shows bare DNA in a device of identical geometry
(raw data obtained by J. Pan, data analyzed by myself). Both chromatin and DNA are
efficiently linearized, but we notice a vastly different extension between the two.
The extension was analyzed by assuming that the fluorescence intensity along the
molecule is constant, but widened by a Gaussian response function of the microscope:

  x − x center + L / 2 
 x + x center − L / 2 
I ( x) = I 0 erf 
 − erf 
 + c ,
2σ
2σ



 

(21)

where erf is the error function, xcenter is the center position of the molecules, L is its length σ
defines the sharpness of the edge of the molecule, and c is a constant for the background.
Prior to fitting, the two-dimensional fluorescence intensity along the molecule was
mapped onto a coordinate along the axis. The length, center, intensity, offset and slope were
fitted for each individual frame of all movies. Average parameters for each molecule were
then formed from these individual fits. An example of such an analysis is shown in Figure
18.
Finally, histograms of chromatin and DNA numbers versus molecule length were
formed. The histogram for chromatin is dominated by a peak at 2.5 micons (Gaussian fit).
Longer molecules are also present, probably from poorly reconstituted chromatin, or due to
chromatin displacement caused by the stresses of channel insertion. The histogram for bare
DNA is dominated by a peak at 10 microns, with a secondary peak at 5.9 microns. The
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secondary peak is most likely due to fragmentation in shear flow during pipetting.
Commercial DNA samples are about 30-50% fragmented. We conclusively find that
chromatin molecules are considerably more compact than DNA molecules, with peak lengths
of 2.5 and 10 microns, respectively
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Figure 16 | Chromatin molecule confined inside of a nanochannel. In the top 3 panels (1.0
sec, 2.1 sec, and 3.3 sec) a chromatin molecule is traveling through the nanochannel. In panel
4 (4.4 sec), the molecule is stopped in the channel. In panel 5 (15.9 sec), a negative voltage is
applied, and the molecule travels out of the nanochannel to the left in panel 6 (17.0 sec).
Chromatin is stained with YOYO-1 dye.
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Figure 17 | YOYO-1 stained DNA confined inside an array of nanochannels with a channel
cross-section of about 100 nm (Raw data provided by J. Pan).
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Figure 18 | Top panel: a resliced image of a molecule confined in a nanochannel. The x axis
is the spatial extent, and the y axis is time. Bottom panel: An image of the curve fitting the
signal of a molecule in Matlab.
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Number

Figure 19 | Histogram of the lengths of DNA molecules observed while confined within a
nanochannel. The total distribution was approximated with a sum compromising a Gaussian
peak corresponding to full-length lambda DNA, while the green curve presumably consists
of fragments.
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Figure 20 | Histogram of the lengths of chromatin molecules observed while confined within
a nanochannel. The total distribution was approximated by a sum compromising a chromatin
peak (red), and a second Gaussian (green) describing partially dissociated molecules.
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VII. Discussion
After establishing that chromatin can be stretched in nanochannels in a fashion similar to
DNA, I will test whether the physical model for stretching inside nanochannels continues to
hold. For this purpose, physical parameters for chromatin have to be determined. The
parameters entering the De Gennes blob model are width of the polymer strand, the
persistence length, the contour length, and the channel width. Since no good estimates exist,
I will examine the physical model of DNA, and extrapolate its conclusions to chromatin.

a. Characteristic length scales: Debye and Bjerrum Lengths
The Debye length is defined as the characteristic length describing the screening of
charge in an electrolyte solution, by the surrounding electrons and ions (Naujoks, 2006). For
distances greater than the Debye length, significant charge separation may occur.
Considering a test charge q, a sphere of radius of the Debye length will screen out all charges
outside of the sphere. The Debye length can be calculated as

λD =

ε 0ε r k BT

,

2N Ae 2 I

(21)

for ε0 the permittivity of free space, εr the dielectric constant of water is 81, kB Boltzmann’s
constant, T is 298 K (room temperature), NA Avogadro’s number, e the elementary unit of
charge, and I ionic strength is 200 mol/m3 (equivalent to 200 mM, physiological salt
conditions). Note that the Debye length does not depend on the mass of the particles, and that
charge screening should not be considered a static event. Charged particles oscillate around a
test charge driven by increases or decreases in electric fields and inertia (Parks, 2006).
Beyond the Bjerrum length around the chromatin molecule, thermal fluctuations become
stronger than the electrostatic interactions. The Bjerrum length is given by

λB =

e2
4πε 0 ε r k B T

.

(22)
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I calculate the Debye length for my chromatin solution (200 mM salt) to be
approximately λ D ≅ 0.691nm . The Bjerrum length is also calculated, and I find that for my
chromatin solution it is λ B = 0.693nm , which is approximately equal to the Debye length.
Thus, electrical interactions between the chromatin and the nanochannel walls are negligible
as long as their separation is more than 1 nm. We thus can use the geometrical channel size
as the effective channel size.

b. Effective charge of chromatin
To describe colligative properties of polyelectrolyte solutions, Manning introduced a
theory of “counterion condensation”. This model is used to describe the effective charge of
bare DNA. Debye-Huckel law, which holds for simple ionic solutions, does not take into
consideration the short-range interionic forces or the molecular nature of the solvent, and so
does not effectively describe properties of more complex polyelectrolyte solutions (Manning,
1969). In the Manning model, long, densely charged polymer chains, such as DNA, are
replaced by an infinite line charge of density β , where β = e / b , for elementary charge e,
and b is the base-pair spacing of about 0.3 nm. In salt solutions, interactions between two or
more polyions are neglected, and the dielectric constant epsilon is chosen to be that of the
bulk solvent. Manning suggests that for dilute solutions, sufficiently many counterions will
“condense” on the polyion to lower the charge density parameter ξ to the value of 1,
2
for ξ = e / εk B Tb . Note that ξ is the Bjerrum length divided by the parameter b. If ever it is

the case that ξ becomes greater than 1, counterions will condense to neutralize the fraction
of polyion charge above the critical value. Hence, the charge of DNA is limited to 1 / λ B .
Mobile ions that are not “condensed” are treated with the Debye-Huckel approximation for a
simple ionic solution.
Considering the nucleosome core particle at physiological salt concentrations, a complex
consisting of a flexible chain (DNA) and a rigid cylinder (the histone octamer), the net
charge is always negative (Park et al. 1999). Because this implies that more negative charged
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DNA is deposited on the positively charged core particle, this is termed overcharging. This
may seem counter-intuitive because one would think that the nucleosome core particle would
become a neutral entity, with the negatively charged DNA canceling out most or all of the
charge from the positive histone proteins. Indeed, the negative charge of the DNA phosphate
backbone can neutralize some of the positive charge from the histone octamer, but a certain
number of counterions are released into the buffer solution. As “extra” charged DNA is
adsorbed onto the now-neutral histone core, its counterions are released as long as the net
charge density of the complex remains sufficiently low (Park et al. 1999, Record Jr. et al.
1978). However, when the histone-DNA complex is weakly charged with some excess
wound length, the counterions of that excess length are also released. This results in
spontaneous over-charging of the complex, so that the complex has a net charge with the sign
of the flexible chain. In this respect, every nucleosome is negatively charged, regardless of
species.
The effective charge of the nucleosome also depends heavily on the charge of the
histone tails, which are high in lysine and arginine, creating a positively charged tail that
protrudes out of the wrapped core particle (Eberlin et al. 2008). It is not known what histone
tail modifications are on the histones used in my experiment, or if there are any at all. The
nucleosome particle charge, taking into account the electrostatics of charged histones, bound
DNA, and counterion condensation, is approximately –200e (Beard and Schlick, 2000,
Castelnovo and Grauwin, 2007). In modeling nucleosomes, I will consider the effective line
charge υ of my chromatin to be approximately ~4.85e-19 C/nm. This is approximately 103%
the charge of naked DNA.

c. Effective width of chromatin
Ionic strength of the buffer solution affects the range of electrostatic interactions
between charges on the phosphate backbone of DNA and the nanochannel walls and itself
(Reisner et al., 2007). For example, a naked DNA molecule in a sodium chloride solution
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will decrease in width, from 15.7 nm to 4.4 nm, by increasing buffer concentration from 10
mM to 200 mM (Stigter 1977).
Reisner et al. (Reisner 2008) use an effective molecule width inside the nanochannel,
which was proposed by (Stigter 1977)

weff =



1
ν2

 ,
0
.
7704
+
log


κ
 2ε r ε 0 k B Tκ 

(22)

where κ inverse is the Debye length. This electrostatic model gives an effective width of
~0.0453 nm for the 10 nm chromatin fiber, which is physically impossible because the width
of a single nucleosome is ~ 10 nm. The chromatin 10 nm fiber, although negatively charged,
does not seem be optimally fitted with a model of a strong line charge.
Repulsion between negatively charged nucleosomes in the chromatin fiber also creates
an effective width of the molecule in the nanochannel. This width is likely larger than the
geometric width because of the same electrostatic interaction. However, in addition to the net
negative charge, positively charged histone tails could exert a net attractive force between
segments of the chromatin molecule. Electrostatic interactions between the overall negatively
charged nucleosomes will need to be studied in more detail, but it is interesting to consider
how nucleosomes attract or repel each other as a means of gene regulation.
Therefore, I use the geometric model for approximating the effective width of chromatin
molecules. I will speculate to be the fiber width plus 2 Debye lengths; this would be an
effective width of approximately 11.4 nm.

d. Effective Persistence Length
The persistence length of the chromatin molecule could range from 30 nm to 140 nm,
and it is currently unclear which is the exact value that I should use for the 10 nm chromatin
fiber (Cui and Bustamante, 2000). For lambda DNA at physiological salt concentrations of
200 mM, the persistence length is 50 nm (Hagerman, 1998).
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There are three basic physical mechanism by which chromatin attains its bending
stiffness. The most basic is the mechnical stiffness of DNA sections linking nucleosomes.
The bare persistence length of this component is about 30 nm. The second mechanism is that
of local charge interactions on the DNA backbone. These electrostatic interactions increase
the persistence length of bare DNA to about 50 nm at physiological salt. An analytical
description of this effect is given by the Odijik-Skolnik-Fixman equation.
The third mechanism becomes apparent when the geometry of the 10 nm fiber is
considered. Linking DNA connects the nucleosomes that constitute chromatin, and
depending on species, can range between 30 and 60 base pairs (Curtis and Barnes, 1994). At
each nucleosome, DNA has an intrinsic bending angle of about 144° (Schiessel 2001). Thus
an apparent bending of chromatin can be achieved if the linker DNA is twisted between two
nucleosomes. As previously mentioned, each turn on the nucleosome is constrained between
histone-DNA contact points of varying interaction strength (Luger et al. 1997). Torsional
stress on the DNA is distributed within these constrained base pair tunes as the minimum
energy combination of both the twisting (i.e. over- or underwinding) and the writhing (i.e.
bending) (Havas, et al. 2000). The stresses propagate into the linking DNA, and can further
modify the persistence length.
It has been suggested by Perico et al. in 2005, that direct electrostatic interactions
between macro-ions (i.e. DNA and histone octamers) of opposite charge and the counterioncondensation-release entropic mechanism greatly bend linker DNA. It was suggested that the
tail of histone H3 interacts with the linker DNA to facilitate compaction (Perico et al. 2005).
Additionally, it was demonstrated that by increasing the salt in a chromatin solution from 0.5
mM to 100 mM increased the sedimentation coefficient, therefore demonstrating a
nucleosomal compaction that necessitates bending of the linker DNA (Butler and Thomas,
1980 and 1998).
I will suggest that Lp ~ 30 nm, corresponding to the diameter of one nucleosome with a
50 bp length of linker DNA.
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e. Effective Contour Length
The contour length of chromatin is influenced by its structural variability. A basic
estimate can be obtained by simply adding the length of the linker DNA within one molecule.
Since about 50 basepair separate nucleosomes with 146 bound basepairs, we expect that
chromatin is about ¼ of the length of bare DNA with the same number of bases. Bare DNA
has about 1 basepair every 3 Å. Hence, reconstituted chromatin on lambda DNA should
have a contour length of 3.7 microns. This length should not be taken as a highly preserved
quantity, since nucleosome spacing is variable, and the intrinsic bending angle leads to a
conceptual difference between contour length and maximum end to end length.

f. Flory Radius for Free Chromatin
The derivation of the Flory radius was only correct to a factor of order one. Hence, the
appropriateness of the chromatin parameters can only be evaluated when compared to a
calculation for bare DNA. Bare DNA with a width of 3 nm, a contour length of 15 µm, and a
persistence length of 50 nm should have RF = 2.4 µm according to this calculation, but is
known to have a radius of gyration of 0.7 microns. Hence a factor 3 seems to be needed to
relate Flory formula and experiment.
Using this factor, I calculate the Flory coil for one chromatin molecule to
be RF ≅ 0.5µm , for persistence length of 30 nm, effective width of 11.4 nm, and contour
length of a chromatin molecule of 3.7 microns. This is close to the observed size of my
chromatin molecules at ~0.5 micron in free solution.

g. Extension of Confined Chromatin
The equilibrium extension of the confined, self-avoiding polymer chain parallel to the
chain axis is calculated by
 L p weff
L0 = CLC 
2
 D





1/ 3

,

(23)
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where C is calculated from the contour length (15 microns) and the effective width of naked
lambda DNA (2 nm), and where the dimension of the nanochannel D2 is equal to (100 nm)2.
This yields a dimensionless parameter of C = 3.2.
Using this value, I calculate that the equilibrium extension of my chromatin molecule is
approximately 3.2 microns, which is somewhat larger than the observed length of the
molecules as shown in the histogram of Figure 20 (2.5 microns). It is possible that the
difference is caused by attractive nucleosome-nucleosome interactions, which are able to
overcome entropic dispersion forces inside a nanochannel due to the reduced number
available conformations. Alternatively, partial shearing prior to nucleosome formation could
yield a similar effect.

VIII. Conclusion and Outlook
In this paper, I have demonstrated that naked DNA and histones can be reconstituted into
a chromatin fiber, and that this fiber can be confined, trapped, and stretched in length within
a nanochannel. A physical model for the 10 nm chromatin fiber has been evaluated, and
approximately describes the conformation observations of in vitro chromatin. For chromatin
confined within a nanochannel, I have calculated a molecule extension of about 20 base pairs
per nm. It is the author's opinion that this method of molecule extension can be applied to
mapping the epigenetic characteristics of biological molecules.
This method may be used for studying “epigenetic diseases,” and for the investigation of
potential treatments. It is also possible to use nanofluidic devices, such as those used in this
research, in mapping histone modifications of the nucleosomal core particle. The attainable
resolution of such a method (when fully realized) is anticipated to be ~ 6 kbasepair, which is
on the order of the size of a single gene.
It will be necessary to find agreement on the values for parameters discussed in this
paper, notably the persistence length and the effective width of the chromatin 10 nm fiber. It
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is also important to discover the histone modifications and specific “preferred” DNA
sequences that control nucleosome remodeling, and higher order folding of the chromatin
molecule. It is interesting to consider that higher order folding, from the 10 nm fiber to the 30
nm fiber, may occur inside a nanochannel, due to the confinement of the chromatin molecule
and the lack of available conformations.
Further study is needed to accurately describe the role of epigenetic modifications in
suppressing or activating cell processes. It will become necessary to confine and measure
genomic-length DNA – preferentially extracted from whole eukaryotic cells. Measurements
on molecules such as this would include: confinement within several different channel
widths, testing different buffer strengths, and analyzing this data for a multitude of molecule
lengths.
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APPENDIX
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DAPI Salt Effects

When optically imaging my chromatin molecules, different fluorescent dyes were used;
apart from YOYO-1 staining, DAPI staining was also attempted. However, DAPI stained
chromatin molecules exhibited a strange behavior when confined inside a nanochannel in
PBS buffer solution - DAPI strips off of the chromatin molecules. The salt concentration
used inside the quartz device is 200 mM (approximately physiological salt conditions), but
the effective salt concentration inside the nanochannels is effectively increased above 200
mM, enough to weaken and break DAPI bonds to the chromatin molecules.
When a voltage is applied to the nanochannel device, the DAPI stained, negatively
charged chromatin molecules travel by electrophoresis through the microchannels of the
device, and then are driven inside the nanochannels. When the voltage is turned off, the
DAPI molecules strip away from the chromatin molecule in the positive and negative axial
directions, and diffuse throughout the nanochannel as seen in Figure A. This was observed
for all DAPI stained chromatin molecules as they were trapped inside the nanochannel for
observation. Otherwise, the DAPI stained chromatin experiment is very similar to the
YOYO-1 stained chromatin experiment. Length and behavior of the chromatin molecules
appear unaffected when changing from DAPI to YOYO-1 dyes. When traveling inside the
microchannels, and when the molecules are stopped inside the microchannels, no unusual
behavior of the chromatin is observed.
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Figure A | Time-lapse image of DAPI molecules stripping away from a chromatin molecule
inside a nanochannel. A chromatin molecule enters the nanochannel from the left (4, 4.5, 4.7
sec), and the voltage is turned off (4.9 sec). The DAPI molecules begin to strip off of the
chromatin molecule and diffuse through the nanochannel (5.0 – 6.0 sec).
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This DAPI stripping phenomena may be a result of increased salt concentration inside
the nanochannels. Consider the concentrations of counter-ions (c1) and concentrations of coions (c2) inside the nanochannel, as in Figure B. For the region inside a nanochannel, Mani
et. al suggest a model for the wall normal distributions of counterions and co-ions, by using
an area averaged model that assumes Boltzmann distributions of ions in the wall normal
direction. These distributions are determined as functions of the local value of the local
Boltzmann distribution coefficient (c0) and the local wall surface charge density. In our case,
the net charge of the fused silica is negative. Thus, at each section of the channel,
parameterized Poisson-Boltzmann equations can describe the wall normal potential and
distribution of the ionic species (Hunter et. al 1981).

Figure B | Wall normal distributions of the counterions (c1) and co-ions (c2), inside a
nanochannel. Note that λ is the Debye length, and y is the wall normal coordinate. (Image
taken from Mani et al. 2009)
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Wilson et. al found that DAPI dissociation from DNA at the AT polymer is
approximately twice as sensitive to changes in salt concentration as dissociation from the GC
complex. Notably, it was found that by increasing the salt concentration from 135 mM to 235
mM, the dissociation lifetime (of DAPI from Poly[d(A-T)]) decreases by more than 50%. In
view of the fact that the binding constant of DAPI dye is salt-dependent, I suggest that the
increased salt concentration in the nanochannels causes a salt-induced de-staining of the
DAPI labeled chromatin molecules.
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