
ABSTRACT 

WALTERS, JAD ANTHONY. Structure, Folding, and Assembly of (Pro)caspase-3. The 
Role of the Dimer Interface in Active Site Formation. (Under the direction of A. Clay Clark). 
 

Effector procaspase-3 plays a vital role in carrying out the final steps of programmed 

cell death, leading to the destruction of the cell. Because dimerization of (pro)caspase-3 is 

essential for enzyme stability and activity, it is important to understand the structural details 

of the interactions at the dimer interface. 

We show a single site in the dimer interface of (pro)caspase-3 can be used to activate 

or inhibit the enzyme. The results presented here demonstrate activation of procaspase-3, in 

the absence of intersubunit linker cleavage, which generates a constitutively active, 

uninhibitable enzyme that is very efficient in killing both healthy and diseased mammalian 

cells. Moreover, inhibition may also be achieved utilizing the same site and the structural 

studies reveal two novel pathways of inhibition. Overall, these studies show how the 

interactions at the dimer interface in procaspase-3 are essential in formation of a competent 

active site. 

 In addition to the procaspase-3 interface studies, several crystallographic studies are 

presented which are aimed at elucidating a structure of procaspase-3. Finally, a 

comprehensive protocol for carrying out equilibrium folding studies and determining 

conformational stabilities of macromolecules is provided.  All together, this work has lead to 

exciting and novel discoveries in the field of apoptosis, including new mechanisms to 

selectively manipulate cell death.  
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The Significance of Programmed Cell Death 

Apoptosis, or programmed cell death, plays a critical role in maintaining cellular 

homeostasis. The controlled process of apoptosis is used to neatly remove unwanted cells 

during development and those cells which pose a threat to the integrity of the organism.  

The balance between cell death and cellular proliferation is a tightly regulated process 

and dysfunction in the apoptotic pathway is implemented in several pathological 

conditions (Table 1).   

 

 

 
Through excess apoptosis 
AIDS 
     T lymphocytes 
Neurodegenerative diseases 
     Alzheimer’s disease 
     Amyotrophic lateral sclerosis 
     Parkinson’s disease 
     Retinitis pigmentosa 
     Epilepsy 
Haematologic disease 
     Aplastic anaemia 
     Myelodysplastic syndrome 
     T CD4+ lymphocytopenia 
     G6PD deficiency 
Tissue damage 
     Myocardial infarction 
     Ischaemic renal damage 
     Polycystic kidney 

 
Through inhibition of apoptosis 
Cancer 
     Colorectal 
     Glioma 
     Hepatic 
     Neuroblastoma 
     Leukaemias and lymphomata 
     Prostate  
Autoimmune diseases 
     Myastenia gravis 
     Systemic lupus erythematosus 
Inflammatory diseases 
     Bronchial asthma 
     Inflammatory intestinal disease 
     Pulmonary inflammation 
Viral infections 
     Adenovirus 
     Baculovirus 
Chamond et al., 1999 

Table I. Diseases Associated With Dysfunctions in Apoptosis 
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Apoptotic Pathways 

Apoptosis is triggered through two major signaling pathways, the intrinsic and 

extrinsic pathways. The extrinsic pathway is initiated by ligation of transmembrane death 

receptors (Fas, TRAIL and TNF) (Boatright, 2003). Triggering of these death receptors 

leads to the recruitment of initiator procaspase-8/10, via the Fas-associated death domain 

protein (FADD). The interaction between the death effector domains (DED) of FADD 

and procaspase-8/10 results in cleavage and activation of the procaspase. Upon its release 

into the cytoplasm, caspase-8/10 cleaves and activates downstream executioner caspases 

-3, -6 and -7, which ultimately leads to the destruction of the cell. 

The intrinsic pathway is initiated by the release of cytochrome c from the 

mitochondria in response to cytotoxic stress. Cytochrome c binds to apoptotic protease 

activating factor-1 (Apaf-1) in the presence of dATP, which results in formation of the 

Apaf-1/caspase-9 complex referred to as the apoptosome. Activated caspase-9 

specifically targets and activates procaspase-3 (Budihardjo, 1999). Both pathways to 

caspase activation are shown in Figure 1.  

 

Mediators of Apoptosis  

Caspases (cysteine-dependent aspartate-directed proteases) are the integral 

proteins involved in carrying out apoptosis. There are fourteen known caspases, while 

eleven are known to occur in humans. The caspase family is divided into three 

subfamilies, inflammatory, initiator and effector caspases, where the initiator and effector 

caspases are classified according to their function and role in apoptosis (Figure 2).  
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Figure 1.  Extrinsic (Death Receptor) and Intrinsic (Mitochondrial) pathways of    

 apoptosis. (MacFarlane and Williams, 2004) adapted 
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Caspase Structure and Activation 

All caspases are organized in a similar manner, consisting of an N-terminal 

prodomain, a large subunit, an intersubunit linker and a small subunit. Typically, the 

prodomain of executioner caspases are shorter, while the prodomains of initiator and 

inflammatory caspases are longer, as they contain either a CARD (caspase recruitment 

domain) domain or a DED (death effector domain) domain.  The prodomain of 

procaspase-3 has been shown to aid in assembly of the enzyme, acting as an 

intramolecular chaperone (Feeney, 2005) and the prodomain in initiator an inflammatory 

caspases aids in dimerization by binding to adaptor proteins upon initiation of apoptosis, 

thereby increasing the local concentration of the procaspase. This is known as the 

induced proximity model and is discussed further in Muzio et al., 1998 and Pop et al., 

2006.  

In the monomeric state, all of the caspases share common structural features 

consisting of a six-stranded beta-sheet core flanked by alpha-helices. Each monomer, 

composed of the large and small subunit (Figure 3), contains one active site, but remains 

inactive until the minimum requirement of dimerization is met. Once dimerized, a 

consistent β-sheet extends the length of the protein.  

Caspase-3 contains five active site loops, L1, L2, L2’, L3 and L4. Two of the 

loops are contributed by the large subunit, loops L1 (residues 52-66) and L2 (residues 

163-175), while the other three are contributed by the small subunit, L2’ loops are 

contributed by the large subunit, loops L1 (residues 52-66) and L2 (residues 163-175), 

while the other three are contributed by the small subunit, L2’(residues 176-192 ), 
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Figure 2. Organization of and classification of the caspase subfamilies. Structural motifs 

are described in the text. (MacKenzie and Clark, 2008) 
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Figure 3. Schematic representation of the caspase maturation process. Effector caspases 

are found in the cell as stable dimers. The red arrows indicate the three cleavage sites in 

procaspase-3 and the active site is indicated by a diamond. Cleavage at D9 and D28 

remove the prodomain and cleavage at D175 in the intersubunit linker allows 

rearrangement of the active site loops, yielding mature caspase-3. Initiator and 

inflammatory caspases are found in the cell as stable monomers. Dimerization is 

coupled to activation, thus, while cleavage (red arrows) stabilizes the enzyme, it is not 

necessary for activation.  
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L3 (residues 198-213) and L4 (residues 247-263). Of the five loops that comprise the 

active site, one, L2’, is contributed by the second monomer, thus, it becomes apparent 

why dimerization is an absolute requirement for activation. In addition to cleavage at 

Asp175 in the intersubunit linker, two more cleavages occur at Asp9 and Asp28 which 

remove the prodomain (Figure 3). 

The cleavage event in the intersubunit linker at Asp175 creates two of the five 

active site loops, L2 and L2', which are then liberated to undergo the necessary 

conformational changes needed for proper active site configuration. The structural 

changes observed in L2 allow the catalytic cysteine to adopt a more favorable position, 

which is now readied for nucleophilic attack of the substrate.  In addition, L4 rotates 

60°towards the active site and L3 moves toward the core of the protein, forming the 

substrate binding pocket. L2' from the opposing monomer flips ~180° and wraps behind 

L4 and making contacts with both L2, L4 and the S4 site of the substrate (Figures 4 and 

5). The interaction between loops L2, L2’, L3, and L4 is known as the loop bundle, 

coined by Shi (Shi, 2001). Several hydrogen bonds are made  

between these loops which have been shown to stabilize the active site, thus affording 

specificity to the enzyme (Feeney, 2006). 
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Figure 4. (A) Homology model of procaspase-3. The active site loops of one monomer 

are indicated. L1 (yellow), L2 (red), L2’ (cyan), L3 (blue) and L4 (light brown) (B) 

Active conformation of caspse-3. One monomer is composed of a large subunit (dark 

brown β-sheet) and a small subunit (2 dark red anti-parallel β-strands) L2’ is contributed 

by the small subunit of monomer 1 to the active site of monomer 2. The interactions 

between loops L2, L2’ and L4 form the loop bundle. 
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Figure 5. (A) The movements of the active site loops are highlighted. Loops shown as 

semi-transparent are of procaspase-3 and the full color loops are in the active 

configuration, caspase-3. For clarity, only one monomer is shown, however, L2’ from the 

second monomer is shown. Arrows indicate movement of the loops during maturation. 

The change in color from cyan to red in the intersubunit linker represents where cleavage 

occurs. 
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Characterization of the Caspase Interfaces 

All caspases are initially produced in the cell as quiescent zymogens. It is known 

that dimerization is necessary for acquisition of activity in caspases. However, there are  

variations in activity levels of the unprocessed procaspase between the subfamilies. For 

instance, initiator and inflammatory caspases are stable monomers in the cell (Figure 3).  

Upon dimerization, the unprocessed enzyme displays activity levels comparable to that of 

the mature enzyme. This is because activity is coupled to dimerization rather than chain 

cleavage in initiator caspases. This feature may explain why initiator caspases are stable 

monomers; the ability to use dimerization to regulate enzymatic activity. However, 

procaspase-3 and the other effector caspases are stable dimers (Figure 3). Bose et al. 

show the stability of procaspase-3 is contributed largely by dimerization, approximately 

18 kcal/mol of the total conformational free energy of 25 kcal/mol (Bose and Clark, 2001). For 

this reason, effector caspases utilize a different mechanism to regulate enzymatic activity, 

cleavage of the intersubunit linker, allowing rearrangement of the active site loops as 

discussed previously. Thus, unprocessed effector caspases display extremely low levels 

of activity when compared to the processed enzyme. 

Upon dimerization, several interactions occur that help to stabilize the structure. 

A number of these interactions occur in β-strands 8 and 8′ in the small subunit that form 

the lining of the central cavity. As noted above, the known caspase structures reveal the 

same general fold and quite similar structural features. Nonetheless, the interfaces are 

exceptionally different, displaying divergent chemical properties. For example, 

inflammatory caspases-1, -4, -5 have interfaces composed of hydrophilic residues and 
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rely on electrostatic interactions across the dimer interface to stabilize the dimer. On the 

other hand, a hydrophobic interface is conserved among effector caspases-3, -6, and -7, 

while initiator caspases-2, -8, -9, and -10 display both hydrophobic and hydrophilic 

residues.  

The hydrophobic residues in the dimer interface of caspase-3 provide a plausible 

explanation as to why the enzyme is a stable dimer, to shield the hydrophobic core from 

solvent. In contrast, caspase-1 contains a glutamate (E390) at the equivalent position of 

valine 266 in caspase-3. In addition, an insertion adjacent to glutamate, R391, creates a β-

bulge disrupting hydrogen bonds across the interface. As expected, this negative design 

element (Richardson and Richardson, 2002) impedes dimer formation since the exposed 

β-bulge will only interact with another procaspase-1 monomer with a complementary 

binding surface. Caspase-9 represents a unique situation. At the core of the protein, 

equivalent to the V266 position in caspase-3, is F404. Just as tyrosine resides next to 

valine in caspase-3 (Y197), it is also found in this same position in caspase-9, Y345 (ref).  

This is an important structural feature to note because the presence of these numerous 

bulky residues in the caspase-9 interface creates an environment where only one 

functional active site forms. In short, during active site formation a region of L3, known 

as the elbow loop, inserts in the interface. Consequently,Y345 rotates away from the 

active site toward the interface. The movement of Y345 causes F404 to move towards the 

interface, which in turn creates a steric clash between the two phenylalanine residues 

across the dimer interface. Since movement of F404′ is forbidden by the steric clashing, 

Y345' is unable to rotate in towards the active site prohibiting formation of the second 
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active site (Renatus, 2002). These structural details provide further explanation for the 

presence of a monomeric or dimeric caspases in solution (For a more in depth discussion 

on caspase interfaces see (MacKenzie and Clark, 2008)).  

 

Project Goals 

Differences in oligomeric properties and activity of the unprocessed enzyme of 

the caspase subfamilies bring about an interesting point. Why are some caspases stable 

monomers, while other caspases stable dimers? Moreover, what is unique to 

inflammatory and initiator caspases that allows the unprocessed dimer to obtain such high 

levels of activity? Previous studies showed that insertion of glutamate (as seen in 

procaspase-1) at position 266 in the dimer interface of procaspase-3 resulted in an 

pseudo-activated procaspase-3 in-vitro. That is, cleavage of the intersubunit linker is no 

longer necessary for activation in this variant. Conversely, substitution of the same 

residue, Val266, with histidine (as seen in procaspase-9) abrogates activity. Thus, the 

same site appears to act in a positive or negative allosteric manner in procaspase-3.  

The first three chapters of this discussion focus on characterizing the allosteric 

site at the dimer interface of (pro)caspase-3. Chapter one focuses on elucidating the 

mechanism of activation in the procaspase-3 (V266E) variant. In addition, several in-vivo 

assays demonstrate the therapeutic significance of these studies. Chapter two examines 

the structural details that give rise to inhibition in the caspase-3 (V266H) structure. These 

studies suggest two novel pathways of allosteric inhibition. Chapter three focuses on 

interactions between the active site and the dimer interface. The results highlight the 
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importance of these interactions for proper active site formation and stability and 

demonstrate a direct linkage between the active site and the dimer interface. Chapter four 

examines the effects of disrupting interactions at the base of L4 in (pro)caspase-3. The 

results emphasize the need for these contacts as removing them results in decreased 

stability and activity. Chapter five explains, in detail, the aspects of equilibrium unfolding 

experiments. Sample preparation, experimental procedures and data analysis are 

discussed. Chapter six discusses experimental procedures that were carried out in an 

effort to obtain crystals of procaspase-3. Currently, there is no crystal structure of this 

proenzyme. The only known crystal structure of a procaspase is that of procaspase-7. 

While the homology model of procaspase-3 is in agreement with previously published 

data, a crystal structure of procaspase-3 is still desirable.   
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ABSTRACT 

 

The zymogen of caspase-3 has essentially zero activity until it is cleaved by initiator 

caspases during apoptosis. However, a mutation of V266E in the dimer interface activates 

the protease in the absence of chain cleavage. We show that low concentrations of the 

pseudo-activated procaspase-3 kill mammalian cells rapidly, and importantly, this protein 

is not cleaved nor is it inhibited efficiently by the endogenous regulator XIAP. The 1.63Å 

structure of the variant demonstrates that the V266E mutation is accommodated at the 

dimer interface to generate an enzyme with essentially the same activity and specificity 

as wild type caspase-3. Structural modeling predicts that the interface mutation prevents 

the intersubunit linker from binding in the dimer interface, which allows the active sites 

to form in the procaspase in the absence of cleavage. The direct activation of procaspase-

3 through a conformational switch rather than by chain cleavage may lead to novel 

therapeutic strategies for inducing cell death. 

 

INTRODUCTION 

 

Caspase activation, more than any other event, defines a cellular response to 

apoptosis. Synthesized initially as zymogens (procaspases), the cytosolic pool of inactive 

zymogen is converted rapidly to active protease upon the induction of apoptosis. All 

procaspases have a common organization in that each monomeric unit is composed of an  
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N-terminal prodomain and a catalytic domain, which itself comprises a large subunit and 

a small subunit (Figure 1). In all procaspases, the large and small subunits are covalently 

connected by a sequence of amino acids referred to as the intersubunit linker (IL), which 

is cleaved during maturation. The mature caspase functions as a dimer of heterodimers 

with two active sites, each comprised of five loops: L1-L4 originate from one 

heterodimer, and L2' originates from the second heterodimer. Both active sites have the 

same nomenclature and in each monomer of the procaspase L2 and L2’ are covalently 

connected in the IL (for review, see (MacKenzie and Clark, 2008)). 

A fundamental difference exists in the caspase subfamilies regarding maturation, and 

this difference is a key aspect for regulating apoptosis. Initiator procaspases are stable 

monomers in the cell, and dimerization is facilitated following recruitment to activation 

platforms (Boatright and Salvesen, 2003). Importantly, once dimerized, the initiator 

procaspases have high enzymatic activity, and subsequent chain cleavage in the IL 

simply stabilizes the active site (Renatus et al., 2001) (Pop et al, 2001). In contrast, the 

effector procaspase-3 is a stable dimer, but it has very low enzymatic activity (<0.4% that  

of the active protease) (Bose et al., 2003; Pop et al., 2001). In this case, full activation 

occurs after cleavage of the IL by initiator caspases, resulting in ordering the active sites 

due to the release of L2 and L2’ from the IL and subsequent formation of the substrate-

binding pocket (L3) (see supplemental movie 1). In short, the cell maintains a cytosolic 

pool of inactive procaspase-3 that is poised to carry out cell death. Structural and 

mutational studies show that the packing of amino acid side chains in the caspase dimer 

interface is intimately connected to active site formation since several residues in the 



 18

 

 

 

 

 

 

 

 

 

 

 

Figure 1. Procaspase-3(D3A,V266E) is Enzymatically Active without Cleavage of 

the Intersubunit Linker. 

Mutants of caspase-3 described in the text. The interface mutation V266E was designed 

in the context of wild-type caspase-3 (WT) and the uncleavable procaspase-

3(D9A,D28A,D175A), called D3A. Low expressions generate “one-chain” procaspase-3 

(Pro-WT). Over expression generates the “two-chain” caspase-3 by automaturation. 
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active site loops interact with residues in the interface (reviewed in (MacKenzie and 

Clark, 2008) The importance of the dimer interface was described by Wells and 

coworkers, who showed allosteric inhibition by the binding of compounds in the interface 

of the mature caspase. The inhibitors prevent packing of the active site loops in the dimer 

interface and stabilize a form of the protein with a disorganized active site, similar to that 

of the procaspase (Hardy et al., 2004; Scheer et al., 2006).  

In addition to small molecule binding, mutations in the allosteric site of the dimer 

interface were shown to affect active site formation in procaspase-3 (Pop et al., 2003). In 

one case, replacement of V266 with glutamate increased the activity by 60-fold, 

representing a pseudo-activation of the zymogen. Notably, the increase in activity did not 

require cleavage of the IL but rather occurred via conformational changes in the intact 

zymogen. This is an important consideration because the results demonstrated that 

procaspase-3 indeed can gain a substantial amount of catalytic activity without cleavage 

of the polypeptide chain. In contrast to initiator procaspases, however, the inactive 

conformation of procaspase-3 is preferred, and subsequent chain cleavage stabilizes the 

active conformer by allowing new contacts to form in several active site loops (Feeney et 

al., 2006; Mittl et al., 1997; Rotonda et al., 1996). The previous in vitro studies did not 

address whether an increase in procaspase-3 activity would correlate to an increased cell 

death. 

An understanding of procaspase dimerization and how it relates to activation will be 

an important step toward effective therapies for a variety of diseases that involve the 

dysregulation of apoptosis. While a number of cancer treatments target proteins in the 
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apoptotic pathways (Ashkenazi et al., 1999; Reed, 2006), most of the current therapies 

are upstream of caspase activation and often require combined treatments to be effective 

(Diehl and Behringer, 2006; Diehl et al., 2003). Ultimately, however, these therapies 

indirectly induce the activation of caspase-3. Because there is a larger pool of quiescent 

procaspase-3 in most cancer cells compared to normal cells (Putt et al., 2006), directly 

targeting procaspase-3 could lead to more effective therapy since effector caspases are 

the terminal proteases in the cell death cascade. We show here that pseudo-activated 

procaspase-3(V266E) rapidly kills mammalian cells via apoptosis and is not inhibited 

efficiently by XIAP, the cytosolic inhibitor of mature caspase-3. In addition, we 

determined the X-ray crystal structure of caspase-3(V266E) to gain a better 

understanding of the structural changes caused by the mutation. We also present two 

models of procaspase-3 in the inactive and active conformations in order to examine the 

conformational switch in the procaspase. Together, the models suggest a mechanism of 

activation triggered by the V266E mutation that yields active enzyme without cleavage of 

the IL. Overall, the results show that the interface should be considered a potential target 

for cancer therapy, where identification of small molecules that bind to the interface of 

procaspase-3, resulting in its activation, may be a viable alternative to current therapies. 

RESULTS 

 
Caspase-3 V266E interface mutants are active before processing 

The enzyme activity of D3A,V266E was determined previously from the hydrolysis 

of a typical caspase fluorogenic substrate, Ac-DEVD-AFC (Pop et al., 2003). In those  
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studies, Western blotting analysis showed that the high enzyme activity of D3A,V266E 

could not be explained by alternately cleaved protein because the enzyme activity was 

only ~3-4 fold lower than that of the mature caspase-3. We examined this further by 

reacting the mutants with an active site probe developed for caspases, biotin-EVD-

AOMK, which labels the catalytic cysteine contained in a competent active site. As 

shown in Figure 2 (top panel), the probe covalently labeled the large subunit of WT 

(positive control) but not the intact single chain wild-type procaspase-3 (negative 

control). Importantly, single chain (uncleaved) D3A,V266E was labeled nearly as well as 

the large subunit of cleaved V266E and WT. Because D3A,V266E was shown previously 

to have enzymatic activity equal to that of the mature V266E (Pop et al., 2003), these 

results clearly show that the V266E mutation allows for activity of single chain caspase-3 

in the absence of cleavage in the IL, at least on small synthetic substrate. 

Although the V266E mutation does not change the oligomeric properties of caspase-3 

at higher protein concentrations (μM range) (Pop et al., 2003), we examined whether the 

mutation weakens the dimer interface at lower protein concentrations by performing  

dilution experiments coupled with enzyme activity measurements (supplemental Figure 

1). The data follow a unimolecular mechanism, suggesting that, at least in the presence of 

the substrate, the caspase-3 mutants were stable dimers in the pM range of protein 

concentration. 

In order to determine whether the mutation changed the substrate specificity of 

the enzyme, we tested the P2-P4 sites in the V266E mutants using a positional scanning 
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Figure 2. Labeling the caspase-3 V266E mutants by affinity based probes. Recombinant 

caspases (250 nM) were incubated with biotin-EVD-AOMK (2.5 μM) for 30 min at room 

temperature. The resulting mixture was probed by Western blotting with anti-biotin, anti-

cleaved caspase-3, anti-full-length caspase-3, or anti-His tag antibodies or subjected to 

TCA precipitation and stained with Coomassie Blue. The positive control was wild-type 

caspase-3 (two-chain), and the negative control was wild-type procaspase-3 (single-

chain), carrying no other mutations. The star indicates a contaminating protein from E. 

coli expression.  
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Supplemental Figure 1. Dilution Studies of the V266E Interface Mutants.  

The indicated caspase-3 proteins were diluted in standard assay buffer at concentrations 

between 0.15 and 10 nM and incubated for 15 min at 37 °C. The enzymatic activity was 

determined versus 100 μM Ac-DEVD-AFC. 
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peptide library containing aspartate fixed in the P1 position (Figure 3). The data show that 

there are no substantial differences between the specificity of WT and the V266E mutants 

for the P2-P4 positions, where maximum activity was obtained for the tetrapeptide 

sequence DEVD. We also tested the enzymes for cleavage of glutamate in the P1 position 

rather than aspartate, and we found that the ratios of the initial velocities for glutamate 

versus aspartate cleavage were ~2 times lower for the V266E mutants compared to that of 

wild-type mature caspase-3 (data not shown). Overall, the data show that the substrate 

specificities of the V266E mutants are very similar to that of wild-type caspase-3 and 

suggest that the active site of the activated procaspase resembles that of the mature 

caspase. 

 

V266E interface mutants kill mammalian cells more efficiently than WT caspase-3 

One predicts that expression of a constitutively active procaspase-3 should kill cells 

efficiently – indeed this has been shown previously for a circular permutation of the 

caspase that mimics IL cleavage (Alnemri, 1997). However, it was not clear whether the 

~3-4-fold lower activity of the V266E mutants compared to fully active wild type  

caspase-3 represented sufficient activity for cell death. To examine this, we transiently 

transfected 293A cells with various caspase-3 mutants and monitored cell viability by 

annexin V staining (Figure 4). Interestingly, both V266E and D3A,V266E mutants  
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Figure 3. Determining the substrate specificity of the recombinant caspase-3 mutants. 

Activity of the caspase-3 mutants (10 nM) was measured using a tetrapeptide positional 

scanning library, with P1 fixed as an aspartate and 7-amino-4-carbamoylmethylcoumarin 

(ACC) as fluorophore group. The final concentration of peptide was 250 μM in standard 

assay buffer. Hydrolysis rates are presented as a percent of the maximal rate for each 

subset (P4, P3, P2). 
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Figure 4. V266E Mutants Kill Cells More Efficiently than the Wild-type Caspase-3.  

HEK293A cells were transiently transfected with 1 μg total flag-tagged caspase-3 DNA 

(or 50 ng Bax/0.95 μg empty vector), and annexin V positive cells were quantified 24 

hours later by FACS. Z-VAD-FMK (100 μM) or DMSO was added to the cultures 2 

hours post-transfection. The values represent an average of three independent 

experiments. 
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resulted in robust cell death measured by annexin V staining (~50%), which exceeded 

that produced by WT and D3A (~20%). The loss in cell viability produced by the 

interface mutants was as pronounced as that produced by Bax, a cytotoxic protein that 

initiates the intrinsic apoptotic pathway at the mitochondrial level (Figure 4). In all cases, 

the levels of apoptosis were decreased in the presence of a caspase inhibitor, Z-VAD-

FMK, suggesting that the increased levels of cell death were dependent on caspase 

activity. When protein production was monitored by Western blotting, only the WT and 

D3A species were detected by their reactivity to anti-FLAG antibodies (Figure 5). 

Compared to the endogenous protein, the levels of WT were about five to ten-fold higher 

in transfected cells, as judged by the anti-caspase-3 immunoblot. The interface mutants 

could not be detected even after prolonged exposures of the FLAG immunoblots or after 

immunobloting with anti-cleaved caspase-3 antibodies (data not shown). Thus, the full-

length procaspase-3 observed in the cells transfected with the interface mutants (Figure 5, 

top panel) represents the endogenous protein. Immunoblots using cell lysates prepared at 

earlier time points post-transfection gave the same results (data not shown). However, 

RT-PCR reactions showed the presence of mRNA for the caspase variants (supplemental 

Figure 2), demonstrating that the genes were transcribed. The parsimonious explanation 

for the lack of immunostaining of transfected V266E variants is that cells expressing 

them die before sufficient protein can accumulate – suggesting a lethal nature of the 

interface mutation.  

In order to show that the cell death mediated by the interface mutants involved typical 

caspase substrates, we examined the cleavage of the canonical substrate PARP (Figure  
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Figure 5. Western blots of the cellular lysates from panel A against anti-full-length 

caspase-3 or anti-flag antibodies, for detection of the transfected constructs, or anti-

cleaved PARP, as indicated in the figure. The lower panel shows the loading control of 

Hsp90 
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Supplemental Figure 2. RT-PCR Reactions of DNA-free-RNA Isolated from 

Transfected HEK293A. 

The following flag-tagged constructs were used: 1= vector control; 2= caspase-3(WT); 

3= procaspase-3(D3A); 4= caspase-3(V266E); 5=procaspase-3(D3A,V266E). The PCR 

reactions used specific primers for caspase-3 flag and alpha-tubulin, depicted at the 

bottom of each panel. To rule-out the possibility of plasmidial/genomic DNA 

contamination, control reactions (PCR) used RNA samples subjected to reverse-

transcription reactions in the absence of the reverse-transcriptase. 
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5). Cleaved PARP exits the nucleus and resides in the cytosol, so we examined the 

presence of cleaved PARP in mRIPA-soluble lysates. As expected, PARP was cleaved in 

all cells displaying high annexin V staining, and its cleavage was suppressed by Z-VAD-

FMK (Figure 5). Cleaved PARP appeared to be in higher amounts in cells transfected 

with WT, which may indicate a higher degradation rate of cleaved PARP in cells 

transfected with the interface mutants or with Bax. In support of this, Western blot 

analysis against total nuclear PARP showed that full-length PARP was completely 

depleted in cells transfected with the interface mutants versus cells transfected with WT 

(data not shown). 

Overall the data show that the constitutively active caspase-3 interface mutants were 

more efficient in killing transfected cells in culture than was wild-type caspase-3. 

 

The interface mutants kill cells independently of endogenous caspase-3 

Because the substrate specificity is the same for the V266E variants and WT (Figure 

1C), it is likely that the mutants cleave the same substrates as caspase-3 during apoptosis. 

Alternatively, it is possible that the interface mutants activate the endogenous caspase-3, 

which then amplifies the downstream proteolytic events – although this is unlikely given 

that procaspase-3 is typically a poor substrate for active caspase-3 (Stennicke, 2000). To 

examine the latter possibility, we transfected MCF7 cells, which lack endogenous 

caspase-3 (Janicke et al., 1998), with plasmids containing the interface mutants, and we 

measured apoptosis by annexin V staining (Figure 6). Although the transfection 

efficiency was lower than in the case of 293A cells (~35% versus ~60%, respectively),  
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Figure 6. Caspase-3 V266E Mutants Kill Cells Independently of the Presence of 

Endogenous Caspase-3.  

(A) MCF7 cells, which lack procaspase-3, were transfected with 1 μg total DNA, as 

described in Figure 2, and 24 hours later the cells were quantified by FACS for annexin 

V positive cells. The values represent an average of three independent experiments.  
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the pattern of cell death observed in the 293A cells (Figure 2A) was reproduced in the 

MCF7 cells (Figure 6). One should note that Bax, the positive control, was less toxic 

in MCF7 cells than were the interface mutants due to the lack of endogenous caspase-3, 

the main effector caspase. In all cases, the number of apoptotic cells diminished in the 

presence of the caspase inhibitor, Z-VAD-FMK. 

Similarly, recombinant V266E cleaved caspase substrates in the absence of caspase-3 

when added to crude cellular extracts. We examined hypotonic lysates from Jurkat cells 

that were immunodepleted of the endogenous caspase-3 and reconstituted with 

recombinant caspase-3 proteins. The lysates were analyzed by Western blotting for 

cleavage of ICAD (Figure 7). We observed that ICAD was cleaved efficiently by the 

active WT and V266E proteins, and it remained unprocessed upon addition of the less 

active procaspase-3 (Figure 7). The cleavage of ICAD was judged by the disappearance 

of the full-length protein for which the antibodies were developed. Lysate prepared from 

cells treated with zVAD-FMK showed no DEVD-ase activity (not shown). 

 

The intrinsic activity of interface mutants in transfected cells is lower than that of 

WT  

One of the purposes of this investigation was to determine the threshold of caspase 

activity necessary to produce cell death. We examined this by correlating the amount of 

death in cell culture with the total caspase activity in the corresponding lysates. We used 

the tetrapeptide substrate, Ac-DEVD-AFC, which is cleaved primarily by effector 

caspases, to measure caspase activity in 293A lysates that had been prepared from cells  
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Figure 7. (B) Hypotonic Jurkat lysates were immuno-depleted of endogenous caspase-3 

and reconstituted with recombinant caspase-3. After incubation at 37°C, cleavage of 

ICAD was detected by immunobloting for full-length ICAD. 
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Figure 8. WT Caspase-3 Lysates Display Higher DEVD-ase Activity than Those of 

V266E Interface Mutants, and Uncleavable Caspase-3(V266E,D3A) is Inhibited 

Poorly by XIAP.  

(A) Lysates from cells transfected for 24 hours with the indicated plasmids were prepared 

in mRIPA buffer, normalized for protein concentration, diluted 1:5 in standard caspase 

buffer and assayed for enzymatic activity against 100 μM Ac-DEVD-AFC. The values 

represent an average of three independent experiments.  
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transfected with the interface mutants (same lysates as in Figure 2). Surprisingly, the 

lysates containing WT showed the highest DEVD-ase activity (Figure 8). We expected to 

correlate this high activity to a high percentage of cell death in culture (see Figure 2A), 

which was not the case. In contrast, the lysates containing transfected interface mutants 

or Bax displayed less than 15% of the DEVD-ase activity of the WT lysates (Figure 8), 

despite the high amounts of Annexin V positive cells present in the cell culture (Figure 

2A). This activity represented about half of that expected based on the intrinsic activities 

of the proteins, where the V266E variants have 3-4-fold lower activity than WT (Pop et 

al., 2003), but the results correlated to the lower accumulation of the proteins in the cell 

(Figure 5). 

To determine whether the DEVD-ase activity of the V266E lysates peaked earlier 

than 24 hours post-transfection, we prepared lysates from cells transfected for various 

times (Figure 9). Lysates prepared from cells transfected with WT displayed high DEVD-

ase activity as early as 12 hours post-transfection, and the activity increased over time. 

However, lysates prepared from cells transfected with V266E showed modest DEVD-ase 

activity compared to WT for each time considered, and the activity did not peak earlier 

than 24 hours (Figure 9). Because the rate of cell death peaked as early as 16 hours after 

transfection with V266E (data not shown), the results suggest that the apoptotic cells may 

have leaked the cytosolic caspase-3 (Krysko et al., 2008). In that case, DEVD-ase activity 

should be observed in the cell culture medium. However, when we measured caspase 

activity in the supernatant after removing the cells by centrifugation, we found that 

indeed there was DEVD-ase activity leaked into the cellular  
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Figure 9. (B) Kinetics of DEVD-ase activity in lysates prepared from cells transfected 

with WT or caspase-3(V266E) for the indicated time periods. The average percentage of 

annexin V positive cells is shown for the corresponding lysates 24 hours post 

transfection. 
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Supplemental Figure 3. Relative DEVD-ase Activity of the Culture Medium from 

Cells Transfected with Caspase-3 Mutants.  

Cultures grown in complete growth medium were centrifuged at 500 g to remove the 

cells. Supernatant (25 μl) was mixed with 2x assay buffer (25 μl), incubated at 37 °C for 

10 min, and the DEVD-ase activity was measured as described in Methods. The activity 

was normalized to the volume of the cell culture (~2.5 mL) but not to the amount of 

protein from the cell lysates (Figure 4). The Y-axis values for DEVD-ase activities 

generated by cell medium and the cell lysates (Figure 4) are not comparable. 
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medium (supplemental Figure 3), but the ratio between the activity of V266E mutants 

and the activity of WT reflected the ratio found in the lysates (Figure 8). Therefore, the 

“missing” DEVD-ase activity was not in the cellular medium. 

 

XIAP is a poor inhibitor of D3A,V266E  

The high DEVD-ase activity of caspase-3 in transfected cell lysates (Figure 8) did not 

result in robust cell death (Figure 2A). It has been shown that cell death involves a XIAP-

dependent threshold for activation of the effector caspases (Rehm et al., 2006), where 

XIAP is an endogenous potent inhibitor of activated caspase-3 (Eckelman et al., 2006).  

Our results suggest that caspase-3 could be inhibited in the cell by XIAP and that the 

mRIPA buffer (lysate preparation) and subsequent dilution into caspase assay buffer 

released XIAP from the active caspase-3, making measurement of the DEVD-ase activity 

possible. It has been shown that XIAP binds and inhibits cleaved caspase-3 via a two-step 

binding mechanism, involving interactions with the active site and with the neo-epitope 

of the cleaved small subunit in L2’ (Scott et al., 2005). Our data suggest that V266E 

becomes enzymatically active upon translation, without IL cleavage, so one predicts that 

XIAP will be a less potent inhibitor of the uncleaved procaspase (D3A,V266E) since one 

binding site (L2’) may not be accessible to XIAP. In order to test this hypothesis, we 

performed inhibition studies using recombinant WT and V266E interface mutants. As 

shown in Figure 10, XIAP efficiently inhibited WT and V266E, presumably due to the 

fact that both proteins are cleaved (see Figure 1B). The IC50 and the Ki values for the 

cleaved proteins were similar (Table 1) and close to the values reported previously  
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Figure 10. (C) Caspase-3 mutants (300 pM) were incubated with XIAP at the indicated 

concentration in XIAP assay buffer (see Methods) for 30 minutes at 37 °C, and the 

remaining activity was tested against Ac-DEVD-AFC (100 μM). The activity rates were 

plotted as percentage of the maximum velocity in the absence of the inhibitor. The data 

were fit to an equation describing the enzymatic activity in the presence of a reversible 

competitive inhibitor (see Methods), and results of the fits are shown in Table 1. 

 

 

 

 

Table 1. XIAP Inhibition Constants for Caspase-3 Interface Mutants 
Caspase-3 Protein IC50 (nM) Ki (nM) % Maximum Inhibition 
WT 7.4 ± 0.8 1.75 ± 0.25 97 ± 2 
V266E 7.6 ± 0.5 1.88 ± 0.11 93 ± 1.2 
D3A,V266E 51.4 ± 11.5 13.4 ± 2.6 72 ± 4.6 
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(Scott et al., 2005). In contrast, D3A,V266E was inhibited less efficiently by XIAP 

(Figure 10), displaying a Ki value of ~8-fold higher in comparison with WT (Table 1). 

The data also showed that D3A,V266E could be inhibited by XIAP only up to ~70% of 

its maximum activity, compared to ~97% for WT (Table 1). This information, translated 

to the intracellular environment where the XIAP concentration does not exceed ~50-70 

nM (Rehm et al., 2006), suggests that the uncleaved mutant will be mostly uninhibited in 

the cell. Because D175 in the IL of procaspase-3 is a poor substrate for cleavage by 

mature caspase-3 (Stennicke, 2000 and Liu et al., 2005), we suggest that the V266E 

mutants remain unprocessed in the cell at low concentration, effectively avoiding 

inhibition by XIAP. This explains the early and robust cell death upon transfection with 

caspase-3 interface mutants in comparison to WT. We have ensured that the active sites 

of the interface mutants were equally competent for binding other inhibitors that did not 

require interaction with the cleaved form of caspase-3. For example, we show that the 

interface mutants were inhibited by baculovirus p35 (Figure 11) similarly to WT caspase-

3.  

To further verify that the endogenous XIAP did not inhibit the uncleaved interface 

mutant, we performed co-transfection experiments with plasmids encoding the interface 

mutants and XIAP (supplemental Figure 4). The results show that ectopically expressed 

XIAP did not prevent cell death induced by the interface mutants (supplemental Figure 

8). Interestingly, immunoblots of XIAP showed that the amount of over-expressed XIAP 

was much lower in cells transfected with the caspase-3 interface mutants compared to the 

other samples (supplemental Figure 4B), suggesting that the apoptotic cells did not  
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Figure 11. (D) All caspase-3 mutants (2 nM) were efficiently titrated with the viral 

inhibitor p35 at concentrations as low as those approaching the Ki,app for inhibition.  
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Supplemental Figure 4. Co-expression of XIAP with the Caspase-3 V266E Mutants 

Cannot Rescue Cells from Apoptosis.  

(A) HEK293A cells were transfected with 2 μg total DNA (1 μg caspase DNA + 1 μg 

XIAP DNA for co-transfections) and after 24 hours the cells were quantified for annexin 

V staining.  

(B) Western blotting of the samples from panel A shows that XIAP does not accumulate 

in cells containing the caspase-3 V266E mutants.  
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Supplemental Figure 5. Poor Inhibition of Caspase-3 Interface Mutants by XIAP. 

(A) Co-transfection of caspase-3(V266E) with XIAP at various DNA ratios. 

(B) Co-transfection of caspase-3(D3A,V266E) with XIAP at various DNA ratios. 

Transfections were done with increasing amounts of caspase-3 vector in the presence of 

constant amount of XIAP vector (filled circles). The control in the absence of XIAP is 

shown in open squares. Cells were quantified by FACS for annexin V staining 20 hours 

post-transfection. 
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accumulate the transfected XIAP. However, if the ratio of V266E to XIAP plasmids was 

varied during co-transfection, we observed that XIAP inhibited cell death only when 

present in large excess versus the caspase plasmid (>5:1 XIAP:caspase) (supplemental 

Figure 5).  

Overall, the data show that the interface mutants and wild type caspase-3 are 

dimeric at low concentrations (supplemental Figure 1), that dimeric V266E and 

D3A,V266E mutants are constitutively active before processing (Figure 1B), and that the 

unprocessed V266E mutant is not efficiently inhibited by XIAP (Figure 10). By contrast, 

the levels of procaspase-3 must accumulate at least 5-fold over the endogenous level 

(Figure 5) before autocleavage occurs, and the cleaved and active caspase-3 is neutralized 

by the endogenous XIAP inhibitor. We estimate that, in the absence of XIAP, the 

threshold for initiation of cell death is low, below 5 nM of the activated caspase-3. At 50 

nM final concentration XIAP can neutralize 4.8 nM out of 5 nM (~96%) active WT 

caspase-3, based on published Ki values. The amount of repressed caspase-3 in cells 

transfected with WT is ~90%. Judging from the Western blots, V266E mutants 

accumulate at least ten times less than endogenous procaspase-3, at ~10 nM, which 

produces 90% cell death (transfection efficiency is ~60%). Based on the activity studies, 

we estimate that the threshold for killing a cell in the absence of XIAP must be lower 

than 5 nM. This estimate is comparable to that determined by molecular simulation (1 

nM) in the absence of XIAP and proteasome degradation (Albeck et al., 2008). 
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The X-ray crystal structure of V266E  

In order to examine structural changes caused by the replacement of V266, we 

crystallized and determined the structure of cleaved V266E to 1.63 Å (Table 2). The 

motivation for replacing V266 with glutamate was prompted by the hydrophilic dimer 

interface of caspase-1, which contains E390 (equivalent to V266 in caspase-3) and R391. 

The latter residue is an insertion that results in a β-bulge in β-strand 8, and as a negative 

design element (Richardson and Richardson, 2002) it presumably prevents the formation 

of indiscriminate oligomers from the monomeric procaspase-1. E390 forms a salt-bridge 

with R286 (R164 in caspase-3), which is on L2, neutralizes the positive charge from that 

residue, and appears to stabilize the active site (Figure 12). 

While the results show that the structure of V266E is very similar to that of WT (pdb 

code 2J30), with an overall RMSD of 0.14 Å, two regions of the protein are different. 

Changes in one or both regions presumably result in the 3- to 4-fold lower enzyme 

activity. The first is derived from the IL, which in the uncleaved procaspase-3 is made of 

residues 169-190. Upon cleavage at D175 during maturation, residues 169-175 form L2 

in the active site of one heterodimer and residues 176-190 reach across to the other 

heterodimer to form the active site L2’ loop. L2’ is partially disordered in V266E, where 

we observe little or no electron density for amino acids 176-185. This is in contrast to the 

structure of WT, where the disorder is from residues 176-180. In WT, several residues in 

L2’ form a H-bonding network through water molecules with the P4 aspartate of the 

substrate (Figure 13) (Feeney et al., 2006; Ganesan et al., 2006), and the removal of these 

interactions was shown to decrease the activity of caspase-3 (Ganesan et al., 2006). In  
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Figure 12. Interfaces of Caspase-3 V266E and of Caspase-1. 

(A) Amino acids in the dimer interface of caspase-3 relative to the two active sites. 

The positive charge of R164 (active site L2) is neutralized by E124. 

(B) Amino acids in the dimer interface of caspase-1, where E390 is the comparable 

position to V266 of caspase-3. The positive charge of R286 (active site L2) is 

neutralized by E390, and the red sphere indicates a water molecule. 
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Figure 13. (C) Interactions in L2’ (cyan) with L4 (brown) and the P4 binding site. 

Inset: N-termini of L2’ for V266E begins at K186. 
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V266E, we observe electron density starting with K186. Importantly, in WT caspase-

3 H185’ forms two H-bonds with T245 at the C-terminus of helix 5. The contacts across 

the interface anchor the base of L4 with L2', and these interactions are not observed in the 

mutant (Figure 13). Disruption of contacts at the C-terminus of helix 5 was shown 

previously to decrease the activity of procaspase-3 (Feeney et al., 2004). 

Second, the dimer interface of V266E has features in common with WT caspase-3 and 

with caspase-1, although E266 in the caspase-3 variant utilizes a different rotamer than 

does E390 in caspase-1. In this case, E266 interacts with R164 through a water molecule 

rather than through direct interactions as observed in caspase-1. Interestingly, if 

the E390 is replaced with an aspartate in caspase-1, the salt bridge with R286 is preserved 

but is mediated by a water molecule (Datta, 1996). In WT, the positive charge of R164 is 

neutralized by E124, and these contacts are maintained in the mutant (Figures 11 and 14). 

When the structure is superimposed with that of caspase-1, one finds that only one of the 

two active sites aligns well (Figure 15). The presence of the inserted residue R391 in 

caspase-1, described above, allows E390 to adopt a rotamer that moves the carboxylate 

closer to R286 so that the two side chains are within H-bonding distance (2.8 Å). When 

we modeled V266E with the same rotamer as that of caspase-1, we found steric clashes 

between E266 and E266’, across the dimer interface, and between E266 and Y197, on the 

adjacent β-strand (Figure 15). This issue is alleviated in caspase-1 because of the 

presence of R391 and because a cysteine (C331) is present at the position equivalent to 

Y197 in WT (see Figure 12). So, the rotamer adopted for E266 in the caspase-3 mutant 

seems to be somewhat of a compromise between avoiding steric clashes with neighboring 
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amino acids and optimizing favorable interactions with neighboring residues and nearby 

waters. Based on this, one might think that the two active sites are not equivalent. 

However, we did not observe cooperativity between the active sites, as the Hill 

coefficient was one (data not shown). 

 

Conserved water molecules in the dimer interface  

On one side of the interface, α-helices 5 and 5’ border β-strands 8 and 8', while the 

opposite face has a water-filled cavity (see (MacKenzie and Clark, 2008) for review). 

Moreover, several of the water molecules found in the central cavity are conserved. We 

examined over 5,000 crystallographic water molecules in twenty caspase-3 structures 

with resolution of 2.5 Å or better, including proteins from our own studies as well as 

those deposited in the Protein Data Bank. We considered water molecules that were 

within 1.4 Å of one another to be conserved, using a previously published method 

(Dechene, et al 2009). The structures included in our conserved water analysis were 

obtained from crystals with symmetry of various space groups formed under different 

crystallization conditions and differing in the number of molecules per asymmetric unit. 

Overall, the analysis identified several conserved water molecules throughout the 

structure of caspase-3, but we focus here on six conserved hydration sites in the dimer 

interface, which are found in a pseudo-planar arrangement approximately 3.8 Å above the 

V266/V266’ side chains (Figure 14).  

 In WT, Wat219 and Wat219’ H-bond with the hydroxyl groups of Y197 and Y197’, 

respectively. Both of these water molecules also interact with four central  
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Figure 14. V266E Changes the Dimer Interface. 

(A) Dimer interface of WT caspase-3 demonstrating neutralization of the positive 

charge of R164 and six conserved water molecules. 

(B) Dimer interface of V266E. Contacts between E124 and R164 are maintained, 

but two water molecules are removed and two are displaced by the carboxylate of 

E266. 
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Figure 15. (C) Comparison of the dimer interface of V266E (gray) with that of 

caspase-1 (yellow). The rotamer at E390 in caspase-1 allows closer contact with 

the active site arginine. (D) V266E modeled using the rotamer found in caspase-1 

demonstrates intra- and inter-subunit steric clashes with Y197 and E266’. 
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crystallographic water molecules to provide a H-bonding network bridging the two active 

sites. Wat192 and Wat192’ in this network also H-bond to R164 and R164’, respectively. 

The water network is disrupted in V266E, where Wat219 and Wat219’ are removed, and 

the four central water molecules move to prevent clashes with E266 (Figure 14). 

Interestingly, the carboxylates of E266 and of E266’ displace Wat108 and Wat108’, 

respectively, and maintain the planar contacts with Wat192 and Wat192’. Overall, this 

arrangement preserves the H-bonding network between R164 and R164’ but removes H-

bonds contributed by Y197 and Y197’. 

Models of (in)active procaspase-3  

Our previous biochemical data for D3A,V266E (Pop et al., 2003), as well as that 

presented here, show that the V266E mutation effectively shifts the zymogen to an active 

conformer. Currently there are no structures for procaspase-3, so we generated homology 

models of the putative active and inactive zymogen in order to examine the 

conformational switch. Due to their high sequence identity, we modeled inactive wild 

type procaspase-3 after procaspase-7 (Chai et al., 2001; Riedl et al., 2001a) and energy 

minimized the structures as described in Methods to assure that our final model is 

energetically feasible. We find that, like procaspase-7, the active sites in our model of the 

inactive zymogen are disorganized and the IL occupies the central cavity. There are two 

monomers, represented by chains A and B, forming a complete dimer in the asymmetric 

unit of the procaspase-7 X-ray crystal structure. Our model of the inactive procaspase-3 is 

similarly of the entire dimer. While the intersubunit linker from chain A (IL-A) in the 

procaspase-7 template mostly remains exposed to solvent, a large portion of IL-B is  
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Figure 16. Homology Models of (In)Active Procaspase-3. 

(A) Model of inactive procaspase-3 demonstrating binding of the intersubunit 

linker (IL) in the dimer interface, preventing organization of the active site loops. 

The following color code is used for active site loops: L1 – yellow, L2 – red, L3 – 

blue, L4 – brown, L2’ – cyan. L2 and L2’ are covalently connected in the IL.  
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buried in the interface, making contacts with several interface residues and shielding the 

hydrophobic core from water (Figure 16).  With the IL bound at the interface, the loop 

bundle comprised of D169 cannot form. As described previously (Feeney et al., 2006), 

contacts centered about D169 (on L2) are critical for stabilizing the active site in the 

zymogen as well as the mature caspase-3. The carboxylate of D169 interacts across the 

dimer interface with the amide nitrogens of V189’ and E190’ (from L2’), and the 

backbone atoms of D169 form two H-bonds with those of K260 (in L4). Replacement of 

D169 with alanine was shown to abolish activity in WT and in D3A (Feeney et al., 2006), 

demonstrating that the loop bundle is important to procaspase activity as well. As a result, 

our model for the active procaspase-3, described below, includes the active site 

stabilizing contacts provided by the loop bundle. D192 in caspase-7, the equivalent of 

D169, also is critical for procaspase-7 function (Denault & Salvesen, 2006). 

An examination of the model for inactive procaspase-3 shows two features of the 

protein that may be involved in maintaining the inactive conformer. First, the dimer is 

asymmetric due to the binding of residues V178-E190 from IL-B in the interface. As a 

result of the binding of IL-B, only residues H185-E190 from IL-A are observed near the 

interface, and these residues mostly interact with active site B. The asymmetric binding 

of the two ILs leads to inhibition of the two active sites (from chains A and B) in two 

complementary manners. For active site A, residues C184-V189 from IL-B prevent 

insertion of active site loop 3 (chain A) into the dimer interface (Figure 17). C184 and 

V189 (IL-B) in the inactive procaspase-3 reside in the region occupied by P201 (chain A) 

in the active caspase-3. A similar sequence in caspase-7 was referred to as the “blocking  
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Figure 17. (B) Superposition of inactive procaspase-3 (green residues) and of 

procaspase-7 (yellow) shows the blocking segment of IL-B, residues 184-189 

(procaspase-3 numbering), prevents insertion of active site loop 3 from monomer A. For 

clarity, only one residue from the blocking segment of procaspase-7 is shown (semi-

transparent sticks, Tyr211) while all of the residues of the blocking segment of 

procaspase-3 are highlighted (green). Upon cleavage of the IL, L2', where the blocking 

segment resides, rotates ~180º and vacates the interface. Subsequently, a portion of the 

substrate binding loop is permitted to insert in the interface (movements in the loops are 

indicated by arrows).  Arg164, Tyr197 and Pro201 engage in a stacking interaction 

(shown as the white residues) once L3 inserts in the interface. Insertion of the substrate 

binding loop is permitted in the active procaspase-3 (blue ribbon) as the blocking 

segment lifts out of the interface upon activation (blue residues). 
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Figure 18. (C) Superposition of procaspase-7 (yellow) and of inactive procaspase-3 

(green) reveals a blocking segment involving residues 179-180 (procaspase-3 numbering) 

of IL-B and V189 of IL-A preventing insertion of L3 in active site of monomer B. L3 

(white ribbon, WT; blue ribbon, D3A,V266E) cannot insert into the interface until the 

blocking segment (green, inactive procaspase-3; yellow, procaspase-7) vacates the 

interface. For clarity, only the ribbon diagram of the blocking segment in procaspase-7 

(yellow) is shown. 
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segment” because the residues prevent active site L3 from inserting into the interface and 

thus prevent formation of the substrate binding pocket (Riedl et al., 2001a). In addition, 

steric clashes between the side-chain of H185 (IL-B) and the backbone atoms of G202 

(L3) and R164 (L2) (chain A) likely prevent rotation of L2 from chain A into the active 

conformation, where the side-chain of R164 rotates into the dimer interface to intercalate 

between P201 and Y197 and the catalytic C163 rotates into the S1 site. Similar steric 

constraints are observed in procaspase-7 (Figure 17). In the active procaspase-3, as well 

as upon cleavage of the IL to yield caspase-3, removal of the blocking segment of IL-B 

from the interface allows P201 from chain A to move ~6 Å into the active conformation, 

thus, forming the substrate binding pocket for active site A. For active site B, a blocking 

segment also prevents insertion of P201 and the substrate binding pocket, but the 

interactions differ due to the asymmetric nature of the inactive procaspase-3 dimer. In 

this case, V189 (IL-A) resides in the region occupied by P201 (chain B) in the active 

caspase-3, so this residue behaves similarly for both ILs. However, the remainder of the 

blocking segment is comprised of the backbone atoms of residues 179-182 from IL-B, 

which also reside in the region occupied by P201-Y203 of the active caspase-3. Thus, 

although the mechanisms differ somewhat for each active site, the substrate binding loops 

of both active sites are prevented from inserting into the interface because the interface is 

occupied in the inactive procaspase-3 by segments of IL-A and IL-B. 

In addition to the blocking segments, a cluster of hydrophobic amino acid residues 

centered about V266 appears to stabilize the inactive conformer, and a substitution of E 

for V266 in the model of the inactive procaspase-3 suggests a mechanism for activation 
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resulting from the mutation. The hydrophobic cluster is comprised of seven residues: 

M182', from IL-B, and I187, I187’, V189, V189’, V266, and V266’ from both monomers 

(Figure 19). Based on this analysis, we suggest that V266E activates the procaspase by 

disrupting the hydrophobic cluster and introducing steric clashes with M182’ and I187’ 

(Figure 19) and essentially expelling the IL from the dimer interface – the first and most 

important step in activation. Because the glutamate side chain is about 2.5 Å longer than 

that of valine, the IL is prevented from rebinding in the interface after its release, and the 

protein conformation shifts to the active state. It is important to note that the 

conformational shift occurs without cleavage of the polypeptide chain at D175. In the  

active conformer, both ILs occupy a region above the central cavity, but have very few 

stabilizing contacts with the protease domain. Ramachandran plots show that the 

backbone torsion angles are satisfactory (Table 2), and energy minimization was 

performed in CHARMm (Brooks et al., 1983) to alleviate energetically unfavorable 

conformations within the protein (see Methods). Whether or not the conformational 

details are correct, the most important revelation obtained from our model of the active 

procaspase-3 (Figure 20) is that the IL is indeed long enough to allow formation of the 

loop bundle at both active sites. Like caspase-7, removal of the blocking segment from 

the central cavity allows L3 to move into the dimer interface, R164 to rotate out of the 

substrate binding pocket and into the interface, and the catalytic groups to move into their 

active positions so that the active site is organized similarly to the mature caspase-3. 

Because L2 and L2’ remain covalently connected in the IL, however, putative stabilizing 

interactions provided by L2’ with the P4 aspartate of the substrate, described above, are  
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Figure 19. (D) Hydrophobic cluster in the inactive procaspase-3 centered about 

V266. Residues in the IL of both monomers contribute to the cluster. 

(E) Because the glutamate side chain is longer than that of valine, the V266E 

mutation is thought to disrupt the hydrophobic cluster, preventing the IL from  
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Figure 20. (F) Comparison of the IL in the inactive and active procaspase-3. H-

bonds contributed by the loop bundle, and centered about D169, are critical to 

active site stabilization. These contacts form only in the active conformer. 
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Table 2. Summary of Data Collection and Refinement Statistics for 
Caspase-3(V266E) 
Space group I222 
Unit cell a = 69.224 Ǻ 

b = 84.607 Ǻ 
c = 96.171 Ǻ 

α = 90° 
β = 90° 
γ = 90° 

Temperature 100K 
Resolution 1.63 Ǻ 
Number of reflections 41720 
Completeness (%) 99 
Redundancy 3.0 
Rsym (%) 11.1 
Average I/σ 17.8 (6.1) 
Rwork (%) 20.17 
Rfree (%) 23.54 
rmsd for bond lengths (Ǻ) 0.005 
rmsd for bond angles (Ǻ) 1.2 
Number of protein atoms 1939 
Number of water molecules 297 
Ramachandran statistics 
 Wild-type V266E Procaspase-3 

(inactive) 
Procaspase-3 

(active) 
In preferred 
regions 

235 (96.7%) 233 (97.9%) 416 (88.1%) 452 (93.4%) 

In allowed 
regions 

5 (2.1%) 5 (2.1%) 47 (10%) 28 (5.8%) 

Outliers 3 (1.2%) 0 (0%) 9 (1.9%) 4 (0.8%) 

Rmerge = Σh Σi│I(h,i) - I(h)│/ Σh ΣiI(h,i), where I(h,i) values are symmetry-related intensities 
and I(h) is the mean intensity of the reflection with unique index h. Rwork = Σh║Fobs│-│F-
calc║/Σ│Fobs│, where Fobs and Fcalc are observed and calculated structure factors, 
respectively. Rfree = ΣT║Fobs│-│Fcalc║/ΣT│Fobs│, where T is a test data set of 10% of the 
total reflections randomly chosen and set aside prior to refinement.  
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not possible in the procaspase. The second supplemental movie shows the conformational 

switch between inactive and active procaspase-3. 

 

DISCUSSION 

 

We showed previously that the V266E mutation in the procaspase-3 dimer interface 

resulted in pseudo-activation of the enzyme (Pop et al., 2003), where the activity of the 

mutant was only three- to four-fold lower than that of the mature caspase. Importantly, 

the increase in enzyme activity did not require cleavage of the IL at D175, and there was 

no further increase in activity upon maturation. The data suggested that the pseudo-active 

procaspase may be effective in inducing apoptosis in mammalian cells, although it was 

not clear how activation occurred in the mutant, nor was it clear what threshold activity 

of procaspase-3 would be required to carry out apoptosis. 

We show here that the variant (pro)caspase-3 kills mammalian cells rapidly compared 

to wild-type caspase-3. D3A,V266E is active in the cell upon translation, and before 

processing at D175, cleaves substrates similarly to the mature caspase. These features are 

important for two reasons. First, endogenous procaspase-3 is a poor substrate for 

D3A,V266E, so cell death occurs due to the activity of the procaspase variant on cellular 

substrates rather than its activation of endogenous procaspase-3. In support of this 

conclusion, we showed that MCF-7 cells, which lack procaspase-3, undergo apoptosis 

when transfected with D3A,V266E. Second, inhibition of the mutant by XIAP is weak 

because the procaspase is not processed. In this case, the neo-epitope at the N-terminus of 
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L2’, which serves as a second binding region for XIAP, remains sequestered in the 

procaspase.  

From the data presented here, we estimate that less than 5 nM activated procaspase-3 

is sufficient to carry out apoptosis. This threshold is much lower than the total cellular 

concentration of caspase-3, which is ~100 nM in apoptotic Jurkat (Pop et al., 2001) and 

HEK293 cells (Stennicke et al., 1998). The concentration of the zymogen appears to be 

higher than that of mature caspase-3 (Saunders et al., 2000), although HeLa cells are 

estimated to contain approximately 120 nM procaspase-3 (Rehm et al., 2006). Under 

normal cellular conditions, XIAP concentrations of 50-60 nM (Rehm et al., 2006) are 

sufficient to inhibit the small amount of activated caspase-3, and XIAP targets the protein 

for degradation by the proteasome (Suzuki et al., 2001). The induction of apoptosis leads 

to massive activation of endogenous procaspase-3, which overwhelms the control system 

and results in rapid cell death (Albeck et al., 2008). Because XIAP does not efficiently 

inhibit D3A,V266E, a low concentration of the pseudo-activated procaspase is sufficient 

for rapid cell death. 

The interface mutation has little effect on the structure of the mature caspase, but it 

appears to have a larger effect on that of the procaspase. Our structural data show that 

L2’ is disordered in V266E, and conserved water molecules are displaced at the interface. 

At present, it is not clear how a mutation in the interface affects ordering of L2’, since the 

regions that are affected are >25 Å from the site of the mutation. Although residues in 

L2’ H-bond with the P4 carboxylate of the substrate, removal of those interactions do not 

significantly affect the enzymatic reaction. Valine 266 resides at the center of β-strand 8 
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in a water-filled cavity, with the closest water molecules approximately 3.5 Å from the 

hydrophobic side chains, well within van der Waals contacts. As described by Wells and 

co-workers (Hardy et al., 2004), this region of the interface encompasses a site for 

binding of allosteric inhibitors, which prevent active site formation, in general, by 

preventing the insertion of the substrate binding loop (L3) into the active site cavity. This 

is important because part of L3 extends into the dimer interface and forms new contacts 

with residues in L2 in addition to forming the base of the substrate binding pocket. The 

allosteric binding pocket is occluded in the procaspase due to the positioning of the IL in 

the interface, and the “blocking segment” of the IL prevents insertion of L3 into the 

active site. Our data suggest that the inhibition is alleviated in D3A,V266E so that the IL 

is removed from the allosteric site, allowing the active site loops to organize. Thus, the 

allosteric site linked to inhibition of the active caspase also stabilizes the inactive 

procaspase. 

A comparison of the active and inactive procaspase-3 (supplemental movie 2) shows 

that the conformational switch primarily involves amino acids in the IL and active sites, 

where the bulk of the protein is not involved in the switch. From an analysis of the two 

forms, we estimate a change in solvent accessible surface area (ΔASA) of 4,587 Å2 upon 

switching to the active conformer. Using data derived from the dependence of the free 

energy of unfolding on denaturant concentration (the m value), Pace and coworkers 

demonstrated a strong correlation between ΔASA and the number of amino acid residues 

involved in the transition (Myers et al., 1995). From the relationship (ΔASA (Å2) = -907 

+ 93(#residues)), we calculate that the conformational change encompasses 
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approximately 59 amino acid residues. These values can be accounted for by 

conformational changes in the IL (17 amino acids) and L3 (15 amino acids) from both 

monomers.  

The inactive conformer appears to be stabilized by hydrophobic and charge-charge 

interactions across the dimer interface, and these stabilizing contacts are disrupted in the 

active conformer. Upon removal from the interface binding site, the IL moves across the 

surface of the protein to form the critical contacts contributed by D169, and the active 

conformer is stabilized primarily by backbone H-bonds between the two ILs and those 

that form at D169. Stabilizing interactions in the mature caspase, contributed by L2, L2’, 

L3, and L4, are unable to form in the active procaspase. The lack of these stabilizing 

interactions may explain, in part, why the inactive procaspase-3 is favored. A comparison 

of caspase-3 sequences in other organisms demonstrates that the safety-catch and 

hydrophobic elements are conserved in all vertebrates (supplemental Figure 6A). In 

addition, residues in β-strand 8 in the interface are nearly absolutely conserved in 

vertebrates (supplemental Figure 6B), suggesting that the mechanisms described here for 

human procaspase-3 are conserved in other species as well. 

Learning to selectively manipulate the level of apoptosis is expected to lead to 

therapeutic strategies for a number of diseases in which the dysregulation of apoptosis is  

a common factor. Cancer cells, for example, typically have gained the ability to 

circumvent apoptosis, so the proteins in the apoptotic cascades have become ideal targets 

for cancer therapy (Kirkin et al., 2004; Soengas et al., 2001; Vogelstein and Kinzler, 

2001). We suggest that directly targeting procaspase-3 could lead to more effective 
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therapy and lower drug resistance since effector caspases are the terminal proteases in the 

cell death program. Our data suggest that small molecules could bind to the dimer 

interface of the zymogen and effectively mimic the effects of the V266E mutation by 

releasing the IL from the allosteric site in the interface. One advantage of this strategy, as 

shown here, is that the activation of endogenous procaspase-3 could occur without 

cleavage at D175 and may circumvent inhibition by XIAP. Thus, compounds that induce 

a conformational change in the zymogen, as does the V266E mutation, may show great 

potential in drug design strategies. Modulation of caspase inactivation from the dimer 

interface has been proposed before (Hardey et al, 2004), but we are the first to show that 

the reverse mechanism, activation, is possible by manipulating the dimer interface. 
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A 
 
seabass         IETDSGE------------------------------------DGTTKIPVEAD 
zebrafish       VETDHTDHP-------------------------------DIPDGRERIPVEAD  
human           IETDSGV---------------------------------DDDMACHKIPVDAD  
chimpanzee      IETDSGV---------------------------------DDDMACHKIPVEAD  
dog             IETDSGI---------------------------------EDDMACQKIPVEAD  
cat             IETDSGT---------------------------------EDDIACQKIPVEAD  
mouse           IETDSGT---------------------------------DEEMACQKIPVEAD  
rat             IETDSGT---------------------------------DDDMACQKIPVEAD  
pig             IETDSGT---------------------------------EDDMACQKIPVEAD  
cow             IETDSGA---------------------------------EDDMACQKIPVEAD  
chicken         IEADSG----------------------------------PDETVCQKIPVEAD  
sponge          VESESTDGEGESVNKETANEMMEKQFDKVVEKALDADETDGGGYSREALPTEAD  
drosophila      VEFSSFAVMTR---------------------ELVPEPAAAVQPITYAIPSTAD  
shrimp          VSMTRPAFG--------------------------IPVQTDSIQEDYVIPLHAD  
mosquito        MQHDATS----------------------------------------VATNKND  
 
 

B 
 
seabass         AVEFESISNSPG-FNAKKQIPCIVSMLTKEMYFSP---------- 281 
zebrafish       ALDFESTSNMPG-FDAKKQIPCIVSMLTKEMYFTP---------- 282 
human           ATEFESFSFDAT-FHAKKQIPCIVSMLTKELYFYH---------- 277 
chimpanzee      ATEFESFSFDAT-FHAKKQIPCIVSMLTKELYFYH---------- 277 
dog             ATEFESFSLDSA-FHGKKQIPCIVSMLTKELYLYH---------- 277 
cat             ATEFESFSLDSA-FHGKKQIPCIVSMLTKELYFYH---------- 277 
mouse           ATEFESFSLDST-FHAKKQIPCIVSMLTKELYFYH---------- 277 
rat             ATEFESFSLDAT-FHAKKQIPCIVSMLTKELYFYH---------- 277 
pig             AVEFESFSTDST-FHAKKQIPCIVSMLTKELYFYH---------- 277 
cow             AIEYESFSTDSA-FHAKKQIPCIMSMLTKELYF------------ 275 
chicken         A-EYESCSTRQD-FNAKKQIPCIVSMLTKEFYFPC---------- 283 
sponge          AYDFQSRG-------RNKQIPAPVTMLTRKLYFRPGVDDSTQCNH 426 
drosophila      AYEYQSNTKNEA-LNQMKEMPNFMSTLTKTFQLRVKPKT------ 308 
shrimp          AVLYESEIDSQNPYHKNKQVPYIHSTLLREIYF------------ 316 
mosquito        KDDK----------------------------------------- 359 
 
 
Supplemental Figure 6. Alignment of Amino Acid Sequences. 

(A) Amino acids in the caspase-3 dimer interfaces for several species. Highlighted 

residues indicate the safety-catch, and bold residues indicate residues in the hydrophobic 

cluster, as described in the text.  

(B) Amino acids found in the intersubunit linker for several species. Highlighted residues 

indicate conserved amino acids. 
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EXPERIMENTAL PROCEDURES 

 

Materials 

Annexin V PE was from BioVision, acetyl-Asp-Glu-Val-Asp-7-amino-4-

trifluoromethylcoumarin (Ac-DEVD-AFC) was prepared in the Salvesen lab, bEVD-

AOMK (biotinylhexanoyl-Asp-Glu-Val-acyloxymethane; KMB01) was generously 

provided by Dr Matthew BogyFo (Stanford Comprehensive Cancer Center, Stanford, 

CA), benzyloxycarbonyl-Val-Ala-Asp-fluoromethyl ketone (Z-VAD-FMK) was from  

Enzyme System Products, and acetyl-Asp-Glu-Val-Asp-chloromethyl ketone (Ac-

DEVD-CMK) was from Calbiochem. IPTG was from BioVectra dcl.  

 

Constructs 

Plasmids expressing C-terminal His tag proteins (Figure 1A) have been described 

elsewhere (Pop et al., 2003). The following (pro)caspase-3 mutants were cloned into 

pcDNA3 (Invitrogen) as C-terminus FLAG tag constructs: wild-type procaspase-3, 

procaspase-3(D9A,D28A,D175A), procaspase-3(V266E), and procaspase-

3(D9A,D28A,D175A,V266E). These constructs are referred to as “WT”, “D3A”, 

“V266E” and “D3A,V266E”, respectively, in the figures. pcDNA3 containing the gene 

for Bax was described previously (Deveraux et al., 1999), and pcDNA/myc-XIAP was a 

gift from Dr. John Reed (BIMR). 
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Protein Purification 

C-terminal His-tagged caspase-3 mutants were expressed and purified as described 

elsewhere (Pop et al., 2003). The full-length zymogen is obtained either by using an 

uncleavable mutant (D3A), in which the cleavable aspartates are replaced by alanine 

(Figure 1A), or by short induction times when expressed in E. coli (Stennicke and 

Salvesen, 1999). Both methods were used in the experiments described here. Full-length 

XIAP (N-terminal His tag) was expressed for 18 hours at 22 °C without IPTG (Scott et 

al., 2005). Baculovirus protein p35 was expressed and purified as described (Riedl et al., 

2001b). 

 

Labeling with Affinity Based Probes 

Recombinant wild-type caspase-3, procaspase-3, V266E and D3A,V266E were 

diluted in buffer (50 mM Hepes, pH 7.8, 100 mM NaCl, 1 mM DTT) at 250 nM final 

concentration and incubated with biotin-EVD-AOMK (2.5 μM) for 30 minutes at room 

temperature in a total volume of 500 μL. The samples were split and immediately 

subjected to Western blotting, or they were concentrated ten times by precipitation with 

TCA (10 %) and examined by SDS-PAGE (8-18 % gradient), followed by Coomassie-

blue staining.  

 

Positional Scanning Libraries 

Positional scanning substrate combinatorial libraries (P4, P3 and P2 positions) were 

synthesized similarly to the previously published methods (Drag et al., 2008; Harris et al., 
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2000; Thornberry et al., 1997), as summarized in the supplemental information.  

 

Cell Culture and Transfection 

HEK293A cells were cultivated in DMEM medium. Jurkat and MCF-7 cells were 

cultivated in RPMI1640 medium. The media were supplemented with 10% heat-

inactivated bovine serum (Irvine Scientific, Irvine, CA), 2 mM  L-glutamine, and 

penicillin/streptomycin (Invitrogen). For transfection, the adherent cells at 40–60 % 

confluence grown either in 6- or 12-well-plates were transfected using GeneJuice® 

(Novagen) as suggested by the manufacturer with 3 µL of transfectant reagent per 1.0-2.0 

µg of total DNA in 0.1 ml of serum-free medium. The control or the dilution vector for 

transfected DNA was pcDNA3. Two hours post-transfection, Z-VAD-FMK (100 μM) or 

DMSO was added to the cultured cells. The final concentration of DMSO was 0.2%. 

Cells were treated and harvested after 12-24 hours, as described in the figure legends. For 

flow cytometry experiments, cells were trypsinized on the plate, resuspended in the 

culture medium, washed with PBS and stained with annexin V-PE using the Apoptosis 

Detection Kit (BioVision). Positive annexin V-PE cells were analyzed by FACS on a 

Becton Dickinson FACSort. Individual experiments were normalized by dividing each 

sample by the highest value (by annexin V-PE staining) and multiplying by 100 to give 

‘% Maximum Apoptosis.’ Statistical analysis was performed using the student’s paired t-

test with two-tailed distribution. Untreated duplicate samples were processed for 

immunoblotting and caspase activity assays.  
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Cell Lysate Preparation 

HEK293A or MCF7 cells were harvested as described above, washed with PBS, and 

the cell pellet was frozen at –20 °C for a maximum of 3 days. Thawed cell pellets were 

lysed on ice for 10 minutes with modified radioimmunoprecipitation buffer (mRIPA; 10 

mM Tris, pH 7.4, 150 mM NaCl, 1% (v/v) NP-40, 0.5% (v/v) deoxycholate, 0.1% (w/v) 

SDS, 5 mM EDTA) containing the following protease inhibitors: 50 μM DCI, 50 μM 

Leupeptine, 50 μM MG132, and 10 μM E-64. Lysates were clarified by centrifugation at 

15,000 g for 15 minutes. For preparation of hypotonic Jurkat lysates, cells were treated as 

described previously (Cullen et al., 2008). Jurkat lysates were immunodepleted for 

caspase-3 by incubation with caspase-3 antibodies 1:100 (BD clone 19) overnight at 4 

°C, followed by the addition of protein A/G beads for 2 hours (McStay et al., 2008). 

Depleted Jurkat cell lysates were reconstituted with recombinant caspase-3 mutants (25 

nM final concentration) and incubated at 37 °C to allow caspase substrate processing. 

The lysates were balanced for protein content before immunoblotting. 

 

Caspase Assays 

The protein concentrations in the cell lysates were determined using the Bio-Rad DC 

protein assay, and the lysates were normalized for protein content. To determine the 

activity of the executioner caspases, cell lysates were diluted 1:5 in caspase assay buffer 

(10 mM Pipes, pH 7.4, 150 mM NaCl, 0.1% (w/v) CHAPS, 10% (w/v) sucrose, 10 mM 

DTT), incubated for 15 minutes at 37 °C, and then the rate of hydrolysis of fluorogenic 

substrate (Ac-DEVD-AFC, 100 μM) was measured. For inhibition studies using XIAP, 
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the recombinant caspase-3 proteins (300-600 pM ) were incubated for 30 minutes at 37 

°C in modified caspase buffer (50 mM Hepes, pH 7.4, 100 mM NaCl, 10% (w/v) sucrose, 

0.1% (w/v) CHAPS, 20 mM β-mercaptoethanol) with serial dilutions of XIAP (0-700 

nM). Residual activity was determined by the rate of hydrolysis of Ac-DEVD-AFC (100 

μM) with an fMAX Fluorescence Plate Reader (Molecular Devices). The apparent 

inhibition constant Ki,app or the IC50 was determined from the uninhibited rate (vo) and 

inhibited rates (vi), by plotting the percentage of inhibition (100×vi/v0)  versus inhibitor 

concentration [I] as shown in Equation (1): 

 

100 ×
vi

v0

= b +
(100 − b) × Ki,app

Ki,app + [I]
   (1) 

 

where b is the baseline of inhibition at infinite inhibitor concentration. The value for 

baseline b approaches zero for strict competitive inhibition and is more than 5-10 for 

mixed inhibition.  From the Michaelis-Menten constant, KM, of each caspase mutant for 

the substrate Ac-DEVD-AFC and substrate concentration [S], the true Ki of inhibition 

was calculated using Equation (2): 

 

Ki =
Ki,app

1+
S

KM

     (2) 

For inhibition studies using p35, the experiments were carried out as above, except that  

the concentration of caspase-3 was 2 nM and that of p35 varied between 0 and 12 nM. 



 73

 

Western Blotting and Antisera 

Cell lysates, balanced for total protein concentration, were examined by SDS-PAGE 

(8%–18% polyacrylamide gradient gel). Proteins were transferred for 1 hour at constant 

current to a PVDF membrane, blocked with 5% milk in TBS-T and subjected to 

immunoblotting overnight at 4 °C against the primary antibodies (in TBS-T with 5% 

milk). The blot was washed 3 times for 5 minutes each in TBS-T followed by incubation 

for 1 hour with the appropriate secondary antibody (1:10,000) dissolved in TBS-T. The 

detection was performed using the femptomolar ECL kit from Pharmacia. The primary 

antibodies were used at the following dilutions: anti-FLAG (M2) 1:2000 (Sigma F3165); 

anti-PARP 1:3000 (Pharmingen 556362); anti-cleaved PARP 1:1000 (Cell Signaling 

Technology #9541); anti-cleaved caspase-3 1:10000 (Cell Signaling Technology #9661); 

anti-full-length caspase-3 1:5000 (BD Transduction Laboratories clone 19); anti-ICAD 

1:6000 (Cell Sciences PX024 and PX023); anti-Hsp-90 1:5000 and anti-XIAP 1:2000 

(BD Transduction Laboratories); and anti-His 1:1000 (Qiagen 34660). For biotin 

detection, the blots were blocked in 2% BSA (TBS-T) overnight at 4 °C, then avidin-

HRP (e-Bioscience #18-4100-51) was added at 1:5000 dilution for 30 minutes at room 

temperature. Blots were washed three times for 10 minutes with TBS-T prior to ECL 

detection. 

 

Crystallization and Data Collection 

Crystals of caspase-3(V266E) were grown and data were collected as described 
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(Feeney et al., 2006), except that the cryoprotectant consisted of 90% reservoir buffer and 

10% MPD (Hampton Research). Crystals were grown in the presence of Ac-DEVD-

CMK inhibitor and appeared within 4 days. A full data set was collected to a resolution 

of 1.63 Å at 100K at the SER-CAT beamline, APS (Argonne, IL). V266E crystallized 

with the symmetry of the orthorhombic space group I222 with one heterodimer in the 

asymmetric unit. The biological dimer of heterodimers is generated through a two-fold 

symmetry axis. The structure of V266E was determined using molecular replacement 

with the previously determined structure of caspase-3 for initial phasing (PDB entry 

2J30). The inhibitor and all water molecules were removed from the initial model and all 

B-factors for protein atoms were set to 20A3. Inhibitor and water molecules were added 

in subsequent rounds of refinement performed with Coot (Emsley and Cowtan, 2004) and 

CNS (Brunger et al., 1998) and were positioned based on 2Fo-Fc and Fo-Fc electron 

density maps contoured at the 1σ and 3σ levels respectively. Crystallographic data 

collection and refinement statistics are shown in Table 2. 

 

Procaspase-3 Homology Models, Energy Minimization, and Molecular Dynamics 

Models of both the inactive and active procaspase-3 proteins were built as described 

below and the program CHARMm version 27 (Brooks et al., 1983) was used for 

molecular dynamics simulations and energy minimizations to assure that the final models 

represent energetically feasible structures. 

The inactive procaspase-3 model was generated using the alignment mode of the 

SWISS-MODEL protein structure homology modeling server (Arnold et al., 2006). The 
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target sequence, procaspase-3, was modeled using procaspase-7 (PDB code 1K88) as the 

template sequence. Phi and psi angles were corrected manually with Coot (Emsley and 

Cowtan, 2004) so that all dihedral angles throughout the entire structure were within 

accepted values in the Ramachandran plot (see Table 2). The IL in Molecule B of 

procaspase-7 is mostly, but not completely ordered, such that residues 167–177 

(procaspase-3 numbering) are not visible in the electron density maps. Note, the portion 

of the intersubunit linker bound in the interface is ordered. It was therefore necessary to 

build the missing residues in order to obtain the structure of the complete IL. Given the 

degrees of freedom available for the missing residues in the linker we acknowledge that 

our initial model included one of several possible conformations for the missing section. 

The starting conformation is one in which each additional residue was built to have φ,ψ 

angles in optimal regions in the Ramachandran plot, as monitored by the appropriate 

function in the program Coot, while at the same time connecting the two ends of the IL 

already present in the model. 

The model of active procaspase-3(V266E) was built with the wild type caspase-3 

structure as the template (PDB code 2J30). This is appropriate due to the high levels of 

activity of D3A,V266E. Based on our previous data (Feeney et al., 2006), Asp169 and 

Val189 were used as anchor points, and the inter-subunit linker was built manually using 

Coot. Phi and psi angles were inspected manually during the initial building of the IL, as 

was done for the model of the inactive protein. In this case however, the side chains for 

the built residues did not have substantial degrees of freedom and were given common 

rotamers. The backbone was built over the interface in order to connect the two ends of 
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the IL in a way to form the loop bundle of both active sites, as is observed in active 

caspase-3. 

After the initial building of the two models any strains or unfavorable conformations 

were relieved using the CHARMm potential energy function with the PARAM19 

parameter set for extended atom representation and an atom based force switching 

function applied to non-bonded interactions, with the switch starting at 5 Å and ending at 

6 Å.  All energy minimizations were performed using a gradient tolerance cutoff of 

0.0001.  

 The initial models were placed in equilibrated 62 Å cubes of TIP3P (Jorgensen et al., 

1983) water molecules, and all atoms within 2.6 Å of any protein atom or 

crystallographic water molecule were deleted on a group-wise basis. This resulted in a 

protein solvated by 5,417 and 5,325 water molecules for the inactive and active models, 

respectively. All calculations were performed with periodic boundary conditions. Bonds 

containing hydrogen were constrained to their equilibrium bond lengths using the 

SHAKE algorithm (Ryckaert et al., 1977).  Energy minimization was achieved using a 

combined approach of 100 steps of steepest descent followed by 1000 steps of conjugate 

gradient. Each model was then subject to 10ps of molecular dynamics simulations at 

1000K with a representative structure saved every 1ps during the trajectory. The elevated 

temperature was for greater sampling of conformational space. The leapfrog Verlet 

algorithm was used for numerical integration of Newton’s equations of motion at 0.001 

ps intervals. The 10 structures saved during each trajectory were energy minimized with 

100 steps of steepest descent. The ILs in the resulting 10 models of the inactive 
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procaspase-3 and active procaspase-3 showed a main chain RMSD of 0.308 Å and   

0.244 Å respectively, demonstrating that at least within the radius of convergence given 

by our simulation conditions there is a single overall conformation of the IL in each case.  

Comparison of the final model of inactive procaspase-3 with the procaspase-7 

template using the brute force alignment in LSQMAN (Kleywegt, 1996) resulted in an 

overall RMSD of 0.416 Å, demonstrating good agreement between the target structure 

and the model. Similarly, the RMSD between our model of the active procaspase-

3(V266E) and the wild type caspase-3 template is 0.226 Å, excluding the L2’ residues, 

which must differ in the two structures due to its connectivity to the rest of the IL in 

procaspase-3 and its positioning in the active site in the adjacent heterodimer in the 

mature caspase-3 dimer. 

 
 

SUPPLEMENTAL EXPERIMENTAL PROCEDURES 
 
 

Positional Scanning Libraries 

In the first step, Fmoc-ACC fluorophore was coupled to the Rink Amide Resin 

(Novabiochem) using a procedure described previously (Maly et al., 2002). The Fmoc 

protecting group was removed using 20% piperidine in DMF. Coupling of the Fmoc-

Asp(O-tBut)-COOH was carried out in DMF using HATU as the coupling reagent and in 

the presence of the 2,4,6-collidine base for 24 hr at room temperature. This step was 

repeated twice. The unreacted ACC was acetylated as described previously (Maly et al., 

2002). The Fmoc protecting group was removed using 20% piperidine in DMF and after 
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washing with DMF, dichloromethane, THF and MeOH and the resin was dried in 

vacuum. The resin was distributed in 75 mg portions into 57 wells of a 96 deep well plate 

(semi-automatic FlexChem synthesizer). Standard peptide synthesis was used to prepare 

the libraries. The amino acid or mixture of amino acids, HOBt and DICI were 

preincubated for 4 min and added to the appropriate wells and agitated for 3 hr along with 

30 min Fmoc decouplings in 20% piperidine in DMF. The variable amino acid mixtures 

were prepared as an isokinetic mixture with 19 amino acids (all amino acids omitting 

cysteine and methionine due to the oxidation problems – nor-leucine was used to mimic 

methionine). The N-termini of the tetrapeptides was capped with acetate (Ac2O and 

DIEA in DMF) for 2 hr. The resin was washed with DMF, dichloromethane, THF and 

MeOH and the resin was dried in vacuum for 24 hr. The cleavage of the substrates was 

carried out for 1.5hr at room temperature using the mixture of the 92.5% TFA, 2.5% 

water, 2.5% triisopropyl silane and 2.5% phenol (1.5 mL per well). After cleavage, TFA 

was removed and the substrates were precipitated for 10 min at 0°C using tert-butyl-

methyl ether (12 mL) and centrifuged. This operation was performed once more. 

Subsequently all ACC substrates were dissolved in water:dioxane (1:1) and lyophilized 

for 48 hr. Finally, all individual substrates were dissolved as stock solutions at 

concentration of 50 mM in biological purity DMSO and stored frozen. 

 

Reverse Transcription PCR 

HEK293A cells, transfected with caspase-3 mutants and in the presence of 100 μM 

ZVAD-FMK, were harvested and lysed in Trizol reagent (Invitrogen). The total RNA 
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was extracted using Trizol as recommended by the manufacturer’s instructions and 

resuspended in 50 μl DEPC-treated water. Contaminating genomic/plasmidial DNA was 

removed from the total RNA solution by using the DNase free kit (Ambion). To prepare 

the first strand cDNA, ~1 μg of (DNA free)-RNA was primed with oligo(dT) and 

subjected to reverse-transcription in 20 μl final volume by using the SuperScriptIII kit 

from Invitrogen. Control reactions did not include the reverse-transcriptase enzyme in the 

reaction mixture. All cDNA samples (~200 ng) were amplified by PCR using either 

caspase-3 specific primers (forward : caspase-3 internal primer; reverse: FLAG-tag 

primer) or primers designed to amplify a house keeping gene, like alpha-tubulin. Samples 

were run in 0.8 % agarose gel and stained with ethidium bromide. The DNA molecular 

ladder was from Invitrogen (DNA 1 kb plus). 

 

ACKNOWLEDGMENTS 

This work was supported by a grant from the National Institutes of Health 

(GM065970 to A.C.C.). The crystallography and modeling work also were supported by 

NIH grant CA096867 (to C.M.). The authors thank the research agencies of North 

Carolina State University and the North Carolina Agricultural Research Service for 

continued technical support. Use of the Advanced Photon Source was supported by the 

U.S. Department of Energy, Office of Science, Office of Basic Energy Sciences, under 

contract number W-31-109-ENG-38.  

 

 



 80

CHAPTER III 

 

 

STRUCTURAL DETAILS OF ALLOSTERIC INHIBITION 

MECHANISMS IN CASPASE-3  
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ABSRACT 

  

 The dimer interface of procaspase-3 plays a critical role in enzyme efficacy and 

zymogen maturation. While mutation of Val266 to glutamate activates the zymogen, 

replacement of Val266 with histidine inhibits the enzyme (Walters et al., 2009 and Pop, 

2003). We have determine crystal structures of several interface variants to understand 

the mechanism of how the interactions present at the dimer interface give rise to allosteric 

inhibition. The structures reveal two novel allosteric pathways of inhibition in caspase-3 .  

The first pathway, intramonomer inhibition, affects the active site of the monomer in 

which the mutation occurs by disrupting the conformation of L1. The second pathway, 

intermonomer inhibition, affects the active site of the opposing monomer by disrupting 

interactions in the loop bundle. In addition, we show that disrupting the interaction 

between Arg164, situated adjacent to the catalytic cysteine, and Glu124 results in a direct 

mode of inhibition. This mechanism appears to work by prohibiting proper insertion of 

Arg164 into the dimer interface. Overall, the results show how both, interactions in the 

interface and accurate packing of those same residues, are critical for proper active site 

formation.  
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INTRODUCTION 

 

 Execution of apoptosis in multicellular organisms is carried out by a family of 

caspases know as effector caspases. Conversion of dormant zymogens (procaspases) to 

mature enzymes leads to the degradation of vital intracellular factors eventually resulting 

in cell death (Earnshaw, 1999). Caspases are divided into three categories according to 

their role in apoptosis: inflammatory, initiator, and effector caspases. (Garcia-Calvo, 

1999 and Thornberry, 1997). Under physiological conditions, different oligomeric 

properties are observed in each caspase subfamily.  In addition, the subfamilies display 

different levels of activity in their pro-form prior to intersubunit cleavage. For instance, 

initiator caspases are stable monomers in the cell (Boatright, 2003). Upon dimerization, 

the unprocessed proenzyme displays activity levels comparable to that of the mature 

enzyme (Renatus et al, 2001). This is because activity is coupled to dimerization in 

initiator caspases and may explain why initiator caspases are stable monomers; the ability 

to use dimerization to regulate enzymatic activity. Conversely, effector caspases are 

stable dimers. Bose et. al show the stability of procaspase-3 is contributed largely by 

dimerization, approximately 18 kcal/mol of the total conformational free energy of 25 

kcal/mol (Bose, 2001). In addition, the unprocessed effector caspase displays extremely 

low levels of activity when compared to the processed enzyme (Pop, 2001 and Boatright, 

2003). For this reason, effector caspases utilize a different mechanism to regulate 

enzymatic activity, cleavage of the intersubunit linker. Regardless, while the achievement 

of activation varies between caspase families, dimerization is essential because active site 
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loops are contributed by each monomer of the dimer. 

Superposition of the known caspase structures reveals the same general fold and 

quite similar structural features. Nonetheless, the interfaces are exceptionally different, 

displaying divergent chemical properties. For example, inflammatory caspases- 1, -4, -5 

have interfaces composed of hydrophilic residues and rely on electrostatic interactions 

across the interface to stabilize the dimer. A hydrophobic interface is conserved among 

effector caspases-3, -6, and -7, while initiator caspases-2, -8, -9, and -10 display both 

hydrophobic and hydrophilic residues (Mackenzie and Clark, 2008). Accurate packing of 

these interface residues is essential since amino acids on the active site loops interact with 

those residing in the interface. There are several amino acids in and surrounding the 

caspase-3 interface that are critical for stability and proper active site formation (Pop, 

2003). A correlation between the interface and the active site can be made in tracing the 

networks of interactions in which these residues are involved. Val266 is part of a network 

of hydrophobic interactions with neighboring interface residues. Arg164, situated on L2 

adjacent to the catalytic cysteine, inserts in the interface, intercalating between Tyr197 

and Pro201 and the charge introduced in the interface by arginine is neutralized by an 

ionic interaction with Glu124. The stacking interaction formed between Pro201, Arg164, 

and Try197 are important in stabilizing both L2 and the substrate binding loop, L3. Thus, 

one can deduce that a disruption of one of these networks could be unfavorable to the 

stability and efficacy of caspase-3. 

Wells and coworkers showed that binding small molecules to the dimer interface 

inhibit the enzyme (Hardey, 2004). The molecule appears to work by a direct mechanism. 
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Upon binding, the molecule prevents insertion of Arg164 into the interface. In addition, 

Tyr197 is rotated significantly away from the interface. In prohibiting insertion of 

Arg164 into the interface, the interactions which stabilize L2 and L3, the substrate 

binding loop, (described above) cannot form. Furthermore, the catalytic cysteine cannot 

adopt and accurate conformation for nucleophilic attach. Therefore, the molecule binds to 

the dimer interface and the signal is propagated directly to the active site.  

Our data demonstrate how the interface residues of caspase-3 play a direct and 

critical role in the catalytic properties of the enzyme, exhibiting both positive and 

negative allosteric effects. Previously we described a variant where Val266 in the dimer 

interface was mutated to glutamate and was shown to kill mammalian cells very 

efficiently (Walters et al. 2009). Conversely, Pop et. al also showed the detrimental 

effects of substituting the same position with histidine (V266H) (Pop, 2003). These 

results show how intimately the dimer interface and the active site are connected.  

 The crystal structure of V266H pointed to several important residues that could 

potentially be involved in the mechanism of allosteric inhibition. Here we examine those 

residues to determine how interactions in dimer interface of caspase-3 effect proper 

active site formation. (Table 1). We suggest five residues to be critical in maintaining the 

allosteric competency of caspase-3: Glu124, Arg164, Tyr195, Tyr197 and Val266.  The 

V266H variant suggests inhibition by two opposing mechanisms, intramonomer, 

affecting the monomer in which the mutation occurs and intermonomer, where the active 

site of the opposing monomer is affected (Figure 1). The effects of both mechanisms are 

transmitted through the neighboring interface residues Tyr195 and Tyr197. Intramonomer  
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Figure1. Structure of caspase-3 V266H. The homodimer is shown and one of the 

monomers is indicated. The black arrows signify the pathway in which the signal is 

transmitted from the allosteric site, across the interface to the loop bundle of the other 

monomer (intermonomer mechanism). The green arrows indicate the pathway in which 

the intramonomer mechanism follows where the active site of the monomer in which the 

mutation occurs is affected. 

 

Monomer 
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inhibition occurs by affecting the proximity of the catalytic His121 while intermonomer 

inhibition disrupts important interactions in the loop bundle. Interactions involving three 

of the active site loops, L2, L2’ and L4, form the loop bundle and are critical for active 

site stability and enzyme efficacy (Feeney, 2006). A third mode of inhibition involves 

disrupting the interaction between Glu124 and Arg164 and appears to be more direct, 

affecting the formation of the substrate binding loop.  
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 Wild-
type  V266H Y197C Y197C, 

V266H 

Space Group I222 C2 I222 I222 
a 68.73 Ǻ 109.90 Ǻ 69.33 Ǻ 68.54 Ǻ 

b 84.40 Ǻ 96.76 Ǻ 84.49 Ǻ 84.59 Ǻ 
c 96.35 Ǻ 69.78 Ǻ 95.91 Ǻ 96.48 Ǻ 
α 90° 90° 90° 90° 
β 90° 127.12° 90° 90° 

          Unit Cell 

γ 90° 90° 90° 90° 

Temperature 100 K 100 K 100 K 100 K 

Resolution 1.40 Ǻ 1.70 Ǻ 1.70 Ǻ 1.72 Ǻ 
Number of Reflections 54,279 54,629 36,246 33,035 

Completeness (%) 97.9 96.2 96.5 96.1 

Redundancy 5.8 3.5 4.8 4.8 

Average I/σ 46.2 (1.34) 36.7 (11.6) 15.1 (5.9) 28.4 (11.9) 

Rwork (%) 19.6 21.4 20.3 18.3 

Rfree (%) 20.7 25.4 21.2 20.1 

Rmerge (%) 5.9 6.5 13.2 11.1 

rmsd for bond lengths (Ǻ) 0.005 0.006 0.005 0.005 

rmsd for bond angles (deg) 1.3 1.24 1.26 1.24 

No. of protein atoms 1974 3752 1959 1958 

No. of water molecule 290 712 268 249 

Table 1: Summary of Data Collection and Refinement Statistics 
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 E124A R164G E124A, 
Y197C 

E12A, 
V266H 

E124A, 
Y197C, 
V266H 

Space Group I222 I222 C2 C2 I222 
a 69.00 Ǻ 67.67 Ǻ 109.82 Ǻ 109.36 Ǻ 68.89 Ǻ 
b 84.72 Ǻ 84.49 Ǻ 96.77 Ǻ 96.73 Ǻ 85.52 Ǻ 
c 96.25 Ǻ 96.50 Ǻ 69.17 Ǻ 69.20 Ǻ 96.34 Ǻ 
α 90° 90° 90° 90° 90° 
β 90° 90° 127.39° 127.10° 90° 

          Unit Cell 

γ 90° 90° 90° 90° 90° 
Temperature 100 K 100 K 100 K 100 K 100 K 
Resolution 1.78 Ǻ 1.72 Ǻ 1.68 Ǻ 1.86 Ǻ 1.69 Ǻ 

Number of Reflections 33,406 32,847 64,962 33,920 32,764 
Completeness (%) 99.9 99.5 97.2 61.7 90.3 

Redundancy 6.4 5.8 3.5 1.7 4.6 
Average I/σ 32.0 (17.1) 10.1 (3.2) 49.2 (16.7) 40.4 (14.6) 20.0 (6.3) 
Rwork (%) 20.6 20.6 21.2 19.9 19.2 
Rfree (%) 22.4 23.4 24.3 24.2 21.3 

Rmerge (%) 12.1 8.6 5.1 6.6 6.6 
rmsd for bond lengths (Ǻ) 0.006 0.005 0.005 0.006 0.005 
rmsd for bond angles (deg) 1.28 1.22 1.25 1.21 1.25 

No. of protein atoms 1906 1993 3765 3796 1913 
No. of water molecule 296 246 579 712 252 

Table 1 Continued: Summary of Data Collection and Refinement Statistics 
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RESULTS 

 

Crystal structures of the V266H series 

 Crystallographic data and refinement statistics are shown in Table 1. Variants 

crystallizing with the symmetry of the orthorhombic space group I222 have one monomer 

per asymmetric unit while those crystallizing with the symmetry of the monoclinic space 

group C2 contain two monomers (heterotetramer) per asymmetric unit. This information 

is useful because of the intrinsic symmetry of the caspase-3 dimer. From this alone one 

can infer the monomers are no longer symmetric in the C2 space group and thus, 

structural perturbations have occurred to a greater extent in these variants than those in 

the I222 space group. Structural examination of the mutants shows this is indeed true.  

Cleavage at D175 in the intersubunit linker creates new C- and N- termini of the 

large and small subunits respectively. Due to the high flexibility in this region of the 

protein, density may be present or absent depending on interactions occurring in variant. 

Generally, if the variant retains acceptable levels of activity, more electron density is 

observed in L2’ due to the positive interaction with L4 of the opposite monomer and with 

the substrate at the P4 site. Several of the mutants discussed here reveal a lack of electron 

density for much of L2', notably, His185. This information suggests destabilization of L4 

which hinders a stable interaction between His185 and L4. Thus, greater rotomer 

sampling of His185 occurs, lowering its occupancy in a single conformation and no 

electron density is observed. This same scenario is observed in previous structures 

looking at mutants that destabilize active site L4 (data not shown).  



 90

The V266H structure reveals the asymmetric monomers. The backbone of 

monomer A superimposes relatively well with wild-type caspase-3, whereas a 

superposition of monomer B reveals more global disturbances. A very similar case is 

seen in caspase-9 where the presence of several bulky residues in the interface prohibits 

the formation of two productive active sites  

(Figure 2A) (Renatus et al, 2001). Because of steric hindrances, only one active site 

forms and the other remains unorganized. Our initial model to explain the loss of activity 

in the V266H mutant was a simple case of space constraints, as seen in caspase-9 (Figure 

3). While the model holds true in that Tyr197 is highly involved in allosteric inhibition, 

the variant is able to accommodate the bulky residues by a 90º rotation about the His266 

β-γ-carbon bond as shown in the supplementary movie (Figure 4). The movie shows 

conformational changes of key residues by which the allosteric inhibition occurs. Of note, 

while the shift in Tyr197 was expected, the movement of Tyr195 was not anticipated, but 

exposed two mechanisms of inhibition.  

While numerous structures are presented here to decipher the mechanism of 

inhibition brought about by the V266H mutant, close examination of each variant leads to 

two key questions that unify all of the structures. What causes the shift in Tyr195 and 

what are the effects of this movement? Both mechanisms of inhibition originate from the 

disturbance Tyr197 which correlates to a movement of Tyr195, and that shift results in 

two modes of allosteric inhibition, intermonomer and intramonomer.  
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Figure 2. (A) Interface composition of caspase-9 (PDB entry 1JXQ). Upon substrate 

binding a portion of the substrate binding loop, known as the elbow loop, inserts in the 

interface causing Tyr345 to move toward the interface. This movement results in the 

movement of Phe404 toward the dimer interface, prohibiting Phe404 from the opposite 

monomer to adjust in the same manner. Thus, the presence of numerous bulky side chains 

in the interface of caspase-9 forbids the formation of two productive active sites. 
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Figure 3. (B) Initial model for caspase-3 V266H inactivity. The original model proposed 

here suggests insertion of histidine at position 266 creates a sterically unfavorable 

environment and results in steric clashing with the neighboring Tyr197 residue. This 

model implies replacing the bulky tyrosine residue with a smaller residue would aid in 

alleviating the steric constraints. 
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Figure 4. (C) The crystal structure of the V266H variant shows there are indeed steric 

constraints introduced into the interface upon insertion of histidine at position 266 as 

Tyr197 rotates away from the interface. In addition to the movement of Tyr197, the 

protein is also able to circumvent major clashing, as proposed in the initial model, by the 

rotation of the imidazole rings so they are in a parallel orientation to one another.  
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Figure 5. (D) The interface of the double mutant, Y197C, V266H demonstrates how 

replacing Tyr197 with cysteine alleviates the steric constraints. This is exhibited in the 

conformation of His266. The imidazole rings are now perpendicular to one another as 

there is no need to accommodate the bulkier tyrosine residues in the interface. 
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The cause of Tyr195 displacement  

 The primary cause of Tyr195 displacement originates from the disturbance of 

Tyr197. A quantitative relationship in the movement of Tyr195 and Tyr197 is a common 

theme observed in the variant structures described here. That is, greater disturbances in 

Tyr197 correlate with a larger movement in Tyr195 also. In addition, those variants 

harboring the Tyr197 substitution in context of another mutation can act cooperatively to 

enhance the negative effects observed in the caspase-3 structure. Replacing Val266 with 

histidine results in the movement of Tyr197 where the hydroxyl group is displaced ~ 0.8 

Ǻ away from the interface (highlighted in movie). This movement is accompanied with 

an even larger shift in Tyr195, also away from the interface, moving the hydroxyl group 

~ 2.3 Ǻ as shown in Figure 6.   

 A double mutant was prepared where Tyr197 was mutated to cysteine (as in 

caspase-1, Cys331) in context of V266H to allow more room in the interface 

(Romanowski, 2004). Presumably, removing the bulky tyrosine residue and replacing it 

with another, smaller residue would allow more room and result in more accurate packing 

of the residues in the interface. This holds true to one extent. In the V266H structure, the 

histidine rings are parallel to one another, however, in the case of the double mutant, the 

imidazole rings do not rotate as there is no need to accommodate the bulkier tyrosine 

amino acid (Figure 5). Instead, histidine is found in the rotomer proposed in the original 

model, with the imidazole rings perpendicular to one another. These same observations 

can be made for the triple mutant, E124A,Y197C,V266H as well. Nonetheless, while 

there is more room in the interface and order is restored to the overall structure in the  
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Figure 6. (A) This structure highlights the structural details of the intramonomer 

inhibition mechanism. The structure is of the V266H variant, however, is representative 

of the E124A, Y197C and E124A, V266H mutants as well. The green amino acids are 

from the wild-type structure and the gray residues are from the variant.  Movement of 

Tyr197 is coupled with movement of Tyr195 which destabilizes helix 3. This signal is 

then transmitted along the β-strand extending from helix three which correlates with the 

shift in Pro133. For clarity the β-strand of the wild-type structure is not depicted, 

however, the entire strand is shifted toward the interface with respect to the wild-type 

structure. The movement in Pro133 results in a shift of Phe128 causing a conformational 

change in Met61. The alternate rotomer of Met61 points directly at the catalytic His121, 
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resulting in a movement of His121. This movement disrupts its stabilizing interaction 

with Thr62. WT residues are shown in green and V266H residues are shown in gray. 

double mutant, full activity is not rescued suggesting that Tyr197 is important for proper 

active site formation in caspase-3. 

 Other double mutants E124A,Y197C and E124A,V266H, were prepared and 

showed very similar disturbances as those seen in the V266H structure. Notably, Tyr195 

rotates significantly (the hydroxyl group is shifted just under 2.0 Ǻ) away from the 

interface. The E124A,Y197C structure is important because it shows the movement of 

Tyr195 in the variants stem from the disturbance or replacement of Tyr197 and not a 

direct effect of histidine at position 266. This suggests, Tyr197 makes important contacts 

stabilizing β-strand 7, which is manifested in the movement of Tyr195. Further 

corroborating this, the Y197C single mutant shows a shift in Tyr195 of ~0.5 Ǻ away 

from the interface. While this movement isn't as dramatic as in the E124A,Y197C double 

mutant, it is enhanced in the double mutant because it originates from two sources, acting 

in a cooperative manner. The first source, discussed above, is the replacement of Tyr197. 

The other source is the lost interaction between Glu124 and Arg164 on L2. This is a 

direct mechanism of inhibition and the details are described in further detail below. 

 

The effects of Tyr195 displacement 

 The sources of Tyr195 displacement have been established. The effects of this 

movement are quite impressive as disturbances are propagated out to L1, over 25 Ǻ 

away, and in some cases, across the dimer interface to the loop bundle (Figure 1). The 
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movement of Tyr195 results in two modes of allosteric inhibition. The first mechanism, 

intramonomer inhibition, affects the monomer in which the mutation occurs.  This 

mechanism of inhibition is observed. The second mode of inhibition is an intermonomer 

mechanism and involves Tyr195 and affects interactions in the loop bundle of the second 

monomer. 

 

Intramonomer inhibition 

 In wild type caspase-3, the hydroxly group of Thr140 interacts with the backbone 

amide of Lys137 (~4.0 Ǻ), stabilizing the upper portion of helix 3. In the V266H, 

E124A,Y197C and E124A,V266H mutants, Thr140 shifts disrupting this region of the 

helix. The disturbance of helix 3 is transmitted along the β-strand containing residues 

132-135 resulting in a shift of these residues towards the active site. Notably, Pro133 has 

moved significantly toward the active site (Figure 6). Consequently, Phe128 adjusts to 

circumvent steric clashes with Pro133, causing Met61 to adopt a different rotomer 

(Figure 7).  In the single mutant, V266H, the new rotomer of Met61 results in a shift of 

the catalytic His121. This movement, although small, disrupts its stabilizing interaction 

with Thr62 in the V266H structure, now 4.9 Ǻ apart compared to 3.7 Ǻ in the wild type 

(Figure 7). In the two double mutants, E124A,Y197C and E124A,V266H, an interaction 

is maintained between Thr62 and His121. This is most likely due to the rotomer selection 

of Met61 (Figure 7). While Met61 is found rotated away from the wild-type position 

toward the active site, the ε-carbon is not pointing directly at His121 as in the V266H 

variant and thus does not disturb His121 to the same extent. Hence, the  
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Figure 7. (B) Depiction of the putative steric clash that would occur between Phe128 and 

Met61 if methionine did not rotate in the variant structure. (C) Movement of Met61 

results in the lost of an important interaction between His121 and Thr62. This interaction 

aids in stabilizing both L1 and the conformation of His121. WT residues are shown in 

green and V266H residues are shown in gray. 
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Figure 8. (D) The movements of the residues described above in A) through C) 

ultimately result in the disorder of L1. Density of the wild-type structure L1 is shown in 

the left panel. Density for L1 of the variant is shown in the middle panel. The right panel 

is a superposition of the wild-type structure and the variant to highlight the differences 

between the two.  
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interaction is conserved in these structures. Together, these structural perturbations 

coalesce, resulting in the disordering of active site L1 (Figure 8).  

 The movement of Tyr195 proves to have significant effects on the global structure 

of caspase-3. However, there is a threshold of movement required. Four of the structures, 

Y197C, E124A, Y197C,V266H and E124A,Y197C,V266H structures demonstrate, while 

Tyr195 shifts, the negative structural effects described above are not observed (Figure 9).    

While both, Y197C,V266H and E124A,Y197C,V266H contain histidine at position  266, 

alleviation of the steric hindrance encountered in the interface is bypassed by replacing 

Tyr197 with cysteine. Though Thr140 must shift to avoid clashing, the movement is not 

as exaggerated, and the signal is not transmitted effectively. Thus, disorder of L1 is not 

observed in these structures.  These structural observations could explain how the Y197C 

mutation rescues some activity in the variants harboring the His266 substitution.  

 

 

Intermonomer inhibition 

 The second mode of inhibition begins in the same manner, with a shift of Tyr195 

away from the interface. This mechanism is only observed in the V266H variant and 

effects are not only transmitted to L1 as in the intramonomer mechanism, structural 

perturbations are propagated across the interface to the loop bundle of the second 

monomer as shown in Figure 10. The V266H structure reveals the same disturbances in 

helix three due to the movement of Thr140. As noted above, the interaction between 

Thr140 and the backbone amide is important for stabilizing the upper portion of helix  
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Figure 9. (D) Replacement of Tyr197 in the dimer interface relieves steric constraints in 

the V266H variant. The residues which are displaced in the V266H structure (discussed 

in the text) are restored to their wild-type positions and order in L1 is observed in the 

Y197C,V266H structure as a result. Movement of Tyr195 is observed in the 

Y197C,V266H structure, however, the effects of intramonomer and intermonomer 

inhibition are not observed. This suggests a threshold movement in the Tyr195 residue to 

give rise to the two modes of inhibition. Tyr195 in the V266H structure (semitransparent) 

is 0.7 Ǻ closer to Thr140. The Y197C,V266H mutant is shown as blue residues, the WT 

structure is shown in green, and only Tyr195 from the V266H structure is shown as 

semitransparent sticks. 
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Figure 10. (A) This structure highlights the structural details of the intermonomer 

inhibition mechanism. This mechanism originates from Tyr197 as seen in the 

intramonomer mechanism. Movement in Tyr195 results in the destabilization of helix 3. 

Consequently, Lys137, at the top of helix 3, is no longer found in stable interaction with 

Glu190 (now 8.2 Ǻ apart). This lost interaction introduces putative flexibility into L2 and 

hinders a stable interaction between the Asp169’ and the backbone atoms of Glu190. 
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three. In addition, this interaction also helps retain Lys137 in a rotomer such that it makes 

a strong ionic interaction with Glu190, stabilizing L2' in the loop bundle (Figure 10 – 

Monomer A). Stability of Glu190 and this region of the backbone is important as 

Asp169’ makes critical H-bonds here stabilizing the loop bundle (Feeney, 2006).  The 

movement of Tyr195 in the V266H structure appears to destabilize the loop bundle by 

ultimately disrupting the ionic interaction between Glu190 and Lys137. The rotation 

about the α-β carbon bond in Tyr195 results in a relocation of the hydroxyl group 2.2 Å 

away from the interface. This shift results a steric clash between Tyr195 and Thr140 on 

helix 3. The repositioning of Thr140 renders it unavailable for interactions with the 

backbone atoms of Lys137 or, at best, diminishes the interaction. Destabilizing this 

portion of the α-helix grants more rotational freedom to Lys137 and therefore the ionic 

interaction between Lys137 and Glu190 is not observed in the V266H structure (electron 

density of the Lys137 side chain is observed for the α, β, and γ carbons and the ζ-nitrogen 

in the V266H structure) as shown in Figure 11 and 12. Albeit, lysine residues are flexible, 

therefore, to further validate this argument, a comparison of 15 caspase-3 structures 

shows the interaction between Lys137 and Glu190 is conserved in all cases. The 

comparison included 15 randomly chosen structures from the PDB with the only criteria 

being a resolution of 2.0 Ǻ or higher (Table 2). The analyzed structures varied in space 

group, molecules per asymmetric unit, and crystallization conditions, suggesting this is an 

important interaction and not an artifact of crystal packing. Moreover, presence of 

electron density for Lys137 in wild-type and other structures suggest this is a stable 

interaction (Figure 12). Therefore, Lys137 seems to help stabilize an important region of  
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Figure 11. (B) The lost interactions affecting the stability of the loop bundle. Not only is 

the ionic interaction between Lys137 and Glu190 lost, the movement of Tyr195 results in 

a lost H-bond interaction with Glu190. WT residues are shown in green and V266H 

residues are shown in gray. 
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Figure 12. (C) Electron density for Lys137 in the WT structure (top panel) is due to an 

stable interaction with Glu190. The absence of electron density in the V266H structure 

(bottom panel), suggests this interaction is not present in the variant.  
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Figure 13. (D) Further evidence for flexibility in L2’. Electron density for L2’ stops at 

His185 in the V266H variant, while in the WT structure, the chain extends behind L4, 

terminating at Asp 180. The interaction between Aps169’ and Glu190 is noted by a dased 

line. 
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PDB Code Space Group Resolution 
1NME I 2 2 2 1.60 Ǻ 

2C2K I 2 2 2 1.87 Ǻ 

2C1E I 2 2 2 1.77 Ǻ 

2C2M I 2 2 2 1.94 Ǻ 

2CDR I 2 2 2 1.70 Ǻ 

2CJX I 222 1.70 Ǻ 

2CJY I 2 2 2 1.67 Ǻ 

2CNK I 2 2 2 1.75 Ǻ 

2CNL I 2 2 2 1.67 Ǻ 

2CNN I 2 2 2 1.70 Ǻ 

2CNO I 2 2 2 1.95 Ǻ 

2DKO I 2 2 2 1.06 Ǻ 

1NMS C 2 (C 12 1) 1.70 Ǻ 

2H5J P 21 (P 1 21 1) 2.00 Ǻ 

3EDQ P 21 21 21 1.61 Ǻ 

Table 2. Structures used in the analysis of 
the Lys137 – Glu190 interaction 
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L2' by its direct interaction with the Glu190 side-chain. This lost interaction, could 

introduce putative flexibility into L2’ and disrupt loop bundle formation giving rise to the 

intermonomer allosteric inhibition mechanism. Further evidence for added flexibility in 

L2’ is noted as density stops at His185 in the V266H variant, however, continues to 

Asp180 in the WT structure (Figure 13). 

Direct inhibition  

Another mode of allosteric inhibition is brought about by effecting the 

conformation of Arg164. Cleavage in the intersubunit linker generates two of the five 

active site loops. Both of these loops, now L2 (the C-termini of the large subunit) and L2’ 

(the N-termini of the small subunit), undergo extensive structural changes during the 

maturation process. L2’ releases from the interface and rotates 180º, making contacts 

with L2 and L4, from the other monomer, forming the loop bundle (Feeney, 2006). In 

addition to the essential interactions that form the loop bundle, the rotation of L2’ must 

occur as the evacuation of L2’ from the interface permits insertion of the so-called 

“elbow loop” into the interface, resulting in proper formation of the substrate binding 

loop.    

Rotation of the second loop, L2, moves the catalytic cysteine, Cys163, into 

position for nucleophilic attack of the substrate. Furthermore, Arg164 rotates from the 

substrate binding pocket and inserts in the interface where it intercalates between Tyr197 

and Pro201, stabilizing loops L2, L3 and Tyr197 in the active conformation (Figure 14). 

The reorganization of the active site loops, with the accompanying movement of Arg164 

into the dimer interface, is critical in positioning the catalytic cysteine in an accurate  
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Figure 14. (A) The residues involved in direct inhibition. The charge of Arg164 is 

neutralized by Glu124, situated above the dimer interface. In addition to this ionic 

interaction, Arg164 also intercalates between Tyr197 and Pro201. This stacking 

interaction stabilizes L2, L3 and β-strand-7, thus, disrupting these interactions affects 

multiple regions of the protein.  
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conformation and in stabilizing the active site. 

It was previously shown that binding small molecules to the dimer interface 

inhibited the enzyme by prohibiting insertion of Arg164 into the dimer interface (Hardey 

et al, 2004). While the interactions involving Arg164, Tyr197 and Pro201 are thought to 

be important, the charge which is brought into the interface upon insertion of Arg164 

must be neutralized. In caspase-1, a direct interaction with Glu390 (equivalent to position  

 

Val266 in caspase-3) diminishes the charge. In caspase-3, charge neutralization is 

achieved by a direct interaction with Glu124 positioned above the dimer interface.  

We examined the importance of the interaction between Glu124 and Arg164 by 

replacing either Glu124 to alanine or Arg164 to glycine (caspase-9 contains a glycine at 

the equivalent position). The importance of this interaction is evidenced in a large 

increase in Km of both mutations, E124A and R164G (see activity data). These data 

suggests that substrate binding L3 is destabilized in the absence of the Glu124-Arg164 

ionic interaction.  

The R164G structure shows that Glu124 rotates away from the dimer interface to 

a more solvent exposed conformation (Figure 15). The observation of Glu124 in the 

alternate conformation suggests this residue is indeed important in charge neutralization 

of Arg164. The E124A structure shows a shift in both Tyr195 and Tyr197 of 0.6 and 0.5 

Ǻ respectively. As noted in the Y197C, Y197C,V266H and E124A,Y197C,V266H 

structures, the movement of Tyr195 is not as remarkable. Still, Glu124 is too far away for 

a direct interaction with either Tyr195 or Tyr197, thus, the movement of both tyrosines in  
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Figure 15. (B) The alternate conformation of Glu124 in the R164G structure 

(semitransparent gray residue) suggests this residue is used in charge neutralization. WT 

residues are shown in green. 
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the E124A single mutant demonstrates the ripple effect in disrupting the interaction 

between Glu124 and Arg164, that is, the lost interaction between Glu124 and Arg164 

hinders Tyr197 in achieving its wild-type position, which causes Tyr195 to shift. 

Therefore, it appears that disrupting this network of interactions has the potential to effect 

multiple areas of the protein structure, namely, active site loops L2 and L3, β-strand 7, 

and the loop containing Glu124 

 

Conserved waters in the dimer interface 

Recently is was shown that a contiguous set of interactions which run from one 

active site, through the dimer interface, to the second active site, confer cooperativity to 

caspase-1. That is, binding of the substrate at one active site, enhances catalysis of the 

substrate at the second active site. Cooperativity is mediated through a single conserved 

water molecule in the dimer interface of caspase-1 (Datta, 2008 and Scheer, 2006).  

Our results show three waters to be important in the dimer interface of WT 

caspase-3, Wat108, Wat192 and Wat219 (Figure 16, waters are numbered according to 

PDB entry 2J30). For a more in depth discussion on the conserved water analysis, refer to 

Chapter II. 

 In WT, Wat219 and Wat219’ H-bond with the hydroxyl groups of Y197 and 

Y197’, respectively. Both of these water molecules also interact with four central 

crystallographic water molecules to provide a H-bonding network bridging the two active 

sites. Wat192 and Wat192’ in this network also H-bond to R164 and R164’, respectively. 

In the V266H structure, two of the waters are still found in the interface, however,  
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Figure 16. (A) Dimer interface of WT caspase-3 demonstrating neutralization of 

the positive charge of R164 and six conserved water molecules. (B) Wat219 and 

Wat192 are conserved in the V266H structure. Movement of Tyr197 away from 

the interface results in a corresponding shift of Wat219 (indicated by arrow). 

Replacement of Val266 with a histidine also results in the displacement of Wat192 

(indicated by arrow). For clarity only one monomer is shown. WT structure is 

shown as green residues and spheres. V266H variant is shown as gray residues and 

gray spheres.  
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are displaced due to the larger histidine side chain (Figure 16). Wat192 shifts slightly out 

of the interface, still interacting with Arg164 (3.2 Ǻ), as noted in the WT structure, and 

making a new interaction with His266 (2.6 Ǻ). As Tyr197 rotates away from the dimer 

interface in the V266H structure, Wat219 also shifts away from the interface, 0.9 Ǻ, 

correlating with the movement in Tyr197. It appears the substitution of histidine at 

position 266 along with the movement of both waters out and away from the interface 

results in the displacement of Wat108 in the V266H structure. The distance between 

Wat108 in the WT structure and the histidine side chain in the V266H structure is 2.0 Ǻ. 

The hydrogen bond between Wat192 and the ε-nitrogen of His266 also suggests the δ-

nitrogen is the nitrogen which carries the positive charge in His266, therefore making it 

unavailable to H-bond with Wat108. Thus, it appears the lost H-bond network between 

the three waters (due to the movement of Wat192 and Wat219 away from the interface) is 

more likely the cause of Wat108 displacement in the V266H structure.  

In the structures harboring mutations at both positions 197 and 266 result in the 

displacement of all three waters in the dimer interface. This is likely due to the 

replacement of Tyr197 with cysteine and the conformation of His266. Since the hydroxyl 

group of Tyr197 is no longer present to H-bond with Wat219, it is not conserved. The 

conformation of His266 results in the displacement of the other two conserved waters, 

Wat108 and Wat192. The evidence for displacement of Wat108 is the same as observed 

in the V266H structure, that is, the positive charge of the δ-nitrogen renders it unavailable 

for H-bonding with water molecules. The imidazole rings in the Y197C,V266H and 

E124A,Y197C,V266H are found in a perpendicular conformation with respect to one 
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another, as noted above (Figure 5). This rotation results in a direct interaction between 

the ε-nitrogen of His266 and Arg164, rendering His266 unavailable to H-bond with 

Wat192 as noted above (recall, in the V266H structure Wat192 interacts with the ε-

nitrogen of His266). Together, the replacement of Tyr197 with cysteine and the rotation 

of His266 results in the displacement of all three waters.  

Interestingly, the E124A,Y197C structure, displays a similar situation to the 

V266H variant in that both Wat192 and Wat219 are conserved while Wat108 is displaced 

yet again (refer to Figure 16, the E124A,Y197C waters are in equivalent positions as in 

the V266H variant). The interaction between Arg164 and Wat192 provides an 

explanation for the conservation of Wat192. However, the conservation of Wat219 was 

unexpected as Tyr197 was replaced with cysteine. In addition, Wat108 is displaced and is 

no longer available to interact with Wat219. Therefore, the two interactions which appear 

to stabilize Wat219 in the WT structure are not present in the E124A,Y197C structure. 

The crystal structure does not point to a plausible explanation for the conservation of 

Wat219 in the E124A,Y197C variant.  

In the single mutant, Y197C, all three waters are conserved (Figure 16). Those 

interactions noted above in the WT structure between the conserved waters and side 

chains are also observed in the Y197C structure, with the exception of the interaction 

between Tyr197 and Wat219. While Tyr197 is no longer available to H-bond with 

Wat219, it appears the H-bond with Wat108 is strong enough to retain the water in the 

interface.  

The R164G structure shows displacement of two waters, 108 and 192. In the WT 
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structure, Wat192 directly interacts with R164. Therefore, the absence of this water in the 

R164G structure is reasonable. Wat192 H-bonds with Wat108 in the WT structure and 

Arg164 may weakly interact with Wat108 in the WT structure as well (4.3 Ǻ). Thus, the 

absence of both of these interactions in the R164G structure is likely the cause of Wat108 

displacement in the R164G variant. Wat219 is present in the R164G structure and 

remains engaged in an interaction with Tyr197 as observed in the WT structure (same 

position as Wat219 in the WT structure, Figure 16). All three waters are conserved in the 

E124A structure as none of the H-bonding networks appear to have been disrupted in this 

structure (all three waters in equivalent positions to those in the WT structure, Figure 16). 

 

Enzyme activity 

We have determined the catalytic parameters of the caspase-3 variants containing 

substitutions at position 124, 197 and 266. These data were compared to the values 

obtained for wild-type caspase-3 and the control mutants. All of the mutations result in 

negatively affected steady-state values, Km and kcat.  Table 3 shows the catalytic 

parameters for each mutant along with the values obtained for the wild-type and control 

proteins. Results for the V266H single mutant shown in Table 3 were described 

previously (Pop, 2003).  

The Y197C, V266H variant was prepared based on the original model shown in 

Figure 3.  While the V266H variant effectively inhibits the enzyme, some activity is 

restored to this mutant by substituting the neighboring Tyr197 with a cysteine. 

Approximately 4% of caspase-3 activity is recovered and auto-processing is observed 



 118

during purification. Interestingly, while the Km of V266H is >50μM, the Km of Y197C, 

V266H is the same (within error) as the wild-type protein. The Km value of the V266H 

mutant suggests there are issues with formation of the substrate binding L3. Stable 

conformation of L3 is dependent upon interactions between Arg164, Pro201 and Tyr197, 

therefore movement in Tyr197 may disrupt these interactions. This movement could 

hinder proper insertion of Arg164 rendering it unavailable to participate in stabilizing 

interactions with L3.  The slight increase in activity and the restoration of Km in the 

Y197C, V266H mutant suggests that there are indeed steric constraints which appear to 

be alleviated by replacing Try197.  However, this same substitution, which appears to 

help spatially, is most likely the cause of the mutant’s inability to recover full activity as 

the control mutant, Y197C, displays a Km of ~3-fold higher and kcat of ~4-fold lower 

(Table 3, Figure 17).  

We note, based on the V266H crystal structure, a more likely cause for an 

increased Km is the alternate conformation of Met61. Upon rotation, the ε-carbon of 

Met61 occupies a portion of the S1 site (Figure 18). In addition, the substrate binding 

pocket is slightly narrower in the V266H variant. Examination of the substrate bound in 

the V266H variant (Figure 18) demonstrates how P1 cannot bind in the S1 site. Note, if 

binding of P1 is prohibited, catalysis of the substrate by Cys163 in the S1 site cannot be 

efficiently executed. 

 The data in Table 3 and Figure 19 demonstrate mutants harboring the 

E124A substitution make crucial contacts in stabilizing the active site. As noted above, 

Glu124 interacts with Arg164 to neutralize the charge in the interface. Removing this   
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Figure 17. (A) A plot of the initial velocity (υo) vs. substrate concentration for wild-type 

caspase-3 (●), Y197C (■), and Y197C,V266H (♦). The solid lines represent fits of the 

data to the Michaelis-Menten equation.  
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Figure 18. (B) Substrate bound in the active sites of the WT structure (top panel) and the 

V266H variant (bottom panel). Rotation of Met61 fills a portion of the S1 site and 

therefore, P1 cannot bind efficiently.  
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Figure 19. (C) A plot of the initial velocity (υo) vs. substrate concentration for E124A 

(○), E124A, Y197C (□), and E124A, Y197C, V266H (◊). The solid lines represent fits of 

the data to the Michaelis-Menten equation.  
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8.8×1030.02 ± 1.1×10-3 22.5 ± 3.0E124A,Y197C,V266H

No Measurable 
Activity 

No Measurable 
Activity 

>50μME124A,V266H 
2.6×1020.008 ± 3.4×10-429.8 ± 5.2E124A,Y197C 

5.1×1030.14 ± 3.5×10-3 27.2 ± 3.7E124A 
7.0×1030.017 ±1.7×10-32.4 ± 0.8Y197C,V266H 
1.0×1040.10 ± 3.5×10-3 9.5 ± 0.9Y197C 

No Measurable 
Activity 

No Measurable 
Activity 

>50μMV266H 
1.8×1050.40 ± 0.05 2.2 ± 0.5Wild-Type 

kcat/Km (M-1s-1)kcat (s-1) Km (μM) 
Table 3: Catalytic Parameters of the Caspase-3 Interface Mutants 

No Measurable 
Activity 

No Measurable 
Activity 

>50μM R164G 
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by replacing Glu124 with alanine results in a ~12-fold increase in Km and a ~3-fold 

decrease in kcat.   

Replacing Y197 with cysteine, in context of E124A, results in a large increase in 

Km, 29.8μM, and a kcat of 0.008 s-1, 2% of caspase-3 activity. The elevated Km helps 

explain inactivity And we attribute the large value to the lost interactions between E124 

and Arg164 and the stacking interaction between Arg164 and Tyr197. We noted in the 

above crystal structures that these interactions are important in stabilizing not only L2, 

but also the substrate binding L3. These results demonstrate that these interactions are 

indeed important for stabilizing both active site loops 

Replacing Glu124 with alanine in context of the V266H mutant has very similar effects 

on the protein as the single V266H mutation. This mutant, as well as the V266H 

mutant, appears to be the most detrimental to the enzyme as catalytic parameters were not 

detectable. We suggest this is more than likely due to the V266H substitution than the 

E124A mutation. While the E124A single mutation shows a large increase in Km, kcat is 

only ~3-fold lower than wild-type, whereas catalytic parameters for the V266H mutant 

were not measurable due to the extremely low substrate affinity. Thus, we attribute the 

extremely low levels of activity observed in the E124A, V266H variant to the same 

reasons as the V266H mutant, the disturbance of Tyr197.  

The low activity of the E124A, V266H mutant came as no surprise as disrupting 

both of these sites makes the enzyme susceptible to all three modes of inhibition. 

However, unexpectedly, the triple mutant E124A, Y197C, V266H regains some activity 

with respect to E124A, Y197C and E124A, V266H with a Km value of 22.5 μM and a kcat 
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value of 0.02 s-1. While these kinetic data seem counterintuitive, the structures do 

correlate. Both of the double mutants, which crystallized with the symmetry of the 

monoclinic space group, C2, show more global disorder, whereas the triple mutant, which 

crystallized with the symmetry of the orthorhombic space group, I222, contains more 

localized disorder. Therefore, it appears that eliminating the steric clash between His266 

and Tyr197 by replacing the tyrosine with cysteine, just as in the Y197C, V266H mutant, 

helps to rescue some activity. While Km is much greater in the triple mutant than the 

Y197C, V266H variant, we propose this is due to the E124A mutation.  

 

DISSCUSSION 

 

We have examined several residues in the allosteric site of the dimer interface of 

caspase-3 to understand how these interactions correspond to active site stability.  

Interestingly, this same site can have positive allosteric effects (Walters et al, 2009) and 

negative allosteric effects, which we have discussed here. Based on the crystal structures, 

we propose five amino acids in or near the interface to be critical in maintaining the 

allosteric competency of caspase-3, Glu124, Arg164, Tyr195, Tyr197 and Val266.  

The structures presented here reveal three modes of allosteric inhibition, 

intramonomer, intermonomer and direct inhibition. As the name implies, the mechanism 

of direct inhibition is transmitted directly from the interface to the active site. In those 

mutants containing the E124A mutation, the interaction between Glu124 and Arg164 is 

removed which destabilizes two active site loops, L2 and L3. In addition, the lost 
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interaction between Glu124 and Arg164 appears to affect the substrate binding loop 

which is evidenced in the increased Km values. The E124A structure also shows 

displacement of Tyr195 and Tyr197 suggesting that a destabilization in Arg164 is also 

transmitted to Tyr197.  

The other two modes of inhibition reveal very much a cause and effect scenario, 

demonstrating just how interrelated all of the amino acids are between the active site and 

the interface. Not only are the specific interactions important, but accurate packing of 

these residues is also vital to the function of the enzyme. This is demonstrated in the 

domino fashion by which both mechanisms progress. Both intra- and intermonomer 

inhibition originate from a disturbance Tyr197, causing movement in Tyr195, which then 

causes Thr140 to shift, at which point a signal is transmitted up to L1 or across the 

interface to the loop bundle of the second monomer. Hence, without the displacement of 

Tyr197, the signal is not effectively propagated in these two mechanisms. This is 

validated in the Y197C, V266H data. While the single V266H mutant shows global 

disturbances (and the greatest movement of Tyr197), order is restored in the structure by 

alleviating the steric constraints between His266 and Tyr197 by substituting Tyr197 with 

cysteine. In addition, the catalytic parameters parallel the structural findings in that the 

Y197C is able to partially rescue activity of the V266H variant. These results clearly 

demonstrate signal propagation via Tyr197.  

The intramonomer mechanism culminates with the disorder of L1 which is a 

result in the lost interaction between His121 and Thr62. In addition, the alternate 

conformation of Met61, in L1, appears to be responsible for the increased Km. The 
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structure reveals how Met61, in the different rotomer, occupies a portion of the S1 site 

and therefore the substrate cannot bind efficiently. The intermonomer mechanism 

terminates with disturbances in the loop bundle. In this mechanism, putative flexibility is 

introduced into L2’ through a lost interaction between Lys137 and Glu190. The 

conservation of this interaction suggests it is needed for stabilizing an important region of 

L2’ and therefore, the absence of the interaction may destabilize the loop bundle.  

A common mechanism may be observed among all executioner caspases and in 

all vertebrates. Sequence alignment of executioner caspases (Mackenzie) shows 

conservation of Tyr197 and bulkier, aromatic residues at the equivalent position of 

Tyr195 (caspase-7, phenylalanine, caspase-6, methionine). Furthermore, a small 

hydrophobic residue at equivalent position 266 is conserved in caspase-6 and -7, alanine 

and valine, respectively. This is important as insertion of a larger residue may have 

similar catastrophic effects as those described above. Sequence alignment of vertebrates 

reveals all species retain an aromatic residue at equivalent position 195 (all species 

contain tyrosine except sea bass with phenylalanine) and Tyr197 is conserved across the 

species.  
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EXPERIMENTAL PROCEDURES 

 

Cloning, Expression, and Purification 

V266H, Y197C and E124A mutations were made in the background of wild-type 

caspase-3 using plasmid pHC332 as a template (Pop, 2001). All mutations were 

confirmed by sequencing both DNA strands (University of Maine DNA Sequencing 

Facility, Orono, ME) and the mutated bases are shown in bold. For the V266H mutant, 

primers 1 and 2 were used, 5′- CAGATTCCATGTATTCA-TAGCATGCTCACAAAA 

GAACTC-3′and 5′-GAGTTCTTTTGTGAGCATGCTATGAATACA-TGGAATCTG-3′, 

respectively. The Y197C mutant primers 3 and 4 were, 5’-GGCCGACTTCTT-GTAT 

GCATGCAGTACTGCACCTGG-3’ and 5’-CCAGGTGCAGTACTGCATGCATACA 

AGAAGTCGGCC-3’, respectively. The E124A mutant primers 5 and 6 were, 5’-

CTGAGCCATGGT-GAAGCCGGCATAATTTTTGGAAC-3’ and 5’-GTTCCAAAAA 

TTATGCCGGCTTCACCAT-GGCTCAG -3’, respectively. Primers 1, 2, 3 and 4 

introduced a unique SphI site. Primers 5 and 6 introduced a unique NaeI site (underlined). 

The Y197C,V266H and E124A,V266H mutations were made in the background 

of V266H using plasmid pHC33203 as a template. For Y197C,V266H mutant, primers 7 

and 8 were used, 5’-GGCCGACTTCTTGTATGCATGCAGTATGCACCTGG-3’ and 

5’- CCAGGTGCAGTA-CTGCATGCATACAAGAAGTCGGCC -3’, respectively. The 

E124A,V266H mutant primers 9 and 10 were, 5’-CTGAGCCATGGTGAAGCCGGCAT 

AATTTTTGGAAC-3’ and 5’-GTTCCA-AAAATTATGCCGGCTTCACCATGG 

CTCAG -3’, respectively. Primers 7 and 8 introduced a unique SphI site. Primers 9 and 
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10 introduced a unique NaeI site (underlined). 

The E124A,Y197C mutation was made in the background of Y197C using 

plasmid pHC33226 as a template. For the E124A,Y197C mutant, primers 11 and 12 were 

used, 5’-CTG-AGCCATGGTGAAGCCGGCATAATTTTTGGAAC-3’ and – 

GTTCCAAAAATTATGC-CGGCTTCACCATGGCTCAG -3’, respectively. Pimers 11 

and 12 introduce a unique NaeI site. 

The E124A,Y197C,V266H mutation was made in the background of 

Y197C,V266H using plasmid pHC33227 as a template. The E124A,Y197C,V266H 

mutant primers 13 and 14 were, 5’-CT GAGCCATGGTGAAGCCGGCATAATTTT 

TGGAAC-3’ and – 5’-GTTCCAA-AAATTATGCCGGCTTCACCATGGCTCAG -3’. 

Pimers 13 and 14 introduce a unique NaeI site. 

. Escherichia coli BL21(DE3) pLys S cells were transformed with each of the 

plasmids described above. All mutants were purified following the protocol previously 

established (ref).  

 

Crystallization and Data Collection 

Proteins were dialyzed in a buffer of 10mM Tris-HCl (pH 8.5) and 1 mM DTT. 

The protein was concentrated to 10 mg/mL using Amicon ultrafree centrifugal filter 

devices, and inhibitor, Ac-DEVD-CMK reconstituted in DMSO, was then added at a 5:1 

inhibitor:peptide ratio (w/w). The protein was diluted to a concentration of 8 mg/mL by 

adding 10 mM Tris-HCl (pH 8.5), concentrated DTT, and concentrated NaN3 so that the 

final buffer consisted of 10 mM Tris-HCl (pH 8.5), 10 mM DTT, and 3 mM NaN3. 
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Crystals were obtained by the hanging drop vapor diffusion method by using 4μL drops 

containing half protein solution and half reservoir over a 0.5 ml reservoir at 18 ºC. The 

reservoir solution that contained 100 mM sodium citrate (pH 5), 3 mM NaN3, 10 mM 

DTT, and 10% – 16%  PEG 6000 (w/v) grew optimal crystals for data collection. 

Crystals appeared between 3 ½ weeks and 6 weeks for all of the mutants. Ideal cryogenic 

conditions were 10% MPD and 90% reservoir solution. Data sets were then collected at 

100 K at the SER-CAT synchrotron beamline (Advance Photon Source, Argonne 

National Laboratory, Argonne, IL). The X-rays had a wavelength of 1 Å. One hundred 

and eighty degrees of data at 1º intervals were collected for each protein. Those mutants 

which crystallized with the symmetry of the orthorhombic space group I222 were phased 

with a previously published caspase-3 structure (PDB entry 2J30). Variants which 

crystallized with the symmetry of the monoclinic space group C2 were phased with 

another previously published structure (PDB entry 1NMS). 

 

Enzyme Activity Assay 

Enzyme activity was determined in a buffer containing 20 mM HEPES, 100 mM 

NaCl, 0.1% CHAPS, 10% sucrose, and 10 mM DTT at 25 °C, as described previously 

(Stennicke and Salvesen, 1999). Digestion of the variants with granzyme B (Calbiochem) 

was carried out in enzyme assay buffer at 37 °C for 2 h at a final caspase:granzyme B 

molar ratio of 90:1. Following digestion with granzyme B, the initial velocity was 

measured in the presence of varying concentrations of Ac-DEVD-AFC substrate, as 

described previously (Pop, 2003). 
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CHAPTER IV 

 

 

THERMODYNAMIC, ENZYMATIC & STRUCTURAL EFFECTS OF  
 

ABLATING A SALT BRIDGE AT THE BASE OF LOOP 4 IN (PRO)CASPASE-3. 
 
 

 
 
 
 
 
 
 
 
 
 
 
 

 

 

 

 

 

 

 

 

 

 



 131

ABSTRACT 

 

The active site loops of (pro)caspase-3 play a major role in enzyme function and 

stability. In context of mature caspase-3, interactions between loops L2, L2’ and L4, 

known as the loop bundle, are known to provide efficacy and stability to the enzyme 

(Feeney, 2006 and Pianna, 2003). L4 is of particular interest due to its location, which is 

situated between the active site and the dimer interface. We have disrupted the Glu246 – 

Lys242 salt bridge at the base of L4 to determine its role in maintaining the active site 

environment and overall conformational stability. The results show the involvement of 

Lys242 in hydrophobic interactions is needed to stabilize helix 5, which stabilize the 

dimer. This is confirmed by a decrease in conformational stability. Removal of Glu246 

does not appear to affect the stability of the dimer, though, we suggest a more direct role 

in maintaining the active site environment. In agreement with previously published data, 

we show the removal of Glu246 in procaspase-3 would eliminate its direct interaction 

with Trp214, in the substrate binding loop, resulting in disturbance of the binding pocket. 

These results support the findings that revealed a complete loss of procaspase-3 (E246A) 

activity (Feeney). An unanticipated result was the recovery of dimer stability in the 

K242A, E246A variant; however, a decrease in activity (or a complete loss in 

procaspase) demonstrates the active site is impaired. The structural studies suggest the 

recovery of stability is likely due to new contacts across the dimer interface. Overall, the 

results suggest Glu246 and Lys242 are important in procaspase-3 for their interaction 

with neighboring residues, not with one another. Conversely, formation of the Glu246 – 
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Lys242 salt bridge in caspase-3 is needed for an accurate, stable conformation of L4 and 

proper active site formation. 
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INTRODUCTION 

 

Execution of apoptosis relies on the explicit activation of executioner caspases, namely 

caspase-3.  Procaspase-3 resides in the cell as an inactive dimer and becomes fully active 

upon cleavage of the intersubunit linker and removal of the prodomain. Bose et al 

previously showed that over 70% of the free energy of procaspase-3 is contributed by 

dimerization (Bose, 2001). One question we have posed is; Why is (pro)caspase-3 such a 

stable dimer?  The structure of procaspase-3 reveals a cluster of hydrophobic interactions 

at the core of the protein. In addition, several ionic interactions are hypothesized to exist 

across the interface via the intersubunit linker (loops L2 and L2') (Walters et al). Upon 

maturation, several of the active site loops afford ionic interactions and van der Waals 

contacts across the interface including loops L2, L2' and L4, known as the loop bundle 

(Feeney, 2006). Thus, the active site loops of (pro)caspase-3 are not only vital for 

enzymatic activity, but dimer stability as well.  

Bose et al. showed a pH-dependent conformational change in L4 in procaspase-3 

suggesting putative interactions which aid in stabilizing this region of the zymogen 

(Bose, 2005). Lys242 is located in helix 5, at the base of L4 and is involved in an ionic 

interaction with Glu246 and hydrophobic interactions with several neighboring amino 

acids. Because of this and because Glu246 is not conserved in other executioner caspases, 

we examined the importance of the ionic interaction between Lys242 and Glu246 and its 

contribution to the stability of procaspase-3.  Due to the location of L4, situated between 

the substrate binding pocket and the interface, the interactions which are contributed by 
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the amino acids in L4 are implemented in both S4 subsite specificity and dimer stability 

since contacts are made with the S4 subsite and across the interface. Thus, enzyme 

efficacy relies on an accurate, stable conformation of L4. Furthermore, several 

interactions are made across the dimer interface by residues contributed by helix 5 which 

extends out of the base of L4. Of note, His234 and Glu231 form ionic contacts across the 

interface. Bose et al. examined the conformational stability versus pH and showed that 

dimer stability is contributed by acidic side chains and possibly histidine side chains 

(Bose, 2005). Therefore, the interactions that are contributed by helix 5 across the 

interface are excellent candidates to explain the pH-dependent assembly of procaspase-3. 

Steady-state parameters Km and kcat were previously determined for two single 

mutants, E246A and K242A and the results showed a complete loss of procaspase-3 

activity and a large increase in Km was observed in the mature enzymes (Feeney, 2004). 

These results demonstrate the necessity of this ionic interaction for proper active site 

formation in both procaspase-3 and caspase-3. These studies highlight the importance of 

this interaction in context of activity and active site formation, however, it is unknown if 

this interaction is important for maintaining proenzyme stability. Therefore, we examined 

the effects on the conformational stability of ablating this ionic interaction in procaspase-

3. In addition, we have solved crystal structures of two single mutants, Lys242Ala and 

Glu246Ala, and a double mutant Lys242Ala, Glu246Ala to gain a better understanding of 

the structural effects of removing this ionic interaction.  The equilibrium unfolding 

pathway follows the same 4-state unfolding process observed in procaspase-3 where the 

dimer isomerizes to a dimeric intermediate, the intermediate dissociates into two 



 135

monomers, which then completely unfolds.  Overall, the results show that the structural 

stability of the proenzyme does not appear to have been compromised in two of the 

variants, E246A and K242A, E246A. However, there was a decrease in conformational 

stability observed in the single mutant, K242A. The active site is indeed impaired in all 

three caspase and procaspase variants, evidenced by an increased Km (Feeney, 2004 and 

Figure 11). 
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RESULTS 

 

Structural and functional probes of equilibrium folding 

 The sequence of (pro)caspase-3 contains 2 tryptophan  residues (206 and 214) and 

10 tyrosine residues (37, 41, 83, 195, 197, 203, 204, 226, 274 and 276) per monomer. 

Both tryptophans are located in active site L3, which forms the substrate binding pocket, 

permitting us to selectively monitor changes in the active site environment. The crystal 

structure shows the tyrosines are well distributed.  Fluorescence emission spectra of the 

three procaspase-3 mutants, C163S,K242A, C163S,E246A, C163S,K242A,E246A, in 8 

M urea at an excitation wavelength of 280 nm and 295 nm had a λmax of 348 nm, similar 

to that of free tryptophan, indicating the protein is unfolded. Excitation at 280 nm in 

native conditions (0 M urea) revealed a blue-shifted λmax of 335 nm, 334 nm and 335 nm 

for C163S,K242A, C163S,E246A, C163S,K242A,E246A respectively and a decrease in 

fluorescence intensity, suggesting the tryptophans are less solvent accessible. Excitation 

at 295 nm under the same native conditions had a λmax of 340 nm for each of the 

variants. The difference in fluorescence intensity between the native and unfolded states 

was maximal at 335 nm. We therefore used the intensity of fluorescence emission at this 

wavelength to monitor the unfolding of each procaspase-3 variant by urea under 

equilibrium conditions. Previously published data on the equilibrium folding of 

procaspase-3 showed the existence of an equilibrium folding intermediate under 

intermediate concentrations of urea (3-4 M urea) (Bose, 2001). This same observation  
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was also observed for each of the three variants. Circular dichroism measurements in 

both the near-UV and far-UV regions revealed a high degree of negative ellipticity, 

indicating well-defined tertiary packing and large β-sheet content. A near complete loss 

in ellipticity was observed in both spectra in 8 M urea-containing phosphate buffer due to 

the loss of secondary and tertiary structure (data not shown). 

 

Equilibrium unfolding of procaspase-3 variants 

 Unfolding curves for C163S, K242A, C163S, E246A and C163S, K242A, E246A 

are shown in Figure 1-3. In all cases, the reversibility of urea-induced unfolding is shown 

as solid circles, indicating the folding transitions are completely reversible. Between 0 M 

and ~1 M urea, the C163S, K242A variant shows little to no change in signal. The first 

cooperative transition occurs between ~1 M and ~ 3 M urea, followed by a plateau in the 

data between ~3 M and ~5 M urea. A second cooperative transition is observed between 

~5 M and ~7 M urea at which point the protein unfolds (Figure 1, panel A, 1 μM (◊)) 

 The C163S, E246A variant reveals a very similar unfolding curve with the 

exception of a slightly longer range of lower denaturant concentrations where little to no 

change in signal is observed (~0 M to ~1.5 M urea). The first cooperative transition is  

between ~1.5 M and ~3 M urea, followed by a plateau between ~3 M and  ~5 M urea. 

The last cooperative transition occurs between ~5 M and ~7 M urea (Figure 2, panel A,   

1 μM (◊)). 

 The double mutant, C163S, K242A, E246A, again, shows the same trend,  
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however at higher values of denaturant. There is little to no change in signal between 0 M 

and ~2 M urea.  The first transition occurs between ~2 and ~3.5 M urea. The plateau 

region occurs between ~3.5 M and ~5.5 M urea followed by the last cooperative 

transition between ~5.5 M and ~7 M urea (Figure 3, panel A, 1 μM (◊)). The biphasic 

curves of each variant are very similar to that of procaspase-3 and indicate, at a 

minimum, a 3-state unfolding process where a folding intermediate is well populated.  

  

Denaturation is four-state 

 Procaspase-3 is a homodimer and therefore the apparent stability of the dimer is 

dependent on the concentration of monomer. Thus, we examined the protein 

concentration dependent behavior of the unfolding transitions at 0.25 μM, 0.50 μM, 1.0 

μM and 2.0 μM protein (Figures 1-3). An interesting feature of the unfolding curves is 

the dependence of the amplitude of the plateau on protein concentration. One can clearly 

see an increase in the relative signal in the plateau region with an increase in protein 

concentration. Careful interpretation of these data suggest a four-state equilibrium model 

described by equation 1. Notice while the relative amplitude of the plateau increases with 

increasing protein concentration, the midpoint of the first transition does not change with 

increasing protein concentration, conversely, the midpoint of the second transition does 

increase with increasing protein concentration. Thus, the native dimer, N2, isomerizes to a 

dimeric intermediate, I2, followed by dissociation of the dimer to two monomers, 2I, 

which then completely unfolds, U.  
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Figure 1. Concentration dependence of equilibrium unfolding of procaspase-

3(C163S, E246A). Unfolding was monitored by fluorescence emission at 335nm 

following excitation at either 280 nm (panel A) or 295 nm (panel B) at protein 

concentrations of 0.25 μM (○), 0.5 μM (□), 1 μM (◊), and 2 μM (Δ). Reversibility 

of the folding transitions is shown in closed squares (■). The secondary structural 

changes were monitored by CD at 228 nm (panel C) at protein concentrations of 

0.5 μM (□), 1 μM (◊), and 2 μM (Δ). The data were fit simultaneously (solid lines) 

as described under Materials and Methods using Igor Pro. 
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Figure 2. Concentration dependence of equilibrium unfolding of procaspase-3(C163S, 

K242A). Unfolding was monitored by fluorescence emission at 335nm following 

excitation at either 280 nm (panel A) or 295 nm (panel B) at protein concentrations of 

0.25 μM (○), 0.5 μM (□), 1 μM (◊), and 2 μM (Δ). Reversibility of the folding 

transitions is shown in closed squares (■). The secondary structural changes were 

monitored by CD at 228 nm (panel C) at protein concentrations of 0.5 μM (□), 1 μM 

(◊), and 2 μM (Δ). The data were fit simultaneously (solid lines) as described under 

Materials and Methods using Igor Pro. 
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Figure 3: Concentration dependence of equilibrium unfolding of procaspase-3(C163S, 

K242A,E246A). Unfolding was monitored by fluorescence emission at 335nm 

following excitation at either 280 nm (panel A) or 295 nm (panel B) at protein 

concentrations of 0.25 μM (○), 0.5 μM (□), 1 μM (◊), and 2 μM (Δ). Reversibility of 

the folding transitions is shown in closed squares (■). The secondary structural 

changes were monitored by CD at 228 nm (panel C) at protein concentrations of 0.5 

μM (□), 1 μM (◊), and 2 μM (Δ). The data were fit simultaneously (solid lines) as 

described under Materials and Methods using Igor Pro. 
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Disruption of the secondary structure was monitored by circular dichorism at 228 

nm and revealed the same biphasic unfolding curve with protein concentration 

dependence as shown in Figures 1-3, panel C. These findings validate those obtained in 

the fluorescence studies.   

 These data were fit to the four-state model described above in equation 1 to 

determine the free energy values, OHG 2Δ , and the cooperativity indicies associated with 

each step. The solid lines in Figures1-3 represent fits to the data from which the 

thermodynamic parameters were obtained. Overall, the fits demonstrate that the data are 

well described by the four-state equilibrium model proposed in equation 1.  

 The thermodynamic parameters are summarized in Table 1 for each mutant, as 

well as those previously determined for procaspase-3. The results show that while the 

single E246A mutant does not appear to compromise the stability of the dimer, the 

K242A mutant does. Interestingly, the double mutant, K242A, E246A, possesses free 

energy values comparable to that of procaspase-3. The relatively high m values for each 

protein suggests that the three steps along the unfolding pathway are strongly 

cooperative.   

 The free energy change, OHG 2
1Δ , and cooperativity index, m1, associated with the 

first step in the unfolding pathway, that is, the native dimer to a dimeric intermediate, 

were 7.4±3.7 kcal/mol and 3.1±1.4 kcal/mol/M, respectively for the E246A variant, 

4.2±1.4 kcal/mol and 1.2±0.2 kcal/mol/M, respectively, for the K242A mutant and 

7.6±1.8 kcal/mol and 2.7±0.6 kcal/mol/M, respectively, for the double mutant. The  
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 Table 1 Thermodynamic Parameters for the L4 Variants
Wild- E246A

ΔG

ΔG

ΔG

m

m

m

8.3±1.3 7.4±3.7

2.8±0.5 3.1±1.4

10.5±1.0 10.9±2.1

0.5±0.1 1.1±0.4

7.0±0.5 7.7±1.8

1.2±0.1 1.4±0.3
ΔGtota

mtota

25.8

4.5

26.0

5.6

K242A

4.2±1.4

1.2±0.2

7.4±1.5

0.2±0.06

6.7±1.4

1.1±0.2

18.3

2.5

K242A,E246

7.6±1.8

2.7±0.6

11.4±1.4

0.5±0.17

8.4±2.1

1.4±0.3

27.1

4.6
ΔG values listed are in kcal/mol 
m-values are in kcal/mol/M 
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second step in the unfolding pathway involves dissociation of a partially-folded dimeric 

intermediate into monomers. The free energy change, OHG 2
2Δ , and cooperativity index, 

m2, associated with this step was 10.9±2.1 kcal/mol and 1.1±0.4 kcal/mol/M, respectively 

for the E246A variant, 7.4±1.5 kcal/mol and 0.2±0.06 kcal/mol/M, respectively, for the 

K242A mutant and 11.4±1.4 kcal/mol and 0.5±0.17 kcal/mol/M, respectively, for the 

double mutant. The last step describes the transition from the two monomers to the 

unfolded state. The free energy change, OHG 2
3Δ  and cooperativity index, m3, associated 

with this step were 7.7±1.8 kcal/mol and 1.4±0.3 kcal/mol/M, respectively for the E246A 

variant, 6.7±1.4 kcal/mol and 1.1±0.2 kcal/mol/M, respectively, for the K242A mutant 

and 8.4±2.1 kcal/mol and 1.4±0.3 kcal/mol/M, respectively, for the double mutant.  The 

total conformational free energy for the E246A, K242A and K242A,E246A variants 

were, 26.0 kcal/mol, 18.3 kcal/mol and 27.1 kcal/mol, respectively. Overall, these data 

demonstrate that the variants are stable.   

 The loss in stability of the K242A mutant seems to have arisen from 

destabilization of the native dimer. The values in Table 1 show that the free energy value 

for the first step, OHG 2
1Δ , in the K242A mutant is approximately half that of procaspase-

3, 4.2 kcal/mol and 8.3 kcal/mol, respectively. The structures discussed below lend 

insight into why the double mutant appears to have regained stability when compared to 

the single K242A mutant which shows a loss in stability.  
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Figure 4. (A) Crystal structure of caspase-3 showing the solvent exposed active 

site loops L1 and L4. Also highlighted are several regions of the protein that are 

discussed in the text, the Glu246 – Lys242 salt bridge and helices 4 and 5. The inhibitor 

is shown in white. 
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Figure 5. (B) Schematic representing the crystal packing of caspase-3 in the 

orthorhombic space group I222. The asymmetric unit and two symmetric units are shown 

to highlight the extent of crystal contacts that are made involving loops L1 and L4.  
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Crystal structures of the loop 4 mutants 

 It is difficult to interpret well the effects of these mutations from crystal 

structures because L4 is heavily involved in crystal packing. Both loops L1 and L4 are 

solvent exposed to a large extent (Figure 4A). In the crystalline form, L1 from a 

symmetry molecule inserts in the active site of the asymmetric unit, fitting together like a 

puzzle piece (Figure 5B). Thus, while the biochemical assays suggest great disturbances 

in and around the active site, some of the effects aren’t as evident in the crystal structure. 

We note here the distinctions in the variant structures which correlate to the findings of 

the biochemical assays (Feeney, 2004). 

Cleavage at D175 in the intersubunit linker releases the C-terminus of the large 

subunit, now L2, which flips 180 degrees to interact with L2', from the other 

monomer, and L4, forming the loop bundle and stabilizing the active site.  The wild-type 

structure used to phase the mutants contains electron density of L2' out to Asp180. 

However, all three mutants show density halting further back on L2' at His185. This is 

important to note because there are several contacts that are made between L2' and L4. 

Lys186’ is engaged in an ionic interaction with the backbone carbonyl of Ala258 (2.9 Ǻ) 

and His185 interacts with the backbone carbonyl of Thr245 (3.4 Ǻ). These interactions 

are important in stabilizing both L2' and the base of L4. Therefore, the absence of 

electron density of His185 suggest destabilization in L4, thereby diminishing it’s 

interaction with His185. In addition to the interactions involving His185 and Lys186 in 

the wild-type structure, the L2’ chain is extended and wraps behind L4 making further 

contacts. In the wild-type structure, for example, Asp180 H-bonds with Asp211 (3.1 Ǻ)  
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Figure 6. This figure highlights several of the interactions observed in the wild-type 

structure which are not seen in all three variant structures. The loops which form the loop 

bundle, loops L2 (red), L2' (cyan) and L4 (brown), are indicated.  In the wild-type 

structure, several contacts are made by L2' with L4, L3 (blue) and with  the S4 subsite via 

two waters (red spheres). The interactions are indicated with dashed lines. Electron 

density for all three variants stops at residue185, shown in black. 
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in the substrate binding loop, stabilizing the substrate binding pocket. Furthermore, 

Asp180 interacts with the substrate at the P4 site via a water molecule. Asp181 also 

makes contacts with the P4 site through water molecule (Figure 6). Of the interactions 

described above, only the interaction between Lys186 and the backbone carbonyl of 

Ala258 is observed in each of the three variants. These structural findings suggest that a 

destabilization in L4 prohibits the formation of contacts with L2'. Eliminating the 

interaction between L2' and L4 in this region would presumably destabilize the loop 

bundle; providing one explanation for the observed decrease in activity.  

 The crystal structure of the wild-type protein suggests removing Lys242 would 

have negative effects due to not only the lost interaction with Glu246, but also its location 

and interactions with neighboring residues.  Lys242 is involved in a hydrophobic cluster 

with amino acids from helix 5 and residues on the neighboring helix, helix 4, 

namely, Met222, Ala221, Val239 and Phe247. These interactions appear to stabilize both 

helix 4 and 5 (Figure 7). Therefore, the immediate consequences of replacing Lys242 not 

only results in the lost ionic interaction, but potentially destabilization of helix 4 as well.  

The importance of these contacts is evidenced in a decreased kcat, 5-fold less than wild-

type, and an increased Km, ~10-fold higher than wild-type (Feeney, 2004). The structure 

shows helix 4 extending out of L3, therefore, an unstable helix could alter the position of 

the substrate binding loop. The protein was crystallized in the presence of inhibitor at five 

times the concentration of protein, forcing formation of the substrate binding pocket. 

Therefore, we would expect this displacement of L3 to be greater solution in the absence 

of a substrate. This hypothesis correlates with the observed  
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Figure 7. (A) The hydrophobic cluster involving residues contributed by both helices 4 

and 5 are predicted to stabilize this region of the protein, encompassing both helices, L4 

and the substrate binding loop. Val339 is situated behind Lys242 and is not seen clearly 

in the figure. Glu246 is not shown for clarity. 
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Figure 8. (B) Partial disruption of the hydrophobic cluster is achieved by substituting 

Glu246 with alanine. In addition to disrupting the hydrophobic network, the ionic 

interaction between Lys242 and Ser218 is lost. Therefore, Glu246 is needed for 

maintaining the proper conformation of Lys242. Dashed lines indicate an interaction. 

Deep teal residues are from the wild-type structure and gray residues are from the E246A 

variant. 
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increase in Km of the K242A variant. In addition, the conformational free energy of 

procaspase-3, K242A, showed decreased stability. These findings may very well point to 

the disruption of helices 4 and 5 in procaspase-3.   

An alternate rotomer is observed for Lys242 in the E246A structure due to the 

absence of the glutamate amino acid. The shift is a rotation about the β-γ carbon bond 

and results in the displacement of the side chain such that it is no longer fully engaged in 

the hydrophobic interactions observed in the wild-type structure. This rotation results in 

the disturbance of the hydrophobic cluster as half of the Lys242 side chain is now 2.3 Ǻ 

further away from helix 4. In addition, the ionic interaction between Lys242 and Ser218 

(4.5 Ǻ in the wild-type structure) on helix 4 is absent in the E246A structure (Figure 8). 

These findings suggest that L4 and both helices 4 and 5 would be destabilized in solution, 

accounting for the 20-fold increase in Km of the E246A variant. 

As noted above, the discovery that the double mutant, K242A, E246A, retained 

conformational stability comparable to procaspase-3 came as a surprise because the 

single K242A mutant showed a decrease in stability. While stability is recovered in the 

double mutant, the active site remains impaired, confirmed by a 100-fold increase in kcat 

and ~15-fold increase in Km (Figure 11, Table 2). It is difficult to draw a direct 

correlation between the structural studies using caspase, and thermodynamic studies, 

using procaspase, however, there does seem to be a relationship between the two in the 

case of the double mutant. In the wild-type structure Arg 241 contacts two backbone 

atoms across the dimer interface (Figure 9). NH1 interacts with the backbone carbonyl of 

Asp34' and Thr270'.  NH2 and the ε-nitrogen interact with the backbone carbonyl of  
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Figure 9. (C) The interaction involving Arg241 on helix 5 and the backbone atoms of 

Thr270' and Asp34' occurs across the dimer interface. These interactions are predicted to 

stabilize the dimer. Dashed lines indicate interactions. 
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Figure 10. (D) Several new contacts are made across the dimer interface of the K242A, 

E246A double mutant. The wild-type residues are shown in transparency to highlight the 

alternate rotomer of Arg241 and Asp34' in the K242A, E246A variant (shown in gray). 

The new rotomer of Arg241 pulls Asp34' towards itself and engages in a new, stronger 

interaction across the dimer interface. In addition, Arg241 also H-bonds with Lys271' and 

an interaction exits the ε-nitrogen of Arg241 and the backbone carbonyl of Thr270'. 

These interactions are predicted to stabilize the dimer. Dashed lines indicate interactions. 
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Figure 11. A plot of the initial velocity (υo) vs. substrate concentration for wild-type 

caspase-3 (●), and K242A,E246A (■). The solid lines represent fits of the data to the 

Michaelis-Menten equation. Catalytic parameters for the other mutants discussed in the 

text may be found in Feeney, 2003.  
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Asp34' as well. The double mutant seems to have destabilized L4 and helix 5 such that 

Arg241 is has rotated up into a different rotomer. The new Arg241 rotomer pulls Asp34 

towards the interface which now directly interacts with Arg241. This direct interaction 

results in a total of five contacts across the interface, consisting of both H-bonds and 

ionic interactions (Figure 10). The NH1 group now interacts with the δ2-oxygen and 

backbone carbonyl of Asp34' and the δ1-oxygen of Asn34'. The NH2 group interacts with 

the δ2-oxygen and backbone carbonyl of Asp34' and the ζ-nitrogen of Lys271'. The 

interaction between the ε-nitrogen and the backbone carbonyl of Thr270' is observed as 

well. It appears the double mutant has a more negative effect on the active site, evidenced 

by the increased Km and decreased kcat, while preservation of stability could be attributed 

to new interactions across the dimer interface. Rothlisberger and co-workers (Piana, 

2003) showed that 90% of caspase dimer stability is contributed by three key regions, the 

interactions involving the amino acids residing on the anti-parallel β-sheet at core of the 

protein, interactions in the loop bundle, and interactions involving residues on helix 5. 

Furthermore, Bose et al (Bose, 2001) show ~70% of the conformational free energy of 

procaspase-3 is contributed by dimer formation. Because Arg241 is located in the dimer 

interface in one of these “hot spots”, we suggest the additional contacts observed in the 

double mutant structure could help explain why this mutant rescues stability compared to 

the single K242A variant. 

We have recently generated a homology model of procaspase-3 using procaspase-

7 as a template (Walters et al). This structure shows the ionic interaction of Glu246 and 

Lys242 to not be present in the inactive proenzyme. We expected to see this interaction  
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Figure 12. The direct interaction between Glu246 and Trp214 is predicted to stabilize the 

substrate binding loop in the proenzyme. The interactions involving K242 in the 

proenzyme are much like those observed in the mature caspase, an ionic interaction with 

Ser218 on helix 4 and hydrophobic interactions involving the same residues discussed in 

Figure 7. For clarity, the hydrophobic interactions are not depicted here. Dashed lines 

indicate interactions. 
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as the steady state parameters were not measurable in those procaspase mutants harboring 

an alanine substitution at either position 242 or 246 (Feeney, 2004). However, the model 

shows Glu246 pointing toward the active site in both monomers and engaged in an ionic 

interaction with the ε-nitrogen in the indole ring of Trp214. In addition, contacts are 

made with the backbone atoms of Trp214 and the backbone amide of Phe215 in helix 4 

(Figure 12). These findings are consistent with quenching studies previously published 

which showed the involvement of Glu246 in maintaining the electrostatic environment of 

the tryptophanyl residues (Feeney, 2004). In one of the monomers, Lys242 is also 

pointing towards helix 4 making ionic contacts and H-bonds with both side chains and 

backbone atoms (Figure 12). Removing these putative interactions, which appear to 

destabilize the substrate binding loop in the proenzyme, could explain the loss in activity 

of the procaspase mutants. If a 60º rotation in L4 occurs upon activation of procaspase-3, 

as noted in procaspase-7, the observed conformation of Glu246 and Lys242 in the 

proenzyme seems plausible. We suggest the rotation of L4 affords movement in the 

backbone at the top of helix 5 and reposition the amino acids at the top of the helix. In 

essence, the rotation of L4 allows Glu246 to rotate away from the active site and form an 

ionic interaction with Lys242 (Supplemental Movie). Thus, the activation mechanism 

proposed accounts for the interactions observed in both procaspase-3 and caspase-3 

involving Glu246 and Lys242.  
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DISCUSSION 

 

 The structural, biochemical and biophysical assays described here demonstrate the 

role the interaction between Glu246 and Lys242 plays in (pro)caspase-3 stability and 

efficacy. In context of both procaspase-3 and caspase-3, the residues are important in 

maintaining the active site environment. This is affirmed in increased and decreased 

values of Km and kcat, respectively, in each mutant (Figure 11, Table 2, Feeney, 2004). 

The structural studies indicate, though, the mechanisms of inactivation to be slightly 

different depending on the mutation and the context of the mutation (procaspase or 

caspase). 

 We observe strong correlations in the procaspase-3 model with the biochemical 

and biophysical data. The interaction observed between Glu246 and Trp214 in 

procaspase-3 implies Glu246 is directly involved in providing stability to the substrate 

binding pocket. In agreement, we observe no activity in this mutant and quenching 

studies provide further evidence for this interaction (Feeney, 2004). Furthermore, no 

change in conformational stability is detected (Table 1) implying the role of Glu246 is in 

maintaining the proenzyme active site environment, not the overall stability of the dimer. 

Thus, it appears removing the Glu246, Trp214 interaction by replacing glutamate with 

alanine, abolishes activity in the proenzyme by disrupting the substrate binding pocket. 

Based on these data, procaspase-3 (E246A) appears to be the only variant discussed here 

which directly affects the substrate binding loop.   

 Conversely, procaspase-3 (K242A) reveals a decrease in conformational stability, 
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approximately 7 kcal/mol more unfavorable. This is reflected in the structure as removing 

this residue has implications of disrupting both helices 4 and 5 by destroying the 

hydrophobic network between these two helices. In addition, a disturbance in helix 5 is 

consistent with the decrease in the ΔG values (Table 1) as a number of critical contacts 

across the interface are made in this region, affording dimer stability. Accordingly, we 

suggest, from the thermodynamic values and the structure, a disturbance of interactions 

involving, at a minimum, helix 5 has occurred, interrupting interactions across the 

interface.  

 The conformational stability of the double mutant, which is comparable to 

procaspase-3 (Table 1), was unexpected. As noted above, the K242A mutant showed a 

decrease in stability. The structure of caspase-3 (K242A,E246A) revealed a new 

interaction across the dimer interface. While we cannot draw a direct relationship 

between the thermodynamic data, carried out with procaspase-3 (K242A,E246A) and the 

crystal structure, of caspse-3 (K242A,E246A), these data support one another. The 

crystal structure shows new contacts across the interface (Figure 10) and the equilibrium 

unfolding reveals a recovery of conformational stability. Based on these data, we propose 

the existence of new contacts across the dimer interface in procaspase-3 (K242A,E246A). 

 Based on the procaspase-3 structure, we propose disturbances in the substrate 

binding loop to be responsible for the complete loss in activity in procaspase-3. While the 

E246A, K242A mutations most likely affect L4 in procaspase, it is doubtful this would be 

the source of inactivity since L4 is rotated away from the substrate binding pocket, 

rendering it unavailable for the contacts observed in the caspase-3 structure. Shi and co-
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workers propose caspase activation to follow the process of induced-fit, that is, binding 

of substrate, not cleavage in the intersubunit linker, causes the conformational changes in 

the active site loops (Chai). Following this model, structural perturbations in the substrate 

binding loop would have greater affects on proenzyme activity. The likely sources in the 

disturbance of the substrate binding loop are most likely the loss of a direct interaction 

(E246A) with the substrate binding loop, or destabilization of helix 4, (K242A). Both 

scenarios would account for the complete loss in activity observed in all three procaspase 

variants discussed here.  

  We have implicated L3 in both caspase and procaspase inactivation of these 

mutants, yet the steady state parameters show the procaspase variants are affected to a 

greater extent. A number of additional contacts are made upon activation and structural 

rearrangement of the active site loops including; the loop bundle, interactions between L4 

and the S4 subsite, and hydrophobic contacts between L4 and L3. We consider the 

achievement of these critical contacts to be the reason why Glu246 and Lys242 show 

activity in the mature form.  

 All together, we suggest Glu246 to be critical in maintaining the active site 

environment in both procaspase-3 and caspase-3. In procaspase-3 for it's direct 

interaction with Trp214. In caspase-3 for it's interaction with Lys242, which not only 

stabilizes the conformation of L4, but, as shown in the E246A structure, retains Lys242 

in a stable conformation, permitting it's involvement in the hydrophobic cluster between 

helices 4 and 5. We consider the interactions in which Lys242 are engaged to be 

necessary for both active site stability and dimer stability. This hypothesis is established 
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in the structural studies, which revealed the involvement of Lys242 in the hydrophobic 

cluster, in the thermodynamic studies, where K242A showed a decrease in 

conformational stability, and the catalytic studies, where the K242A substitution 

abolishes activity in procaspase and decreases kcat and increases Km in caspase
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EXPERIMENTAL PROCEDURES 

 

Crystallization and Data Collection 

Proteins were dialyzed in a buffer of 10mM Tris-HCl (pH 8.5) and 1 mM DTT. 

The protein was concentrated to 10 mg/mL using Amicon ultrafree centrifugal filter 

devices, and inhibitor, Ac-DEVD-CMK reconstituted in DMSO, was then added at a 

5:1 inhibitor:peptide ratio (w/w). The protein was diluted to a concentration of 8 mg/mL 

by adding 10 mM Tris-HCl (pH 8.5), concentrated DTT, and concentrated NaN3 so that 

the final buffer consisted of 10 mM Tris-HCl (pH 8.5), 10 mM DTT, and 3 mM NaN3. 

Crystals were obtained by the hanging drop vapor diffusion method by using 4μ drops 

containing half protein solution and half reservoir over a 0.5 ml reservoir at 18 ºC. The 

reservoir solution that contained 100 mM sodium citrate (pH 5), 3 mM NaN3, 10 mM 

DTT, and 10% – 16%  PEG 6000 (w/v) grew optimal crystals for data collection. 

Crystals appeared within 2 weeks of setup. Ideal cryogenic conditions were 10% MPD 

and 90% reservoir solution. Data sets were then collected at 100 K at the SER-CAT 

synchrotron beamline (Advance Photon Source, Argonne National Laboratory, 

Argonne, IL). The X-rays had a wavelength of 1 Å. One hundred and eighty degrees of 

data at 1º intervals were collected for each protein. All three mutants crystallized with 

the symmetry of the orthorhombic space group I222 and were phased with a previously 

published caspase-3 structure (PDB entry 2J30).  
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Enzyme Activity Assay 

Enzyme activity was determined in a buffer containing 20 mM HEPES, 100 mM 

NaCl, 0.1% CHAPS, 10% sucrose, and 10 mM DTT at 25 °C, as described previously 

(Stennicke and Salvesen, 1999). The proteins were diluted into enzyme assay buffer and 

incubated at 25 °C.  The total reaction volume was 200 μl and the final enzyme 

concentration was 10 nM. Following the addition of the substrate, the samples were 

excited at 400 nm, and the fluorescence emission was monitored at 505 nm for 60 

seconds. All fluorescence measurements were acquired using a PTI C-61 

spectrofluorometer. The instrument was equipped with a thermostated cell holder, and 

the temperature was held constant at 25 ºC using a circulating water bath. The steady-

state parameters, Km and kcat were determined from plots of initial velocity versus 

substrate concentration. The data shown is an average of four experiments 

Equilibrium unfolding 

Equilibrium unfolding experiments were performed as described previously (Walters et 

al., 2009 and Bose, 2001). Briefly, protein stock solutions were prepared in phosphate 

buffer at no less than ten times the final concentration used in the experiment. The 

unfolding samples were set up by adding the stock protein to varying concentrations of 

urea-containing buffer from 0 M to 8 M urea in half molar increments. The refolding 

samples were prepared in similar manner with the exception of the starting material 

being unfolded protein. The protein was confirmed to be completely unfolded by taking 

successive scans of the protein in 8 M urea containing buffer until no signal was 
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changed. Equilibration times were established by monitoring fluorescence emission  

 

over time until the signal from the unfolding and refolding reactions were identical. The 

folding samples were prepared and allowed to incubate at 25º for 24 hours prior to data 

collection. This incubation time was adequate in allowing the folding reactions to 

equilibrate. 1 mM dithiothreitol was added to each folding sample to prohibit the 

formation of disulfide bonds. Note: Due to its autocatalytic properties at high protein 

concentrations, we replaced the catalytic cysteine to a serine residue for the equilibrium 

folding studies of the procaspase-3 variants. 

 Fluorescence emission scans were measured using a PTI C-61 

spectrofluorometer (Photon Technology International, Birmingham, NJ).  Time-based 

emission scans were acquired at excitation wavelengths of 280 nm and 295 nm with 

fluorescence emission at 335 nm.  Circular dichroism was measured using a PiStar 

spectropolarimeter (Applied Photophysics, Surrey, U.K.) at 228 nm. The data were 

averaged for 20 seconds. Both instruments were equipped with water jackets to 

maintain a constant temperature during the experiment.  

 

Data Analysis 

All data were modeled using the four-state process, described previously by Bose, 

shown in equation 1 (Bose, 2001).  

 
                                                           K1       K2          K3 

                                                                               N2  ↔  I2  ↔  2I  ↔  U                                        (Eq. 1) 
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This model assumes the protein has four well populated species along the unfolding  

 

 

pathway, the native dimer (N2), a dimeric intermediate (I2), a monomer (2I) or unfolded.   

 

K1, K2 and K3 represent the equilibrium constants for the three transitions, respectively. 

The total molar concentration of the polypeptide chain, PT, is defined as shown in  

equation 2. 

                                           

                                                 PT = 2[N2] + 2[I2] + [I] + [U]                                  (Eq. 2) 

 

From equation 2, we can define the mole fraction of each species by taking the species 

for which we are interested in and dividing it by the total peptide concentration, PT. 

Thus, the mole fraction of each species in defined in equations 3-6. 

  
      

 (Eq. 3) 
 

                   

(Eq. 4) 

 

 

(Eq. 5) 

 



 

167

T
U P

Uf =

1
22

=+++ UIIN ffff

2

2
1

N

I

f
f

K =

2

2

2
2

I

TI

f
PfK =

I

U

f
f

K =3

 

(Eq. 6) 

 

Therefore, 

 

(Eq. 7) 

 

We can now relate the equilibrium constants from the folding reaction, K1 – K3, to the 

mole fraction of each species and the total peptide concentration, PT, by the following 

equations: 

  

   (Eq. 8) 

 

 

   (Eq. 9) 

 

  

                   (Eq. 10) 

 

Rearranging and combining equations 8-10 yields the following: 
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(Eq. 11) 

 

It is now feasible to solve for the mole fraction of each species at equilibrium in terms 

of total peptide concentration, PT, and all three equilibrium constants, K1 – K3.  

 

(Eq. 12) 

 

(Eq. 13) 

 

 

(Eq. 14) 

 

 

(Eq. 15) 

 

From equations 12-15 and the relationship: 

(Eq. 16) 

 

here, R is the gas constant and T is the temperature in degrees Kelvin, we can calculate 

the free energy change in the absence of denaturant if we assume that the free energy 

change for each step of the reaction is linearly dependent on the denaturant  
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][111
2 denaturantmGG OH −Δ=Δ

][222
2 denaturantmGG OH −Δ=Δ

][333
2 denaturantmGG OH −Δ=Δ

UUIIIINN fYfYfYfYY +++=
2222

concentration (Pace, 1986). (Equations 17-19) 

(Eq. 17) 

 

(Eq. 18) 

 

(Eq. 19) 

 

In this case,
OHG 2

1Δ , 
OHG 2

2Δ  and 
OHG 2

3Δ represent the free energy change in the 

absence of denaturant associated with the equilibrium constants, K1 – K3,  respectively, 

and m1, m2 and m3 represents the cooperativity indices associated with each step in the 

reaction. The amplitude of the spectroscopic signal determined at each urea 

concentration is assumed to be a linear combination of the fractional contribution from 

each species as shown in equation 20: 

 

                                                                                      (Eq. 20) 

 

where 2NY , 2IY , IY and UY  are the spectroscopic signal for each respective species.  

Using Igor Pro, all data sets were fit globally such that the parameters that are 

constant to all data sets, ΔG and m-values, were linked, while other parameters, such as 

'N
Y  and 'U

Y , were set locally since they vary between data sets.  
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CHAPTER V 

 

 

CRYSTSALLIZATION OF PROCASPASE-3 
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Procaspase-3 variants 

Due to its autocatalytic properties when over-expressed in E-coli, a number of 

variants have been prepared to allow for purification of full length procaspase-3 (shown 

schematically in Figure 1). D9A,D28A,D175A, or D3A, removes the processing sites of 

procaspase-3 by replacing each aspartate with an alanine. This is an active variant of 

procaspase-3 as it retains the catalytic cysteine.  The C163S variant is very effective in 

producing full length procaspase-3 as the catalytic cysteine has been replaced with a 

serine, however, this is an inactive variant of procaspase-3 and will not bind substrate or 

inhibitor well. As noted above, D3A is an active version of procaspase-3, however, 

activity levels are ~500 fold less than mature caspase-3. Therefore, we used another 

procaspase-3 variant, D3A,V266E, in an effort to obtain crystals (see Chapter 2). The 

D3A and D3A,V266E variants appear to autoprocess under high concentrations at non-

canonical sites (discussed further below), therefore a C163S,V266E variant was also 

used. The initial screening trials of these variants were unsuccessful in crystal growth. 

Therefore, crystal trials of three more mutants were carried out to reveal whether it is 

the prodomain or the uncleaved intersubunit linker which inhibits crystal growth. 

D9A,D28A retains the prodomain but allows for cleavage in the intersubunit linker. 

D28A,D175A is a truncated prodomain mutant. Lastly, D175A allows for complete 

excision of the prodomain, but does not allow for cleavage in the intersubunit linker 

(Figure 1). Crystals of D9A,D28A were obtained within a week of setup, thus it appears 

the inhibition of crystal growth (under these conditions) arises from the unprocessed 

intersubunit linker. 
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Figure1. Variants of procaspase-3 described in the text. 

 

C163S, V266E 

D9A, D28A 

D28A, D175A 

D175A 

D3A   

C163S   

D3A, V266E   
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Crystallization Conditions 

 Approximately 1100 different conditions were screened in order to obtain 

crystals of one (or more) of the variants described above. While each specific condition 

cannot be listed here, a generalized list of conditions is shown in Table 1. The 

crystallization conditions used to obtain caspase-3 crystals (Screen #1 – Figure 2) work 

very well. We therefore began the screening process using these conditions. Note, one 

tray can be used to screen two different conditions. In Figure 2, PEG 6000 

concentration and protein concentration are screened. Screen #1 was unsuccessful in the 

crystallization with those variants with an intact intersubunit linker, but was successful 

in crystallization of the variants harboring the prodomain.  

The proteins were dialyzed in a buffer of 10mM Tris-HCl (pH 8.5) and 1 mM 

DTT. The protein was concentrated to 10 mg/mL using Amicon ultrafree centrifugal 

filter devices, and inhibitor, Ac-DEVD-CMK reconstituted in DMSO, was then added 

at a 5:1 inhibitor:peptide ratio (w/w). The protein was diluted to a concentration of 8 

mg/mL by adding 10 mM Tris-HCl (pH 8.5), concentrated DTT, and concentrated 

NaN3 so that the final buffer consisted of 10 mM Tris-HCl (pH 8.5), 10 mM DTT, and 3 

mM NaN3. Crystals were obtained by the hanging drop vapor diffusion method by using 

4μ drops containing half protein solution and half reservoir over a 0.5 ml reservoir at 18 

ºC. The reservoir solution that contained 18 - 20% PEG 3350, 0.2 M potassium sodium 

tartrate tetrahydrate, 10 mM DTT, 100mM citrate buffer, pH 5.0 and 3mM sodium 

azide grew optimal crystals for data collection. Crystals appeared after two weeks. Ideal 

cryogenic conditions were 10% MPD and 90% reservoir solution. Data sets were then  
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collected at 100 K at the SER-CAT synchrotron beamline (Advance Photon Source, 

Argonne National Laboratory, Argonne, IL). The X-rays had a wavelength of 1 Å. Two 

hundred degrees of data at 1º intervals were collected.  

 

 

 

 

 

 

Figure 2. Example of plate setup for screening PEG 6000 concentration and protein 

concentration. Each well contains 50 μL of 1.0 M citrate buffer pH 5.0, 5 μL of 1 M 

DTT and 5 μL of 100 mM Sodium Citrate. The final volume in each well is 500 μL. 

The volume of PEG 6000 is based on a 50% w/v stock of PEG 6000. Deionized water is 

used to bring the well up to volume. 

 

20 μL PEG
420 μL H2O 

40 μL PEG
400 μL H2O 

60 μL PEG
380 μL H2O 

80 μL PEG
360 μL H2O 

100 μL PEG 
340 μL H2O 

120 μL PEG
320 μL H2O 

140 μL PEG
300 μL H2O 

160 μL PEG
280 μL H2O 

180 μL PEG
260 μL H2O 

200 μL PEG
240 μL H2O 

220 μL PEG 
220 μL H2O 

240 μL PEG
200 μL H2O 

20 μL PEG
420 μL H2O 

40 μL PEG
400 μL H2O 

60 μL PEG
380 μL H2O 

80 μL PEG
360 μL H2O 

100 μL PEG 
340 μL H2O 

120 μL PEG
320 μL H2O 

140 μL PEG
300 μL H2O 

160 μL PEG
280 μL H2O 

180 μL PEG
260 μL H2O 

200 μL PEG
240 μL H2O 

220 μL PEG 
220 μL H2O 

240 μL PEG
200 μL H2O 

Screen #2 
 

15 mg/mL protein 
PEG 6000 2% - 24% 

Screen #1 
 

10 mg/mL protein 
PEG 6000 2% - 24% 
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Table 1. Generalized List of Crystallization Conditions for Procaspase-3 

 

 D3A C163S D3A, 
V266E 

C163S
, 

V266E

D9A, 
D28A 

D28A, 
D175A D175A

Screen #1 
(described 

above)        

Protein 
Concentration 
(8, 10, 15 μM)     

 
------ 

   

Citrate Buffer pH 
(pH 5.0 - 6.0 in 

0.2 M 
increments) 

    

 
------ 

   

Screen #1 
(using PEG 

1500, 3350, 4000 
and 8000) 

    

 
------ 

   

Uninhibited     

 
------ 

 
------ ------ 

 
Co-crystallized 
with PAC-1 and 
PAC-1 crystal 

soaks 
 

    

 
------ 

 
------ ------ 

PEG-ION 
Screen 

(Hampton 
Research) 

    

 
------ 

 
------ ------ 

PEG-ION 
Screen 2 

(Hampton 
Research) 

    

 
------ 

 
------ ------ 

Wizard I 
(Emerald 

Biosystems)     

 
------ 

 
------ ------ 

Wizard II 
(Emerald 

Biosystems)     

 
------ 

 
------ ------ 

Wizard III 
(Emerald 

Biosystems)     

 
------ 

 
------ ------ 
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Crystal structure of D28A and D9A,D28A 

 The following discussion applies to both prodomain variants, D28A and 

D9A,D28A. Crystallization of procaspase-3 with an intact intersubunit linker was 

initially unsuccessful. However, crystals of D9A and D9A,D28A (Figure 1) grew within 

one week. This variant prohibits removal of the prodomain, while cleavage in the 

intersubunit linker occurs. The screen which yielded crystals was Screen # 1, shown in 

figure 2. Unfortunately, this structure did not give any information on what the active 

site conformation of procaspase-3 looks like because of intersubunit cleavage. It is the 

cleavage event that allows for rearrangement of the active site loops, therefore, the 

active site in this structure resembles mature caspase-3. 

 Both variants crystallize with the symmetry of the orthorhombic space group 

I222. Under these conditions, the asymmetric unit is composed the monomer and the N-

terminal region of the protein (the prodomain) packs against the side of one symmetry 

molecule. The next symmetry molecules are ~25 Ǻ away, resulting in an empty space 

resembling a box with an approximate volume of 10,300 Ǻ3 (Figure 3). As one would 

expect, this area permits sampling of a large conformational space for the prodomain. In 

addition, Far UV spectra demonstrate the prodomain is unstructured (data not shown). 

Together, that is, the packing of the protein (Figure 3) and an unstructured prodomain, 

these factors contribute to the absence of electron density of the prodomain in the   

crystal structure of both variants.  

 In the wild type structure, electron density begins at residue 29, as the 

prodomain is cleaved at Asp28. In the D28A and D9A,D28A crystal structures, density  
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Figure 3. The large unoccupied space between the asymmetric unit (ribbon) and the 

symmetry molecules contributes to the lack of electron density for the prodomain. 

is not observed until residue 35.  
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The variant structures show a stable interaction between the backbone atoms of Asn35 

and Glu272 at the C-terminal end of the protein. This interaction anchors the N-terminal 

chain to the body of the protein and thus, electron density is present. The absence of 

electron density for residues 29-34 in the variant crystal structures suggests that the 

presence of the prodomain introduces more flexibility into this region of the protein. 

This is reasonable as the large unoccupied space between the asymmetric unit and the 

symmetry molecules permits a lot of rotational freedom. Therefore, residues 29-34 do 

not occupy the same space throughout the crystal and electron density is absent for 

these residues.  

 

Crystallization of procaspase-3, D3A 

Table 1 highlights hundreds of conditions screened in the procaspase-3 

crystallization trials. All of the screening kits listed in Table 1 were initially set up 

according to the manufacturer’s recommendations. In addition, modified formulations 

of these kits were used in an effort to obtain crystals. A majority of the modified 

formulations were a hybrid of the condition of interest in the screening kit and the 

conditions listed in Screen #1. For example, the reservoir solution for the PEG/ION 

screen (Hampton Research) number 42 is 0.2 M potassium sodium tartrate tetrahydrate 

and 20% PEG 3350. These conditions did not result in crystal growth. However, using 

the same conditions with the addition of 100 mM citrate buffer, pH 5.0, 10 mM DTT 

and 3 mM sodium azide to the reservoir, resulted in crystal growth. Further screening of 

these conditions (varying PEG concentration as in Figure 2) showed that 16-18% PEG  
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3350 resulted in the quickest crystallization time. Crystal growth was also observed in 

reservoirs containing 20-24% PEG 3350, however, the crystallization time is elongated 

under these conditions. Therefore, the condition which yielded crystals was a modified 

formulation of the PEG/ION screen and those conditions are: 0.2 M potassium sodium 

tartrate tetrahydrate, 16-18% PEG 3350, 100 mM citrate buffer, pH 5.0, 10 mM DTT 

and 3 mM sodium azide. 

Interestingly, two different crystal forms were obtained form these screening 

trials. D3A crystallized with the symmetry of both the orthorhombic space group I222 

and the monoclinic space group C2. Figure 4A illustrates the relationship between the 

two space groups and shows how they share common unit cell edges, giving rise to the 

two crystal forms. Figure 5 shows various morphologies of the crystals. 

Electron density stops at Asp169 in both crystal forms. The initial thought was 

that the intersubunit linker was folded back on the protein (see Chapter 1, Figure 19) 

and the putative flexibility in the intersubunit linker would account for the absence of 

electron density. However, after numerous rounds of refinement and attempting to 

manually build in residues downstream of Asp169, electron density never appeared. 

Because density for the intersubunit linker stops before it begins to turn back on itself, 

we could not be certain that the crystals are of a procaspase-3 with an intact intersubunit 

linker. To ensure the protein that was being crystallized was the unprocessed enzyme, a 

concentrated sample was analyzed by SDS-PAGE using 4 – 25% polyacrylamide gels 

as shown in Figure 6. The D3A and D3A,V266E variants both showed small amounts of 

cleavage at a potential noncanonical site (bands 2 and 3). We note however, the  
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Figure 4. (A) D3A crystallized with the symmetry of both the orthorhombic space 

group I222 and the monoclinic space group C2. Superposition of both lattice types 

demonstrates their relationship. The procaspase-3 crystals shared two common unit cell 

edges and are indicated.  In the C2 space group, the asymmetric unit is composed of the 

dimer. In the I222 space group, the asymmetric unit is the monomer. 
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Figure 5. (B) Different crystal morphologies observed for the I222 and C2 space 

groups. The majority of the I222 crystals look like the top panel, however, longer, 

rectangle crystals were observed in a few instances (middle panel). The bottom panel 

shows the typical morphology of the C2 crystals, which were typically “wedge” shaped. 
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Figure 6. (A) D3A and D3A,V266E were analyzed to determine if cleavage products  

existed. Bands are described in the text. (B) Crystals of D3A were analyzed by SDS- 

PAGE to determine which species, the unprocessed or processed, was present in the 

crystals. Bands are described in the text.  
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slight increase in molecular weight of the large and small subunits could be due to the 

three aspartate to alanine substitutions and not an alternative cleavage site. To 

determine the site of cleavage the five N-terminal amino acids of each peptide were 

determined by Edman degradation (The Burnham Institute for Medical Research). The 

sequencing results showed Band 1 is the large and small subunit without the prodomain, 

Band 2 is the large subunit minus the last 6 C-terminal residues (170-175) and Band 3 is 

the small subunit beginning at Cys170. The sequencing results confirmed the minor 

cleavage product was the protein cleaved at Asp169  (Band 2).  

 Crystallization of the cleaved product is not convincing based on the gel in 

Figure 6 as less than 1% of the protein is cleaved and does not appear to be enough for 

crystallization. In addition, the proteins are crystallized in the presence of inhibitor at 

five times the concentration of protein; therefore, the probability that the protein would 

undergo more auto-processing is unlikely. In order to account for the discrepancies 

between the sequencing results and the amount of cleaved product, we washed the 

crystals with water (~50 times the volume), dissolved them in 10% SDS and analyzed 

the protein by SDS-PAGE using 4 – 25% polyacrylamide gels. These results should 

show which species is present in the crystal. and are shown in Figure 6B. The results are 

shown in Figure 6B. Lane 2, the “sample” lane, shows the species present in the sample 

that was used to set up the crystal trials. This lane is essentially the same as the “D3A” 

lane in Figure 6A.  The “drop” lane is a small alliquot of the drop in which the crystals 

were grown. This alliquot was taken after crystals had appeared and therefore confirms 

the protein does not auto-process any further since the same band pattern as the  
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previous “sample” lane is observed.  Finally, the “crystal” lane is the crystals. This lane 

clearly shows a 1:1 ratio of the uncleaved to cleaved species. One might suspect the 

presence of both uncleaved and cleaved species could indicate the crystals were not 

washed thoroughly. Two methods were used in this process. The first method consisted 

of washing each crystal off individually by placing the crystal into 6-8 consecutive 

solutions. Once the crystal was thoroughly washed it was placed in 10% SDS. The 

second method took advantage of those crystals which adhered to the cover slip. 

Because of this, the drop was easily removed, leaving only the crystals on the slip. Next 

the crystals were subjected to a consistent stream of distilled H2O for several seconds, 

approximately 10 mL. This resulted in the crystals having been washed with ~ 2,500 

fold more distilled H2O than the volume in which they were grown in. The “crystal” 

lane in Figure 6B are those crystal which were washed using method two, therefore it is 

highly unlikely the presence of both species is a result of insufficient washing. 

 The experiments described above and the gel in Figure 6B suggest the crystal is 

not made up of only one species, that is, the dimer contains one unprocessed monomer 

and one processed monomer in the crystal. The ratio of 1:1 uncleaved to cleaved species 

in Figure 6B, lane “crystal”, further validates this argument. However, this is not 

consistent with the findings of two different space groups. In the I222 space group, the 

asymmetric unit is made up of the monomer, and in the C2 space group, the asymmetric 

unit is composed of the dimer. Therefore, a 1:1 ratio of uncleaved  to cleaved species 

would imply the presence of a dimer, therefore, only the C2 space group would be 

observed. We note, those crystals which crystallized with the symmetry of the  
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orthorhombic space group I222 may have grown from the cleaved product. The longer 

growth time is accounted for in the small amount of cleaved protein present.   

 To further investigate the possibility that the dimer is composed of an uncleaved 

and a cleaved monomer, we re-scaled the data set from the C2 space group using 

different axes of rotation. The program(s) used to index, integrate and scale the data 

uses the y axis as the default in the C2 space group. The rational in using different axes 

of rotation is based on the probability that some of the data is being averaged out due to 

the composition of the dimer. If the data is being averaged out then it could account for 

the absence of density in the intersubunit linker. Figure 7 shows the effects of rotating 

about the x, y and z axis. We note, the data set retaining the lowest Rmerge was 

considered to best describe the correct rotational axis. Rmerge for the data using the y 

rotational axis was 0.14, Rmerge for the data using the z rotational axis was 0.23 and 

Rmerge for the data using the x rotational axis was 0.19. The value of Rmerge for the data 

set using the y rotational axis was the lowest and therefore appeared to be the most 

probable solution. In any case, the structure of each re-scaled data set was still refined 

in order to check for the presence of intersubunit linker electron density. Density did not 

appear for residues past Asp169 in any of these data sets.   

 The data seem to be contradictive. The crystal structure and N-terminal 

sequencing are in agreement in that the chain appears to be cleaved after Asp169. 

However, based on the amount of cleaved product (Figure 6A) crystallization does not 

seem plausible. Furthermore, Figure 6B clearly shows the presence of both species, 

indicating, at a minimum, the intersubunit linker from at least one monomer is intact.  
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Figure 7. Diagrams for the 

monoclinic space group C2. 

C121 = y axis, C112 = z axis 

and C211 = x axis. 

 represents a twofold (180º) 

axis perpendicular to the plane 

of the paper.  

 represents a twofold screw 

axis perpendicular to the plane 

of the paper. This is a 180 º 

rotation about a line followed 

by a translation along that line. 

  represents a point within 

the unit cell. “+” represents the 

height of the unique axis  

  represents a point 

related by symmetry to the 

initial point, now at a height of 

½ + the unique axis. In the C2 

space group, it is related by 

either a screw axis (parallel to 

the unique axis) or by a lattice 

translation to the initial point.  
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Therefore, additional experiments are needed to decipher this complex problem.  

 
Purification and crystallization of D3A,V266E 
 
 D3A,V266E is an uncleavable procaspase-3 that retains very high levels of  

activity (see Chapter 1). Under the crystallization conditions discussed in this text, 

activity seems to be a prerequisite to crystallization. Therefore, a obtaining a crystal 

structure of D3A,V266E seems reasonable. The dilemma however is the purification of 

the protein. Expression of the constitutively active enzyme results in sick E coli cells 

and protein production is very poor. In addition, due to the properties of the D3A,V266E 

variant, the protein adheres to the cellulose membranes during concentration. Therefore, 

the low yield in protein and the loss of protein during concentration deters moving 

forward in the crystallization trials.  

 In order to optimize protein production, we varied several parameters during 

expression, including, ITPG concentration, length of expression time and temperature. 

The results are summarized in Table 2. The lysates were analyzed by SDS-PAGE using 

4 – 25% polyacrylamide gels and are shown in Figure 6B. From these results, the 

optimal conditions were found to be 18ºC, 0.8 mM IPTG and expression for 3 and a 

half hours. We note, the enzyme appears to auto-process (noted above in Figure 6B) to 

a greater extent when the expression time is lengthened. Therefore, it was found to be 

advantageous to express for only 2 hours when preparing this variant for crystallization 

trials.  

To decrease the amount of protein lost during concentration, a number of  
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Figure 8. 4 – 25% SDS PAGE gels of D3A,V266E expression profile. The lane 

containing four bands is the control, procaspase-3. The 32kDa band is procaspase-3, the 

band just below represents procaspase-3 without the prodomain. The two bands at the 

bottom are the large and small subunits respectively. The remaining lanes represent 

increasing time points which are shown in Table 2. 

 

  

0.4 mM IPTG 0.5 mM IPTG

0.6 mM IPTG 
0.7 mM IPTG 

0.8 mM IPTG
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conditions were screened including soaking the membrane in 0.5% PEG 6000 or 1% 

glycerol, adjusting the protein solution pH (between 7 and 8) and a new membrane 

material, polyethersulfone. The new membrane material resulted in the least amount of 

protein lost during concentration, therefore, these membranes are used in the 

concentration of D3A,V266E. 

 The enzyme was concentrated and crystal trials were prepared using the same 

conditions as procaspase-3, D3A described above. Large crystals appeared after one  

week (Figure 9). The conditions which were optimal in growing the D3A,V266E were 

0.2 M potassium sodium tartrate tetrahydrate, 16% PEG 3350, 100 mM citrate buffer, 

pH 5.0, 10 mM DTT and 3 mM sodium azide in the reservoir. The protein was dialyzed 

into 10 mM Tris, pH 8.5. After concentration and 10 mM DTT and 3 mM NaN3 was 

added to the protein solution.  

 Screening was performed in house using a Rigaku RuH2R rotating anode x-ray 

generator. The crystals diffracted well (Figure 10) and 20 frames were indexed in the 

primitive monoclinic lattice. The new space group is promising and suggests the active 

procasepse-3 wit an intact intersubunit linker may have been crystallized. 

Unfortunately, due to a power outage, only 20 frames were collected. Efforts are being 

made to re-crystallize this variant and obtain a data set.
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Figure 9. Crystal morphologies of D3A,V266E.  
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Figure 10. Diffraction pattern for the D3A,V266E variant. The crystals (Figure 8)  
 
diffracted out to 1.7 Ǻ. This data was indexed in the primitive monoclinic lattice. 
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ABSTRACT 

 

We describe here the use of several spectroscopies, such as fluorescence emission, 

circular dichroism, and differential quenching by acrylamide, in examining the 

equilibrium and kinetic folding of proteins. The first section, regarding equilibrium 

techniques, provides practical information for determining the conformational stability of 

a protein. In addition, several equilibrium-folding models are discussed, from two-state 

monomer to four-state homodimer, providing a comprehensive protocol for interpretation 

of folding curves.  
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INTRODUCTION 
 
 
 

 Protein folding is a central theme in structural biochemistry and in biotechnology. 

While the forces that stabilize protein structure have been examined for over one hundred 

years (Clark, 2008), protein chemists still are unable to predict the native structure of a 

protein from a known amino acid sequence. Under physiological conditions, proteins 

exist in equilibrium between ensembles of unfolded states (U) and native states (N), 

where each ensemble is characterized by a closely related set of structures that fluctuate 

around a local (or global) energy minimum. Protein function depends upon attaining the 

native conformation. While the forces that drive proteins to adopt their native 

conformations are, in general, defined as the difference between the unfavorable chain 

entropy and the favorable enthalpic interactions, the stability of protein native structures 

can vary drastically. Moreover, the kinetic pathway a protein utilizes to adopt its native 

conformation can vary from a relatively simple two-state process, where only the native 

and unfolded ensembles are populated significantly, to more complex reactions where the 

structure passes through one or more non-native, partially folded, intermediates before 

reaching the native conformation. It has been well documented that the pathways can be 

sequential, in which the intermediates are found between the unfolded and native 

ensembles, or parallel, where multiple intermediates form simultaneously, eventually 

coalescing to the native ensemble (Wallace and Matthews, 2002). In addition, not all 

intermediates lead to the native conformation but rather can lead to misfolded, or off-

pathway, structures (Ikai and Tanford, 1971). 
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Finally, proteins have been shown to fold over a wide range of time regimes, from 

microseconds to hours (Creighton, 1990). Consequently, characterizing the kinetic and 

thermodynamic folding of proteins can be a daunting task. However, the benefits to 

understanding the folding process can prove to be invaluable, for example, in revealing 

motifs or regions of the protein that are critical to function, as potential drug targets, or in 

determining the mechanisms for protein misfolding or aggregation (Cohen and Kelly, 

2003; Soto, 2003) 

 Outlined in this chapter is practical information for characterizing the 

thermodynamic and kinetic folding properties of a protein, exploiting intrinsic probes 

such as fluorescence emission and circular dichroism. One should note other excellent 

reviews that describe the use of extrinsic probes in protein folding (Lackowitz, 2006; 

Weber, 1951; Waggoner, 1995). Fluorescence techniques are extremely useful for this 

application, and the advantages of fluorescence emission in comparison with other 

techniques make it an attractive method of choice to examine protein tertiary structure. 

These include high sensitivity, the use of low protein concentrations, the ability to 

selectively monitor regions or motifs within a protein and fluorescence emmision permits 

the use of a multitude of solution conditions (Eftink, 2000). Circular dichroism also is 

employed to examine the protein secondary structure and/or tertiary structure during 

unfolding and refolding and to validate the findings from the fluorescence emission 

experiments. While proteins can be unfolded using a variety of agents, the focus here will 

be on a well identified chaotrope, urea. The equilibrium unfolding studies described here 

allow for the calculation of the conformational free energy, revealing the stability of the  
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native conformation and intermediates (where applicable). The kinetic techniques will aid 

in deciphering the folding pathway and in examining intermediates that may not be 

detectable in equilibrium experiments.  

This chapter aims to provide a comprehensive protocol for examining the 

thermodynamic and kinetic folding properties of simple systems, so-called two-state, as 

well as more complex systems where multiple intermediates are present. More complex 

analyses for parsing the conformational free energy into component parts (entropy, 

enthalpy, heat capacity) as well as studies of the transition state can be found elsewhere 

(Dill, 1990; Privalov, 1989; Royer, 2008). Often, it is of interest not only to examine the 

conformational stability of wild-type proteins, but also of mutants or other proteins that 

differ slightly in structure. This type of analysis can be useful in comparing proteins 

within the same family or comparing structural motifs in general. Such studies have 

revealed critical residues and regions of proteins that make significant contributions to 

the overall stability (Wilson and Wittung-Stafshede, 2005). The protocols outlined in this 

chapter also are useful for comparing multiple proteins in a family. 

 

1. Equilibrium Unfolding 

1.1. Practical Considerations. 

Equilibrium unfolding is the process of disrupting the protein native structure in favor 

of the unfolded ensemble by increasing the concentration of denaturant, either urea or 

guanidinium hydrochloride, GdmHCl, in a stepwise manner such that the protein reaches  
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a balance between native and unfolded conformations. For this discussion, urea will 

be used as the denaturant; however, similar methodologies apply when using GdmHCl. 

To further investigate the properties and advantages/disadvantages of urea and GdmHCl, 

we refer the reader to the work of Pace (1986). Thermal unfolding is another common 

technique used to induce unfolding. While the protocol is not outlined here, the reader 

may find a thorough description of the technique and data analysis elsewhere (Pace and 

Sholtz, 1997; Pace et al., 2005).There are many factors to consider prior to setting up 

folding reactions and taking measurements. Is unfolding reversible, that is, do the 

unfolding and refolding data overlay to validate reversibility? This is important because 

the experiments yield thermodynamic information on the stability of the protein. Is the 

folding reaction equilibrated? Since equilibrium experiments are being performed, 

sufficient time must be given to allow each reaction to come to equilibrium. It is common 

for proteins, even single-point mutants, to vary greatly in equilibration times. While there 

are various methods for determining equilibration times, two are described below. Other 

factors one should consider include incubation temperature, the use of reductants and the 

number of aromatic side chains in the protein. Temperature must be considered carefully 

as the time required for the reaction to equilibrate can be temperature dependent (Pace, 

1986). The experiments described here include the addition of 1 mM reducing agent due 

to the presence of free sulfhydryl groups and the possibility of forming disulfide bonds. 

We use dithiothreitol (DTT) routinely, but it is important to note that DTT degrades 

quickly. Therefore, if long incubation times are required (more than 24 hrs), then β-

mercaptoethanol or tris(2-carboxyethyl)phosphine (TCEP) would serve well (Zahler and  
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Cleland, 1964). If free sulfhydryls are not an issue, the reducing agent can be left out.  

It is very important to be able to obtain an accurate determination of the protein 

concentration because fluorescence emission is a sensitive technique. If the extinction 

coefficient is known for the protein of interest, the concentration of the native stock can 

be readily obtained by measuring the absorbance of the protein at 280 nm. If the 

extinction coefficient is unknown, then the protocol outlined by Pace and Schmid 

explains in great detail how to determine this parameter (Pace and Schmid  1997). The 

concentration of the protein required for equilibrium unfolding experiments is typically in 

the low micromolar range but will depend on the number of aromatic residues present in 

the protein. Protein fluorescence emission is dominated by tryptophans and tyrosines due 

to their high quantum yield at the wavelength of excitation (Schmid, 1997).  

Finally, there are a variety of solvents that may be used for fluorescence and CD 

measurements. The absorbance properties of the buffer must be taken into consideration 

to assure that it does not absorb in the spectral region of the protein. Buffer blanks (the 

sample without protein) should be scanned with each experiment and subtracted from the 

protein sample to remove artifacts that may be introduced by the buffer and urea.  

Typically, the following steps are followed in setting up an equilibrium unfolding 

experiment, where several of the steps are described in detail below. 

1. Prepare 10 M urea stock. 

2. Confirm the protein is completely unfolded. 

3. Optimize instrument settings using native and unfolded protein in their respective 

buffers. 
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4. Set up unfolding and refolding samples in varying concentrations of denaturant. 

5. Establish equilibration times and reversibility. 

6. Perform equilibrium unfolding/refolding experiments. 

7. Repeat experiments at different protein concentrations as needed. 

 

1.2. Instrumentation.  

For the studies described here, fluorescence emission is measured using a PTI C-

61 spectrofluorometer (Photon Technology International Birmingham, NJ), and circular 

dichroism is measured using a PiStar spectropolarimeter (Applied Photophysics, 

Surrey, U.K.). Both instruments are equipped with water jackets to maintain a constant 

temperature during the experiment. It is useful to monitor unfolding by different 

techniques because intermediates not revealed by one technique may appear using 

another. In general, if the equilibrium unfolding curves from multiple techniques 

coincide, then the data from one technique is sufficient to determine the conformational 

free energy. Conversely, deviation in the unfolding curves, or non-coincidence of the 

data, from one technique to another implies intermediates are present under equilibrium 

conditions (Figure 1). General parameters and considerations for each technique are listed 

below. One should note that quality quartz cuvettes are used in both techniques. 

 

1.2.1. Fluorescence Emission. 

Certain features can be instrument and/or software specific; however, the same 

general parameters apply to setup regardless of the instrument used. Adjustment of the  
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slit width allows only the desired amount of light to enter the sample chamber and 

determines the signal-to-noise ratio. Protein concentration will have the greatest effect on 

this setting. The reader is referred to the manufacturers’ specifications to set slit widths. 

Emission scans are acquired between 300 nm and 400 nm following excitation at 280 nm 

and at 295 nm. The former provides information on the environmental changes of both 

tryptophan and tyrosine side chains due to the absorption wavelengths of both amino 

acids (280 nm and 275 nm, respectively). The latter provides a method to follow 

tryptophan emission selectively because there is little absorbance of tyrosines at 295 nm 

(Lackowicz, 2006).  

In general, there are two methods for collecting equilibrium unfolding data using 

fluorescence emission. In the first, one will obtain an emission spectrum for the native 

and unfolded samples (described below). Then one will choose a single wavelength that 

provides the largest difference in the two samples (Fig. 1A). In subsequent experiments, 

one will examine fluorescence emission intensity at the prescribed wavelength vs. urea, 

where the signal typically is averaged for thirty seconds. In the second method, one will 

obtain an emission spectrum at each concentration of denaturant and calculate the 

average emission wavelength (AEW) for each sample (Royer, 1993). A description of the 

advantages and disadvantages of using AEW is provided by Eftink (1994). 

  

1.2.2. Circular Dichroism. 

Secondary structure is monitored during unfolding by CD. Minima at 208 nm and 

222 nm indicate alpha helical structure, whereas a minimum at 217 nm is characteristic of  
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Figure 1. (A) Emission spectra of excitation at 280 nm. 0 M (O) and 8 M (□) urea are 

shown. The dotted line indicates the wavelength at which unfolding is monitored, i.e., 

wavelength where a large difference in signal between 0 and 8 M urea is observed.  
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β-sheet (Woody, 1995). Circular dichroism is strongest at the aforementioned 

wavelengths; however, light scattering by buffer compounds may require monitoring 

circular dichroism at somewhat higher wavelengths. We routinely monitor CD at 228 nm, 

which allows for detection of secondary structural changes in urea while avoiding 

amplification of the voltage at higher denaturant concentrations. As described above for 

fluorescence emission, however, one should determine the wavelength that provides the 

largest difference in signal between the native and unfolded protein samples. Slit width  

and scanning speeds should be adjusted according to the manufacturers’ specifications.  

 

1.3. Preparation of 10 M Urea Stock. 

This protocol, adapted from the method described by Pace (1986), describes the 

preparation of 100 mL of a 10 M urea stock containing 50 mM potassium phosphate 

buffer, pH 7.5. One should use an analytical balance that measures accurately to ± 0.1 

mg. Potassium phosphate buffer is prepared separately in a volumetric flask (100 mL) 

using the chemicals in step 1 below and distilled, deionized water. 

 

1. Separately weigh 191 mg of potassium phosphate monobasic, KH2PO4, and 650 

mg of dibasic, anhydrous dipotassium hydrogen phosphate, K2HPO4 on weigh 

paper. 

2. Weigh 60.0 g of ultra pure urea (purity > 99%) in a weigh boat.   

3. Combine both phosphates in a beaker with a minimum capacity of 200 mL, add a 

clean, dry stir bar, place on a scale and tare. Add the urea into the beaker and  
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record the weight. 

4. Add distilled, deionized water into the beaker to a weight of 114.6 g. Record the 

weight. 

5. Cover the beaker and stir until the urea dissolves completely. One should expect 

this to take three to four hours. 

6. When dissolved, check the pH using a recently calibrated pH meter. If the pH 

needs to be adjusted, then correct to pH 7.5, accordingly.  

7. Once the urea stock is prepared, the molarity is determined based on the recorded 

weights from steps 3 and 4 and from the refractive index. First, calculate the 

molarity based on the recorded weights using Eqs. (1)-(4). 

 

                                            d/d0 = 1 + 0.2658w + 0.0330w2                                                          (1) 

 

where d/d0 is  the specific gravity of the solution and w equals the weight of urea (g) 

divided by the total weight, as shown in Eq. (2). 

 

w = 60.0 g ÷ 114.6 g = 0.5235 

d/d0 = 1 + 0.2658(0.5235) + 0.0330(0.5235)2  (2) 

d/d0 = 1.1482   
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The volume of the solution is then calculated as shown in Eq. (3). 

 

                V = (total weight) ÷ (d/d0) = 114.6 g ÷ 1.1482 g/mL = 99.8084 mL       (3) 
 

    Finally, the molarity of the solution based on the recorded weight is calculated as 

shown in Eq. (4). 

 

                                  M =(weight of urea) ÷ (MWurea × Vol (L))                             (4) 

M = (60.0 g) ÷ (60.06 g × 0.09981 L) = 10.01 M 

 

Next, a refractive index is obtained for two solutions, a buffer blank, which in this 

case is 50 mM potassium phosphate, and the prepared urea stock. Add one drop of the 

phosphate buffer to the refractometer, and record the reading. Clean the lens with ethanol, 

and repeat this step using the 10 M urea stock. 

Once the refractive indices have been recorded, calculate ΔN, the difference in the 

refractive index between the two solutions, as shown in Eq. (5). 

 

                            ΔN = RIurea - RIbuffer = 1.4208 - 1.3379 = 0.0829                 (5) 

 

This value is used in the following empirical formula (Eq. (6)) to calculate the molarity of 

the solution based on the refractive index: 

 



 206

                                   M = 117.66(ΔN) + 29.753(ΔN)2 + 185.56(ΔN)3                                 (6) 

M =117.66(0.0829) + 29.753(0.0829)2 + 185.56(0.0829)3 = 10.06 M 

 

If the difference in the calculated molarity from each method is less than 10%, then the 

urea may be used. If it is greater than 10%, then the urea must be prepared again. Upon 

completion, the urea may be stored at -80 °C until used. A reducing agent such as DTT is 

added from a stock solution to the buffer and urea just prior to use. Methods for making 

stock urea in other buffers is described by Pace and Scholtz (1997).  

  

 

 

1.4. Confirm that the Protein is Completely Unfolded. 

Before starting an equilibrium unfolding experiment, it is important to confirm that 

the unfolded sample has reached equilibrium and that the protein is completely unfolded 

since many of the experiments begin with the unfolded protein. If insufficient time is 

allowed for the protein to unfold, or if one uses too low a denaturant concentration to 

fully unfold the protein, then subsequent experiments would begin with a species other 

than the unfolded state, and the data may be incorrect.  

To confirm the protein is completely unfolded after a certain incubation period, add 

native protein to 8 M urea-containing buffer, as shown below, so that the final protein 

concentration is 1 μM and the final volume is 1 mL. 
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• Urea (800 μL of 10 M urea stock) 

• DTT (10 μL of a 0.1 M stock)  

• Buffer (185 μL) 

• Native protein (5 μL of a 200 μM stock) 

A second sample should be prepared in which the urea is replaced with buffer. Take a 

fluorescence emission scan from 300 - 400 nm of the native protein (no urea) and of the 

unfolding sample. Place the samples back in the reaction tube and incubate at the desired 

temperature (typically 25 °C) for 10 minutes. Take a second emission scan of the 

unfolded protein. Repeat this process until no change in signal is observed. If the protein 

is resistant to chemical denaturation, longer incubation times may be required between 

scans. Also, it is recommended that an additional scan be taken after the sample has 

incubated in urea for 24 hours. One considers the protein equilibrated when no further 

signal change is observed. Depending on the protein, one might expect a red shift in the 

emission peak of unfolded protein with respect to the native protein (Fig. 1A), which 

shows that the protein tertiary structure is disrupted by the denaturant. 

In separate experiments, the samples should be excited at 280 nm and at 295 nm, as 

described above. Also, one should verify the results using CD to examine changes in 

secondary structure. Repeat the experiments as described above until no change in CD is 

observed.  

Finally, the fluorescence and CD experiments should be repeated at several final urea 

concentrations in order to determine the concentration of urea that is sufficient to unfold 

the protein. The example shown here uses 8 M urea-containing buffer, but the protein  
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may unfold at much lower urea concentrations. Conversely, if the protein does not unfold 

fully at high urea concentrations (~9 M), then one should use a different denaturant, such 

as GdmHCl. 

 

1.5. Establishing Equilibration Times and Reversibility for Folding 

Reaction.  

1.5.1. Method 1. 

This protocol would serve well in the case where no prior information on the folding 

of the protein of interest is available. The main purpose of this experiment is to determine 

the amount of time required to equilibrate the protein incubated in intermediate 

concentrations of urea. In general, this method requires one to set up unfolding and 

refolding samples and monitor fluorescence emission over time until equilibrium is 

observed, that is, when the signal from the unfolding and refolding reactions are identical. 

Similar experiments also should be done using CD, as noted above. 

The unfolding samples are set up following the protocol shown in Table I. The 

refolding samples are set up similarly with the exception that the starting material is 

unfolded protein, as shown in Table II, in 8 M urea-containing buffer. In both cases, the 

final protein concentration is 1 μM. One should note that the urea in the unfolded protein 

stock must be accounted for in the setup of the refolding samples. We typically set up the 

experiments in 2 mL siliconized eppi-tubes to prevent protein sticking to the tube. All 

samples should be incubated at the desired temperature in a water bath. Once the  
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           Table I. Unfolding Reaction Setup 

Urea (μL) Phosphate 
Buffer (μL) DTT (μL) Native 

Protein (μL) 
Final 

Urea [M] 

0 985 10 5 0 

50 935 10 5 0.5 

100 885 10 5 1.0 

150 835 10 5 1.5 

200 785 10 5 2.0 

250 735 10 5 2.5 

300 685 10 5 3.0 

350 635 10 5 3.5 

400 585 10 5 4.0 

450 535 10 5 4.5 

500 485 10 5 5.0 

550 435 10 5 5.5 

600 385 10 5 6.0 

650 335 10 5 6.5 

700 285 10 5 7.0 

750 235 10 5 7.5 

800 185 10 5 8.0 
                                                          

 

 

 

 

 

 

Calculations are based on a 200 μM native protein stock, 10 M urea stock,  

100 mM DTT stock, and 50 mM phosphate buffer, pH 7.5. The final  

protein concentration is 1 μM. 
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Urea (μL) Phosphate 
Buffer (μL) DTT (μL) Unfolded 

Protein (μL)
Final 

Urea [M] 

0 927.5 10 62.5 0.5 

50 877.5 10 62.5 1.0 

100 827.5 10 62.5 1.5 

150 777.5 10 62.5 2.0 

200 727.5 10 62.5 2.5 

250 677.5 10 62.5 3.0 

300 627.5 10 62.5 3.5 

350 577.5 10 62.5 4.0 

400 527.5 10 62.5 4.5 

450 477.5 10 62.5 5.0 

500 427.5 10 62.5 5.5 

550 377.5 10 62.5 6.0 

600 327.5 10 62.5 6.5 

650 277.5 10 62.5 7.0 

700 227.5 10 62.5 7.5 

750 177.5 10 62.5 8.0 

Calculations are based on an unfolded protein stock of  16 μM in             

8 M urea-containing buffer, 10 M urea stock, 10 mM DTT stock, and  

50 mM phosphate buffer, pH 7.5. The final protein concentration is     

1μM. 

Table II. Refolding Reaction Setup 
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unfolding and refolding samples are assembled, fluorescence emission scans are taken for 

each sample from 300 nm to 400 nm. In separate experiments, the samples are excited at 

280 nm and at 295 nm, as described above. If the signals of the unfolding and refolding 

samples are identical, then the reaction has reached equilibrium. If the signals differ, then 

place each sample back in the reaction tube and incubate for longer time periods. 

Following incubation, take another emission scan, and repeat this process until the 

unfolding and refolding signals match for each final urea concentration, at which point 

equilibrium has been reached. As stated previously, equilibration may take only a few 

minutes, or it could potentially take several hours or days. The experiments should be 

repeated by monitoring CD, as described above. 

 

1.5.2. Method 2. 

The longest equilibration times are those at the transition midpoint(s) because the rates of 

folding and unfolding are approximately equal (Pace, 1986). Therefore, one can 

monitor fluorescence emission over time for protein incubated in urea concentrations 

near the midpoint of the transition. One sample includes native protein in urea-containing 

buffer (unfolding sample). The second sample contains unfolded protein in urea-

containing buffer (refolding sample). In both samples, the final urea concentration is 

identical and is close to the midpoint for unfolding. The samples are incubated as 

described above, and fluorescence emission scans of both samples are collected until the 

signals are identical. This method provides a quick and efficient approach for 

determining equilibration times when some information is known concerning the protein  
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of interest. 

1.6. Equilibrium Unfolding. 

In general, equilibrium unfolding experiments are set up in one of two ways. First, the 

simplest method is to use a titrator that accurately adds protein and urea-containing buffer 

into the cuvette. For this method, one need only prepare two solutions, native protein in 

buffer and unfolded protein in urea-containing buffer. The two solutions are mixed and 

allowed to reach equilibrium before data are collected. In this way, the protein 

concentration remains constant, but the urea concentration changes with each mixing. 

This method is preferred for proteins with short equilibration times, and the reader is 

referred to other reviews for the use of titrators in equilibrium unfolding studies. Second, 

for proteins with slow equilibration times (several minutes to hours), individual sample 

tubes are set up in the same manner as described above. A typical experimental setup is 

shown in Tables I and II. In this case, the final protein concentration is 1 μM and the final 

urea concentration is varied between 0 and 8 M. One should note that the protocol should 

be adjusted for each protein in order to maximize the number of samples in the transition 

region. The reactions are incubated for the established equilibration time prior to 

measurements of fluorescence emission and CD.  

One should note that three data sets are obtained from each sample shown in Tables I 

and II, one each for fluorescence emission following excitation at 280 nm or 295 nm and 

one from far-UV CD.  

If the protein under study is a monomer, then only one protein concentration will be 

needed for the final analysis. Several concentrations should be tested, however, to verify  
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that the protein does not oligomerize at higher protein concentrations. For a monomer, 

there should be no difference in the unfolding curves from one protein concentration to 

the next. If this is the case, then the data may be averaged. If the protein is a dimer or 

higher order oligomer, then multiple protein concentrations should be examined in order 

to determine the concentration dependent transition. Typically, protein concentrations 

over a ten-fold range (at least) are used. 

 

1.7. Interpretation of Equilibrium Unfolding Curves. 

The two-state equilibrium folding mechanism has been described in detail by Pace 

and others (Pace, 1986; Raymond et al., 1974; Scholtz, 1995; Saito and Wada, 1983), 

where the native and unfolded ensembles are found in the absence of well-populated 

intermediate conformations. The goal of this section is to provide a comprehensive 

outline of how to analyze and interpret the data from equilibrium folding data that can be 

described not only by two-state mechanisms but also by more complex mechanisms. 

Thus, in this section we will describe fitting for the following folding models: two-state 

monomer, three-state monomer, two-state dimer, three-state homodimer, three-state 

heterodimer and four-state homodimer. More complicated mechanisms have been 

described for some proteins, such as the four-state monomeric model described by Enoki 

(2006), for example, but they are not considered here. While we will not derive the 

equations used in fitting the data, Tables III, IV and V show the equations used in the 

fitting process for each respective model and the definition of each molar fraction. In 

addition, the references provided describe derivations for the models discussed here.  
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During the following discussion we will refer the reader to several unfolding curves 

in the figures below. These unfolding curves were generated for visualization purposes 

and describe what one may expect from a typical unfolding experiment. Raw data, 

corrected for buffer background (Fig. 2B), are normalized between zero (unfolded) and 

one (native), as shown in Eq. (7), in order to visualize different spectroscopic signals on a 

single scale.  

               YNormalized = (Yx – YU) ÷ (YN – YU)                                          (7) 

In this case, Yx is the signal being normalized, YU is the signal of the unfolded protein 

and YN is the signal of the native protein. The latter two signals are in the absence of 

urea, where YN and YU are determined from linear fits of data in the pre- and post-

transition regions and extrapolated to zero denaturant, as shown in Figure 2B. A plot of 

the normalized signal vs. denaturant concentration generates the denturation or unfolding 

curve (Fig. 2C) for each of the spectroscopic probes. When analyzing denaturation 

curves, there are three regions one must take note of, regardless of the mechanism. The 

pre-transition region shows the dependence of the native protein signal on denaturant  

concentration and is represented in the unfolding curve in Figure 2B  between 0 and ~2.5 

M urea. The transition region represents a mixture of the native ensemble and the 

unfolded ensemble (or intermediate if present). Once again, examining the data in Figure 

2B, this region is observed between 3 and 6 M urea. The last region, the post-transition 

region, represents the denaturant concentrations where the unfolded ensemble is largely 

populated. This region occurs between 6 and 8 M urea in Figure 2B. The post-transition 

must be sufficiently defined for two reasons. First, and most important, it shows that the 
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Figure 2. (B) Urea denaturation curve. Unfolding was monitored by fluorescence 

emission at 320 nm with excitation at 280 nm. The pre-transition, transition, and post-

transition regions are indicated. (C) Normalized data showing three probes used in the 

unfolding experiments. Open circles represent unfolding monitored at 280 nm while open 

squares follow unfolding at 295 nm. Closed circles represent refolded protein to show 

reversibility.  Continuous lines represent fits of the data to a two-state (panel C) monomer 

unfolding model as described in the text. 
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protein is completely unfolded. Second, fits of the data will be inaccurate if no post-

transition region is present. If a post-transition region is not observed one must use higher 

concentrations of denaturant or a stronger chaotrope to ensure the protein is completely 

unfolded. 

 

1.7.1. Monomeric Models. 

The simplest mechanism by which a protein unfolds is a two-state process, where 

the native protein cooperatively unfolds to the unfolded ensemble, as shown in Eq. (8). 

 

                                                   UN eqK⎯⎯ →←                                                              (8) 

 

In this model, N represents the native ensemble, U represents the unfolded or denatured 

ensemble, and Keq represents the equilibrium constant for the reaction.  As shown in 

Figure 2C, the denaturation curve displays one cooperative transition between 3 and 6 M 

urea. While this implies a two-state mechanism, this model should be validated by 

employing other techniques to monitor unfolding. For example, the equilibrium unfolding 

techniques described above illustrate three probes for monitoring unfolding, two for 

tertiary structure and one for secondary structure. It is recommended to choose 

techniques that follow different characteristics of protein structure. For example, 

fluorescence emission reflects disruption of tertiary structure while far-UV CD reflects 

disruption of secondary structure as the urea concentration is increased. Agreement 

among the different spectroscopic probes implies a two-state mechanism (Figure 2C),  
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while non-coincidence of the folding curves indicates a more complex unfolding 

mechanism, typically due to the population of non-native, partially folded, intermediates 

(Figure 3D).  One should note, however, that agreement in the unfolding curves is only 

consistent with a two-state mechanism and does prove this model with certainty (Lumry, 

1966). 

A biphasic unfolding curve demonstrates a three-state unfolding mechanism, where 

the native protein unfolds through a partially structured intermediate before completely 

unfolding (Figure 3E). A general three-state model of equilibrium unfolding can be 

described by Eq. (9). 

 

                                                 UIN KK ⎯→←⎯→← 21                                                      (9) 

 

Here, N, I, and U represent the native, intermediate, and unfolded ensembles respectively, 

and K1 and K2 represent the equilibrium constants for the two reactions. A typical 

biphasic unfolding curve is shown in Figure 3E, where a plateau is observed between 3 M 

and ~5.5 M urea. The data demonstrate two transitions that correspond to the transition of 

N to I (1 M to 3 M urea) and of I to U (5.5 M to 7 M urea), respectively. The closed  

circles in Figure 3E represent the refolding reaction, demonstrating that the protein folds 

reversibly. 
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Figure 3. (D) Noncoincidence of the unfolding curves when monitored by different 

techniques suggesting a more complex folding mechanism than the implied 2-state model 

suggested by a single technique. (E) Three-state mononmer. Continuous lines represent 

fits of the data either to a two-state (panel D) or three-state (panel E) monomer unfolding 

model as described in the text. 
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1.7.2. Dimeric Models. 

Several earlier equilibrium unfolding studies were carried out on smaller monomeric 

proteins. While this enhances our knowledge of the folding and stabilization of small 

proteins, it lacks in a description of numerous other proteins since many contain multiple 

subunits. Therefore, many groups have taken on the investigation of multisubunit 

proteins. This is critical since there are additional avenues of stabilization at the 

quaternary structural level. In general, the result has been an increased understanding in 

the forces that provide stability to these more complex macromolecules.  

Overall, the unfolding reaction must begin with the native dimer, N2, and end with 

two unfolded monomers. However, the pathway by which the dimer unfolds can include 

one or more intermediates (two-state dimer vs. three-state dimer mechanism). In addition, 

the intermediate can be dimeric or monomeric. The most basic model for dimer unfolding 

resembles the simple two-state mechanism for the monomer (Eq. (8)), where the native 

dimer dissociates to the two unfolded monomers in one transition, as shown in Eq. (10). 

 

                                                       UN eqK 22 ⎯⎯ →←                                                       (10) 

 

In this model, N2 represents the native dimer, 2U corresponds to the unfolded monomers, 

and Keq represents the equilibrium constant for the reaction. Figure 4A shows the 

expected sigmoidal unfolding curve for a dimer, where a single transition is observed. 

The apparent stability of the dimer is dependent on the concentration of monomer. In 

other words, as the concentration of protein increases, the equilibrium shifts towards N2.  
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Therefore, one observes a shift to higher transition midpoints at higher protein 

concentrations (Fig. 4A). To validate a two-state dimer model, we recommend following 

the same procedure outlined above in the Monomeric Models section for a two-state 

monomer, that is, by examining several structural probes. 

If one establishes that the protein of interest follows a three-state model, then there 

are two pathways by which the protein can unfold. In the first case, a stable monomeric 

intermediate is populated (Eq. 11), and in the second case, a dimeric intermediate is 

populated (Eq. 12).  

                                                 UIN KK 22 21
2 ⎯→←⎯→←                                             (11) 

  

                                                 UIN KK 221
22 ⎯→←⎯→←                                            (12) 

 

Here, N2 represents the native dimer, 2I represents the monomeric intermediate, I2 

represents the dimeric intermediate, 2U represents the unfolded monomers, and K1 and 

K2 represent the equilibrium constants for each transition. A biphasic unfolding curve 

would be expected in each circumstance if the intermediate is well populated, and one of 

the two transitions will be dependent on the protein concentration (Fig. 5B-C). If the first 

step is protein concentration dependent, the the dimer dissociates in the first transition to 

yield a monomeric intermediate. In contrast, protein concentration dependence in the 

second transition indicates that subunit dissociation occurs after formation of a dimeric  
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Figure 4. (A) Example of an equilibrium-unfolding curve for a dimeric protein that 

follows a two-state unfolding model. Protein concentration dependence is demonstrated 

by an increase in the transition midpoint as the protein concentration is increased 

(○ > □ > Δ). 
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Figure 5. (B) Example of a three-state dimer-unfolding model in which the protein 

concentration dependence is observed in the first transition, demonstrating the presence 

of a monomeric intermediate. (C) Example of a three-state dimer-unfolding 

model in which the protein concentration dependence is observed in the second 

transition, demonstrating the presence of a dimeric intermediate. 
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intermediate. As shown in Figure 2B for the first case (Eq. 11), one observes a protein 

concentration dependence to the midpoint of the first transition, indicating subunit 

dissociation between 1.5 M and 3 M urea in this example. In the second case (Eq. (12)), a 

protein concentration dependence to the midpoint of the second transition indicates the 

dimer dissociates after the formation of the dimeric intermediate in the first transition 

(Figure 5C).  

While we present several unfolding models for homodimers in Table IV, one should 

note that similar models exist for heterodimers, depending on how the subunits of the 

heterodimer are treated. In equilibrium studies of the heterodimeric bacterial luciferase 

(Clark et al., 1993) and of the histone H2A/H2B (Gloss, 2005), for example, the subunits 

were assumed to be identical. In this case, the data are then treated as one would for a 

homodimer. Only when the subunits of the heterodimer are treated differently will the 

data analysis vary from that of a homodimer.  

If one establishes the presence of two intermediates in the equilibrium unfolding 

pathway of the dimer, then there are three possible four-state models. For these models, 

dimer dissociation occurs as the first step Eq. (13), the second step Eq. (14) or the third 

step Eq. (15) in unfolding. 

 

UIIN KyKxK 222 321
2 ⎯→←⎯→←⎯→←  (13) 

                                     UIIN KKK 22 321
22 ⎯→←⎯→←⎯→←                                        (14)   

UIIN KyKxK 2321
222 ⎯→←⎯→←⎯→←                                        (15) 
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For these models, N2 represents the native dimer, I2 represents the dimeric intermediate,  

2I represents the monomeric intermediates, 2U represents the unfolded monomers, and 

K1-K3 represent the equilibrium constants for the three transitions. Examples are known 

for the first two models, but we are not aware of examples in the literature for dimer 

dissociation in the third step Eq. (15).  The dimer of glycyl tRNA synthetase was shown 

to dissociate in the first step of unfolding, as shown in Eq. (13) (Dignam et al., 2001), 

while the dimer of procaspase-3 was shown to dissociate in the second unfolding step Eq. 

(14) (Bose and Clark, 2001).  The unfolding data for procaspase-3 suggest a minimum 3-

state unfolding mechanism because two transitions are observed (Fig. 6D). However, 

when the experiments are carried out at several protein concentrations, one observes that 

the signal for the plateau shifts to higher values at higher protein concentrations. Each 

curve in Figure 6D represents increasing concentration of procaspase-3 between 0.25 μM 

and 2  μM. Thus, the native dimer isomerizes to a dimeric intermediate (urea½=2.5 M), 

followed by dissociation of the dimer to two monomers (3-5 M urea). The monomers 

then unfold at higher urea concentrations (6 M - 8 M urea). All together, these data reveal 

two important points. First, dimerization is considered a folding event because 

dimerization occurs as a result of the association of two monomeric intermediates. 

Second, fitting of the data to Eq. (14) reveals that dimerization contributes significantly 

to the overall stability of the enzyme (see below for further explanation of data fitting). 
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Figure 6. (D) Example of a four-state dimer-unfolding model. In this case, the midpoint 

of the first transition is the same for each protein concentration, while the second 

transition midpoint increases with increasing protein concentration (○ > ◊). The relative 

signal observed between 3 M and 5 M urea also increases with increasing protein 

concentration revealing a four-state unfolding process as described in the text. Protein 

concentrations are 0.25 μM (◊), 0.5 μM (Δ), 1 μM (□), and 2 μM (○). 
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2-state model 3-state model 
Mechanism 

UN eqK⎯⎯ →←  UIN KK ⎯→←⎯→← 21  

Equilibrium Constants 
and Total Protein 
Concentration 
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Fitting Equation Y = YNfN + YUfU Y = YNfN + YIfI + YUfU 

Equations for the equilibrium unfolding of monomeric proteins. N –  

native state, I – intermediate state,  U – unfolded state. PT – total molar  

concentration of the protein, fN, fI, fU are the mole fractions of the  

respective species. YN, YI, and YU are the amplitues of the spectroscopic  

signal for the specified species 

Table III. Equilibrium Folding Models for Monomeric Proteins 
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2- state model 3-state model 
(monomeric intermediate) Mechanism 

UN eqK 22 ⎯⎯ →←  UIN KK 22 21
2 ⎯→←⎯→←  

Equilibrium Constants 
and Total Protein 
Concentration 
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 IfK 2  

Fitting Equation UUNN fYfYY +=
22  UUIINN fYfYfYY ++=

22  

Table IV. Equilibrium Folding Models for Homodimeric Proteins 

Equations for the equilibrium unfolding of homodimeric proteins. Abbreviations used are  
the same as described for Table III with the addition of 2N  representing the native  

homodimer and 2I  representing the homodimeric intermediate. 
2Nf and 

2If  are the mole  

fraction of the homodimer and of the dimeric intermediate, respectively, and 
2NY  and

2IY   

are the amplitudes of the spectroscopic signal for the specified species. 
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(dimeric intermediate) 4-state model 
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Table IV. Equilibrium Folding Models for Homodimeric Proteins, Continued 
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1.8. Data Analysis.  

1.8.1. Equilibrium Constants and Fractions of Species. 

For the monomeric folding models Eqs. (8) and (9), the equilibrium constants for the 

transitions are related to free energy as shown in Eq. (16). 

 

( )eqKRTG ln−=Δ  (16) 

Here, R is the gas constant and T is the temperature in degrees Kelvin. If one assumes 

that the free energy change for each step of the reaction is linearly dependent on the 

denaturant concentration (Pace, 1986), then one may calculate the free energy change in 

the absence of denaturant, as shown in Eq. 17. 

 

][2 denaturantmGG OH −Δ=Δ  (17) 

 

In this case, OHG 2Δ  represents the free energy change in the absence of denaturant, and m 

represents the cooperativity index associated with the reaction. While not discussed here, 

m is related to the solvent accessible surface area for each transition and a comparison of 

m-values for related proteins has been shown to be quite informative (Myers et al., 1995). 

For the two-state monomer Eq. (8), the sum of the fraction of N (fN) and of the 

fraction of U (fU) is one, and the total protein concentration is the sum of the 

concentrations of N and U ([N]+[U]) at a given concentration of urea (Table III). As a 

result, the apparent fraction of unfolded species is shown by Eq. (18). In this case, Y  
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represents the signal obtained at each urea concentration. 
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Taking into account Eqs. (16)-(18) and solving for Y, one can derive Eq. (19), as 

described previously (Santoro and Bolen, 1988). 
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Here, mN and mU account for changes in the signals of the pre-transition and post-

transition regions with changes in denaturant, if any. YN’ and YU’ represent the signal of 

the native (YN) and unfolded species (YU), respectively, in the absence of denaturant. 

Inherent is this description, as well as those below, is that the measured signal is the sum 

of the fractional contribution of each species.  

Thus, Eq. (19) is used to describe the simple two-state model for equilibrium 

unfolding of a monomeric protein. Equations for the three-state equilibrium folding 

model for a monomer are provided in Table III, taking into account both equilibrium 

constants in terms of the fractions of the three species.  

Using a similar analysis, the data for homodimeric proteins are analyzed to obtain the  
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free energy changes with each step in unfolding. Equations are provided in Table IV for 

the two-state Eq. (10) (Bowie and Sauer, 1989; Gloss and Matthews, 1997), three-state 

Eqs. (11)-(12) (Clark et al., 1993; Park and Bedouelle, 1998; Judith et al., 2000; 

Grimsley et al., 1997; Harder et al., 2004), and four-state Eq. (14) (Bose and Clark, 2001; 

Enoki et al., 2006; Tominaga et al., 1994) models. 

 

1.8.2. Fitting Equilibrium Unfolding Data. 

There are a multitude of programs available for fitting protein folding data, and 

certain features will vary depending on the software. Simple fitting procedures, such as 

that for the two-state monomer (Eq. (8) and Table III) are readily performed in 

spreadsheet programs, such as Kaleidagraph (Synergy Software, Reading, PA), 

SigmaPlot (Systat Software, San Jose, CA) or Excel (Microsoft Office Corporation, 

Redmond, Washington). However, fitting multiple data sets should be done globally. For 

example, data collected from the three spectroscopic probes described here, and 

especially data that suggest more complicated folding mechanisms (Eq. 10-15, Table IV) 

can be fit simultaneously to one of the models shown in Tables III and IV, or another 

appropriate model to describe the data. The advantage to global fitting is that parameters 

that are constant to all data sets, ΔG and m-values, for example, are linked, whereas other 

parameters are set locally, such as 'N
Y  and 'U

Y  (Eq. 19), since they vary between data 

sets.  
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CONCLUSIONS 

 

 Understanding the mechanisms that govern the execution of apoptosis is vital to 

accurate and efficient treatment of the pathologies that arise from a dysfunction in the cell 

death program. Strategies that allow one to selectively manipulate apoptosis could be 

very effective in combating several diseases.  For instance, activation of the apoptotic 

machinery in cancerous cells would be advantageous in shifting the equilibrium from too 

much cellular proliferation to cell death. Conversely, inhibition of the apoptotic pathway 

could bring balance back into systems in which there is too much cell death, e.g., 

neurodegenerative disorders. 

 Targeting procaspase-3 in such drug design strategies has many advantages.  

Several earlier studies have only minimally activated procaspase-3, whereas the V266E 

mutation allows the zymogen to attain activity levels comparable to that of the mature 

enzyme. Also, the conventional idea that cleavage at Asp175 in the intersubunit linker is 

necessary to activate procaspase-3 has been clearly refuted by the results discussed in 

Chapter 1. This is important because cleavage of procaspase-3 requires that upstream 

caspases be activated, allowing subsequent activation of downstream effector caspases 

such as procaspase-3. However, initiation of apoptosis via upstream caspases risks the 

activation of endogenous feedback mechanisms, halting apoptosis. Direct activation of 

procaspase-3 is a more efficient method of inducing cell death, as it is the last enzyme in 

the apoptotic pathway. Thus, new compounds which induce a conformational change in  
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the zymogen as the V266E mutant does, show great potential in drug design strategies 

where targeting the procaspase-3 interface could activate the zymogen via an allosteric 

site.   

 The results discussed here also show that inhibition of (pro)caspase-3 may be 

accomplished by utilizing the same allosteric site in the dimer interface. It has been 

previously shown that binding small molecules to dimer interface of caspase can inhibit 

the enzyme by a direct mechanism of inhibition (Hardey et al, 2004). The V266H 

structure revealed two novel allosteric pathways by which inhibition may occur. The 

putative mechanisms observed in the crystal structure show that not only are the 

interactions in the interface important for proper active site formation, but accurate 

packing of those same interface residues appears to be just as critical. Overall, these 

results may very well lead to the discovery of novel allosteric sites which may be used to 

inhibit caspase-3. 

 The folding studies, along with the structural studies of the loop L4 mutants, 

E246A and K242A, show the dual functionality of these residues in both the proenzyme 

and the mature enzyme. Both amino acids are utilized in active site stability and dimer 

stability, however, in context of procaspase-3, the two residues appear to work 

independent of one another. Glu246 interacts directly with Trp214 thereby providing 

stability to the substrate binding loop and the active site. In caspase-3, Glu246 and 

Lys242 are engaged in a direct interaction. Therefore, the contribution to active site 

stability from Glu246 is the result of a stable conformation of L4 which is achieved by  
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the Glu246 – Lys242 salt bridge. In both procaspase-3 and caspase-3 the interactions  

involving Lys242 stabilize helix 5, conferring stability to the dimer. 

 All together, the research posed here has led to exciting and novel discoveries in 

the field of apoptosis, including new mechanisms to selectively manipulate the cell death 

program.  
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FUTURE DIRECTIONS 

 

Determine the threshold level of procaspase-3 activity required to induce cell death 

in cancerous cells. 

 Chapters 1 and 2 examined the effects of mutating Val266 to either a glutamate or 

histidine. These mutants showed two opposing results, activation and inhibition. In 

addition, our studies have shown that intermediate levels of activity may be obtained 

when Val266 is replaced with an arginine. Therefore, it appears that one may be able to 

selectively manipulate activity levels of procaspase-3 by replacing Val266 with various 

residues. The procaspase-3, V266E mutant is very efficient at killing mammalian cells, as 

only 5 nM of the variant is required for inducing cell death. Mutation analysis of the 

Val266 position with the remaining 17 sides chains will be carried out and activity levels 

will be determined for those variants. Subsequently, experiments such as those described 

in Chapter 1 will be carried out to determine the threshold level of procaspase-3 activity 

required to induce cell death in cancerous cells. 

 

Identify novel compounds which bind to the dimer interface and activate 

procaspase-3. 

The research posed in Chapter 1 has provided a foundation for high throughput screening 

experiments. Based on the structural studies, we hypothesize binding small molecules to 

the dimer interface of procaspase-3 would lock the enzyme in an active conformation.  
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Therefore, the goal would be to identify small molecule(s) which mimic the glutamate 

side chain at position 266, thereby activating procaspase-3 without the need for 

intersubunit linker cleavage. Such compounds may lead to novel therapeutic strategies for 

inducing cell death. 

 

Probe the allosteric pathways in the V266H structure to identify novel allosteric 

sites. 

 The V266H structure provides evidence of putative allosteric sites in caspase-3.  

Overall, the results suggests that one can mimic the inhibitory effects of the V266H 

variant by disrupting interactions between the interface and the active site. Therefore, the 

residues involved in the mechanism(s) of inhibition discussed in Chapter 2 will be 

examined to verify whether or not one may target these regions of the protein as a 

potential allosteric site. 
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Appendix A 

 

Making Morphing Movies In Rigimol  

 Note: Rigimol is an extension of iPymol (Pymol Incentive) (DeLano Scientific). 

Pymol may be downloaded for free, however, iPymol is only available to those who wish 

to sponsor the Pymol project. Therefore, subscriptions for iPymol must be purchased on 

an annual basis.  

 Once the morphing module, Rigimol, is properly installed, the user will have 

several files within the Pymol folder, including the builds and executables for iPymol and 

the input files for morphing. The two main files that are used in morphing are called 

rigimol.inp and refine.py. The rigimol.inp file will generate a difference matrix between 

the two structures being morphed and generate an output file called 

“rigimol_morph.pdb”. This name can be changed, if desired, by editing the “output =” 

line in the rigimol.inp file. Refine.py will improve the atomic geometry of RigiMOL 

interpolations.  

To morph a structure, carry out the following instructions.  

1. Open the rigimol.inp file and edit the two lines of the PDB files to be morphed 

(start_strucutre.pdb and end_structure.pdb below). The two PDB files that are 

being morphed must be in the same folder as the rigimol.inp and refine.py files. 

The top portion of the file that needs to be edited is shown below:  

           
          # Sample RigiMOL input file. 
 
          # load the PDB structures we're going to morph 
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       load 
 
             pdb 
                filename start_structure.pdb  
             end    
 
             pdb  
                filename end_structure.pdb 

          end 

2. Edit the refine.py file. If the “output=” line was unchanged in the rigimol.inp file, 

then the “input_file=” line in the refine.py file can be left since the default name, 

“rigimol_morph.pdb” is the same for both files. However, if the output name was 

changed in rigimol.inp, change the input file name in the refine.py file so they 

both correspond. The only other change that needs to me made in this file is the 

number of refinement steps. A section of the refine.py file is shown. 

                
               # how much refinement should be done? 
 
               # 1   = almost nothing  
               # 20  = a reasonable amount 
               # 100 = a lot 
 
               how_much_refinement = 100 
 
               # what atoms should not be refined? (if any) 
 
                no_refinement = "resn hem or 194/sg" 

 

The number which is highlighted is the number that needs to be changed to the 

users preference. For more basic morphs, 20 steps of refinement should be 

sufficient. For larger morphs, for example, the maturation of procaspase-3 to 

caspase-3, 100 steps of refinement is needed. The more refinement steps there are, 

the longer the program will take and the more output pdb files there will be. In 

general, the number of steps in the refinement is proportional to the smoothness of 

the movie. 
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3. Start iPymol 

4. Load into iPymol the two structures that are to be morphed (the two files which 

were just input into the rigimol.inp file). Note: The individual PDB files should 

contain the same chain labeling (A, B, C, etc…) and the same atom number, if 

not, Rigimol will not work properly. If the atom numbers are not sequential and 

need to be renumber, run the generate.inp file in CNS and the atom numbers will 

automatically be renumbered properly. To easily rename  the chain ID’s  or to 

renumber PDB files, refer to the MOLEMAN section later in the chapter. If there 

are extra residues in one structure over the other, for example the N- or C-termini, 

Rigimol will automatically delete these; therefore, they can be left alone.  

5. In the “Pymol Molecular Graphics System” window type: 

                        rigimol rigimol.inp             Hit <Enter> 

6. The program will run for a few seconds and when it successfully completes, the 

window will say “Normal Termination”. 

7. Now run the refine.py script by typing into the “Pymol Molecular Graphics 

System” window: 

                  refine.py              Hit <Enter> 

8. The user will see the morph start in the Pymol Viewer. As the refinement 

proceeds the morph will look more and more reasonable.  

9. Once the refinement is complete, the morph will continue to loop in the Pymol 

Viewer until the program is terminated. The refine.py will generate an output file 

called “refine_morph.pdb”. If the user wishes to change this name, edit the  
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“output_file=” line in the refine.py file. The “refine_morph.pdb” file can be 

reopened in Pymol to visualize the morph. The file contains coordinates (in PDB 

format) for each structure along the interpolation. In other words, the file will 

look like several PDB files in sequence. Again, if there are more refinement steps, 

there will be more PDB files in the “refine_morph.pdb” file. Each model of the 

interpolation is clearly marked in the file as shown below. 

 

MODEL       1 

 ATOM   1    N   TYR A  37    22.946  32.681  46.509  1.00  23.40      N 
 ATOM   2    CA  TYR A  37    21.677  32.167  46.971  1.00  22.80      C 
 ATOM   3    C   TYR A  37    20.848  33.258  47.618  1.00  23.30      C 

. 

. 

. 
ATOM  3757  CE2 TYR B 274    40.500  36.355  46.654   1.00 24.70      C 
ATOM  3758  CZ  TYR B 274    39.537  36.851  45.799   1.00 26.10      C 
ATOM  3759  OH  TYR B 274    38.332  37.287  46.325   1.00 18.90      O 
END 
ENDMDL 
 

The coordinates for Model 2 will be listed just after the “ENDMDL”. The file will 

list all of the coordinates, in sequence, for the interpolation in this manner. 

10. Currently, only “sticks”, “lines” or “ribbon” can be used to visualize the morphs 

in Pymol. However, it is desirable to generate “cartoon” diagrams of the morph as 

they are easier to visualize. This can be accomplished; however, it requires more 

work.  

11. First, the coordinates for each model in the “refine_morph.pdb” file must be put 

into its own PDB file. So, the user will have the same amount of PDB files as 

models in the “refine_morph.pdb” file. Note: Naming the PDB files 1.pdb, 2.pdb, 
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3.pdb, etc..., makes it very easy to keep track of everything from this point on, 

therefore it is highly recommended to do so. 

12. Next, with iPymol or Pymol open, open all of the PDB files and make sure they 

are in the correct sequence.  

13. Some of the structures along the interpolation may appear to loose secondary 

structure when viewing in cartoon mode. This is due to structural changes in the 

protein during morphing. For example, everything in 1.pdb will look correct when 

viewing in cartoon mode. However, 17.pdb may not show β-sheet character for 1 

of the β-strands in the dimer interface. This can be distracting when viewing the 

final movie because the secondary structure may appear to “flicker” since the 

movie progresses frame by frame (each model of the interpolation will be a frame 

in the movie). So, if 17.pdb does not show β-strand character, but 20.pdb does, it 

will have the flickering appearance. 

14. To bypass this problem, the easiest solution is to assign secondary structure to the 

entire protein in Pymol. In doing so, the secondary structure displayed in cartoon 

mode will be consistent throughout all of the PDB files that are currently open in 

Pymol. Therefore, no loss in secondary structure will be seen in the movie. 

15. The general commands for assigning secondary structure are as follows 

Helix:  alter #-#/, ss='H' 

Strand: alter #-#/, ss='S' 

Loop: alter #-#/, ss='L' 

where # represents the residue number which the user wishes to alter. 
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A script for generating the secondary structure of caspase-3 is shown below. 

alter 29-45/, ss='L' 
alter 46-51/, ss='S' 
alter 52-66/, ss='L' 
alter 67-81/, ss='H' 
alter 82-83/, ss='L' 
alter 84-89/, ss='S' 
alter 90-93/, ss='L' 
alter 94-105/, ss='H' 
alter 106-113/, ss='L' 
alter 114-119/, ss='S' 
alter 120-125/, ss='L' 
alter 126-129/, ss='S' 
alter 130-131/, ss='L' 
alter 132-135/, ss='S' 
alter 136-141/, ss='H' 
alter 142-155/, ss='L' 
alter 156-161/, ss='S' 
alter 162-192/, ss='L' 
alter 192-197/, ss='S' 
alter 198-214/, ss='L' 
alter 215-227/, ss='H' 
alter 228-232/, ss='L' 
alter 233-246/, ss='H' 
alter 247-263/, ss='L' 
alter 264-267/, ss='S' 
alter 268-274/, ss='L' 

 

This script can be pasted into the “Pymol Molecular Graphics System” window. 

Press <Enter> to activate the script. Nothing will happen, however, type rebuild 

and press <Enter> once again and Pymol rebuilds the secondary structure in the 

cartoon mode. 

16. The coloring script, shown below, may also be pasted into the “Pymol Molecular 

Graphics System” window. Press <Enter> to activate the script and the coloring 

scheme will be consistent throughout all of the structures which are open in 

Pymol.  

color chocolate, resi 29-52 
color yellow, resi 53-66 
color deepteal, resi 67-81 
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color chocolate, resi 82-92 
color deepteal, resi 93-105 
color chocolate, resi 106-135 
color deepteal, resi 136-143 
color chocolate, resi 144-161 
color red, resi 162-174 
color cyan, resi 175-191 
color firebrick, resi 192-197 
color blue, resi 198-213 
color deepteal, resi 214-226 
color chocolate, resi 227-231 
color deepteal, resi 232-246 
color lightorange, resi 247-263 
color firebrick, resi 264-267 
color chocolate, resi 268-275 
set cartoon_highlight_color, gray80 
 

17. Once the structure has been adjusted to the optimal position desired by the user, it 

must not be moved in any way once the pictures are being generated.  

18. Several PDB files will be opened, turn all of them off except the first structure. 

Turning the structures off can be achieved by simply clicking on the object name 

on the right hand menu. Now only the first structure is shown. 

19. Type ray in either the “Pymol Molecular Graphics System” window or the Pymol 

Viewer and press <Enter>. Once the program has ray traced the structure, save it 

as a picture by going to “File” – “Save as Picture” – “PNG”. Saving the files in a 

sequential manner, such as, 1.png, 2.png, 3.png, etc…, will be a great benefit in 

Step 22, therefore, doing so is recommended. 

20. Next, turn off the first structure, and turn on the next structure. Again, type ray in 

either the “Pymol Molecular Graphics System” window or the Pymol Viewer and 

press <Enter>. Save the picture again as previously described.  Continue to repeat 

steps 19 – 20 until each PDB has been ray traced individually and each respective 

picture has been saved.  
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21. Next a program which converts images into movies is required. Macromedia 

Flash was the chosen program to generate the movies described in this discussion. 

This program was chosen over others because it retains the picture quality and 

generates useful file formats for posting molecular movies on the internet or 

incorporating them into a PowerPoint presentation. Another useful feature of 

Macromedia Flash is the way the program incorporates the files into the “stage”. 

If the files from Pymol are saved using sequential names (1.png, 2.png, 3.png, 

etc…) Macromedia Flash will recognize the files in sequence and import them, in 

order, all at once.  

22. Open Macromedia Flash and go to “File” – “Import” – “Import to Stage”. Browse 

to the folder in which the pictures from steps 19 – 20 were saved. Click on the 

first picture and click on open. Again, Macromedia Flash will recognize files in a 

sequence and the program will ask “This file appears to be part of a sequence of 

images. Do you want to import all of the images in the sequence?” Click on Yes. 

23. The Width and Height should be adjusted to best fit the size of the pictures which 

were just imported. 

24. The speed of the movie, or frames per second (fps), will also need to be adjusted. 

The movies discussed here were generated at a speed of 7 fps.  

25. Text may be added to the movie according to the user’s preferences.  

26. The movie may be published in .html and .swf formats. The .html file is a short 

script which “points to” the .swf file and opens the movie in an internet browser. 

The .swf file can be easily embedded into PowerPoint for presentations.  
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Appendix B 

 

LSQMAN and MOLEMAN 

Both LSQMAN and MOLEMAN are extremely useful tools in carrying out a 

plethora of functions on protein structures. Described here, are only a few useful 

functions. The brute force alignment tool in LSQMAN allows the user to quickly and 

accurately align two structures and obtain an RMSD value of the alignment. The program 

is useful in comparing mutants, comparing a protein from two different organisms or 

comparing distantly related proteins. The functions in MOLEMAN described here are 

useful in manipulating PDB files. To carry out the brute force alignment function in 

LSQMAN, type the following steps below (except for the three notes): 

 

Brute Force Alignment in LSQMAN 

1. Open LSQMAN. 

2. Type the following commands and press <Enter> after each command 

(commands are italicized).  

            LSQMAN > set sequential_hits on 

            LSQMAN > set dist_max 3.8 

            LSQMAN > read m1 mol1.pdb 

Note! mol1.pdb is the reference molecule - the protein NOT rotated 

            LSQMAN > read m2 mol2.pdb 

Note! mol2.pdb is the structure to be rotated 
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            LSQMAN > brute m1 a m2 a 30 15 100 

            LSQMAN > set dist_max 3.5 

            LSQMAN > improve m1 * m2 * 

            LSQMAN > show m1 m2 

Note! The RMSD of the alignment will be listed in the numbers which appear following 

the last command. 

            LSQMAN > apply m1 m2 

            LSQMAN > write m2 mol2.pdb    

Note! mol2.pdb is the name of the structure which was just rotated, it may be named 

according to the users preferences. 

            LSQMAN > quit 

 

Renumbering PDB files with MOLEMAN 

Type the following commands and press <Enter> after each command (commands are 

italicized).  

1. Open MOLEMAN or MOLEMAN2 

2. Read in the PDB file into MOLEMAN by typing: 

            MOLEMAN > re filename.pdb 

3. Once the PDB file is read in, type: 

            MOLEMAN > pdb numb X 

   where X1 is the new number that the new PDB file will start with 

4. MOLEMAN will renumber the pdb file. Now write out a new file by typing: 
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            MOLEMAN > wr filename-renumbered.pdb 

   This will write out a new file in the directory the user is currently in. 

Renaming Chain IDs with MOLEMAN 

Type the following commands and press <Enter> after each command (commands are 

italicized).  

1. Open MOLEMAN or MOLEMAN2 

2. Read in the PDB file into MOLEMAN by typing: 

            MOLEMAN > re filename.pdb 

3. To rename a chain ID, type, 

MOLEMAN > ch re X Y 

where X is the current chain ID and Y is the new chain ID. 

4. Write out the new PDB file. 

            MOLEMAN > wr filename-renamed.pdb 

This will write out a new file in the directory the user is currently in. 

 

Morphing in LSQMAN 

The Rigimol morphing module is an extremely useful tool for visualizing large 

conformations in proteins. However, when only small changes are observed (for instance, 

only a few side chains are disturbed) Rigimol may not see the differences between the 

two structures. Therefore, the morphing tool in LSQMAN can be employed to generate 

the morph. Morphing can be done in a few different ways using LSQMAN, cartesian 

space morphing and internal coordinate space morphing. For the purposes of visualizing 
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 movements in side chains only, the internal coordinate space morphing tool will be the 

most useful. Follow the instructions below to produce a morph using the internal 

coordinate space morphing tool in LSQMAN.   

1. Open LSQMAN 

2. Type the following list of commands and  press <Enter> after each command 

(commands are italicized). 

LSQMAN > re m1 mol1.pdb    (note! – mol1.pdb is the start structure) 

LSQMAN > re m2 mol2.pdb    (note! – mol2.pdb is the end structure) 

LSQMAN > nomen m1 

LSQMAN > fix m1 aX-Y m2 a1 strict seq torsion 

Note! X-Y is the residue range for which the user wishes to create the morph. For 

instance, creating a morph for residues 197-266 the command would be:              

fix m1 a197-266 m2 a1 strict seq torsion 

LSQMAN > at trace    

LSQMAN > morph m1 aX-Y m2 a1 

Note! X-Y is the residue range for the morph. The same residues numbers which were 

used above will be used here. 

            Next, the program will ask the user a series of question about the morph, 

including, the number of steps and the type of morph (the answers to the questions are 

highlighted below). The number of steps will be the number of PDB files which are 

output by the program (much like step 2 in the section above, Making Morphing Movies 

in Rigimol). The more steps which are used, the smoother the transition will appear in the  
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final morph movie. In general, 10 steps will work well for movements of side chains. 

  LSQMAN > Number of steps? (10) X 

where X is the number of steps in the morph desired by the user. 

LSQMAN > Basename for output PDB files ? (morphy) trace 

Note! trace is the name each of output PDB file. The program will automatically number 

the PDB files in sequence, trace1.pdb, trace2.pdb, trace3.pdb, etc… 

LSQMAN > Morph type (Internal/Cartesian) ? (internal) 

LSQMAN > O mol name suffix ? (m) 

      LSQMAN > Superpositioning range ? (A1-999) aX-Y  

Note! X-Y is the residue range for the morph. The same residues numbers which were 

used above will be used here. 

      LSQMAN > Torsion range cut-off ? (   999.0000) 

Next, Execute the LSQMAN macro to superimpose all morphing models on the first 

model: 

LSQMAN > @trace.lsqmac 

The user will now have the output PDB files in the current directory. Following steps    

17 – 26 in the above section, Making Morphing Movies In Rigimol, will allow the user to 

generate the final morphing movie. 
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Appendix C 

 

Useful Commands In Pymol 

A few, very general list of commands is shown below: 

To view the structure in cartoon mode: 

 Pymol > show cartoon, molecule1 

Where molecule1 is the name of the structure for which the user is viewing. 

To view the specific residues in stick mode: 

 Pymol > show sticks, resi X-Y 

Where X-Y are the residue numbers for the user wishes to view. Sticks may also be 

replaced with spheres to view spheres of specified residues.  

 The caspase structures shown in this discussion were colored using the coloring 

script in Appendix A, step 16. Two steps are important in obtaining clear, sharp pictures 

of structures. One, the user should use the mouse scroll wheel to adjust the color-depth 

and clipping planes. Note, the color becomes richer when scrolling in one direction and 

becomes duller when scrolling in the opposing direction. The color should be adjusted to 

the optimal setting for picture generation. On the other hand, the scroll wheel can be very 

useful when examining structures as well. If the user zooms in on a portion of the protein, 

typically it is difficult to interpret the specific interactions because the structure is being 

viewed in all three dimensions – x, y and z. Using the scroll wheel adjusts the clipping 

planes and will show more clearly only the residues which the user has zoomed in on. 

The second step in obtaining quality pictures of structures is using the ray trace function  
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which is absolutely necessary in generating high resolution images. The user may simply 

type ray in the command line and press <Enter> to execute this function. Note, 

depending on the mode (cartoon, sticks, spheres, transparency) and the number of 

proteins being shown in the Pymol Viewer, the ray tracer may take longer to generate the 

final image. Recently, the addition of new modes of the ray tracer were added to Pymol 

to give the user more options for generating the final image. Mode 0 was used in creating 

the pictures in this discussion as it was the only mode available. Of the other modes, 

Mode 1 and 3 may be useful to the user in generating high quality molecular structures. 

Mode 1 is the same as Mode 0, but in addition, outlines the structure in black. Mode 3 

essentially “burns out” the background and can generate a sharp image, depending on the 

image. The drawback to this mode, however, is that it turns the white background in 

Pymol to slightly off-white, therefore, the border of the picture becomes visible on paper. 

To set the ray tracer mode, type the following command in Pymol. 

Pymol > set ray_trace_mode, 0 

The command above will set the ray tracer to mode 0 (the default mode). To change the 

mode, simply replace the 0 in the command above to 1, 2, or 3. The Figure 1 below 

shows how the various modes of ray trace will affect the final image. 
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Mode 0 Mode 1 Mode 2 Mode 3 

 

 

 

 

  

 

Figure 1. The four modes of ray tracing in Pymol. 

 

 

When several structures are opened in one Pymol session, executing a command 

like those just listed will be applied to every structure in the session. Often, it is of 

interest to selectively manipulate only one of the structures or possibly only one of the 

monomers of a dimer. The following commands will allow the user to do such. For the 

following instructions, assume there are several structures open in the Pymol session  

including molecule1.pdb and molecule2.pdb. Also both molecule1.pdb and  

molecule2.pdb are dimers composed of chains A and B (each monomer is a chain).  

            If the user is viewing and comparing, in cartoon mode, molecule1.pdb and 

molecule2.pdb, but only wishes to look at residues 260-268 in chain B of molecule1, the 

following command can be used. 

 Pymol > show sticks, (resi 260-268) and chain b and molecule1 

show sticks at the beginning of the command can be replaced with a number of other 

commands, including, cartoon and spheres. In addition, the opposite command can be 
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carried out by replacing show sticks with hide sticks. If  “and chain b” is left out of the 

above command, the operation will be applied to both monomers of the dimer. 

 Transparency levels can be set and applied to any of the viewing modes (cartoon, 

spheres or sticks) in Pymol. The general command for setting transparency levels is: 

 Pymol > set cartoon_transparency, 0.6, molecule1 

where molecule1 is the name of the structure the user is working with. In addition, 

cartoon_transparency may be replaced with stick_transparency or sphere_transparency 

to alter the transparency levels of the respective viewing modes. The level of 

transparency can be changed from 0 to 1.0 where the higher the number, the more 

transparent the view will be. 
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Appendix D 

 

Generating Topology and Parameter files for CNS 

 Topology and parameter may be obtained from the HIC-Up website 

(http://xray.bmc.uu.se/hicup/), assuming the molecule of interest has been previously 

uploaded to the server. If a PDB file of the structure for which the user is generating 

topology and parameter files is available, the PDB coordinates can be submitted to the 

server and the respective files will be generated and immediately available.  

 If PDB coordinates are unavailable, another useful site is the DUNDEE 

PRODRG2 Server (http://davapc1.bioch.dundee.ac.uk/prodrg/). This server will allow the 

user to draw a molecule using a Java applet for drawing molecular structures. Once the 

molecule of interest is drawn, the server generates several useful files, including both 

topology and parameter files and dictionary files which are useful when refining 

structures using Coot. 

 

 

 

 

 

 

 

 

 

http://xray.bmc.uu.se/hicup/

