
ABSTRACT 

KIM, HOSHIN. Understanding the Role of Surface and Solvent on Biomolecular Structure 

and Dynamics. (Under the direction of Dr. Yaroslava G. Yingling.) 

 

Biomolecules have been used in many applications including biosensors and 

biocatalysts due to their unique recognition and catalytic properties. An understanding of 

biomolecular structures and dynamics is important because the structural stability of 

biomolecules is heavily related to their functionality and performance in these applications. 

This work focused on developing a fundamental understanding of how biomolecules respond 

under various conditions. More specifically, the goals of this study were (1) to understand the 

effect of solvent, surface, and structure on the behavior and properties of a single-stranded 

DNA (ssDNA) and a lipase enzyme, Candida antartica Lipase B (CALB), and (2) to provide 

overall guidance for improvements of applications utilizing these biomolecules. 

The structure and dynamics of ssDNA is crucial for cellular processes and also for the 

properties of DNA-based materials. In this thesis, we elucidated the dynamics of ssDNA as a 

function of its length and its behavior on surfaces as well as the mechanical stability of 

graphene on self-assembled monolayers (SAMs). All-atom molecular dynamics (MD) 

simulations revealed that ssDNA does not behave like an ideal chain due to internal non-

bonded interactions, such as base pairing and stacking. We then examined the effect of 

graphene-based surface properties on the structure and dynamics of folded ssDNA. Simulation 

results suggested that surface oxidation can affect the structural stability of ssDNA. For 

example, folded ssDNA structures can be easily disrupted on graphene surfaces with low or 

high oxidation states; in contrast, ordered ssDNA structures can be maintained on surfaces with 

moderate oxidation states. We also showed that similar conclusions are applicable to other 

biomolecules, such as silk fibroin. Next, we focused on graphene surfaces on SAMs by 



conducting a combined computational and experimental study to delineate how the polarity of 

SAMs’ head group can influence interfacial mechanical properties of graphene – SAM 

heterostructures. MD simulations showed a good agreement with experiments and also indicate 

important phenomena occurring at the interfaces due to the role of interfacial water on the 

mechanical strength of heterostructures. Our study showed that hydrophobic SAMs are 

preferable over hydrophilic SAMs to achieve higher mechanical strength. Overall, the results 

of our simulations can provide a fundamental understanding of ssDNA and surfaces and aid in 

the selection of surfaces (e.g., optimal surface oxidation states for different applications). 

CALB can catalyze complex chemical reactions for many high-value products. 

However, the choice of solvents as reaction media or amino acids for mutations is critical for 

biocatalysis processes; these choices can either enhance or diminish the stability of an 

enzyme’s structure, which is crucial to its enzymatic activity. In this thesis, we propose the 

design rules for the selection of solvents and mutation sites that can increase CALB enzymatic 

activity. Specifically, simulation results elucidated the roles of cations/anions in ionic liquids 

on the structure of CALB; if an anion is strongly coordinated or if the size of a cation is too 

large or small compared to that of an anion, secondary structures around the catalytic cavity 

become disrupted and lead to poor enzymatic activity. Further simulations enabled us to 

pinpoint important mutation sites of CALB that cause exposure of the catalytic cavity, with an 

increase in activity. Based on these observations, a CALB variant with a 6-fold higher activity 

than the native enzyme was obtained. Overall, strategies designed by computational 

observations allowed us to narrow down the possible number of solvent choices and mutation 

sites, which allows for rational enzyme engineering. 
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 Introduction 

*A portion of this chapter is based on two manuscripts by (1) Jessica A. Nash, Albert L. 

Kwansa, James S. Peerless, Ho Shin Kim, and Yaroslava G. Yingling and (2) Nan K. Li, Ho 

Shin Kim, Jessica A. Nash, Mina Lim, and Yaroslava G. Yingling, which were published by 

following two journals as review papers, respectively: Bioconjugated Chemistry (2017) and 

Molecular Simulations (2014). 

 

1.1 Background and Motivation 

1.1.1 Understanding Single Stranded DNA: From Structure and Dynamics to 

Physisorption on the surfaces 

Understanding the structure and dynamics of single-stranded DNA (ssDNA) is vital for 

cellular processes and various technological applications. ssDNA, an electronegative polymer 

which contains genetic information, is mainly involved in many important biochemical 

processes, such as replication, transcription, and repair processes where its conformation and 

dynamics enables/disables the interaction with other biomolecules.[1] due to their unique 

recognition properties driven by Watson-Crick base pairing, ssDNA is also used for materials 

assembly,[2] in biosensors,[3-4] and drug delivery.[5] However, the conformation of ssDNA is 

hard to predict since it has very high flexibility and sensitivity to length, salt type, and 

concentration. Moreover, unlike double stranded DNA conformations which can be accurately 

described by experiments and theoretical models, there is no general agreement between the 

existing theories and experimental observations for ssDNA.[6-7] This might be due to the fact 

that the effect of non-bonded interactions between the DNA bases such as pi-pi stacking and 

base pairing is not taken into account in the models and theories, which may be important for 
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ssDNA conformation. For these reasons, more detailed and atomistic approaches are needed 

to precisely estimate structure and dynamics of ssDNA.  

 It is also imperative to understand structure and dynamics of ssDNA functionalized 

with surfaces in various conditions such as surface polarity because, for aforementioned 

applications using ssDNA, it is integrated with the surfaces.[8] Generally, the surface polarity 

is known to be an important factor for the adsorption process,[9-10] structure, and dynamics of 

biomolecules.[11] Recently, graphene surfaces are known for their excellent mechanical 

strength,[12-13] large surface area,[14] and unique bonding networks[15-16]. Moreover, oxidation 

of graphene surfaces permits controlled modification of surface polarity and hydrophobicity. 

Due to their unique properties, pristine graphene (PG) and its oxidized surface, graphene oxide 

(GO), have been used in many applications, including water purification process,[17] 

antimicrobial treatments,[18] and bionanocomposites.[19-20] It is known that DNA adsorption on 

graphene surfaces is a complex process and depends on local sequence variations, defects, and 

surface properties.[21] However, fundamental understanding of how surface polarity affects 

ssDNA structure is unclear and remains to be explored, even though GO is considered to have 

better biocompatibility than PG due to its amphiphilic behavior.[22-23] For other biomolecules, 

such as proteins, it has been reported that there is an incomplete agreement of the relation 

between surface polarity and compatibility or stability of biomolecules on these surfaces.[24-26] 

For DNA-surface interactions, the significance of two important bonding contributors for the 

physisorption of ssDNA on graphene-based surfaces, e.g. pi-pi stacking interactions and 

hydrogen bonds, has been emphasized in previous studies.[8, 27-28]  Aforementioned studies 

clearly indicate that the density of polar groups on the graphene surface or oxidation rate should 
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have a direct implication on physisorption process and these interactions can either enhance or 

reduce biocompatibility and stability of ssDNA on graphene-based surfaces. However, a 

systematic investigation of the surface polarity that influences these important interactions has 

not been performed and the underlying processes of DNA binding to surfaces still unclear as 

the published studies are controversial. For these reasons, more detailed and atomistic 

approaches are needed to precisely estimate structure and dynamics of ssDNA on graphene 

based surfaces. 

A part of this dissertation (Chapter 2, 3, and 4) describes simulation results designed to 

address and elucidate (1) how charge, base, and length of ssDNA affect its structure and 

dynamics and (2) how surface polarity of graphene-based surface influence structure and 

dynamics of ssDNA while it is adsorbed on the surfaces. 

1.1.2  Combined computational and experimental study for understanding Graphene-

based Surfaces for their applications: Mechanical properties and physisorption with 

proteins for bionanocomposites 

 Natural nanocomposites are known for their inherent biocompatibility and unique 

tunable mechanical properties, which are often achieved with hierarchical structures. 

Specifically, silk nanocomposites have garnered much attention in recent years as a promising 

high performance, multifunctional material for nanocomposite films, bio-sensing applications, 

and controlled drug delivery, amongst others.[29-30] [31] The interest in silk stems from its 

extraordinary mechanical toughness,[32-34] exhibiting both high strength and high 

extensibility,[35-37] as well as good biocompatibility and mechanical integrity in vivo. [38-41] 

Generally, silk materials serve as a matrix for reactive and functional components with a 
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variety of inorganic or carbon components.  Carbonaceous additives such as graphene and 

carbon nanotubes provide greater mechanical strength to the composite and electrical 

properties necessary for sensing and energy storage devices while the elastomeric biomaterial 

matrix can confer flexibility and biocompatibility. However, extraordinary mechanical 

properties of silks nanocomposites depend on many factors such as silk sequence, secondary 

structure formation, local microstructure, and surface polarity. For these reasons, 

understanding of interfacial interactions between silk fibroin structure and graphene-based 

surface needs to be clear to obtain optimal mechanical properties of silk nanocomposites under 

the various conditions. 

As mentioned earlier, graphene has been spotlighted as a promising material for a 

variety of devices, including biosensors, touch screens, and flexible electronics.[42-44] For these 

applications, graphene is usually supported by a substrate because it enables the device to 

function effectively and enhances the mechanical stability of graphene. Self-assembled 

monolayers (SAMs) are used as an effective interfacial layer to modify a substrate surface to 

mitigate unwanted substrate effects. However, different SAMs will have different interactions 

with graphene. For example, the adhesion energy depends on (1) the SAM head group 

identity,[45] (2) the interfacial layer formed between graphene and the SAM during the 

preparation process, and (3) the graphene-SAM separation distance.[46] However, how SAMs, 

and especially their surface energy, affect the mechanical properties at the interface between 

graphene and a substrate is not yet known. Moreover, the out-of-plane elastic modulus of a 

layered graphene heterostructure is interrelated with graphene’s thermal, electrical, 

tribological, and optical properties,[47] and it can be manipulated by small changes in the 
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interfacial interactions. However, to date little is known about the out-of-plane elastic modulus 

of graphene and other 2D materials, as the measurement of modulus changes due to differences 

in 1, 2 atomic or molecular layers. Hence, precise characterization of the out-of-plane elastic 

modulus is important for both fundamental research and practical applications.  

A part of this dissertation (Chapter 5 and 6) describes combined experiment (achieved 

by research collaborators) and simulation results designed to address and elucidate (1) an effect 

of surface polarity on secondary structures of silk-fibroin structure and (2) an role of interfacial 

condition between graphene and self-assembled monolayer on its mechanical properties. 

1.1.3 Increasing lipase activity through computational modeling: Structure-activity 

relation of Candida antarctica Lipase B and its mutants in various solvents. 

An enzyme is a biological catalyst that has been widely used for many industrial 

applications because it is selective for specific substrates and capable of catalyzing only desired 

chemical reactions under mild conditions. Specifically, production of ester and amide 

derivatives using enzymes is the most effective process for a plethora of high-value products 

including biofuels, cosmetics, personal care products, and pharmaceuticals. Unlike most other 

enzymes, lipase B from Candida antarctica (CALB) is distinguished by effectively catalyzing 

both hydrolysis and synthesis reactions with high enzyme activity and structural and thermal 

stability. However, despite the many advantages of using CALB as an enzyme catalyst, it has 

been reported that esterification activity of CALB can be significantly reduced when bulky or 

non-linear carboxyl acids are used as the substrates, such as acids with big alcohol moiety (e.g. 

benzyl group). For example, CALB is known to have poor esterification activity with benzoic 

acid substrates for the production of its ester forms, which have prominent features as 
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commercial products in various markets from benzoate ester plasticizers for PVC products to 

benzoate ester emollients and solubilizers in personal care products. Since these branched or 

sterically demanding substrates are required as sources for the high-value products, it is 

imperative for us to overcome these drawbacks and find a means to specifically increase the 

ability of enzymes to react with bulky acids. Also, even though CALB is a very stable enzyme 

in various solvents, the choice of solvent can be crucial for enzyme activity. For example, 

CALB can lose its activity and structural stability in ionic liquids (ILs) containing strongly 

coordinating anions, such as acetates or halides (e.g., Cl-, Br-, or I-), whereas ILs with weakly 

coordinating anions, such as [TfO]- or [Tf2N]- can enhance CALB’s activity. Overall, 

aforementioned two factors, the effect of (1) solvent and (2) specific amino acid changes in 

enzyme activity need to be elucidated in order to improve enzyme activity and stability.  

A part of this thesis (Chapter 7, 8, and 9) describes combined computational and 

experimental results designed to address and elucidate the effect of the choice of (1) ionic 

solvents (2) amino acids for point mutations on enzyme activity of CALB resulting from their 

structural changes. 

1.2 Methods 

Computational modeling can provide rules for rational system design and be used as 

powerful tools for fundamental investigations of systems in detail not accessible by 

experimental methods. Depending on the computational method utilized, researchers can study 

optical properties, electronic structure, time-dependent biomolecule - surface binding, or 

equilibrium conformations of functionalized surfaces and biomolecules. Robust and well-
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tested methods and force fields exist to study various biomolecules including protein, enzymes, 

and nucleic acids, and recent advances in computing algorithms and architecture, such as the 

use of graphics processing units (GPUs), allow for the simulation of increasingly large and 

complex systems. For instance, a single GPU-accelerated server can provide a comparable 

computational throughput to ~50 CPU-only servers at a markedly reduced cost and power 

utilization.[48] Consequently, simulation methods show tremendous potential for providing 

important details of bio-molecules under various conditions.  

A variety of computational methods have been developed to model the electronic 

structure and/or time-dependent behavior of molecular systems at different time scales and 

system resolutions (Figure 1.1). Each modeling technique has strengths and weaknesses; for 

example, methods which are able to capture the electronic behavior of molecules are applicable 

to only equilibrium structures or short time scales, while larger-scale methods lose electronic 

or atomic resolution. Thus, the phenomena of interest determine the choice of a computational 

method. Figure 1.1 shows summarized methods relevant to the biomolecule simulations with 

their various size scales and performance limits based on recently reported benchmarks.[49-54]  

In this dissertation, all-atom molecular dynamics (MD) simulation technique is mainly 

used because (1) phenomena that need to be elucidated require large size scales and time-

dependent binding behaviors and (2) All-atom MD simulations are able to describe the 

behavior of biomolecular systems which are up to hundreds of millions of atoms in size[51, 55] 

or for maximum time scales on the order of microseconds.[56-57] 
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1.2.1 All-atom Molecular Dynamics Simulations 

All-atom MD simulations can provide a complete microscopic description of the 

structure and dynamics of biomolecules under different environmental conditions, from 

detailed information on atom-to-atom interactions via hydrogen bonding or pi-pi stacking to 

atom interactions with ions, small molecules, and proteins to global functionally important 

motions and conformational changes which control the processes of self-assembly. As 

aforementioned, using an accurate force field and efficient algorithm detailed all-atom 

investigation can shed the light on structure and dynamics of biomolecules under the various 

conditions.[58-59] 

All-atom MD simulations neglect the electronic nature of molecules and instead model 

atoms as spheres connected by spring-like bonds, which move according to Newton’s 

equations of motion (Please note that all subsequent use of “traditional MD” or “all-atom MD” 

refers specifically to all-atom non-reactive MD).[60] For a system composed of N particles, 

classical Newton’s equations of motion are: 

 ,   

In this equation, Fi represents the force acting on the ith particle, mi is the mass of the 

particle, and ai is the acceleration, U is potential energy and ri is a position of ith particle. The 

potential energy U can be classified into two groups:  

   

Where Unon-bonded is the contributions total energy from non-bonded interactions among 

particles including electrostatic or van der Waals interactions and Ubonded represents the total 

i i i

i

U
F m a

r


  


1,2,3,4...Ni 

total non bonded bondedU U U 
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bonding potentials such as changes in bonds, angles, and dihedrals. The results of the atomistic 

simulations are strongly dependent on the accuracy of the force field which is a combination 

of a mathematical formula and parameters to describe the energy as a function of their atomic 

coordinates.[61] For example, general form of the total energy in the AMBER[62-63] force fields 

which are the most frequently used in this work are written as: 

   (Bonded) 

  (Non-bonded)    

 

Where kb is a bond spring constant, rij=|rj – ri| gives the distance between two atoms i 

and j, req is the equilibrium bond distance, ka is an angle constant, θijk is angle between rij and 

rjk, θeq is the equilibrium angle, kn is the multiplicative constant, n is the integer constant, ω is 

the phase shift angle, γ is an equilibrium torsion angle, Ɛij is the potential wall-depth, Q is the 

charges on the respective atom, i and j. Several different all-atom force fields have been 

developed for biomolecules, including CHARMM[64], AMBER[62-63], Bristol-Myers Squibb 

(BMS)[65], and GROMOS.[66]  

 There are several numerical methods to solve or integrate Newton’s equation of motion, 

such as Verlet,[67] Leap-Frog, and Velocity Verlet alogorithm. For the Verlet algorithm, which 

is a foundation of other numerical methods, the solution of Newton’s equations of motion is 

based on a Taylor series expansion. Expanding the position of ith particle ri at time t+∆t and t 

2 2 1
( ) ( ) ( ) [1 cos( )]

2

N n

b ij eq a ijk eq
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U r k r r k k n            

12 6

0 0

1 1 0

2
4

ij ij i j

ij ij

i j i ij ij ij

r r Q Q
f

r r r


  

                       





 

10 

– ∆t, adding two equations, solving ri(t+∆t), and using Newton’s equations for the acceleration, 

leads to: 

   

 However, the Verlet algorithm has issues related to the velocity: (1) the velocity does 

not explicitly appear in this algorithm and (2) it is hard to calculate the velocity at time tn until 

the position at time ri(t+∆t) is obtained.[68]  In order to correct aforementioned issues related 

to the velocity, other numerical methods including Leap-Frog and Velocity Verlet algorithms 

have been developed and widely used in MD simulations. 

 When performing all-atom MD simulations of biomolecules, choosing an appropriate 

solvent model is also an important factor. Explicit solvent models, where solvent particles are 

included in the simulation, have been most widely used, and non-polarizable fixed-charge 

models have been the most prevalent.[69] Explicit solvent can afford the prediction of important 

solvent effects such as solute-solvent interactions. However, due to the increased number of 

simulated particles, considerable computational resources are required to simulate systems 

containing explicit solvent.[70] Moreover, careful parameterization is required to represent 

solvents and solute-solvent interactions accurately and the choice of the force field for solvent 

becomes imperative.[71] Even for water alone, there are many different all-atom models that 

have been developed, including the most frequently used OPC[72], SPC[73], SPC/E[74], TIP3P[75], 

TIP4P[76], and TIP5P[77], all of which are able to represent different properties of water with 

different degrees of accuracy. In explicit solvent simulations, the choice of force field 

parameters for salts is also important, since nucleic acids are charged molecules. For example, 

2
4( ) 2 ( ) ( ) ( ) ( )i i i

t
r t t r t r t t F t O t

m
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incorrect parameterization of monovalent ions has led to incorrect results, or conclusions in 

simulation studies based on artifacts.[78]  

Implicit solvent models for all-atom simulations, where the solvent is treated as a 

continuum dielectric with the average properties of real solvent, can significantly reduce 

computational expense due to the reduced number of simulated particles and their associated 

degrees of freedom; furthermore, the absence of viscosity increases rate at which the solute 

explores its conformational space and reduces the real-world time needed to capture such 

dynamic processes.[79-81] However, implicit solvent models cannot capture, e.g., viscosity 

effects[82] and specific solute-solvent interaction mechanisms.[83]  In this dissertation, TIP3P 

water model for most studies and generalized born implicit solvent model for some initial 

studies were used. 

1.2.2 Steered Molecular Dynamics Simulations 

 Steered MD simulations (SMD) carry out MD simulations and additionally exert a 

pulling forces to atoms or molecules. This simulation technique can not only accelerate 

simulation process accompanying structural changes by forces acting on the structure, but also 

estimate many informative structural and mechanical properties of structures, such as Young’s 

modulus and persistence length.  

 There are two typical SMD methods: constant velocity pulling and constant force 

pulling. In this work, we mainly use a constant velocity pulling method where atoms or 

molecules of interest are attached to a dummy atom through a virtual spring and move toward 

a defined direction with a constant velocity. In this case, the force between two connected 

atoms is calculated using: 
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 Where ks is a spring constant, v is a pulling velocity, t is a time, n is a direction of 

pulling and a vector r and r0 is an actual and initial position of the atom or molecule of interest, 

respectively. 

 This method is mainly used in Chapter 5 in order to estimate the mechanical properties 

(i.e. Young’s modulus) of a graphene surface on self-assembled monolayer with two different 

interfacial conditions. 

1.3 Publications 

Publications listed below is the review, research papers, and patent that I have 

published during my Ph.D. study or I plan to publish soon. Each chapter is based on or refers 

to the following publications:  

Chapter 1 

- N. K. Li, H. S. Kim, J. A. Nash, M. Lim, & Y. G. Yingling. "Progress in molecular 

modelling of DNA materials." Molecular Simulation, 40, (2014): 1-7 

 

- J. A. Nash, A. L. Kwansa, J. S. Peerless, H. S. Kim, & Y. G. Yingling. “Advances in 

molecular modeling of nanoparticle-nucleic acid interfaces, Bioconjugate Chemistry, 

28, 1 (2017): 3-10 

 

- B. Roark, A. Ivanina, J. Castaneda, H. S. Kim, S. Jawahar, M. Viard, S. Talic, Y. G. 

Yingling, M. Jones, & K. Afonin. "Fluorescence blinking as an output signal for 

programmable biosensing", ACS Sensors, 1, 11 (2016): 1295-1300 
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Chapter 2 

 

- H. S. Kim, A. Singh, & Y. G. Yingling. "Understanding the persistence length of single 

stranded DNA: atomistic molecular dynamics simulations” In preparation for 

submission (2017)   

 

Chapter 3 

- H. S. Kim, B. L. Farmer, & Y. G. Yingling. “Effect of graphene oxidation rate on 

adsorption of poly-thymine single stranded DNA”, Advanced Materials Interfaces, 4, 

8 (2017): 1601168 

Chapter 4 

 

- H. S. Kim, S. M. Huang, & Y. G. Yingling. “Sequence dependent interaction of single 

stranded DNA with graphitic flakes: atomistic molecular dynamics simulations”, MRS 

Advances 1, 25 (2016): 1883 

Chapter 5 

 

- Q. Tu,# H. S. Kim,# T. J. Oweida, Z. Parlak, Y. G. Yingling, & S. Zauscher. 

“Interfacial mechanical properties of graphene on self-assembled monolayers: 

experiments and simulations”, ACS Applied Materials & Interfaces, 9, 11 (2017): 

10203,  #Equally contributed 

Chapter 6 

 

- A. M. Grant, H. S. Kim, T. L. Dupnock, K. Hu, Y. G. Yingling, & V. V. Tsukruk. 

“Silk fibroin–substrate interactions at heterogeneous nanocomposite interfaces”, 

Advanced Functional Materials 26, 35 (2016): 6380 

Chapter 7 

 

- H. S. Kim, S. H. Ha, L. Sethaphong, Y. M. Koo, & Y. G. Yingling. "The relationship 

between enhanced enzyme activity and structural dynamics in ionic liquids: a combined 

computational and experimental study." Physical Chemistry Chemical Physics 16, 7 

(2014): 2944-2953 

Chapter 8 

 

- H. S. Kim, D. Eom, Y. M. Koo, & Y. G. Yingling. “Role of imidazolium cation on 

structure and activity of Candida antarctica lipase B enzyme in ionic liquids”, Physical 

Chemistry Chemical Physics 18, 32 (2016): 22062-22069 
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Chapter 9 

 

- H. S. Kim, S. K. Clendennen, & Y. G. Yingling. “Design rule for increasing enzyme 

activity using computational modeling” In preparation for submission (2017) 

 

- S. K. Clendennen, Y. G. Yingling, & H. S. Kim, “CALB variants”, U.S. Patent, 

US20170159034 (2015)  
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Figure 1.1. Performance limit (simulation time per day) vs system size scale for various 

molecular-modeling methods. The highest resolution methods in the lower left corner describe 

systems with the most detail, but these systems also have the lowest performance limit and 

system size. As size scale increases, the systems are described with less detail, and the 

performance limit increases due to the increased timesteps (Δt) that are possible when 

describing a system with less detail. The bottom of the image shows snapshots depicting the 

application of various computational methods to the NP−nucleic acid interface. 
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 Understanding Structure and Dynamics 

of Single Stranded DNA: Role of Electrostatics, 

Length, and Bases 

Ho Shin Kim, Abhishek Singh, and Yaroslava G. Yingling 

 

*This chapter is a manuscript by Ho Shin Kim, Abhishek Singh, and Yaroslava G. Yingling in 

preparation.  

 

2.1 Introduction 

Understanding the structure and dynamics of a single stranded DNA (ssDNA) is crucial 

for cellular process and also for properties of DNA-based materials in various technological 

applications. Within cells, ssDNA is involved in many important biochemical processes, such 

as replication, transcription, and repair processes where its conformation and dynamics 

enables/disables the interaction with other biomolecules.[1] ssDNA is also used for materials 

assembly[2], in biosensors,[3-4] and drug delivery.[5] However, the flexibility of ssDNA stand 

and its sensitivity to sequence, length, salt type and concentration makes the determination of 

DNA structural properties difficult.  

Specifically,  many experimental observations of ssDNA conformations cannot be fully 

explained by the existing theories including worm-like chain model (WLC) [6-7] or freely 

rotating chain model (FRC)[6, 8] due to their high flexibility and, therefore, many structural 

properties such as persistence length (Lp), which is the basic mechanical property representing 

the stiffness of a polymeric chain,[9-10] can differ from study to study even for the same 

experimental conditions.[11] For example, experimental study using fluorescence spectroscopy 
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and TH model[12] reported the Lp of 10 - 70 bases polythymine (poly(T)) of ~25 Å  in 0.1 M 

NaCl,[13] whereas another study using single molecule FRET and BJ model [14] estimated a 

higher value for Lp of ~35 Å  for 30-50-mer poly(T) at the same salt concentration.[15] Sim et 

al. used scaling of radius of gyration (Rg) from SAXS measurements to estimate the Lp of 14 - 

22 Å  for 8-100 bases poly(T) at 0.525 M NaCl. These Lp values are more consistent with BJ 

model rather than OSF model. However, Chen et al. reported Lp of ~10 Å  for 40-mer polyT in 

0.5 M NaCl using small molecule FRET and SAXS and the derived Lp agrees well with the 

OSF model.[16] Most recently, Lp of ssDNA estimated by the combination of force-extension 

curves and OSF model was reported as 7.8 Å  and 8.7 Å  at 0.5 M and 0.1 M NaCl concentration, 

respectively, which are the shortest measurement predicted so far.[17] These values are 

approximately 2 to 40 times less than the Lp of ssDNA from aforementioned studies conducted 

at either 0.1 M or 0.5 M NaCl concentrations. Overall, it appears that estimated values of 

ssDNA persistence length are heavily dependent on experimental technique and the fitting 

formula associated with a specific polyelectrolyte theory and/or model. While the 

polyelectrolyte theories and WLC model describe well the structure or behavior of dsDNA, 

there is no general agreement between the existing theories and experimental observations for 

ssDNA structure[18-19] This might be due to the fact that the effect of non-bonded interactions 

between the DNA bases such as pi-pi stacking and base pairing is not taken into account in 

these models and theories, which may be important for ssDNA conformation and persistence 

length.  

Molecular dynamics (MD) simulations can be applied to study DNA structure and 

dynamics and were previously used to gain insights into, for example, interactions between 
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DNA and various surfaces and materials,[20-21] the effect of environment on DNA structure[22] 

and the structure and dynamics of biomolecules in various solvents.[23] However, there are only 

few MD studies that addressed the flexibility of ssDNA. For these reasons, in this study, we 

use a combination of implicit and explicit solvent atomistic MD simulations to elucidate the 

role of ssDNA constituents (e.g. bases, charge, and length) on structural changes of ssDNA. A 

combination of implicit solvent, where absence of viscosity permits rapid folding of DNA, and 

explicit solvent simulations, which accounts for specific interactions with water and ions, was 

used to obtain the structure of ssDNA. Poly(T) was chosen as a model ssDNA since there are 

a plethora of experimental observations available for the comparison and it is known that many 

thymine related interactions (i.e. thymine – thymine stacking interactions) can heavily 

influence entire nucleic acid structures.[24] The length of ssDNA in our study, from 10-mer to 

60-mer, was chosen to complement experimental observations [16, 25]  because short poly(T) 

ssDNA are commonly used for DNA-based materials assembly.[26-28]  For example, the use of 

15-mer and 25-mer poly(T) produced the most efficient growth of DNA film[26] and 25-mer 

poly(T) formed best DNA brush on gold surface.[27]  The main advantage of MD simulations 

in this study is that one can perform a comprehensive investigation on the role of individual 

chemical components on ssDNA structures by modifying the chemical structure and physical 

parameters of DNA. To delineate the specific contributions of charge and bases on ssDNA’s 

structure and dynamics, two different types of simulations were performed in our study: (1) 

regular poly(T)n ssDNA (Figure 2.1a); (2) uncharged or neutral polyT ssDNA (poly(nT)n) 

(Figure 2.1b).  
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2.2 Materials and Methods 

2.2.1 DNA structures 

In this study, poly(T) with length of 10, 15, 20, 25, 30, 40, and 60 bases were used. All 

initial ssDNA structures were built using nucleic acid builder (NAB)[29] in AMBER 12[30] 

package and FF10 force field for DNA42, 43. The partial charges for Thymine in FF10 force 

field are depicted in Figure 2.S1. To represent a “neutral” DNA, poly(nT)n, the partial charge 

of oxygen atoms, annotated as OP1 and OP2, which are bonded to a phosphate atom P in 

poly(T) were reduced from -0.7761 each to -0.2761 each (Figure 2.1). Since it has been known 

that counterions tend to offset the negative charges around the phosphate group,[31-32] only 

negatively charged oxygen atoms, OP1, and OP2 were modified in order to obtain a neutral 

DNA (Figure 2.1b).  

2.2.2 MD simulations 

 The ssDNA structures were first pre-folded in implicit solvent simulations and then 

refined with explicit solvent simulations in 0.5 M NaCl.[33-34] While simulations in implicit 

solvent, where the solvent is considered as continuum dielectric, cannot capture the important 

effects of explicit interactions between water, ions and DNA, the absence of viscosity in 

implicit solvent simulations can significantly reduce the computational time required for 

structural conversions of nucleic acids[35-37] and also successfully predict their structures in 

comparison with the experimental observations.[26, 38] For implicit solvent, simulations started 

from the minimization for 10,000 steps; then the system was gradually heated up to 300 K in 

50 ps with 200 kcal/mol of constraint on DNA using Berendsen thermostat.[39] Another 10,000 

steps of minimization was carried out followed by four additional NPT MD steps with graduate 
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decrease in the restraint on DNA in the order of 2.0 kcal/mol, 1.0 kcal/mol, 0.5 kcal/mol, and 

0.1 kcal/mol. After the system was equilibrated, the production simulations were performed 

for at least 60 ns with 1 fs time step under 0.5 M of salt concentration of implicit solvent 

conditions.   

To improve the ssDNA structure and include the effect of explicit interactions with ion 

and water molecules, the pre-folded ssDNA structures were placed in explicit solvent, 

minimized, equilibrated and production simulations were performed for an additional 60 ns. In 

these simulations, each ssDNA was solvated with TIP3P water[40] with 0.5 M NaCl. The system 

was first equilibrated starting from the solvent minimization for 10,000 steps while holding the 

DNA; then, the system was gradually heated up to 300 K with 200 kcal/mol restraint on DNA 

followed by 200 ps NPT MD run. Another 10,000 steps minimization was carried out with the 

25 kcal/mol restraint on DNA. Then, a second MD run was performed for 200 ps with 25 

kcal/mol restraint on DNA. There were five additional 1,000 steps minimizations with 

decreased constraint energy in the order of 20 kcal/mol, 15 kcal/mol, 10 kcal/mol, 5 kcal/mol, 

and finally no constraint on DNA. Then, final equilibration was performed with gradually 

heating the entire system. We have previously used similar protocols for the MD simulations 

of various bio-molecules including DNA,[26] peptides[41] and proteins.[42] Production 

simulations were executed for 60 ns under NPT condition with a 2 fs time step. Particle Mesh 

Ewald (PME) summation method[43] was used to calculate the electrostatic potential under 

periodic boundary condition in all directions.  

For the reliability of folding dynamics of ssDNA in implicit solvent condition, we 

examined folding of poly(T)40 in explicit solvent at the same salt concentration of 0.5 M NaCl. 
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As shown in Figure 2.S2, folding pathway and final Lp of poly(T) agrees well between implicit 

and explicit solvent simulations. However, poly(T) strand folded within 20 ns of implicit 

solvent simulations, whereas the ssDNA structure was not yet completely equilibrated after 

400 ns of production run of explicit solvent simulations (Figure 2.S2). Considering the 

similarities of folding dynamics and the value of final persistence length between implicit and 

explicit solvents, pre-folding of ssDNA using an implicit solvent simulation can give rational 

conformation changes as well as efficient computational speed-up. 

2.2.3 Analysis 

Time average Rg, end-to-end distance ( �̅� ), hydrogen bonding and their standard 

deviations for all cases have been calculated by PTRAJ[44] in AMBER 12 package. The angle 

and distance criterion for hydrogen bonding was chosen as 135° and 3.0 Ȧ respectively. The 

pi-pi stacking interactions were determined using the in-house TCL script in VMD[45] which 

is based on geometrical parameters such as the distance between two adjacent aromatic planes 

(A ≤ 4.8 Å) and angles (γ ≤ 30 degrees) between vectors normal to an aromatic base (j) and 

next base (j+1).[46-47] All pi-pi stacking were calculated from the last 5 ns of explicit solvent 

simulations trajectory.  

2.3 Results and Discussion 

Temporal profiles of the normalized Rg (Rg divided by that of the initial structure, Rg0, 

represent the folding pathways of poly(T)25 and and their neutral strands, poly (nT)25 (Figure 

2.2). Regular poly(T) ssDNA showed a complicated folding pathway, which took about 10 ns 

for structural conversion (Figure 2.2a). Folding of poly(T) most often started from middle of a 

strand following by a formation of locally rigid regions, such as loop-like or hairpin structures, 
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which result from formation of intra-strand interactions, such as H-bonding, pi-pi stacking and 

non-Watson-Crick base pairings. Neutral ssDNA, poly(nT)25, show less complicated folding 

pathway and rapid conversion into a globular shape, where Rg of poly(nT)25 decreases rapidly 

and becomes converged within 1 ns (Figure 2.2b). The folding started from both ends 

following by folding in the middle of the strand into a globular shape. Almost identical folding 

dynamics were observed for all poly(T) and poly(nT) cases (Figure 2.3). The observed 

formation of a loop-like structures in poly(T) and poly(nT) agrees with the previous 

experimental study of short ssDNA (< 50 bases),[48] which emphasized that ssDNA can fold 

into a globular shape because of intra-strand interaction and is more sensitive to salt 

concentration than dsDNA. Very similar ssDNA structure was observed in computational 

study of poly(T)18
[24]  and poly(T)10-15

[26]
 where ssDNA formed hairpin structures via internal 

non-bonded interactions.  

In polymer physics, radius of gyration (Rg), which is a measure of the compactness of 

a chain, can be calculated directly from MD simulations using the following equation: 

  (1) 

where,  is the coordination of the center of mass of a DNA strand,  is the position of mass 

of residue i, and N is the number of residues. The value of Rg and the number of bases (N) are 

correlated with a general scaling law form, Rg = A0N
v where A0 is scaling factor, N is number 

of bases, and v is flexibility factor.[49] The magnitude v is a measure of the flexibility of the 

chain, i.e. the more flexible the chain the lower v is obtained. As shown in Figure 2.4, Rg of 
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both poly(T) and poly(nT) increases as number of bases increases and their trends show a 

general scaling law: 

Rg = A0N
0.6451 for poly(T), where A0=1.847    (2) 

Rg = A0N
0.4236 for poly(nT), where A0=2.724 

The v of poly(T) obtained in this study agrees well with previously reported values from both 

experiments (v = ~0.6 for poly(T)8-100 at 0.5 M NaCl)[25] and computational approach (v = ~0.7 

and ~0.5 for poly(T)10-100 at 0.01 M and 1.0 M NaCl, respectively).[50] Considering that 1.0 M 

NaCl can be treated as high salt concentration, the decrease in v observed at 1.0M NaCl is in a 

good agreement with v of poly(nT).  

Many studies[25, 51-52]  have used the following equation (Eq. 8) to calculate Rg using WLC 

model:[53] 

   (3) 

This formula is generally used for estimation of Lp from SAXS measurements. MD 

simulations permit us to calculate Rg directly from the trajectory using Eq. 1 (“true” Rg) and to 

estimate Rg using Eq. 3 (Rg,WLC,). Thus, we compared the true Rg and Rg,WLC where the values 

of Lp and l are taken from FRC model measurements (Figure 2.4). We show that the true Rg is 

much lower than the estimated Rg,WLC using Eq. 3. However, this large differences is not 

surprising since the equations for Rg,WLC (Eq. 3) is derived from WLC model and, therefore, 

typically used for estimation of stiff molecules such as dsDNA.  
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End-to-end distance (�̅�) refers to the length of a straight line between two free ends of 

a strand and can be directly calculated from MD simulation trajectory and measured by FRET 

experiments. In WLC model, the relation between <�̅�> and persistence length is expressed via 

following equation:[54] 

  (4) 

We then compared end-to-end distance calculated directly from MD (�̅�) with <RWLC> 

using Eq. 4 where contour lengths (Nl) were taken from MD simulations (Figure 2.4). While 

trends of end-to-end distance versus N is almost identical to that of Rg; RWLC is much larger 

than �̅� from MD.   

In polymer physics, the average end-to-end distance of a simple polymer scale as <R(Nl)> ~ 

(Nl)x, where exponent x equal to 0.588 in 3-dimensional system.[55] In our simulations we 

observed the following scaling behavior: 

�̅�(𝑁𝑙)  ~ (Nl)0.7695 for ssDNA               (5) 

There are large differences between x of �̅� from MD and theoretical exponent (Figure 

2.4). However, when end-to-end distance is estimated by WLC model (Eq. 4), exponent, x, 

becomes approximately 0.524 for ssDNA.  

There have been several studies showing a good agreement between two dimensional 

(2-D) structural properties of DNA (e.g. DNA on the surface) and theoretical values for an 

ideal chain model based equations.[8, 19, 55] For example, Rechendorff et al. reported that the 

critical exponent for end-to-end distance is within proximity of the theoretical exponent in 2-
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D when ssDNA is absorbed on the modified graphite surface.[19] Perhaps this agreement can 

be explained by strong surface–DNA interactions that disrupt DNA internal interactions and 

facilitate extended or stretched conformation on the surface, thus leading to an ideal chain like 

behavior.[56] However, unlike 2-D where surface – DNA interactions can be a dominant factor 

for structural changes of ssDNA, ssDNA in 3-D does not behave as an ideal chain and shows 

different folding dynamics due to formation of internal non-bonded interactions. Therefore, 

the differences between direct calculations of DNA properties, such as Rg and �̅�, and WLC-

derived properties for ssDNA could serve as evidence that base-base interactions are 

detrimental for structure and dynamics of ssDNA.  

In order to evaluate what dominant interactions between nucleobases can govern 

ssDNA stiffness and why mathematical model shows large differences from MD simulation 

results, we calculated length-dependent formation of various non-bonded interactions within 

the ssDNA chain, such as hydrogen bonds and pi-pi stacking (Figure 2.5). As shown in Figure 

2.5a, the overall number of hydrogen bonds increases linearly with length for neutral 

(poly(nT)) and charged ssDNA (poly(T)). Moreover, ssDNA has a significantly higher number 

of formed H-bonds as compared to neutral chain. For poly(T) 40% to 75% of all hydrogen 

bonds participated in non-Watson-Crick Thymine–Thymine (T–T) base pairing interactions, 

as compared to less than 30% for poly(nT) (Figure 2.5b). It is known that the rigidity of 

dsDNA, whose persistence length is much larger (~500 Å )[57-58] than that of ssDNA, is largely 

attributed to the contributions of Watson-Crick base pairings and base-stacking interactions. 

Adenine (A) forms the most favorable base pairing with thymine; however, DFT simulations 

reported that various possibilities of non-bonded interactions between T–T exist with 
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energetically favorable states, where hydrogen bonding energy between T–T is slightly smaller 

than that between A–T[59-60]. Also, Keniry et al. found that T–T interactions can contribute to 

the conformational stability of a loop structure for short DNA fragment.[61] Recent studies 

shown that T–T base pairing were a key interaction in self-assembled structure of thymine 

molecules on gold [62] and silicon/gold surfaces.[63] We observe that T–T interactions also 

contribute to a loop like formation which increased the stiffness of poly(T). Moreover, by 

comparing poly(T) and poly(nT) we observe that charged backbone or salt concentration is 

crucial for the formation of the base–base interactions. 

The pi-pi stacking interactions also contribute to chain stiffness. ssDNA has a 

significant amount of pi-pi stacking interactions and backbone charge or salt concentration 

play a significant role in a number of pi-pi interactions. In the poly(T) case, 25 % to 55 %  of 

all bases are stacked as compared to 20–30 % of that in poly(nT) case (Figure 2.5c). Moreover, 

less consecutive stacks are observed in the case of poly(nT) as compare to poly(T) (Figure 

2.5d). Generally, pyrimidines should have less pi-pi stacking preferences than purines, since 

their base is composed of a single six-membered ring, whereas purine base is composed of two 

rings (one six- and one five-membered ring). Because of a lack of conjugated ring structures, 

poly-pyrimidines, poly(T) and poly(C), are believed to behave as an ideal polyelectrolyte[25] 

with negligible stacking interactions at certain environment (i.e. high salt concentration).[64] 

However, recent studies showed an opposite trends. Experiment using force-extension of 

ssDNA at 0.5 M, found that Lp of poly(C) is greater than that of poly(A) because of more 

stacking effect.[65] Recent DFT[66] and Monte Carlo[67] studies showed that pi-pi stacks between 

thymines are energetically more favorable than pi-pi interaction between Adenines. Also, 
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recent MD simulation study  addressed that poly-pyrimidine whose base size is smaller than 

poly-purine is structurally more efficient for the stacking interactions.[68]   

Overall, we observed that the formation of non-bonded interactions between bases, 

such as T – T pairing and base stacking (Figure 2.5b-d) are highly dependent on the charges 

of the backbone, which can explain the structural changes of ssDNA associated with the 

increase in the salt concentration. Negatively charged backbone in poly(T) give rise to the 

limited flexibility of chains and facilitate the formation of thymine related interactions such as, 

T – T base parings, pi-pi stacking. These interactions result in the loop-like structure with a 

higher stiffness. Moreover, the increase in non-bonded motif formations between bases at 

shorter length (Figure 2.5b, c, d), show that the length-dependent trend is largely attributed to 

the interactions between bases. Thus, the formation of non-bonded interactions between bases: 

base – base pairing and stacking play a significant role in understanding the complex behaviors 

of ssDNA in aqueous solutions which cannot be fully described by any simple polyelectrolyte 

theories where any internal interactions are ignored.  

2.4 Conclusions 

We have shown the effect of negative charges and bases of ssDNA on its structural 

properties via all-atom MD simulation. First, we analyze folding pathway using the normalized 

Rg for overall understanding of the contributions of charges and nucleobases on ssDNA 

dynamics and conformation. The result shows that regular ssDNA tends to form loop-like 

regions due to non-bonded interactions among thymine bases, while neutral ssDNA where 

negative charges on backbone are neutralized, quickly become disordered globular structures 

as there are no repulsive interactions between negatively charged backbone monomers. The 
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folding pathway analysis showed that repulsive contributions of the negatively charged 

backbone can facilitate the non-bonded interactions among nucleobases and these base - base 

interactions can lead to loop-like structure of ssDNA. Second, comparison of Rg and R by direct 

calculation from MD trajectories, so-called true Rg and R, with estimated values from the WLC 

model based equations shows large differences between true values and estimated values of 

ssDNA. Last, by analyzing non-bonded interactions among nucleobases, we found two 

important interactions that affect ssDNA dynamics and conformations: (1) pi-pi interactions 

and (2) T – T hydrogen bonds. These two contributions are dominant interactions to form loop-

like structure of ssDNA in solution and make ssDNA more rigid than simple polyelectrolyte 

chain or neutral polymeric chain.  

  In the light of aforementioned observations, we conclude that ssDNA does not behave 

as a flexible simple polyelectrolyte chain and also its structural properties cannot be precisely 

described by conventional polyelectrolyte theories or model based equations. Our findings can 

assist to more fundamentally understand the role of bases, backbone and negative charges on 

the structure and dynamics of ssDNA and its flexibility. However other important factors that 

can potentially influence the stiffness of ssDNA, such as sequence, temperature and different 

salt concentrations have to be investigated to (1) precisely estimate persistence length using 

MD simulations and (2) create a perfect picture of understanding structure and dynamics of 

ssDNA. 
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Figure 2.1. Representative initial and last simulation snapshots in this study. Total charge on 

the phosphate group (left), snapshot of the initial (center) and a final (right) structures of (a) 

regular poly(T)20, (b) neutral polyT, poly(nT)20 
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Figure 2.2. (a) Representative folding pathway of 25-mer ssDNA in implicit solvent for the 

first 15 ns. Simulation snapshots illustrating a typical folding where backbone represented as 

a purple ribbon and backbone atoms are orange and base atoms are green. (b) Temporal profile 

of normalized radius of gyration for poly(T)25 (top) and poly(nT)25 (bottom) 
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Figure 2.3. Simulation snapshots of (a) poly(T)n and (b) poly(nT)n representing equilibrated 

conformations after structure refinement in 0.5 M NaCl solution. Backbone is colored as 

orange licorice model with purple ribbon bands; and bases are colored as green licorice model. 
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Figure 2.4. Radius of gyration (Rg) and end-to-end distance (R) of poly(T) and poly(nT). True 

Rg, and R calculated from MD simulations are colored by black circles. Estimated Rg,WLC and 

RWLC for poly(T) and poly(nT) are navy diamonds.  
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Figure 2.5. Formation of specific non-bonded interactions in poly(T) (orange or blue bars) and 

poly(nT) (grey bars). (a) Total number of hydrogen bonds; (b) percentage of non-Watson-Crick 

T-T base-pairing; (c) percentage of pi-pi stacks; and (d) number of consecutive pi-pi stacks. 

Snapshots of (e) poly(T)15 and (f) poly(nT)15. Blue thick lines represent formation of pi-pi 

stacks, and red dotted lines indicate the T–T base pairings.  
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Figure S 2.1. Partial charge of thymine monomer of (a) regular ssDNA, poly(T), (b) neutral 

ssDNA, poly(nT), Neutralized oxygen atoms for poly(nT), OP1 and OP2 are colored as red 

and reference atoms for the vector calculation, O3’ are illustrated as blue 
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Figure S 2.2. Comparison between folding pathway and persistence length (Å ) of poly(T)40 

via (a) implicit solvent simulations (60 ns) and (b) explicit solvent simulations (400 ns). Each 

snapshot represents folding dynamics of poly (T)40 at both 0.5 M implicit and explicit solvent. 
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3.1 Introduction 
 

Generally, surface polarity is known to be an important factor for the adsorption process,[1-2] 

structure, and dynamics of biomolecules.[3] Graphene surfaces are known for their excellent 

mechanical strength (~1.0 TPa),[4-5] large surface area (up to 2,630 m2 / g),[6] and unique 

bonding networks[7-8]. Moreover, oxidation of graphene surfaces permits controlled 

modification of surface polarity and hydrophobicity. Due to their unique properties, pristine 

graphene (PG) and its oxidized surface, graphene oxide (GO), have been used in many 

applications, including water purification process,[9] antimicrobial treatments,[10] and 

bionanocomposites.[11-12] Specifically, integration of single-stranded DNA (ssDNA), an 

electronegative polymer with unique recognition properties, with graphene-based surfaces has 

been widely used in many applications,[13] such as bio-sensors,[14-17] or drug-delivery 

system.[18] It is known that DNA adsorption on graphene surfaces is a complex process and 

depends on local sequence variations, defects, and surface properties.[19] However, 

fundamental understanding of how surface polarity affects ssDNA structure is unclear and 

remains to be explored, even though GO is considered to have better biocompatibility than PG 

due to its amphiphilic behavior.[20-21]  
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For other biomolecules, such as proteins, it has been reported that there is an incomplete 

agreement of the relation between surface polarity and compatibility or stability of 

biomolecules on these surfaces. For example, previous studies reported that the secondary 

structure of small protein fragments can be retained on GO but disrupted on PG due to strong 

non-bonded interactions between the protein and graphene surface.[22-23] In contrast, a recent 

study showed an opposite trend: enzyme function was maintained well on PG, whereas GO 

acted as an enzyme inhibitor by disrupting the active site.[24] For DNA-surface interactions, the 

significance of two important bonding contributors for the physisorption of ssDNA on 

graphene-based surfaces, e.g. pi-pi stacking interactions and hydrogen bonds, has been 

emphasized in previous studies.[13, 25-26]  For instance, one experimental study demonstrated 

that formation of interfacial hydrogen bonds between DNA and GO is crucial for the 

attachment of ssDNA and the detachment of hybridized double stranded DNA (dsDNA) during 

the sensing process.[25] Aforementioned studies clearly indicate that the density of polar groups 

on the graphene surface or oxidation rate should have a direct implication on physisorption 

process and these interactions can either enhance or reduce biocompatibility and stability of 

ssDNA on graphene-based surfaces. However, a systematic investigation of the surface 

polarity that influences these important interactions has not been performed. 

Molecular dynamics (MD) simulations can provide a detailed atomistic description of 

processes occurring during physisorption of ssDNA on the graphene-based surfaces.[27-28] 

Previous computational studies reported that DNA-surface pi-pi stacking interactions can be a 

driving force for physisorption of ssDNA on PG,[26, 29] while hydrogen bonds are the main 

contributor for DNA – GO interactions.[3, 30] However, all of these studies started from an 
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extended conformation of ssDNA prior to adsorption onto the surface. Yet, the structure of 

ssDNA in solution, which is essential for its biological functions, is usually composed of 

stacked domains interspaced with coiled or unstructured domains.[31-32] Such complicated 

structure results from a combination of intra-strand electrostatic, base pairing, and stacking 

interactions. It is possible that stacked and coiled regions of ssDNA play different roles in the 

process and mechanism of physisorption. Here, we performed all-atom MD simulations to first 

obtain a model structure of ssDNA: poly(T)20 in solutions and then investigate the mechanisms 

of its physisorption on PG and GO surfaces with variable oxygen coverages (from 5% to 60%) 

to address the following issues: (1) relationship between ssDNA structure and surface polarity, 

and (2) key interactions that govern conformational changes of ssDNA on graphene-based 

surfaces. 

3.2 Simulation Details  

3.2.1 Structure of ssDNA and graphene-based surfaces 

In this study, poly-thymine ssDNA with a length of 20 bases, poly(T)20, was used. The initial 

poly(T)20 structure was built using nucleic acid builder (NAB) in AMBER 14[33] package with 

FF12SB bsc0 force field for ssDNA.[34] For the graphene-based surfaces, first a PG sheet (10 

nm × 5 nm) was created via inorganic builder[35] in VMD 1.9.1 package;[36] then hydroxyl and 

epoxy groups were grafted on both sides of the surface in a random manner. Hydroxyl to epoxy 

groups ratio was 2:1 on all GO surfaces since it is known as suitable –OH : –O ratio for many 

reactions between water and the graphene surfaces.[37-38] To investigate the surface polarity, 

PG (0%) and GO with 5%, 10%, 15%, 20%, 25%, 30%, 40%, and 60% oxygen coverage were 
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prepared as surfaces for DNA physisorption. Representative snapshots of the surfaces used in 

this study are shown in Figure 3.S1. Partial charges that are associated with the hydroxyl and 

epoxy group were taken from a previous computational study (Figure 3.S2-c).[39] This study 

did not account for the presence of other defects on the surface, such as Stone-Wales defect, 

vacancies, and dislocations[40] to fully focus on DNA – surface polarity relationships. Also, in 

order to elucidate the effect of surface roughness by functional groups on poly(T)20 

conformation, we chose GO with 20% oxygen coverage and removed all partial charges of 

functional groups, leaving only steric hindrances. This artificially neutralized GO 20%, so-

called (nGO 20% or 20n), was electrostatically neutral. The force field parameters for the 

surface atoms, including partial charges of functional groups, were taken from Stauffer et al.[39] 

and general amber force field (GAFF).[41] 

3.2.2 MD simulations 

 To refine the structural behavior of poly(T)20 in aqueous solution, we first performed MD 

simulations of poly(T)20 alone in implicit solvent where the solvent is considered as continuum 

dielectric.[42] Even though the implicit solvent model cannot capture the important effects of 

explicit interactions between water, ions, and DNA, the absence of viscosity in implicit solvent 

simulations can significantly reduce the computational time required for structural conversions 

of nucleic acids[43-44] and also successfully predict their structures in comparison with the 

experimental observations.[45-46] For the implicit solvent, simulations started with minimization 

for 10,000 steps; then the system was gradually heated up to 300 K in 50 ps with 200 kcal/mol 

of harmonic constraint on poly(T)20 structure using Berendsen thermostat.[47] Another 10,000 

steps of minimization were carried out followed by four additional NPT MD steps with a 
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gradual decrease in the restraint energy on DNA in the order of 2.0 kcal/mol, 1.0 kcal/mol, 0.5 

kcal/mol, and 0.1 kcal/mol. After the system was equilibrated, the production simulations were 

performed for at least 60 ns with 2 fs time step, which was enough to obtain structurally an 

equilibrated poly(T)20 structure (Figure 3.S2-d).  

To include the effect of explicit interactions with water and ions, the poly(T)20 structure from 

the last frame of the MD simulation in the implicit solvent was extracted and solvated into the 

solution composed of TIP3P water molecules[48]. Minimization, equilibration, and production 

simulations were performed for an additional 60 ns. In these simulations, the system was first 

equilibrated starting from the solvent minimization for 10,000 steps while holding the DNA 

fixed; then, the system was gradually heated up to 300 K with 200 kcal/mol restraint on DNA 

followed by 200 ps NPT MD run. Another 10,000 steps minimization was carried out with a 

25 kcal/mol restraint on DNA. Then, a second MD run was performed for 200 ps with 25 

kcal/mol restraint on DNA. There were five additional 1,000 steps minimizations with 

decreased constraint energy in the order of 20 kcal/mol, 15 kcal/mol, 10 kcal/mol, 5 kcal/mol, 

and finally no constraint on the poly(T)20. Then, the entire system was gradually heated up to 

300 K. We have previously used similar protocols for the MD simulations of various 

biomolecules including DNA,[45-46] and proteins[49]. Production simulations were executed for 

60 ns under NPT condition with a 2 fs time step. Particle Mesh Ewald (PME) summation 

method[50] was used to calculate the electrostatic potential under periodic boundary condition 

in all directions. After combined implicit and explicit simulation, we obtained a folded poly 

(T) structure that has internal interactions, such as pi-pi stacking and hydrogen bonds (Figure 

3.1-c, and d).  
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For MD simulations of poly(T)20 interactions with graphene-based surfaces, the previously 

folded poly(T)20 was placed onto the center of the surface (Figure 3.S2) such that no unintended 

interactions or overlaps between two atoms occur. The DNA – surface system was then 

solvated in a TIP3P water box and the same minimization, equilibration, and production run 

protocols for MD simulation of explicit solvent conditions as described above were employed 

for 100 ns. The box dimensions and initial structure of the poly(T)20 – surface complex are 

shown in Figure 3.S2. To validate the results, second set of the simulations were performed on 

GO surfaces with different distribution of oxidation groups (Figure 3.S9). In the second 

simulation set, PG, GO 20%, and GO 60% surfaces were selected as an example of the case 

with low, moderate, and high surface oxidation rate, respectively. The protocols for system set 

up, minimization, equilibrations, and production runs were the same, as described above. As 

illustrated in Figure 3.S9, the results between first and second simulation set are similar: GO 

20% is shown as the best surface for poly(T) structure retention; regimes with low and high 

oxidation rate are not ideal for ssDNA structure retention. 

3.2.3 Analyses 

Non-bonded interactions, the number of hydrogen bonds, and water-bridging interactions 

were calculated with the CPPTRAJ version 15 module in AMBER 14 package.[51] For 

hydrogen bonding analyses, the angle and distance criterion was chosen as 135° and 3.0 Ȧ 

respectively. The pi-pi stacking interactions were determined using an in-house TCL script in 

VMD version 1.9.1 which is based on two geometrical criteria: the distance between two 

adjacent aromatic planes (A ≤ 4.8 Å) and the angles between axes normal to the two adjacent 

planes (γ ≤ 30 degrees).[52-53] Hydrophobic contacts were calculated via BINANA version 1.2.0 
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software.[54] This analysis counted the number of carbon atoms in poly(T)20 within 4.0 Å of 

carbon atoms of graphene-based surfaces. Linear density profiles of poly(T)20 atoms along the 

axis perpendicular to the surface were analyzed using density profile tool 1.1.[55] Binding free 

energy differences were estimated by molecular mechanics energies combined with the 

generalized Born and surface area continuum solvation (MM-GBSA) in the AMBER package. 

3.3 Results and Discussion 

3.3.1 Results 

  The ssDNA in solution forms a complicated structure with stacked and coiled regions 

which result from intra-strand electrostatic, base pairing, and stacking interactions. Our 

simulations showed that the initially extended conformation of poly(T)20 ssDNA rapidly 

(within 10 ns) converges into a partially folded and looped structure (Figure 3.1 and S2), which 

is held together by internal hydrogen bonds and pi-pi stacking interactions between nucleosides 

(Figure 3.1). Final folded structure also contains nucleosides which are free from non-bonded 

intra-strand interactions (residue 7 and 8, red residues in Figure 3.1), have no internal hydrogen 

bonds (residue 15, 16, and 17, green residues in Figure 3.1), or do not participate in pi-pi 

stacking interactions (residue 4, 5, and 18, blue residues in Figure 3.1). We used this folded 

poly(T)20 as a starting structure for the physisorption study as this complex structure with 

stacked and coiled regions (Figure 3.1) agrees with previous experimental observations in 

aqueous solutions.[31-32]  

To investigate how surface polarity affects the structure and dynamics of folded 

poly(T)20 , we analyzed non-bonded interactions energy between poly(T)20 and graphene-based 
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surfaces (Figure 3.2). Our simulation results indicated that there are three different adsorption 

regimes which are heavily dependent on (1) the oxygen coverages of graphene-based surfaces 

and (2) residues that are not involved in internal non-bonded interactions of poly(T)20, so-

called free residues.  

In the first regime, which is applicable to PG or GO 5% surfaces, the physisorption 

process was completely attributed to van der Waals (VDW) interactions (Figure 3.2). Initially, 

free and flexible residues in poly(T)20 form non-bonded interactions with the surface: such as 

residue 8 and residues at both ends (residue 1 and 20) which are considered as flexible residues 

due to ends of poly(T)20 strand in this study is capped with –OH. This capped end makes 

poly(T)20 ends more flexible, hydrophobic and, therefore, more favorable for the interaction 

with the hydrophobic surface as compared to the non-capped DNA structure which ends with 

a phosphate group. Interfacial interactions with these residues became stronger as the process 

of physisorption continues (Figure 3.2a). This increased number of nucleobases interacting 

with the surface caused the ssDNA to unfold and unravel on the surface (Figure 3.2b). Overall, 

for PG and GO 5% cases where poly(T)20 interacts with the surfaces with no or low oxygen 

coverage, it is clear that interfacial VDW interactions are key for the physisorption process and 

are strong enough to unfold the poly(T)20 structure.  

In the second regime, which is applicable to the surfaces with moderate oxidation rate 

(e.g. GO 10% to GO 25%), poly(T)20 was absorbed but its folded structure was maintained. As 

shown in Figure 3.2, VDW interactions were no longer a dominant contributor to the 

adsorption process: only free residues, such as residue 8 (GO 10%, 15%, 20%, and 25% case),  

17 (GO 15%), and 20 (GO 10%), were involved in strong VDW interactions with the surface. 



 

54 

At the same time, Electrostatic interactions (ELEC) and hydrogen bonds became important for 

the physisorption process (Figure 3.S6 and S7). These interactions were only formed near the 

residues already participating in VDW interactions with the surface such as residue 8, 9, and 

10 or near the residues at the ends. In this regime, poly(T)20 remains mobile, as only few DNA 

regions formed strong interactions with the surface via a combination of VDW and hydrogen 

bonds and most of the DNA bases were not involved in the interaction with the surfaces. For 

example, DNA could lift up from the surface, rotate approximately 90 degrees, and land on the 

surface again (GO 20%) or could form an inverse U shape (GO 15% or 25%) where only two 

residues interact with the surface (Figure 3.S3). Overall, a combination of electrostatic driven 

hydrogen bonds(Figure 3.S6 and S7) and VDW contributions between the surface and 

nucleobases is a key factor for the physisorption process of poly(T)20 on GO with moderate 

oxidation rate.  

In the third regime, which is applicable to GO surfaces with high oxidation rate (e.g. 

GO 30% to 60%), poly(T)20 also maintained its initial folded structure. However, electrostatic 

interactions mainly contributed to the physisorption process due to the formation of hydrogen 

bonds (Figure 3.2a, Figure 3.S6 and 3.S7). Since a greater number of nucleobases formed non-

bonded interactions with the surface (as compared to the case of GO 10% - 25 %), poly(T)20 

was not mobile on the surface (Figure 3.2b, and Figure 3.S3).  

To assess structural differences of adsorbed poly(T)20, density profiles of ssDNA atoms 

along the axis perpendicular to the surface are shown in Figure 3.3. Such density measurements 

can be compared to AFM characterization. Specifically, the height of poly(T)20 on PG from 

our MD simulations (~16 Å) agrees with experimentally measured height of long ssDNA on 
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multi-layered graphene substrates (~12 Å, AFM height image).[13] On the PG surface, poly(T)20 

unfolded and spread, which attributes to the highest atomic density peak location at around 6 

Å. For GO 5%, even though atomic density was shifted up to a greater distance from the surface 

due to the locally folded region of the poly(T)20 structure (Figure 3.S3), more than 300 DNA 

atoms were still found near the surface due to the unfolding dynamics of the DNA structure. 

On GO surfaces with higher oxidation rate (>10%), the poly(T)20 structures tended to be 

maintained and density profiles of ssDNA differed from those on PG or GO 5%: DNA atoms 

were more evenly distributed along the axis normal to the surface. In these cases, since poly(T) 

retained its folded structure, the trends were dependent on the structural motions and rotations. 

(Figure 3.S3).  The average height of poly(T)20 on graphene-based surfaces from simulations 

(~22.56 Å) showed similar value as compared with experimental value (~18 Å) for short 

ssDNA strands on GO measured by AFM height images using tapping mode.[56] 

Our simulation results also demonstrated that hydrophobic interactions have a 

significant effect on the physisorption process, especially during the unfolding process of the 

poly(T)20 structure on PG and GO 5%. As shown in Figure 3.4a and Figure 3.S3, more than 

10% of DNA atoms (70 out of 639 DNA atoms) were involved in hydrophobic contacts with 

PG and GO 5 % surfaces. This number dropped to less than 3% once oxygen coverage of the 

GO surface exceeded 10 %. This drastic change clearly indicates the hydrophobic contacts are 

the key contributors for the unfolding dynamics of poly(T)20. Furthermore, among many 

hydrophobic interactions, we revealed that stacking interactions between hydrophobic six-

membered rings of the carbon surface and those of thymine bases, so-called pi-pi stacking 

interactions, are heavily related to structural changes of poly(T)20 (Figure 3.4b). Initially, 



 

56 

folded poly(T)20 has 12 internal base – base stacking interactions (Figure 3.1c and Figure 3.4b). 

However, these internal interactions were lost on PG and GO 5% with only two (PG case) or 

six (GO 5% case) stacking internal interactions (Figure 3.4b). On a contrary, in the case of GO 

with higher oxidation rate, more than eight internal DNA stacking interactions and less than 

three DNA – surface stacking interactions were found, illustrating maintenance of a folded 

poly(T)20 structure. We also showed that the trend of the estimated binding free energy as a 

function of the surface oxidation rate is directly related to the interfacial hydrophobic 

interactions shown in Figure 3.4 (Figure 3.S8). This relationship can be more clearly shown in 

the probability of average pi-pi interactions over the last 10 ns of a 100 ns MD trajectory when 

poly(T)20 became structurally and energetically stable (Figure 3.5b, c). Less than 16% of 

original internal DNA stacking interactions remained on PG and GO 5%. Furthermore, on these 

surfaces, more than 40% of nucleobases interacted with the PG and GO 5% via interfacial 

stacking interactions (Figure 3.5c).  As for GO substrates with oxygen coverage higher than 

5%, internal stacking interactions were maintained relatively well due to weak (GO 10% to 

30%) or no (GO 40% and 60%) interfacial stacking interactions (Figure 3.5b, c). 

Next, we evaluated the role of electrostatic interactions, specifically hydrogen bonds 

(Figure 3.5d, e). For instance, most of the internal hydrogen bonds of poly(T)20 were lost on 

PG and GO 5% as poly(T)20 became stretched on those surfaces: however, poly(T)20 retained 

these interactions relatively well on GO 10%, 15%, 20%, and 25% surface. These internal 

hydrogen bonds weakened on GO surfaces with high oxygen content, such as 30%, 40%, and 

60%. By comparing surface – DNA interactions (Figure 3.5c and e), we found several 

observations on the role of dominant contributions on stability of internal interactions within 
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poly(T)20:  (1) when stacking interactions are the leading contribution for physisorption (PG 

or GO 5% case), most of the poly(T)20 internal interactions are disrupted by surface – DNA 

stacking; (2) on GO with high oxidation rate (GO 30%, 40%, and 60%) internal poly(T)20 

interactions are retained due to the lack of interfacial stacking interactions, and the highly 

oxidized surface can deteriorate internal hydrogen bonds of poly(T)20 by strong interfacial 

hydrogen bonds; and (3) poly(T)20 internal structures are preserved most on GO with moderate 

oxidation rate (e.g. GO 10% to 25%) since surface interactions are initiated and maintained by 

free residues. 

We also found that water bridging interactions, which connect surface and poly(T)20 

via hydrogen bonds, (Figure 3.5f) occurred at both ends of poly(T)20 and residues 7, 8, and 9 

which are, again, residues free from internal poly(T)20 interactions. Considering that these 

interactions were more clearly observed in the case of GO 10% to 25% as compared to GO 

5%, or GO with high oxygen coverage, it appears that water bridges stabilize DNA folded 

structures during the physisorption process.  

Oxidation of graphene not only increases the polarity of the surface but also decreases 

the probability of formation for pi-pi stacking interactions with poly(T)20. In order to separate 

the contributions of enhanced polarity and surface roughness due to surface oxidation on the 

physisorption process, we performed additional simulations with poly(T)20 onto neutral GO 

20% surface (nGO 20%). This nGO 20% surface is identical to regular GO 20%, but has no 

partial charges on functional groups, making this surface hydrophobic and rough because of 

functional groups sticking out from the graphene surface. For hydrophobic surface roughness, 

similar approach was used in previous MD simulations study exploring enhanced DNA 
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sequencing performance via edge-hydrogenated graphene nano-pore structure.[57] As 

illustrated in Figure 3.6, poly(T)20 retained its folded structure on neutral surfaces with well-

conserved internal hydrogen bonds and stacking interactions, showing similar folded 

conformation as observed on regular GO 20% surface. Moreover, in both cases, only free 

residues participated in the physisorption with the surfaces: There are no electrostatic 

interactions between residues and the neutral surface due to negligible partial charges on 

functional groups, as expected; however, strong VDW interactions were found between nGO 

20% and free residues (residue 7, 8, and 18) as also observed in the regular DNA - GO 20% 

interactions (Figure 3.6e). In fact, structural retention of poly(T)20 on nGO 20% surface, where 

electrostatic contribution is negligible and only VDW interactions exist, showed that (1) 

participation of free residues in the physisorption is crucial for structural stability and (2) 

surface roughness arising from functional groups sticking out from the carbon surface can 

sterically hinder the formation of stacking interactions with poly(T)20, thus yielding a well-

maintained poly(T)20 structure. 

3.3.2 Discussion 

Our simulation results have shown that both electrostatic and VDW contributions play 

important roles in physisorption of poly(T)20 on graphene-based surfaces. Moreover, we found 

that these two contributions can influence poly(T)20 structure and dynamics in different ways 

(Figure 3.2, 3). When VDW contributions were the leading factor in physisorption process, 

major internal interactions within poly(T)20, such as hydrogen bonds and base stacking, were 

disrupted and it was strongly adsorbed as an unfolded strand (Figure 3.5). Our study agrees 

with the earlier computational studies that demonstrated the importance of ssDNA – 
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hydrophobic surface interactions that can heavily affect the conformational fluctuations of 

ssDNA.[27-28] In our case, the majority of VDW contributions originated from hydrophobic pi-

pi stacking interactions between nucleobases and the surface (Figure 3.2 and 4). It has been 

known that VDW and hydrophobic interactions (rather than electrostatic interactions) can 

stabilize pi-pi stacking interactions in nucleic acids.[58-59] Furthermore, many previous studies 

have emphasized the importance of stacking interactions between surface and biomolecules as 

this contribution can be strong enough to break internal non-bonded interactions,[60] thereby 

yielding conformational changes of bio-molecules including small peptides,[22] proteins,[23],[61] 

ssDNA,[13, 29] and dsDNA.[3] Experimentally, previous AFM studies showed that ssDNA 

becomes well-stretched on graphite surfaces with no functional groups,[62-63] or almost straight 

on hydrophobic Si(111) surface,[64] which is in a good agreement of this study. Overall, our 

observations in the case of PG and GO 5% are in a good agreement with those previous results 

and show that stacking interactions between surface and ssDNA can be the major contributions 

for unfolding dynamics of ssDNA on the surface. 

Our results also exhibited that poly(T)20 structure tends to be maintained well when 

adsorbed on GO 10% - 25%. In these cases, only DNA residues which are free from internal 

non-bonded interactions are involved in the physisorption process via combined hydrogen 

bonding and pi-pi stacking interactions (Figure 3.2, 5). These combined non-bonded 

interactions with only a few residues can not only restrain poly(T)20 on the surface without a 

loss of internal interactions, but also confer flexibility on poly(T)20 that allows large structural 

motions and rotations (Figure 3.5 and S3). In this regime, water-mediated hydrogen bonds 

connecting the surface and free residues enhance physisorption between poly(T)20 and the 
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surface (Figure 3.5f). Our recent combined experimental and computational study of silk 

fibroin adsorption on the graphene oxide (GO 20%) surface also reported that secondary 

structure of silk fibroin is maintained and recovered on GO surface but disrupted on graphene 

and SiO2 surfaces.[61] From additional MD simulations using neutral GO surface, we conclude 

that surface roughness can also be the key factor for ssDNA’s structural retention: functional 

groups can geometrically prevent poly(T)20 from forming stacking interactions with the 

surface, thus leading to a well folded ssDNA structure with well-maintained internal 

interactions. For these reasons, GO with  moderate oxygen coverage (GO 10% to 25%) appears 

to be the surface showing the best structural retention of poly(T)20 structure among all 

graphene-based surfaces examined in this study. 

For highly oxidized GO surfaces, electrostatic interactions become a dominant 

contribution for physisorption process (GO 30% to GO 60%), and loss of internal poly(T)20 

hydrogen bonds occurs due to the formation of strong surface – DNA hydrogen bonds (Figure 

3.5a). Even though well-preserved internal stacking interactions can keep poly(T)20 folded 

because of surface roughness, strong interfacial hydrogen bond interactions between poly(T)20 

and the surface can disrupt or weaken the part of the internal hydrogen bonds, which leads to 

unstable DNA structure. Conformations of poly(T)20 on various GO surfaces observed through 

MD simulations are also in a good agreement with experimental values for short poly(T)20 on 

GO surfaces measured by AFM images. Given that DNA – surface stacking interactions are 

minimal at highly polar surfaces, we conclude that loss of internal hydrogen bonds occurs due 

to (1) formation of a high number of strong hydrogen bonds between DNA and the surface, 

and (2) lack of stacking interactions between surface and free residues. Previously, it has been 
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reported that strong hydrogen bonds with surroundings, such as surface or ionic solvents can 

easily break internal hydrogen bonds of bio-molecules leading to detrimental effects on their 

structures.[24, 65] For example, a recent study reported that strong hydrogen bonds between α-

chymotrypsin and GO surface can disrupt local secondary structure near the active site of the 

enzyme, thus leading to loss of enzyme activity.[24] Judging from our observations and previous 

reports, it is plausible that GO surfaces with high oxygen coverage are not suitable for retention 

of DNA structure.  

Our results suggest that for the applications that require a destabilization of the 

adsorbed materials structure, such as antimicrobial process[10, 66] or denaturation of specific 

proteins[24, 67] either pristine graphene, sparsely (less than 10%) or densely (more than 25%) 

oxidized graphene surfaces should be used. On the other hand, GO with moderate oxidation 

rate (10-25%) should be used for the applications that requires enhanced structural stability of 

the biological materials, such as in nano-carriers for drug delivery.[68-69]  

3.4 Conclusions 

In this paper, we have performed a detailed investigation of the effect of surface 

oxidation rate of graphene surfaces on the physisorption process of poly(T)20. Simulation 

results have demonstrated that poly(T)20 forms a complex structure with stacked and coiled 

regions in aqueous solutions, which results from internal non-bonded interactions. Upon 

physisorption, the poly(T)20 structure undergoes changes associated with the surface 

properties: (1) on PG or sparsely oxidized graphene surfaces (e.g. GO 5%), VDW driven 

interactions, especially pi-pi stacking interactions, between DNA nucleobases and the surface 
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are the dominant factors for unfolding of poly(T)20 structure; (2) as oxidation rate increases, 

surface roughness due to functional groups can prevent poly(T)20 from forming stacking 

interactions with the surface, thus leading to retention of folded poly(T)20 structure on GO with 

higher oxygen coverage; (3) strong hydrogen bonds and a lack of VDW interactions can also 

debilitate structural stability of poly(T)20 on GO substrates (e.g. GO 30%, 40%, and 60%); and 

(4) balanced combination of VDW and electrostatic interactions between the surface and the 

free residues ensures good structural retention of poly(T)20 (e.g. GO 10%, 15%, 20%, and 

25%). 

Overall, atomistic understanding of the effect of oxidation rate of graphene surface on 

physisorption process of ssDNA indicates how to optimize the oxygen coverages of the 

graphene-based surfaces for novel bio-applications. However, there are many other factors that 

can also affect the physisorption of ssDNA, such as solvent conditions (e.g. type and salt 

concentrations, pH, etc.), sequence and length of ssDNA, and the presence of the defect on the 

surface.  
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Figure 3.1. (a) Representative side and top view snapshots of initial conditions of pre-folded 

poly(T)20 on the graphene-based surface. DNA is represented by orange tube with white 

colored nucleobases. Green, blue, and red colored residues highlight the regions where 

nucleobases are involved in only pi-pi stacking interaction (green), internal hydrogen bonds 

(blue), both of them (Gray), or not involved in the internal interactions (red), respectively. (b) 

Detailed information on internal non-bonded interactions of poly(T)20. 
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Figure 3.2. (a) Temporal profiles of non-bonded interactions between ssDNA and PG, GO 

20%, and GO 60%: (left) total non-bonded interactions (NONB), (middle) van der Waals 

(VDW) interactions, and (right) number of surface – ssDNA hydrogen bonds (H-bonds). (b) 

Representative snapshots of ssDNA on PG, GO 20%, and GO 60% as an example of the case 

with no, moderate, and high oxygen coverage, respectively. Please refer to Figure 3.S3, S4, S5, 

and S6 for other cases. 
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Figure 3.3. (a) Representative snapshot of the initial structure of poly(T)20 on graphene-based 

surfaces with an axis normal to the surface (z-axis). (b) Atomic density profile (solid red line) 

of poly(T)20 atoms along z-axis over last 10 ns of 100 ns-simulation trajectories with red shaded 

regions representing standard deviation. Gray dotted lines represent density pro-file of the 

initial structure prior to adsorption depicted in (a). 
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Figure 3.4. (a) Number of poly(T)20 atoms participating in hydrophobic contacts with the 

surface. (b) An average number of pi-pi stacking interactions between DNA bases (base 

stacking, black circles) and between DNA bases and graphene-based surfaces (base-surface 

stacking, blue squares). Red dashed line indicates the number of base stacks in initial poly(T)20 

structure. 
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Figure 3.5. (a) Schematic of various non-bonded interactions observed during physisorption 

of poly(T)20 on graphene-based sur-faces. (b-f) Probability heat map (%) of non-bonded 

interactions formed by each residue over last 10 ns: (b) stacking interactions between two 

consecutive nucleobases (y-axis shows  residue n interacting with n+1), (c) base – surface 

stacking interactions, (d) internal hydrogen bonds, (e) interfacial hydrogen bonds between 

nucleobases and surfaces, and (f) water-mediated hydrogen bonds connecting surface and 

DNA. Gray colored bar graphs located on the top and right side of probability heat maps 

represent physisorption intensity (I(%)) of entire residues with each surface (top) and specific 

residues over each case (right). DNA residues that are initially involved in base-base stacking 

interactions and internal hydrogen bonds (Int) are also shown in (b) and (d). (g) Top view and 

side view of poly(T)20 snapshots on GO 5%, GO 15%, and GO 40% as a representation for the 

case with low, moderate, and high oxygen content, respectively. Green colored surfaces in the 

snapshot illustrate regions where close DNA – carbon surface contacts are found. 
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Figure 3.6. (a) Representative snapshot of poly(T)20 and (b) its density profile on the regular 

GO20% (left) and on nGO20% (right). Average values (red lines) and standard deviations (red 

shaded regions) were taken from last 10 ns of 100 ns-simulations. Comparison of probability 

heat map for (c) internal hydrogen bonds, (d) base-base stacking interactions, and (e) interfacial 

hydrogen bonds (red), and pi-pi stacking interactions (cyan) among initial poly(T)20 structure 

(Int), GO 20%, and nGO 20% case. 

 

  



 

73 

 
Figure S3.1. (a) Snapshots of graphene-based surfaces used in this study. Blue and red colors 

on the surfaces represent partial charges of functional groups. The charged functional groups 

bond with both the top and bottom surfaces of the sheet. 

  



 

74 

 
Figure S3.2. Simulation setup. (a) The initial position of poly(T)20 structure on graphene-based 

surface in the water box. (b) Top view of initial position of poly(T)20 on graphene-based 

surface. (c) Partial charges used for hydroxyl and epoxy groups. (d) RMSD of free poly(T)20 

solvated in 0.5 M NaCl solution.  
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Figure S3.3. (a) Top view and (b) side view of representative snapshots of poly(T)20 

conformation on various graphene-based surfaces. Green color surfaces represent close contact 

regions between carbon atoms on a graphene sheet and DNA atoms. 
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Figure S3.4. Temporal profiles of non-bonded energy between poly(T)20 and various 

graphene-based surfaces.  
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Figure S3.5. Temporal profiles of VDW energy between poly(T)20 and various graphene-

based surfaces.  
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Figure S 3.6. Temporal profiles of electrostatic (ELEC) energy between poly(T)20 and 

various graphene-based surfaces. 
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Figure S3.7. Temporal profiles of the hydrogen bonds between poly(T)20 and various 

graphene-based surfaces.  
 

  



 

80 

 
Figure S 3.8. Estimated binding free energy differences between poly(T)20 and the surfaces. 

A yellow circle at GO 20% case illustrates binding free energy of poly(T)20 on neutral GO 20% 

surface (nGO 20%). 
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Figure S3.9. Comparisons of multiple simulations: simulation 1 is the case with poly(T)20 on 

the graphene-based surface, which are introduced in the manuscript; simulation 2 is additional 

MD simulation with poly(T)20 on the surface with different distribution of oxidation groups (a) 

Side and top view of representative simulation snapshots, (b) atomic density profile of 

poly(T)20 atoms along the axis perpendicular to the surfaces, (c) stacking and hydrogen 

bonding interactions observed in the cased of PG, GO20%, and 60% (Gray bars) and their flip 

sides of the surfaces (Red bars). 
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*This chapter is a manuscript by (1) Ho Shin Kim, Sabrina M. Huang, and Yaroslava G. 

Yingling, which was published by MRS Advances in 2016 

 

4.1 Introduction 

Single stranded DNA (ssDNA) is an electronegative bio-polymer which can detect and 

bind to a complementary counter strand.[1] Due to this unique recognition ability, ssDNA has 

been used in biosensors[2] and drug delivery system.[3-4] Integration of ssDNA with various 

surfaces can introduce new properties to inert surface materials and, therefore, improve bio-

compatibility, solubility and selectivity of the surfaces. [5-7] Graphene-based surfaces have been 

used for bio-functionalization because it has outstanding mechanical, thermal and electrical 

properties.[8] Previous studies have emphasized the importance of surface polarity or 

hydrophilicity on bio-molecular structures binding to graphene or GO. However, the results 

are not in complete agreement. For example, recent studies showed that secondary structures 

of small protein[9] and peptide[10] can be stabilized on graphene oxide and get disrupted due to 

interactions with pristine graphene surfaces. In contrast, another study reported that active site 

structure of α-chymotrypsin can be maintained on graphene but lost its structure on graphene 

oxide surface.[11] Thus, it is imperative to understand how surface polarity or hydrophilicity 

affects structural changes of ssDNA. In an attempt to address this issue, we performed all-atom 
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molecular dynamics (MD) simulations of ssDNA on free-standing graphene flakes varying 

oxygen coverages.  

4.2 Computational Methods 

In this study, 20 nucleotides long poly thymine (poly(T)), poly adenine (poly(A)), and 

poly(AT) ssDNA strands were used. All ssDNA structures were built via nucleic acid builder 

(NAB)[12] in AMBER 12 package.[13] FF10 force field was used for DNA.[14-15] For the 

graphene-based surfaces, a pristine graphene sheet (10 nm  5nm) was created by inorganic 

builder in VMD 1.9.1 package;[16] then 2:1 ratio of hydroxyl and epoxide group were grafted 

on the surface in a random manner to make GO surface. Oxygen coverages of GO surfaces 

were calculated by total number of oxygen atoms divided by total number of carbon atoms. 

All force field parameters and geometric factors of graphene and GO referred to GAFF force 

field[17] and partial charge information of epoxy and hydroxyl groups were taken from Stauffer 

et al.[18]  

All ssDNA and graphitic fakes structures were subjected to minimization for 10,000 

steps; then the system was gradually heated up to 300 K in 100 ps using Berendsen 

thermostat.[19] After system was heated and equilibrated, production MD runs were employed 

for 20 ns with 1 fs time step at 0.5 M NaCl salt concentration in implicit solvent conditions.[20-

21] The trajectories were saved every 1 ps. Root mean square deviation (RMSD) of ssDNA 

over time showed that all systems were structurally equilibrated within 20 ns (Figure 4.1). 

Moreover, similar dynamics were observed when comparing to previous MD simulation study 

with 12-mer ssDNA on a pristine graphene surface.[22] 
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Non-bonded energy and hydrogen bonding analyses were calculated using a 

combination of in-house scripts that we have used in MD simulations of protein or sugar 

molecules[23-24] and CPPTRAJ module[25]. Calculation of pi-pi stacking interactions were 

determined using in-house script based on geometrical criteria from previous studies.[26] [27] 

Persistence length (Lp) of ssDNA was estimated using freely rotating chain model:[28] 

 

where, l represents bond length and θ illustrates angles between two adjacent bond 

vectors. These two parameters required for persistence length estimations were directly 

obtained from MD simulations. 

4.3 Results and Discussion 

Our simulations show that all ssDNA strands are adsorbed on the graphene-based 

flakes independent of sequence or surface hydrophilicity (Figure 4.1a-c). However, dominant 

contributions which govern conformational changes of ssDNA vary with different surface 

hydrophilicity rather than DNA sequence. For instance, ssDNA tends to be stretched or curved 

on non-polar or less-polar surfaces, such as pristine graphene or GO 5 %. In these cases, more 

than 16 out of 20 bases interact with the surface via pi-pi stacking interactions on average 

(Figure 4.2d) and Van der Waals (VdW) interactions mainly contributes to the formation of 

this surface – nucleobases interactions (Figure 4.1e). On the other hand, some locally folded 

regions are found when ssDNA is adsorbed on the polar surfaces, such as GO 15 % or 20 %. 

In these surfaces, increased functional groups reduce VdW contributions and, at the same time, 

electrostatic contributions come into play for DNA- surface interactions (Figure 4.2f). As a 

1 cos
p

l
L
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result, less than 7 nucleobases can form pi-pi stacking interactions with the GO 15 % and 20 

% sheets due to increased electrostatic and decreased VdW interactions (Figure 4.2d, e, f). 

Considering that values and trends of surface – DNA non-bonded interactions of three different 

DNA sequence are almost the same, it can be concluded that role of DNA sequence on the 

physisorption is marginal. 

  In order to understand how surface hydrophilicity affects ssDNA structure, we 

analyzed persistence length and internal non-bonded interactions of ssDNA as a function of 

surface oxygen coverage. We found that, upon adsorption of ssDNA to largely non-polar 

surfaces, the persistence length of the ssDNA is higher than in solution (Figure 4.3). As 

aforementioned, pi-pi stacking interactions are mainly involved in physisorption (Figure 4.2) 

and zero or a few internal DNA interactions are observed (Figure 4.4) in these cases. These 

two contributions (1) strong adsorption of ssDNA to the surfaces and (2) negligible internal 

interactions between nucleobases, make ssDNA more stretched with higher persistence length 

and behave as an ideal chain. This result agrees well with previous MD simulation study 

showing that pi-pi stacking interactions between nucleobases and pristine graphene are the key 

for physisorption process of short ssDNA in explicit water solvent.[22] However, as the 

hydrophilicity of the surface increases, the persistence length approaches the value exhibited 

in solution indicating the retention of a well-folded ssDNA structure (Figure 4.3). Interestingly 

internal interactions of ssDNA, such as base-base stacking and pairing, are observed when 

ssDNA is interacting with GO with higher oxygen coverages. Also, increasing trends of these 

internal interactions generally follow the decreasing trends of persistence length as a function 

of oxygen coverage. It is expected that non-bonded interactions between nucleobases become 
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more favorable as compared to DNA – surface interactions because increased functional 

groups can reduce VdW contributions and DNA – surface stacking interactions. Even though 

it is too early to state that internal non-bonded interactions illustrated in Figure 4.4 have 

obvious trends due to overlapped standard deviations in many instances, overall tendencies 

show that internal non-bonded interactions can facilitate the formation of locally folded regions 

in ssDNA strand and decrease in the persistence length. Our observations of interactions of 

ssDNA with GO surfaces are in a good agreement with previous computational studies where 

oxidation of graphene surfaces enhanced non-bonded interactions within small peptide and 

proteins, which resulted in a secondary structure retention.[9-10] Since the sequence of ssDNA 

does not play a major role in changes in persistence length (most of values are within the range 

of their standard deviations and show the identical trends); thus, surface hydrophilicity is a 

more critical factor for structural changes of ssDNA rather than sequence.  

However, we used an implicit solvent model in this study, where the solvent is 

considered as continuum dielectric and cannot capture the important factors of explicit 

interactions between water or ions and ssDNA. Moreover, surface oxidation affects the 

graphitic surface structures, where the surface becomes more curved and bent as oxygen 

coverage increases (Figure 4.2). However, since solvent viscosity is negligible in implicit 

solvent model, we cannot precisely investigate the effect of surface curvature on structural 

changes of ssDNA. In a future study, addressing these issues is needed for understanding of 

the complete picture of physisorption of ssDNA on graphene-based surfaces. 
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4.4 Conclusions 

We have shown the effect of surface hydrophilicity on structural changes of ssDNA on 

graphene-based surfaces. From our observations, we conclude that pi-pi stacking interactions 

between nucleobases and the non-polar surface play an important role in strong adsorption of 

ssDNA and lead to higher Lp. However, in the case of polar surfaces, such as GO surfaces with 

higher oxygen coverage, ssDNA tends to form locally folded regions with low persistence 

length since increased electrostatic contributions reduce associated interfacial interactions.  
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Figure 4.1. Root mean square deviations of poly(T) (black), poly(A) (red), and poly(AT) 

(blue) on (a) pristine graphene, (b) GO 5 %, (c) GO 10 %, (d) GO 15 % and (e) GO 20% as a 

function of time.   
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Figure 4.2. Simulation snapshots of (a) poly(T)20, (b) poly(A)20, and (c) poly(AT)10 adsorbed 

on the graphene, GO surface with 5%, 10%, 15%, and 20% oxygen coverages. ssDNA 

structures are illustrated as purple backbone with blue bases. Red spheres represent oxygen 

atoms in functional groups of the surfaces. (d) Number of pi-pi stacking interactions between 

nucleobases and the surfaces (e) van der Waals contributions and (f) electrostatic contributions 

of DNA – surface interactions. Numbers inside plots indicate the oxygen coverages of the 

surfaces (%) 
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Figure 4.3. Persistence length of poly(T)20 (black squares), poly(A)20 (red circles) and 

poly(AT)10 (blue triangles) as a function of oxygen coverage of the surface. Black, red, and 

blue dashed lines represent a regression line of poly(T)20, poly(A)20, and poly(AT)10, 

respectively. Gray dotted line means persistence length of poly(T)20 in 0.5 M NaCl solution. 
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Figure 4.4. Internal non-bonded interactions of ssDNA: (a) the number of hydrogen bonds 

between nucleobases, (b) the number of base-base stacking interactions. Numbers inside plots 

represent oxygen coverages of the surface (%)  
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described in this chapter was performed by the author. 

 

5.1 Introduction 

Graphene, a two-dimensional, atomically thin layer of sp2 bonded carbon, has 

exceptional electrical, mechanical, and thermal properties,[1-2] which make graphene an 

exciting material for a variety of devices, including field effect transistors (FET), biosensors, 

touch screens, and flexible electronics.[2-3] In these devices, graphene is usually supported by 

a substrate which enables device function and enhances the mechanical stability of graphene. 

The substrate surface morphology,[4] charge impurities[5] and/or adsorbates,[4, 6] can interact 

with graphene and have strong influence on its properties, such as chemical reactivity,[7] carrier 

density[8] and carrier mobility,[9] which might adversely affect the electronic performance of 

the devices. Therefore, it is of great interest to carefully engineer and characterize the 

graphene-substrate interfaces. 
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Self-assembled monolayers (SAMs) are used as an effective interfacial layer to modify 

a substrate surface to mitigate unwanted substrate effects. For instance, hydrophobic alkyl 

SAMs can screen the charge impurities on a substrate surface.[9-10] Furthermore, SAMs are 

used as dopants in graphene- based devices to intentionally alter graphene’s electronic 

properties. By selecting SAMs with different specific surface energy and dipole moment, 

graphene can be p- or n-doped, and the doping level can be tuned,[8, 11-12] which allows for 

fabrication of a graphene-based p-n junction via patterned SAMs.[13-14] However, different 

SAMs will have different interactions with graphene. For example, the adhesion energy 

depends on the SAM head group identity,[15] the interfacial layer formed between graphene 

and the SAM during the preparation process, and the graphene-SAM separation distance. 

Furthermore, interfacial interactions will influence the stress transfer across the interface 

between graphene and the substrate, and thus impact the electrical properties of graphene.[16] 

However, how SAMs, and especially their surface energy, affect the mechanical properties at 

the interface between graphene and a substrate is not yet known.  

Although graphene’s in-plane elasticity is an intrinsic property,[17] its out-of-plane 

elasticity depends, for example, on the number of graphene layers and the interactions at the 

graphene-graphene and graphene-substrate interfaces. Moreover, the out-of-plane elastic 

modulus of a layered graphene heterostructure is interrelated with graphene’s thermal, 

electrical, tribological, and optical properties,[18] and it can be manipulated by small changes 

in the interfacial interactions. Hence, characterization of the out-of-plane elastic modulus is 

important for both fundamental research and practical applications. However, to date little is 

known about the out-of-plane elastic modulus of graphene and other 2D materials, as the 
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measurement of modulus changes due to differences in 1~2 atomic or molecular layers, 

remains challenging.  

Contact resonance AFM (CR-AFM) is a nondestructive, dynamic AFM technique that 

is exquisitely sensitive to changes in local elastic modulus.[19] CR-AFM has been widely used 

to measure the elastic modulus of polymeric and crystalline nanoscale thin films,[19-20] to probe 

subsurface defects,[19-20] and to determine the mechanical properties of SAMs both in air[21] 

and liquid.[22] We recently demonstrated that CR-AFM is sensitive to differences in the out-of-

plane Young’s modulus of 2D heterostructures that arise from differences in the identity and 

interactions of one single atomic layer.[23] Furthermore, we showed that CR-AFM can be used 

to identify underlying atomic structures.[23]  

Molecular dynamics (MD) simulations have been widely used to describe the structure 

and mechanical properties of a wide range of materials.[24-26]  Furthermore, many important 

mechanical and structural properties measured by AFM techniques, including the stiffness of 

polymers,[27] mechanical functions of proteins,[28] and the shear strength of graphene oxide 

surfaces,[29]  have been interpreted and validated by MD simulations.  

Here we report a combined experimental and computational study of the effect of SAM 

surface chemistry on the mechanical properties of SAM-graphene interfaces. The out-of-plane 

elastic moduli of graphene on hydrophobic and hydrophilic SAMs were measured by CR-

AFM, and MD simulations were used to produce a mechanistic and atomistic description of 

the interfacial mechanics in terms of SAM head group chemistry and the environmental 

conditions used during the measurements. Our study thus provides an important and practical 
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perspective on the use of SAMs for interfacial engineering of graphene and other 2D materials-

based electronic devices.  

5.2 Materials and Methods 

5.2.1  Preparation of SAMs on Au  

1-undecane thiol (98%) (UDT) and 11-Amino-1-undecanethiol hydrochloride (99%) 

(AUT) were purchased from Sigma Aldrich and stored at 4 °C. These two SAMs were chosen 

because they have the same carbon chain length but two different head-groups (-CH3 vs. –

NH2), bestowing significantly different surface energetic properties to these SAMs. 

Furthermore, CH3-terminated and NH2-terminated SAMs have been widely used to engineer 

the electronic properties of graphene-based devices.[8-11, 13-14, 30] 

A silicon wafer (<100>, Virginia Semiconductor) was cleaned by freshly prepared Piranha 

solution (Volume ratio 3: 1 for 98% H2SO4 and 35% H2O2), then rinsed thoroughly by DI water 

and blown dry by N2 flow. 10 nm Cr followed by 100 nm Au were coated onto the freshly 

cleaned silicon wafer by E-beam evaporation (Kurt Lesker PVD 75, Pressure: 4E-6 torr; Rate: 

1 Å /s for Cr and 2 Å /s for Au). The Au-coated wafer was then cut into 0.5 cm × 0.5 cm pieces 

and stored in air. Prior to SAM formation, the Au substrates were cleaned sequentially as 

described next: sonicate in 0.5% sodium dodecyl sulfate (Sigma Aldrich) solution for 5 min, 

rinse thoroughly in DI water, sonicate in DI water for 5 min, sonicate in ethanol for 5 mins, 

blow dry with N2 flow and then oxygen plasma clean for 2 min (medium RF level, plasma 

cleaner PDC-32G, Harrick Plasma). After cleaning, Au substrates were immediately immersed 

into 1.7 mM ethanolic thiol solutions and kept overnight. This concentration and exposure time 
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is sufficient to form saturated, closely packed self-assembled monolayers on Au.[31-32] The 

SAM samples were then taken from solution, rinsed with ethanol to remove physisorbed thiol 

molecules, and blown dry by N2 flow.  

5.2.2  SAM Surface Characterizations  

The elemental composition of the SAM surface was determined with a Kratos Analytical 

Axis Ultra X-ray photoelectron spectrometer equipped with a monochromatic Al Kα source. 

The take-off angle was set at 0°, i.e., the detector was perpendicular to the sample surface. 

Survey scans were acquired with a pass energy of 160 eV (resolution 1.0 eV, dwell time 200 

ms). Each survey scan reflects the average of 4 sweeps. High resolution scans were acquired 

with a pass energy of 20 eV (resolution 0.1 eV, 20 sweeps). All XPS data were analyzed by 

CASA XPS software. The binding energy was calibrated by the position of the Au 4f peak, 

designated as 84.0 eV. The reported elemental compositions of each sample type were 

averaged from data taken from 6 to 7 different samples.  

All contact angle measurements were conducted with a Rame-Hart model 100 contact angle 

goniometer. For each measurement, a 10 µL DI water drop was gently placed on the sample 

surface and the static contact angle was measured from both sides and averaged by the 

software. The reported contact angle values reflect the average from 8 samples.  

5.2.3 Graphene Transfer and Characterization.  

Few-layer graphene (FLG) was mechanically exfoliated from commercially available 

HOPG (ZYB grade, SPI Supplies / Structure Probe, Inc. and Bruker) and transferred to freshly 

prepared SAM substrates via Scotch™ tape in ambient environment. The samples were then 
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imaged in an optical microscope to identify thin FLG. Vacuum-annealing of graphene covered 

SAM samples was accomplished by placing the samples into the E-beam evaporator at ~7E-7 

torr, overnight. Raman spectra of the samples were acquired with a Horiba Jobin Yvon 

LabRam Aramis Raman microscope equipped with CCD camera and a HeNe laser (λ ~ 633 

nm). A 100x lens (laser spot ~ 1 µm in diameter) was used to collect the Raman spectra from 

small spots on the same few layer graphene flakes identified in the optical microscope before 

and after vacuum annealing. All Raman data were corrected by subtracting the signal from the 

corresponding SAM-Au substrate.  

5.2.4 AFM and CR-AFM Measurements.  

All AFM measurements were conducted with an Asylum MFP-3D AFM (Oxford 

Instrument, CA) in ambient environment. Prior to each CR-AFM measurement, the AFM 

cantilever deflection sensitivity was calibrated by a force curve on a hard surface (silicon 

wafer). The spring constant kc of the cantilever was determined from the power spectral density 

of the thermal noise fluctuations in air,[33] by fitting the first free resonance peak of the 

cantilever to equations for a simple harmonic oscillator by the AFM software.[34] For CR-AFM, 

the ultrasonic actuation was implemented by gluing the sample substrate onto a small 

ultrasonic transducer (Figure 5.1) with a broadband resonance of 2.25 MHz (V133-RM, 

Olympus NDT). Point CR-AFM measurements were performed on randomly picked, SAM 

supported FLG to obtain the resonance frequencies at different applied forces. The total normal 

force at each point has two parts: (i) the adhesion force arising from cantilever tip-sample 

interactions determined by force curves, and (ii) the applied set-point force determined by the 

contact set point, the cantilever’s deflection sensitivity and kc. The vacuum-annealed samples 
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were characterized immediately after they were removed from the vacuum chamber. To 

directly compare the contact resonance frequencies from different sets of measurements, CR-

AFM was conducted with the same cantilever, featuring a blunted tip. For the same flexural 

mode, a higher contact resonance frequency 𝑓 indicates a higher contact stiffness, 𝑘∗.[19] This 

𝑓-𝑘∗  relation was quantified by modeling the AFM cantilever as an Euler-Bernoulli beam 

oscillating with a mechanical constraint at the tip position[19-20] (See Supporting Information 

(SI) Section I. for more details). 𝑘∗ can be converted to an effective reduced modulus of the 

sample by contact mechanics models. Here, we used the Hertzian contact model which 

approximates the AFM tip-sample contact as a spherical indenter with radius 𝑅 contacting a 

flat surface with force 𝐹 (Figure 5.1 inset): 

𝑘∗ = √6𝐹𝑅𝐸∗23
,                                                   (1) 

where 𝐸∗ is the reduced modulus. For an isotropic homogeneous material, 𝐸∗ is given by,  

1

𝐸∗ =
1−𝜐𝑠

2

𝐸𝑠
+

1−𝜐𝑡
2

𝐸𝑡
,                                                   (2) 

where 𝐸𝑠 and 𝐸𝑡 are the Young’s moduli, and 𝜐𝑠 and 𝜐𝑡are the Poisson’s ratios of the sample 

and the tip, respectively. The tip position on the cantilever and the tip radius 𝑅 can be calibrated 

by CR-AFM measurements on a sample with known stiffness (see SI-Section I. for more 

details). 

5.2.5 All-Atom MD Simulations of Graphene-SAMs Heterostructures  

A three layered, defect-free graphene sheet with a dimension of 5 nm x 5 nm was 

created via inorganic builder in the VMD 1.9.1 package.[35] UDT and AUT chains end-grafted 
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on a Au (111) surface were initially built via the Discovery studio visualizer 4.0.[36] Next, the 

RESP and ESP charge Derive server (R.E.D server)[37] with GAMESS-US[38] and the RESP 

charge method were used to obtain geometrically and energetically optimized UDT and AUT 

SAMs with partial charges (Figure 5.S2). The Generalized Amber Force Field (GAFF)[39] was 

used for the system and the GOLP-CHARMM force field,[40] with parameters from previous 

simulation studies,[41] was used for gold atoms.  

It is known that small water molecules can be present at the graphene-substrate 

interface when graphene is transferred in ambient conditions.[42-43] The difference in surface 

chemistry of the SAMs used here can cause significant differences in the number of water 

molecules present at the graphene-SAM interfaces and the results from our Raman 

measurements suggest that water might play an important role for graphene’s electronic 

properties at these interfaces (see below). Thus, we introduced water molecules for the MD 

simulations of graphene-SAMs heterostructures in “ambient” conditions. To elucidate the 

dynamics of water molecules at the graphene-SAM interfaces, we performed all-atom MD 

simulations in an explicit TIP3P[44] water box for the three different material combinations, 

i.e., graphene on hydrophobic head groups (-CH3), on hydrophilic head groups (-NH2), and on 

protonated hydrophilic head groups (-NH3
+). For all MD simulations, including minimizations, 

equilibrations, and production runs, we used the AMBER 14 package.[45] In these simulations, 

the overall system was first equilibrated by solvent minimization for 10,000 steps while the 

heterostructure was restrained with 200 kcal/mol; then, while maintaining the same restraint, 

the system was gradually heated up to 300 K followed by 200 ps NPT MD run. Another 10,000 

step minimization was carried out with a 25 kcal/mol restraint on the heterostructure. Then, a 
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second short MD run was performed for 200 ps with the same 25 kcal/mol restraint. Five 

additional 1,000 step minimizations with decreasing constraint energy (20 kcal/mol, 15 

kcal/mol, 10 kcal/mol, 5 kcal/mol, and finally no constraint) were performed, followed by final 

equilibration while gradually heating the entire system up to 300 K. Production simulations 

were executed for 100 ns under NPT condition with a 2 fs time step. The Particle Mesh Ewald 

(PME) summation method[46] was used to calculate the electrostatic potential under periodic 

boundary conditions in all directions. We have successfully used similar protocols for MD 

simulations of various bio-molecules including ligand functionalized gold nano-particles,[47] 

DNA – graphene based surfaces,[48] solvent-solute complexes,[49] and ionic materials.[50]  

To refine the structure and dynamics of the three different systems in vacuum, we also 

employed MD simulations using AMBER 14.[45] For these simulations, we first performed 

system minimization for 10,000 steps; then the system was gradually heated up to 300 K 

followed by short MD simulations (2.4 ns) under NVT condition. Production runs were carried 

out for at least 20 ns at 300 K with a 2 fs time step. 

5.2.6 Steered MD Simulations of Graphene-SAMs Heterostructures 

Steered molecular dynamics (SMD) simulations were performed to obtain stress-strain 

curves as well as the elastic modulus values for four different conditions. Coordinates and 

simulation box information of the last MD frame were used as initial input topology files for 

SMD. For SMD simulations of graphene-SAM interfaces in ambient conditions, interfacial 

water molecules between the surface and head groups were included. Moreover, in agreement 

with the experimental results that showed the presence of water molecules in the vicinity of 
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the interfacial region in ambient conditions, the initial coordinates of FLG-SAM interfaces for 

the SMD simulations also include all surrounding water molecules that are i) within 4.5 Ȧ of 

the head group of the SAM and ii) within 2.5 Ȧ of the bottom layer of the FLG. The SMD 

simulations were performed through the NAMD 2.10 software[51] and the forces were specified 

to compress in the direction normal to the FLG surface. The simulations (300 K, periodic 

boundary conditions) were run for 1x107 to 2x107 steps, depending on the indentation speed. 

During the SMD simulations, the gold surface was fixed and harmonic constraints were applied 

to the FLG to prevent any lateral displacement of the surface and to maintain the FLG centered 

over the SAM. To determine any dependence of the elastic modulus on the indentation rate, 

we performed SMD simulations at three different indentation speeds, i.e., 0.05 pN/time step, 

0.001 pN/time step, and 0.00001 pN/time step, with a 2 fs time step and a 5 kcal/mol/Ȧ2 spring 

constant. This range of indentation speeds has been used in previous computational studies of 

nano-indentation processes.[52-53] As illustrated in Figs. S3 a) and b), the elastic moduli, 

calculated from the slopes of the linear regime of the stress-strain curves, were largely 

independent of indentation rate. Since the fits at the highest indentation speed yielded the best 

R2 values (Figure 5.S3b), we chose this condition to report the elastic moduli.  

5.2.7 Analysis of MD Simulations 

Non-bonded interactions were calculated with the CPPTRAJ 15 module in the AMBER 

14 package.[45] For the entire non-bonded interactions, a 12 Ȧ cutoff was used. For interactions 

with interfacial water, we only captured water molecules within i) 2.5 Ȧ of the SAM head 

groups, and ii) 2.5 Ȧ of the bottom layer of FLG. For interactions with surrounding water, we 

captured water molecules within i) 4.5 Ȧ of the SAM head groups, and ii) 2.5 Ȧ of the bottom 
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FLG (excluding the interfacial water). Furthermore, data frames from SMD simulations, 

captured before the onset of yield in the FLG-SAM heterostructure (Figure 5.S4), were used 

to calculate the average non-bonded interactions. Moreover, the last 10 ns of the MD 

simulations were taken for the analysis of water-related, non-bonded interactions. The water 

dynamics in the vicinity of the interfacial region (e.g., the number of interfacial water 

molecules) was determined by an in-house TCL script and VMD 1.9.1,[35] where we used the 

same distance criteria for interfacial water and surrounding water molecules. 

For analysis of the SMD simulations, the engineering stress was calculated by dividing 

the indentation force at each time step by the original dimension of the FLG surface (2,500 

Ȧ2), and the engineering strain was calculated by the change in distance between the FLG and 

gold substrate, divided by the initial distance between the top layer of FLG and gold substrate. 

For the initial stage of the compression, when the pressure is very small, fluctuations in the 

graphene-SAM interactions can cause a dynamic displacement of the graphene layer, which 

leads to small, negative strain in the beginning of the stress-strain curves, and is most 

prominent at low indentation rates. The elastic modulus of the graphene-SAM heterostructures 

was obtained from the slope of the linear part of the resulting stress-strain curves, where we 

used a cut-off strain of 0.013 and 0.017 for UDT and AUT, respectively, due to the different 

yield strain of the heterostructures.  
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5.3 Results and Discussion 

5.3.1 Surface Characterization of SAMs on Au 

Table 5.1 summarizes the results from contact angle and XPS measurements of the 

SAMs used in this study. The measured contact angle values agree well with values reported 

for these SAMs in the literature.[54-56] As expected, the AUT SAM is much more hydrophilic 

than the UDT SAM. Similarly, the atomic percentages for different elemental species on both 

sample surfaces agree closely with reported values.[54, 57-59] Oxygen occurs in the AUT sample 

due to tightly bound H2O on the hydrophilic AUT surface.[58] Furthermore, high resolution N 

1s XPS spectra (Figure 5.S5) reveal free amine –NH2 (~399.5 eV) and protonated amine 

species –NH3
+ (~401.4 eV) on the surface.[57-58, 60] The –NH3

+ functionality accounts for 33.9 

± 2.8 % of the N 1s peak, which agrees well with the reported value.[61] The apparent 

protonation of the amine groups likely arises from the presence of tightly bound water 

molecules.[58, 60] 

5.3.2 Graphene on SAMs 

Graphene flakes on SAMs can be identified by optical microscopy due to graphene’s 

light absorption.[62] Figures 5.2a and b show a typical example of graphene deposited on UDT. 

In these images, thin graphene flakes appear purple on the SAM/Au substrate (Figure 5.2a), 

and the contrast among these flakes indicates regions with different graphene layer numbers. 

The few layer graphene (FLG) region, which looks almost transparent (red arrow in Figure 

5.2a), is the region of interest in this study. The Raman spectra on these transparent FLG 

regions (Figure 5.2c) show 2D peaks that are distinctly different from those observed on HOPG 
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(Figure 5.S6), which suggest that these regions have less than 5 graphene layers.[63] 

Furthermore, the 2D FWHM is a good indicator of graphene thickness.[64] Given the relatively 

small 2D peak and the large 2D FWHM, the FLG regions likely have more than 2 graphene 

layers.[63-64] Thus, the FLG investigated here is sufficiently thick to shield a SAM’s surface 

energy and to temper the van der Waals forces interacting between the AFM tip and the FLG 

surface.[65-66] The FLG regions on AUT and UDT SAMs have almost the same 2D FWHM 

(Figure 5.2d), which suggests that these regions have the same number of graphene layers.[64] 

Furthermore, the FLG 2D peak is slightly blue shifted on the CH3-SAM, when compared to 

that on the NH2-SAM (Figure 5.2c, inset). This blue shift suggests a pronounced influence of 

the SAM-modified substrate on the electronic properties of graphene (see below).[14, 67-68] 

Considering that the only difference in the two sets of samples is the SAM head group 

chemistry, the observed difference in the 2D peak position is due to the interaction between 

graphene and the SAM through the head groups at the graphene-SAM interface. 

5.3.3  Interfacial Mechanical Properties of Graphene on SAMs 

CR-AFM point measurements, conducted on FLG supported on UDT and AUT SAMs 

are summarized in Figure 5.3. As shown in Figure 5.3a, the as-prepared FLG-NH2-SAM 

heterostructure has smaller contact resonance frequencies than the FLG-CH3-SAM 

heterostructure over a wide range of forces, which indicates that the FLG-NH2-SAM sample 

is “softer” than the FLG-CH3-SAM sample. The reduced modulus of the FLG-NH2-SAM 

sample is about 19.9 ± 3.2 GPa while that of the FLG-CH3-SAM sample is 34.8 ± 3.1 GPa. 

The overall out-of-plane elastic modulus of the samples depends on the Au substrate, the SAM 

layer, the graphene layer and the interface between the SAM and graphene. Since both samples 
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have the same number of graphene layers and have SAMs with the same carbon chain length, 

the measured, reduced modulus difference likely arise from differences in the interactions at 

the graphene-SAM interface. However, the layered nature of the samples, and the anisotropy 

of the materials involved, make the conversion from reduced moduli to Young’s moduli 

difficult. Assuming that all the materials involved in the layered sample are isotropic and have 

the same Poisson ratio (i.e., ~0.3, which is the averaged value of the Poisson ratios reported 

for graphene (~0.16)[17, 69] and alkanethiols on Au (~0.44)[70]), the Young’s moduli are 20.5 ± 

2.9 GPa and 39.6 ± 2.6 GPa for the FLG-NH2-SAM and FLG-CH3-SAM heterostructures, 

respectively. These moduli values are within the range of values reported for the individual 

materials involved (graphene ~40 GPa;[71] alkanethiol SAMs on Au: 1~75 GPa[72-73]). 

Importantly, after vacuum annealing, both samples showed lower contact resonance 

frequencies (Figure 5.3b) compared to the as-prepared samples (Figure 5.3a). Furthermore, the 

resonance frequencies from the two vacuum-annealed samples were comparable over the 

applied force range. The reduced moduli of the FLG-NH2-SAM and FLG-CH3-SAM samples 

are 13.9 ± 0.8 GPa and 14.5 ± 1.6 GPa, respectively. The Raman spectra obtained from the 

two samples after vacuum annealing also became more comparable. For the as-prepared 

samples, the 2D peak from FLG on the NH2-SAM is at 2660.7 ± 2.3 cm-1 while that from FLG 

on the CH3-SAM is blue shifted to 2670.3 ± 3.0 cm-1 (Figure 5.3c). After vacuum annealing, 

the 2D peaks from FLG on the NH2-SAM and on the CH3-SAM are closer together and located 

at 2668.1 ± 4.0 cm-1 and 2662.5 ± 3.0 cm-1, respectively (Figure 5.3d).  

The Raman 2D peak position is very sensitive to the Fermi level of graphene and thus 

the observed shift of the 2D peak positions after vacuum annealing provides some physical 
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insights into the observed out-of-plane modulus changes of the samples. In ambient conditions, 

the Fermi level of graphene depends on the dopant from both the substrate and the air. For 

example, the O2/H2O redox couple from the air is known to p-dope graphene.[9, 30, 74] 

Furthermore, CH3-SAMs will slightly dope graphene with electrons through the molecularly 

built-in electric dipole moment of the SAM and the charge transfer between SAM and 

graphene.[30] Finally, the amine groups in the NH2-SAM can donate their lone electron pairs to 

graphene via a complex charge transfer mechanism, resulting in electron-doped graphene with 

a doping density that is much higher than that of CH3-SAM supported graphene.[8, 30] However, 

graphene on CH3-SAMs in ambient environment is usually p-doped.[9-11] This arises from the 

small level of electron doping from CH3-SAMs compared to the level of hole doping arising 

from adsorbed H2O from the air at the graphene-SAM interface. On the other hand, although 

some p-type dopants (O2 and H2O from air and partially protonated -NH3
+) can lower 

graphene’s electron doping density, the electron doping contribution from NH2-SAMs is 

sufficiently high so that graphene on NH2-SAMs is still n-doped.[8, 13-14] Therefore, FLG on 

NH2-SAMs have a red-shifted 2D peak compared to FLG on CH3-SAMs.[68, 75] Vacuum 

annealing will remove the H2O molecules intercalated in the FLG-SAM interfaces,[30, 74] and 

thus FLG on CH3-SAMs will become less p-doped while FLG on NH2-SAMs will become 

more n-doped. The doping density arising from SAMs is typically on the order of 1012 cm-2.[8, 

11, 13-14]  Therefore, the 2D peak position in Raman spectra of CH3-SAM samples will decrease 

while that from the NH2-SAM samples will increase.[68]  
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5.3.4 Molecular Dynamics Interpretation 

Our MD simulations showed that water molecules do migrate into the interfacial region 

between FLG and NH2-SAMs at equilibrium, as about 1.6 water molecules per nm2 were found 

in this interface (Figs. 4a) and b)). In the case of NH2-SAM, the strong attraction between water 

and the hydrophilic NH2-head groups is the key factor driving water migration into the 

interface (Figure 5.S7). Moreover, as seen from the time course of the MD simulations (Figure 

5.S7), the interactions between NH2-terminated chains and water molecules become stronger 

over time, whereas graphene-water interactions become weaker. This suggests that attractions 

by NH2 head groups are sufficiently strong to offset the unfavorable graphene – interfacial 

water interactions (Figure 5.S7). In contrast, for the FLG-CH3-SAM heterostructure, water 

molecules surround the heterostructure and do not migrated into the interfacial region during 

the entire simulation. However, there are interactions between the surrounding water molecules 

and the CH3-SAM (Figure 5.S7). This result agrees well with the fact that NH2-SAMs are much 

more hydrophilic than CH3-SAMs. For protonated amine head groups, –NH3
+, the separation 

distance between graphene and the SAM is the largest among the three cases. This is seen in a 

thick water layer between graphene and the NH3
+-SAM (Figure 5.S8), in agreement with the 

notion that protonated amine SAMs are very hydrophilic.[30] As illustrated in Figure 5.4c, time 

evolution profiles of the non-bonded interaction energy between FLG and alkanethiol SAMs 

showed identical trends with those of interfacial water (Figure 5.4b). In the case of FLG on a 

CH3-SAM, the –CH3 head groups engage in strong, non-bonded interactions with FLG and no 

water ingress to the interfacial region is seen. In contrast, for FLG on a NH2-SAM, the strong 

non-bonded interactions observed initially (~ 15 ns) in the interfacial region become weaker 
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as water molecules gradually migrate into the SAM-FLG interface. For the NH3
+-SAMs, the 

non-bonded interactions between FLG and SAMs are negligible (Figure 5.S8). These results 

show that SAM headgroup identity and the protonation state of the amine groups, are directly 

related to the presence of interfacial water molecules.  

To interpret the experimental observations of changes in the mechanical properties and 

specifically, to obtain an estimate of the out-of-plane elastic modulus of FLG-SAM 

heterostructures, we simulate the nano-indentation by SMD. Due to the extremely weak 

interfacial interaction and the large separation distance between graphene and the –NH3
+ head 

groups, it is not possible to obtain reliable stress-strain curves (Figure 5.S8) for the FLG-NH3
+ 

SAM heterostructure. For the CH3- and NH2-SAMs, the simulated stress-strain curves of the 

FLG-SAM heterostructures show three distinct regimes (Figure 5.5a and c): (I) At low strains 

(below  2%), the curve is linear; (II) at intermediate strains (2% ~ 14%), the FLG-SAM layers 

begin to yield under the mechanical stress and the stress-strain curve gradually levels off, 

which indicates an elastic to plastic transition; and (III) at high strains (above 14%), the stress-

strain curves rise sharply. While the first two regimes are quite typical for materials under 

mechanical deformation,[76] the last regime reflects the constraints of the stiff gold substrate to 

the overall modulus in the current MD model. We estimate the Young’s moduli of FLG-SAM 

heterostuctures from the linear slope in Regime I (Figure 5.5 b).  

In ambient environment, where interfacial water molecules are present, the estimated 

Young’s modulus of the FLG-CH3-SAM heterostructure (~41.3 GPa) is larger than that of the 

FLG-NH2-SAM heterostructure (~30.8 GPa) (Figure 5.5b). Qualitatively, this modulus 

difference agrees with our CR-AFM results. Quantitatively, the Young’s modulus of the FLG-
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CH3-SAM heterostructure predicted by simulation is close to that experimentally measured by 

CR-AFM (see above), while that for the FLG-NH2-SAM heterostructure is larger than the 

value obtained by experiments. This discrepancy likely arises because in experiments a 

significant number (~ 34 %) of amine groups are protonated and interact only weakly with 

graphene. In addition, the protonation will increase the amount of interfacial water, which in 

turn will further decrease the out-of-plane modulus of the system.  

In vacuum, the Young’s moduli values decrease compared to the values in ambient 

conditions for both the FLG-CH3-SAM and FLG-NH2-SAM heterostructures. This trend also 

matches the experimentally observed differences in modulus values before and after vacuum 

annealing. While the experimentally measured elastic modulus values for the FLG-NH2-SAM 

and the FLG-CH3-SAM samples are close, the Young’s modulus predicted for the FLG-NH2-

SAM is larger than that for the FLG-CH3-SAM sample (Figure 5.5b), bottom frame), due to 

differences in the strength of the interfacial interactions (Figs. 5.S9, 6b and c). This discrepancy 

between experiment and simulation arises because the MD simulations assume a uniform –

NH2 termination of the SAM, while in experiments protonated –NH3
+ groups are present at the 

interface. As shown in Figs. S8 and S9, the interfacial interaction between FLG and a NH3
+-

SAM is significantly lower than that between FLG and a NH2-SAM, which suggests that 

protonation can significantly decrease the Young’s modulus of the FLG-NH2-SAM 

heterostructure. In contrast, for the FLG-CH3-SAM heterostructure, the simulation-derived 

Young’s modulus agrees well with the experimentally determined value. This is reasonable 

because CH3-thiols are essentially hydrophobic, and thus not susceptible to partial protonation, 

which also closely reflects the situation modeled in the MD simulations.[54, 58]  
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Water migration at the interface not only changes the electronic properties of SAM-

supported graphene but also directly affects the out-of-plane elastic modulus of graphene-SAM 

heterostructures. The water molecules at the graphene-SAM interface can have two effects on 

the out-of-plane elastic modulus: First, as shown by MD simulations the presence of water 

molecules increases the graphene-SAM separation distance and weakens the graphene-SAM 

interaction at the interface (Figs. 4, 6 and S7). Since the NH2-SAM is more hydrophilic than 

the CH3-SAM, more water molecules are present in ambient conditions at the FLG-NH2-SAM 

interface (Figure 5.4b). This results in weaker interactions between FLG and NH2-SAM than 

those between FLG and CH3-SAM (Figs. 6 and S7). Therefore, the FLG-NH2-SAM 

heterostructure is softer than the FLG-CH3-SAM. Annealing in vacuum removes the water 

molecules from the graphene-SAM interface, and the two graphene-SAM heterostructures now 

have comparable out-of-plane moduli. Second, the elastic modulus of a SAM strongly depends 

on inter-chain interactions and the order of chain packing. As illustrated in Figures 5.7a and b, 

CH3-SAMs under light compression (Regime I) and in ambient conditions (i.e., in presence of 

surrounding water) show more ordered packing compared to that in vacuum. Since CH3-thiol 

chains are hydrophobic, water molecules interact slightly with the hydrophobic alkyl-chains 

(Figs. 6b)) and restrict their conformational freedom at defect sites of the SAM (e.g., domain 

boundaries or substrate roughness induced steps in the actual system, see Figure 5.S10 (Figure 

5.7a). In vacuum, water molecules are absent, and the CH3-thiol chains at defect sites (edges 

in the simulations) are no longer conformationally restricted. This results in an overall decrease 

in the strength of inter-chain interactions (Figure 5.6b) and thus a decrease in the packing order 

of the alkyl chains (Figure 5.7b). This decrease in chain packing also decreases the elastic 
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modulus of the SAM, and thus entails a decrease in the elastic modulus of the FLG-SAM 

heterostructure.[77-78] In contrast, the presence of water molecules increases the CH3-thiol inter-

chain interactions (Figure 5.6b) and consequently increases the local order of chain packing 

(Figure 5.7b), which leads to an overall increase in the modulus of the FLG-SAM 

heterostructure (Figure 5.5b). 

Furthermore, as illustrated in Figures 5.7c and d, NH2-SAMs under light compression 

(Regime I) and in ambient conditions (i.e., in presence of interfacial water) also show more 

ordered packing compared to that in vacuum. For the FLG-NH2-SAM heterostructure in 

vacuum, the NH2 head groups can interact strongly with each other due to hydrogen bond 

formation (Figure 5.6c). However, these strong attractions among the head groups can draw 

the alkyl chains too close together, which engenders strong repulsion between them (Figure 

5.6c). The combined effect of these interactions causes the NH2 head groups to dynamically 

“bounce” against each other (Figure 5.7d). This situation leads to temporary disruptions in the 

local packing order which again entails a decrease in the modulus of the FLG-NH2-SAM 

heterostructure. In contrast, under ambient conditions, interfacial water molecules, which 

interact strongly with the NH2-SAM, can reduce head-head attractions and chain-chain 

repulsions (Figure 5.6c), which leads to higher packing order in the NH2-SAM (Figs. 7c) and 

d)) and results in a FLG-NH2-SAM heterostructure with higher elastic modulus. In summary, 

losing the packing order of thiol-chains in SAMs due to lack of the mitigating effect of 

surrounding or interfacial water on the SAM inter-chain interactions, likely is the major 

contributor to the experimentally observed, lower Young’s moduli of graphene-SAM 

heterostructures in vacuum compared with those found in ambient conditions (Figure 5.5b). 
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5.4 Conclusions 

The electronic properties of graphene can be tuned through supporting self-assembled 

monolayers, with promise to realize a wide range of devices for technical applications. Here, 

we showed that the identity of the head group chemistry of a SAM also has a significant effect 

on the interfacial mechanical properties of SAM-supported few layer graphene. CR-AFM 

experiments revealed that the heterostructure of FLG supported on hydrophilic NH2-

terminated SAMs was softer than that of FLG supported on hydrophobic CH3-terminated 

SAMs. Raman spectroscopy suggested that these differences might be due to a different 

amount of water molecules associated with the different SAM head groups present at the FLG-

SAM interface. The experimentally observed stiffness differences were successfully captured 

via steered and all-atom MD simulations. The simulation results clearly showed that water 

molecules located at the FLG-SAM interfaces mediate the interaction between graphene and 

the SAM and were the key factor for the observed stiffness difference between graphene on 

hydrophobic and hydrophilic SAMs. The protonation of the amine head groups renders NH2-

SAMs even more hydrophilic, and consequently further weakens the graphene-SAM 

interactions due to the interfacial water layer. Vacuum annealing of the sample removed water 

molecules from the interfaces and caused an overall decrease in the out-of-plane stiffness 

because of the loss in the packing order of thiol-chains in the SAM, arising from the absence 

of surrounding or interfacial water molecules. These observations suggest that hydrophobic 

surfaces are preferable over hydrophilic surfaces in order to achieve better mechanical and 
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electronic stability. Our results provide an important, and often overlooked aspect for the 

fabrication of substrate-supported graphene electronics.  
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Table 5.1. Surface characterization of SAMs on Au. 

SAM 
Head 

Group 

Contact 

Angle 

(std. dev.) 

(°) 

XPS Atomic Percentage (std. dev) (%) 

C O S N Au 

AUT -NH2 42.8 (4.6) 
55.6 

(0.5) 

4.3 

(0.5) 

1.8 

(0.2) 

3.7 

(0.3) 

34.6 

(0.6) 

UDT -CH3 97.8 (3.2) 
48.6 

(1.1) 
- 

2.2 

(0.1) 
- 

49.2 

(1.1) 
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Figure 5.1. Schematic of the CR-AFM setup. The AFM tip can be approximated as a sphere 

with radius R indenting the sample.  
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Figure 5.2. (a) Optical microscopy and (b) AFM topographic images of a typical few layer 

graphene on UDT. The red arrows indicate the region where point measurements were made. 

(c) Raman spectra of graphene on CH3-(black, UDT) and NH2-SAMs (blue, AUT). (d) 2D 

FWHM comparison of graphene on CH3- and NH2-SAMs for both as-prepared samples and 

samples after vacuum annealing.   

 

  



 

124 

 

Figure 5.3. Contact resonance frequencies of FLG-CH3-SAM (black) and FLG-NH2-SAM 

(blue) heterostructures: (a) for as-prepared samples and (b) for samples after vacuum 

annealing. (c) and (d) are the corresponding Raman 2D peak position for both samples before 

and after vacuum annealing, respectively. 
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Figure 5.4. (a) Representative MD snapshots of FLG on SAM with –NH2 (top) and –CH3 

(bottom) head groups (water molecules are colored in dark blue). (b) Number of water 

molecules and (c) temporal profile of the non-bonded interaction energy between FLG and 

SAM with –NH2 (blue) and –CH3 (black) head groups. Average values over the last 10 ns of 

the simulations are inserted as bar graphs. 
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Figure 5.5. (a) Simulated stress – strain curves for FLG-NH2-SAM and FLG-CH3-SAM 

heterostructures in ambient (top) and vacuum conditions (bottom). (b) Estimated Young’s 

modulus for each case. (c) Representative snapshots of steered MD simulations. The images 

from top to bottom correspond to regimes I, II and III of a FLG-CH3-SAMs heterostructure in 

vacuum. 
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Figure 5.6. (a) Schematic showing the components of non-bonded interactions that are present 

in the SAM-FLG system: Interfacial non-bonded interactions between FLG and SAMs (green), 

inter-chain interactions among SAMs (blue), inter-chain interactions with only the alkyl chains 

(i.e., without head groups, orange), graphene (bottom layer only) – water interactions (gray), 

and interactions between water and the SAM (red).  Deconvolution of the non-bonded 

interaction energy determined for (b) the FLG - CH3 SAMs and for (c) the FLG - NH2 SAMs 

in compression regime I. 
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Figure 5.7. Histogram of the nearest neighbor distances (head group to head group) in 

compression Regime I, for a CH3-SAM in (a) ambient conditions, and (b) in vacuum, and for 

a NH2-SAM in (c) ambient conditions, and (d) in vacuum. The red-dashed lines illustrate 

average values of the nearest neighbor distances between the well-aligned SAM head groups 

used as an initial structure in the simulations. The red dotted circles in the representative 

snapshots represent regions with lower molecular order, in (b) disruption at the edge and in (d) 

local aggregations. 
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Figure S 5.1. Beam model of the AFM cantilever in contact with a sample surface 
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Figure S 5.2. Partial charge information on (a) 1-undecanethiol (-CH3), (b) 11-amino-1-

undecanethiol (-NH2), and (c) protonated 11-amino-1undecanethiol (-NH3
+) used in this study. 
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Figure S 5.3. Elastic modulus as a function of indentation speed (v), 0.05, 0.001, and 0.00001 

pN/time step. (a) Stress – strain curve in compression regime I. The negative strain in the 

beginning part of some of the curves is due to FLG-SAM force fluctuations when the applied 

stress is low. (b) Elastic modulus values with corresponding R2 values (number inside the bar 

graphs) obtained from the slopes in the linear compression regime for three different 

indentation speeds, and (c) comparison between reduced modulus values from the experiment 

and averaged modulus values from SMD simulations.  
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Figure S 5.4. Temporal profiles of the overall interfacial interaction energy between (a) FLG 

and CH3 terminated SAMs and (b) FLG and NH2 terminated SAMs in compression regime I. 

Dark colored and light colored bars with step value (t) illustrate the approximate yield point. 

Temporal profiles of inter-chain interactions among (c) CH3 and (d) NH2 terminated SAMs. 

The dotted lines represent the profiles of inter-chain interactions of alkyl chains without head 

groups. 
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Figure S 5.5. High resolution N 1s XPS shows the protonation of amine groups in the NH2-

SAM 
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Figure S 5.6. Raman spectra of bulk HOPG. The blue arrow indicates the characteristic 

shoulder of the bulk HOPG 2D peak, which does not show up in the FLG samples. 
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Figure S 5.7. Time evolution of the non-bonded interaction energy between SAMs and 

interfacial water (red), SAMs and surrounding water (water molecules within 4.5 Ȧ of head 

groups excluding interfacial water, blue), the bottom layer of FLG and water (gray), and the 

entire SAM and water molecules (black). 
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Figure S 5.8. (a) Representative simulation snapshot of FLG on NH3
+-SAMs in water. In this 

snapshot, water molecules are omitted. (b) Average number of water molecules and (c) average 

non-bonded interaction energy between FLG and –NH3
+ head groups.  
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Figure S 5.9. Non-bonded interaction energy between FLG and –CH3 head groups, –NH2 head 

groups, and –NH3
+ head groups in vacuum condition. 
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Figure S 5.10. Schematic showing the presence of water in the vicinity of the FLG-CH3-SAM 

interfaces in real systems: (a) due to defects and roughness of the underlying substrate, small 

water clusters (blue) can present between graphene and the CH3-terminated SAM when 

graphene is transferred to the SAM surface in ambient conditions. (b) Top view, showing that 

the SAM is a polycrystalline structure, with some grain boundaries and defects, where water 

(blue) can be present (The image is modified from a STM image of a CH3-terminated 

alkanethiol SAM on Au (111)). The MD simulations simplify this complex scenario into a 

patch of the FLG-SAM heterostructure with surrounding water molecules and periodic 

boundary conditions.  
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6.1 Introduction 

Natural silks are fibrous proteins produced by anthropods that exhibit high extensibility 

and toughness comparable to steel and Kevlar.[1-3]  Under ambient conditions, anthropods like 

silkworms and spiders produce the exceptionally strong fibers wherein fibers contain fibroin 

comprised of many fibroin fibrils of silk molecules incased in hydrophilic, gumming protein 

sericin.[3,4]  The silk backbones consist of alternating hydrophobic heavy chain that tends to 

form hydrogen bonded anti-parallel β-sheet crystals and hydrophilic light chain that forms 

amorphous random coils and α-helices.[4]  Though different types of silks possess similar 

chemical design, their particular chain length and amino acid sequence might differ 

significantly depending on the source and function.  Specifically, Bombyx mori silk used to 

construct silkworm cocoons contains Gly/Ala-rich heavy chain of approximately 390 kDa 

heavy chain and Gly/Tyr-rich light chain of approximately 25 kDa joined by disulfide 

bonds.[1,2,4,5]  Exceptional mechanical properties conferred by this hierarchical design, 



 

140 

biocompatibility, and biodegradability make the protein a promising material for biomedical 

and engineering applications.  

Numerous studies have shown silk’s potential utilities in a host of applications 

including hydrogel particles, core-shell particles, tissue scaffolds, and, in particular, 

nanocomposites.[6-14]  The highly elastomeric natural biomaterial enables effective load 

transfer between reinforcing and functional fillers through an array of hydrophobic, van der 

Waals, electrostatic, and hydrogen bonding interactions.[15-17]  For example, silk fibroin 

preserves therapeutic agent functionality and enables sustained, stimuli responsive release in 

hydrogels.[6-12]  Stem cells may also be embedded in scaffolds to encourage tissue 

regeneration.[13,14]  And, whether for biomedical or energy storage applications, silk based 

composites are utilized to create materials with mechanical, degradation, thermal, and optical 

properties most suitable for a given application.  

Despite their premium properties and vast applicability, silk-based materials have their 

limitations in challenging environment.  Silk is a soft biomaterial with little functional utility 

(like electrical conductivity) whose mechanical properties, though strong, pale in comparison 

with synthetic materials like graphenes.  Generally, silk materials serve as a matrix for reactive 

and functional components with a variety of inorganic or carbon components.[[18]]  

Carbonaceous additives such as graphene and carbon nanotubes provide greater mechanical 

strength to the composite and electrical properties necessary for sensing and energy storage 

devices while the elastomeric biomaterial matrix can confer flexibility and biocompatibility.[15-

19]  
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On the other hand, recent graphene-based nanocomposites benefit from high thermal and 

electrical conductivity and mechanical strength of unique monolayer flexible sheets due to 

strong interlayer π-π stacking.[19]  Thermal and chemical oxidation of graphene sheets leads to 

a deterioration of these properties while the addition of hydroxyl, epoxy, and carboxyl groups 

enable formation of stable aqueous solutions and add chemical functionalities.  One of the 

graphene-related material, graphene oxide (GO), possesses amphiphilicity that allows it to 

strongly bind to both polar and non-polar species with optimal interfacial binding in an 

amphiphilic matrix like silk fibroin.[20]  GO can be also water-dispersed with water forms local 

cross-links between the graphene oxide flakes via hydrogen bonding while decreasing load 

transfer through inter-layer slip, and permanent interlocks formed by covalent crosslinkers 

increase reinforcement and limit flexibility.[5]  GO-based nanocomposites are typically 

assembled as stacks of flexible GO monolayers of about 1 nm thickness via vacuum filtration, 

layer-by-layer (LbL) assembly, and controlled evaporation.[19]  Of these methods, LbL 

assembly mimics the laminated design of nacre thus enabling greater interfacial contact 

between the natural biopolymer matrix and synthetic filler component.[15-19]  This fabrication 

method enables silk to saturate interfacial interactions and dramatically enhance mechanical 

properties of these nanocomposites.[15,17,21-23] Increased interfacial binding between silk fibroin 

materials and GO components facilitates higher Young’s modulus and the ultimate stress.  

Typically, complete dissolution of silk in water requires use of chaotropic agents and 

high temperatures that disrupt native structure and binding properties.[24]  The caustic 

conditions alter silk conformation by rupturing amide-amide hydrogen bonds, cleaving the 350 

kDa backbone to 20-200 kDa fragments, and disabling binding sites that guide linear assembly 
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of native silk fibroin and formation of 1D bundles.[24]  The hierarchical structure requisite for 

high toughness is effectively lost as a result of such disintegrations.[25]  These changes can be 

observed in secondary structure and adsorption behavior of silk biomacromolecules on solid 

substrates.  Using high-resolution atomic force microscopy (AFM), several groups have 

studied adsorption behavior of silk fibroin down to individual macromolecules.[24,26] The AFM 

images demonstrated that silk fibroin exhibits different morphologies such as beads on a string 

that self-assemble into bundles, aggregates, clusters, or extended nanofibrils depending on 

hydration level and balance of interfacial interactions.[24,26]   

Silk assembly can be primarily controlled by shear stresses and water loss during 

processing, which causes formation of rod-like structures and branched linear structures of 

native and reconstituted silk fibroin, respectively.[24,26,27]  In addition to shear and water loss, 

silk fibroin structure may be tuned by chemical modification, solvent and water annealing in 

order to alter hydrogen bonding and ion pairing.[28-30]  By manipulating β-sheet content, silk 

fibroin toughness and strain at break can be tuned over a wide range.  For instance, it has been 

shown that exposure to alcohols, particularly methanol, induces a rapid conformational 

transition from amorphous random coils to near complete crystallization as β-sheets.[30,31]  

Water as a solvent may also induce conformational shift in random coils to helices and β-

sheets.[29,32,33]  At temperatures below 60 oC, random coils content decreases and a mixture of 

helices and β-sheets secondary structures, while greater thermal energy results in a β-sheet 

dominant structure.  In this method, water molecules effectively plasticize silk fibroin to 

increase local chain mobility and transition from random coils to crystalline β-sheets which 

can be better understood by utilizing sophisticated molecular modeling.    
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Computer simulations such as molecular dynamics (MD) can provide insight on the 

interfacial dynamics and aggregation behavior between silk and various surfaces, which are 

important for understanding these experimental results.  MD simulations have been used to 

understand the effect of silk chain length and sequence on the formation of secondary 

structures, can predict the structural propensities of various sequence to form β-sheets or other 

structures, predict mechanical properties and friction forces.[34-40]  MD simulations are ideally 

suited for modeling intertwined processes and can probe detailed chemical and physical 

interactions occurring between biopolymers and surface.[41] However, most of the previous 

simulations were focused on adsorption of short peptides onto hydrophobic surfaces.[11, 41-46] 

For example, MD simulations were used to investigate the adsorption and aggregation of short 

peptides (GA)4 and (GV)4 on a rough hydrophobic interface, where peptides aggregated into 

layered β-sheet structures.[41] Most recently, a study investigated adsorption of ten poly-

Alanine peptides with up to 24 repeats onto hydrophobic surface.[46]  These results indicated 

that a hydrophobic surface can accelerate β-sheet growth by enhancing local concentration and 

reducing conformation entropy of a peptide sequence.  

In the case of interactions of peptides with graphitic surfaces, MD simulations have 

shown that the van der Waals interactions play a dominant role in the adsorption process.[47,48]  

There is an overall agreement that the driving forces for adsorption of peptides and proteins on 

graphene are mainly hydrophobic interactions and 𝜋–𝜋 stacking.[49,50]  Thus, the presence of 

graphene affects peptides conformations and reduces secondary structure stability as compared 

to the structure in solution.[[51],[52]]  However, very few studies attempted to address the 

differences between the adsorption of biomolecules onto heterogeneous GO and uniform 
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surfaces.  For example, recent MD simulations examined the adsorption and conformation of 

short alpha-helical positively charged cytoplasmic peptide on graphene and GO.[[53]]  The study 

shows that on GO surface, the adsorption was mediated though hydrogen bonds and alpha-

helical protein retained better conformation stability on GO as compared to graphene. Similar 

results were obtained in a recent study of protein GA adsorption to GO and graphene surfaces, 

which showed that the secondary structure of protein were preserved by GO surface and 

destroyed by graphene surface.[[54]]  22However, another study of the enzyme interactions with 

GO and graphene revealed that while enzyme can be adsorbed on both surfaces, adsorption on 

GO deforms the active site and strongly inhibits enzymatic activity.[55] Overall, these 

simulations show different mechanisms for peptide/protein adsorption on GO surfaces but 

direct comparison with experiment is lucking.   

  Taking these factors into account, in this study we focus on probing the silk fibroin 

secondary structures under conditions resembling those used in construction of GO-silk 

laminated nanocomposites, both experimentally and computationally.[15-19]  To accomplish this 

task, we have fabricated ultrathin reconstituted silk fibroin-GO laminates with GO at various 

levels of oxidation using spin assisted LbL assembly.  We employ high resolution AFM (AFM) 

and attenuated total reflectance FTIR (ATR-FTIR) spectroscopy to understand the binding 

behavior and morphologies that enable the exceptional performance of reconstituted silk 

fibroin-GO nanocomposites previously reported.[15,17,18,19,22,23]  In addition, we performed MD 

simulations of the silk stands on graphitic surfaces to elucidate non-bonded interfacial 

interactions which govern secondary structure of silk fibroin. By combining these experimental 

and computational techniques, we show that fibril forming and assembly on a hydrophilic GO 



 

145 

substrate is comparable to that observed for silk fibroins on hydrophilic mica.  However, a 

complete morphological shift to disordered silk I structures was observed on the hydrophobic 

substrate of reduced GO sheets. 

6.2 Results and Discussion 

6.2.1 Comparison of Silk Fibroin at Different Deposition Conditions 

Initial experiments focused on the effects of silk fibroin concentration, conventional 

versus dynamic casting, and spin speed on secondary structure of absorbed silk materials under 

common spin assisted LbL (SA-LbL) assembly conditions.  A monolayer of GO flakes on 

silicon wafer served as the substrate and samples were prepared using silk fibroin aqueous 

suspension at 0.2, 0.02, and 0.002 wt. % deposited on a initially immobile substrates for 

conventional SA-LbL and on a spinning substrates for dynamic SA-LbL then spun dry at 

different spin speeds (see Experimental).   

Figure 6.1 shows surface morphology of silk fibroin deposited as an aqueous 

suspension onto GO flake on silicon wafer.  GO flake lateral dimensions varied from 3 μm to 

6 μm with 0.9 nm thickness, which is indicative of monolayers.[15,17]  On the oxidized GO 

substrate, silk fibroin exhibits distinct morphological transition when deposited at different 

concentrations.  When spun from a concentrated suspension, silk fibroin retains spherical 

globular structure.  For instance, 0.2 wt. % silk fibroin cast on GO exhibits densely packed 

globules with height of 3.57 ± 0.55 nm (Figure 6.1a).  Particles are assumed spherical in 

dimension so the classic sphere volume equation was used to calculate their volume, wherein 

height measured via AFM was used as diameter.[58]  The particle volume determined this way 

(190 ± 1 nm3) was in the range reported for individual silk fibroin molecules (180-450 nm3 
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depending upon secondary structure), which suggests these are individual globular silk 

backbones.[56,57] 

When diluted by 10 times to 0.02 wt. % silk fibroin, once again, globules of similar 

sizes were observed (Figure 6.1).  Upon further dilution to 0.002 wt. % silk fibroin, 

morphology changed dramatically with individual bundles formed which are comparable in 

size to individual silk backbones with average height of 0.86 ± 0.22 nm (Figure 6.1).  The 

morphologies at the various concentrations reflected findings from previous studies conducted 

in solution on a mica.[24,26]  These studies showed a dense globular morphology above 1 wt. % 

with a reduction in globule size at 0.1 wt. % then fibril formation below 0.01 wt. %.  As shown 

here, the fibrils observed in this case were several times smaller than the globular aggregates 

observed in low concentration regime.  

 Figure 6.2 depicts AFM topographical images of silk fibroin assembly when 0.002 wt. 

% silk fibroin was deposited via conventional SA-LbL at onto GO flakes and SiO2 surface at 

several spin speeds.  Conventional SA-LbL leads to less accumulation of silk fibroin on GO 

flakes with little fibril formation.  Linear assemblies are observed at highest rotational speed 

of 8000 rpm with some observable fibrils formed at 3000 and 5000 rpm, though increased 

roughness on the flakes renders them less easily distinguished (Figure 6.2).  Conventional SA-

LbL assembly yields globules of random at random locations with inter-globule orientation, 

suggesting initiation of assembly, while the combination of low concentration and applied 

shear after initial adsorption are sufficient for fibril formation on hydrophilic SiO2 surfaces. 
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In contrast, dynamic spin casting yielded linear silk fibroin assemblies on both SiO2 

and GO flakes (Figure 6.3).  Linear fibrils of variable length are formed at each spin speed 

from 78 to 370 nm in length.  Dimensional analysis of these images shows fibrils of uniform 

diameter with globule like structures along the fibril and at fibril intersections for 0.002 wt. % 

silk fibroin on GO flakes.  Extended chains formed when 0.002 wt % silk fibroin was spun 

cast dynamically on GO flakes (Figure 6.3).   

Average fibril height was 0.85 ± 0.130 nm, which is close to expected backbone 

diameter and very similar to values previously reported for individual fibrils and dimensions 

of simulates GAGAGS sequence in β-sheet structure (Figure 6.S1).[26,27,58]  The broad 

distribution is attributed to the globule like structures in Figure 6.3 that form at fibril junctions. 

Larger structures at fibril joints are thick and have greater volume than the fibrils that is 

comparable to that observed for random coils and helical conformations.[26] For dilute silk 

fibroin on GO, high initial shearing seems to be critical for fibril formation where greater 

dispersion lessens intermolecular interactions between silk molecules that must be overcome 

to induce absorption with unfolded morphologies.  

As shown in a previous publication, the rapid solution removal inherent in dynamic 

deposition increases interfacial adhesion and shear induced crystallization.[17]  However, spin 

speed variation appears to have little bearing on silk fibroin morphology as indicated by 

conformational uniformity at a given concentration across all spin speeds.  Previous studies 

have shown a positive linear relationship between fibril formation and shear rate.[21,59]  Unlike 

those studies, which were conducted in solution, the present study entailed rapid solvent 

removal during assembly process.  We suggest that as solvent quickly shears off the substrate, 
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long-chain flexible protein macromolecules are stretched and is locked in place by quenching 

during fast solvent removal.  We suggest that these dueling factors inhibit fibril formation with 

increased shear rate.  

ATR-FTIR spectra of silk fibroin-GO films prepared under relevant conditions exhibit 

characteristic peaks at 1626, 1634, 1645, 1653, 1661, 1668, 1684, and 1697 cm-1.[17,82]  As 

known, silk fibroin secondary structures consist of a mix of amorphous random coils and 

ordered β-sheets, helices, and β-turns.[29,30,31,35,78]  According to these studies, silk fibroin 

secondary structure can be categorized more broadly as silk I for random coils and helices, silk 

II for β-sheets, and silk III for 3-fold helices.  Contributions of various secondary structural 

components were quantified by deconvolution of the amide I peak (1586 – 1720 cm-1), which 

is broadly attributed to C=O stretching.  The amide I region was baseline corrected and then 

deconvoluted via Fourier self-deconvolution and second derivative analysis of the amide I 

peak.[62] 

When spun cast, silk fibroin infrared absorbance increases at representative β-sheet 

peaks (1626, 1634, and 1697 cm-1), indicating increased crystallinity in sheared silk fibroin.  

An accompanying decrease in absorbance at 1645 and 1653 cm-1, peaks attributed to random 

coils, suggest a shift of the secondary structure composition from from random coils to β-

sheets.[11,15,17,26,60,61]  Meanwhile, peaks at 1661 cm-1 for helices and 1668 and 1684 cm-1 for 

turns remain relatively unperturbed.  Silk fibroin sheared on GO has a slightly more β-sheet 

dominant secondary structure than drop cast silk fibroin.   

Crystallization of drop cast silk fibroin is mostly owed to extended drying time during 

which silk fibroin has to reorder into its lowest energy conformation, β-sheets.[62,63] 
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Introduction of GO component for silk fibroin-GO bilayers yields similar ATR-FTIR 

signatures where β-sheet peaks at 1626 and 1634 cm-1 have increased while decreased 

absorbance at 1645 and 1653 cm-1 indicates loss of random coil secondary structures.  Overall, 

GO appears to maintain crystalline secondary structure while enabling switching from random 

coil to β-sheet.   

The differences between conventional and dynamic SA-LbL of silk fibroin-GO pairs 

were explored in a previous publication.[17]  We suggest that lack of the initial stage of slow 

static adsorption leads to increased stretching of proto-fibril structures as β-sheets form from 

random coils while the proportion of helices and turns appear unaffected.  The analysis of 

protofilament structures observed in this experiment with increase β-sheet content allows for 

an understanding of secondary structure on this surface.  Dimensional analysis of linear fibril 

assemblies suggests these structures are protofibrils of aligned silk fibroin molecules.  This is 

further corroborated by previously reported silk morphologies on mica where the appearance 

of linear assemblies is accompanied by increased crystallinity.[5,15,26,32,74]  

6.2.2 Silk Fibroin Behavior on Reduced GO with Increased Hydrophobicity 

Then, we investigated how silk fibroin secondary structure changes after adsorption on a 

increasingly hydrophobic surface with graphitic patches.  After depositing GO flakes on SiO2, 

the flakes were fully reduced by hydrazine vapor.  GO flakes were reduced to C/O of 15.1 and 

oxygen coverage of 3.3 wt. % after hydrazine vapor reduction to rGO state.  Then, 0.002 wt. 

% silk fibroin was deposited via conventional and dynamic assembly at various spin speeds to 

probe the effects of static adsorption time and increased shear on silk fibroin folding and 

secondary structure.  We compared results from initial experiments on silk fibroin-GO 
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interface to silk fibroin-rGO interactions.  As we observed, the extended exposure to hydrazine 

and heat added to vaporize the reducing agent during GO hydrazine vapor reduction could 

cause a conformation shift in silk fibroin with or without incorporation of rGO.  Alternatively, 

samples for ATR-FTIR, were prepared by complete reduction of GO in hydrazine solution 

then dissolution of resulting rGO in water to use for assembly of silk fibroin-rGO SA-LbL 

films.  In spite of the different reduction methods applied for HRFM and ATR-FTIR, 

comparable reduction was achieved for both hydrazine vapor and solution reduced GO.   

Figures 6.4 and 6.5 show topographical AFM images of silk fibroin on fully reduced 

rGO.  Samples universally exhibited a dense layer of silk globules rather than individual or 

aggregated fibrils for all deposition conditions.  The globules are 3.85 ± 1.39 nm in height, an 

order of magnitude larger than fibrils observed on GO and comparable in size to the globules 

seen of concentrated silk on graphene oxide and micelles reported elsewhere (Figure 6.S2).[4,26]  

Morphologies observed here suggest that silk molecules previously observed as individual 

nanofibrils at 0.002 wt % silk fibroin on GO have collapsed into single macromolecular 

bundles much like the morphology of non-sheared silk fibroin in solution.[24,27]   

Upon increasing the shear rate during casting, the globules exhibit the onsite of 

assembly into bulbous, aligned structures.  Figure 6.4 of silk fibroin cast on rGO flakes via 

conventional SA-LbL at 8000 rpm, in particular, seems to show onset of filament assembly 

among silk fibroin molecules.  Globule diameter ranges 3.4-4.7 nm, though this measure is 

hard to discern due to dense foreground of globules around each individual structure (Figures 

6.S3 and 6.5).  Increased silk fibroin adsorption on rGO even at low concentrations can be 

credited to hydrophobic interactions between the hydrophobic rGO substrate and mostly 
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hydrophobic silk fibroin.  Although silk fibroin resists extension on the hydrophobic substrate, 

shear seems to effect intermolecular assembly.  Protein macromolecules tend to adsorb more 

on hydrophobic surfaces due to inability of water molecules to adsorb on the surface and 

hydrophobic interactions with hydrophobic domains on the polypeptide chain.   

Peak assignments for ATR-FTIR spectra of silk fibroin-rGO interface are shown in 

Table 6.1 and Figure 6.6, respectively.  The results were analyzed with respect to amide I (C=O 

stretching, 1650 cm-1), amide II (N-H deformation and C-N stretching, 1530 cm-1), and amide 

III (C-N stretching and N-H deformation, 1250 cm-1) regions of FTIR spectra.  Amide III may 

also be used to determine the kinds of helices present in the material.  Unfortunately, the ultra-

thin samples do not absorb well in this area of IR so using deconvolution to determine shifts 

in particular helices is not feasible.  Nonetheless, both the amide I and amide II regions are 

used to discern shifts in β-sheet and random coil content.  Analysis of SF-GO and SF-rGO in 

the amide I and amide II regions shows decline in β-sheet content when rGO is introduced.  

This is indicated by decreased β-sheet peak in amide II region at 1525 cm-1 and increase in 

amide I peaks attributed to random coils at 1537 and 1248 cm-1 (Figure 6.6 and Figure 6.S3).  

Thus, the globules on rGO primarily consist of silk I secondary structure (random coils and 

random helices).  

Further deconvolution of the amide I region allows for discernment of the relative 

quantities of various secondary structures in silk fibroin-rGO versus silk fibroin-GO.  

Comparing spectra of silk fibroin-GO and silk fibroin-rGO bilayers, we find a 48 % decrease 

in β-sheet for silk fibroin-rGO accompanied by a 52% increase in random coils (1635 and 1655 

cm-1) and 50 % increase in β-turns (1668 and1684 cm-1) (Table 6.1).   
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Helices (at 1660 cm-1) exhibit a marginal decrease for silk fibroin on rGO compared to 

GO.  Hydrophobic interactions rGO-silk fibroin and silk on silk fibroin interactions resisted 

shear-induced crystallization.  The data differs greatly from the structure of pure silk fibroin.  

We hypothesize the observed conformation shift from the typically β-sheet dominant 

secondary structure of pure silk to mostly amorphous random coils and random helices results 

from rapid adsorption onto rGO surface when the solvent quickly shears off the surface during 

spin casting.  

In conclusion, our experiments on how silk fibroin morphology and secondary structure 

may be tuned via substrate chemistry and shear stress can be summarized as follows.  

Interfacial interactions with hydrophilic GO and SiO2 surfaces induced the formation of β-

sheets that aligned into linear assemblies.  While enhanced interactions with hydrophobic rGO 

substrate led to poor initial wetting of the surface by the aqueous silk fibroin solution so that 

silk I secondary structure was preserved.  Therefore, we further analyze the interplay of 

noncovalent interactions behind these phenomena by using MD simulations.  These 

simulations can identify the major noncovalent interactions, the time scale of their effects, and 

their impact on silk fibroin morphology. 

6.2.3 Simulation Compliance with Experiment 

Graphene, as an ideal fully hydrophobic surface with uniform composition and 

atomistic flatness, and graphene oxide with a constant oxygen coverage were simulated 

because it can be rendered and has comparable surface composition to the fully reduced rGO 

used in experiment.  For MD simulations a typical 258 amino acid Bombyx mori protein folded 

sequence was placed within a few angstroms of graphene, GO, and SiO2 surfaces solvated in 
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water (Figure 6.S4).  As shown in Figure 6.7a, after extensive simulation time, most of the 

amino acid groups are located near graphene surface indicating partial unfolding dynamics 

from ordered helices and β-sheets to random coils and strong adsorption onto graphene surface.  

Due to strong interactions between the silk and graphene, height of silk fibroin on the surface 

also becomes lower (down to 2.3 nm) than that of crystal structure dimensions (~ 4.0 nm) or 

that on other surfaces (~ 3.0 nm) (Figure 6.7a).  In contrast, the secondary structure of silk 

fibroin shows good retentions on both GO and SiO2 surfaces.   

The average height of silk structures on both GO and SiO2 surfaces are similar to that 

of β-sheet dominant crystal structure.  Identical results are observed in density profile of silk 

atoms along x-axis (Figure 6.7f): silk structures on GO and SiO2 are similar to their initial 

structures, whereas it is disrupted on graphene surface, especially residues adjacent to tail parts 

of the backbones.  The major secondary structure of silk from Bombyx mori is β-sheet and turn 

formations.  However our simulation result shows that β-sheet regions of silk tend to be lost 

when silk is attached on graphene.   

Figure 6.8a shows temporal evolution profile for ordered structures and random coils, 

where ordered structure includes β-sheets, β-turns, and small portion of helices.  On the 

graphene surface, ordered structure gradually decreases as time passes, at the same time, 

random coils increases.   

This trend is in a good agreement with our experimental results: decline in β-sheet 

content and increase in random coil structure when silk fibroin is associated with rGO.  The 

percentage of ordered structure also decreases in the case of SiO2 surface at around 5 ns, 

however entire silk fibroin structure is maintained after the loss of ordered structure.  In the 
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case of GO surface, random coil content decreases and ordered structure increases as function 

of time.  Interestingly, there is a significant loss of β-sheet structures when silk fibroin is 

attached on either graphene or SiO2 (Figure 6.8b).  In these cases, only few regions are 

maintained as β-sheet structures and most of the β-sheets regions turned into other structures.  

However, these β-sheet structures are maintained well on the GO surface (Figure 6.8b).  

Changes in silk fibroin secondary structure on the various substrates plotted in Figure 

6.9 shows a small increase in β-sheets and over 5 % decrease in random coils on GO.  On the 

other hand, SiO2 and graphene surface promotes about 10 % increase in random coils content 

and decrease in β-sheets content.  When comparing to experimentally observed charges in 

secondary structure of silk fibroin (Figure 6.9b), identical trends are observed in both graphene 

and GO cases, except for turn structures.   

Therefore, it is expected that GO can stabilize entire secondary structures, however, 

additional shear stress, which is not considered in our MD simulation, can facilitate stronger 

intermolecular assembly so that less stable turn structure can interact with a part of helix or β-

sheet structures forming more stable β-sheets or helices.  Overall, GO surface cannot only 

stabilize the secondary structure of silk but also promotes recovery from disordered structures 

to ordered secondary structures.  On the other hand, decrease in entire ordered structures and 

significant loss of β-sheet structure are observed in graphene and SiO2 surface cases as will be 

discussed further.  

6.2.4  The Role of Non-bonded Interactions on Protein Synthetic Surface Interfaces   

Non-bonded interactions, such as van der Waals and electrostatic contributions were 

evaluated for GO, SiO2, and graphene, once again, serving as an analogue for surfaces used in 
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experiment.[56]  As shown in Figure 6.10a, silk fibroin interacts with the graphene surface via 

van der Waals interactions as there are no functional groups for electrostatic interactions.  This 

assumption agrees well with reality given low functionalization of rGO (see above).  However, 

unlike the graphene surface, the combination of electrostatic and van der Waals contributions 

play a role in the interactions between silk fibroin-GO and silk fibroin-SiO2.  Especially, 

enhanced van der Waals contributions are observed in silk fibroin-SiO2 interactions whose 

energy is almost equivalent to silk fibroin-graphene interactions.  Previous studies have 

reported that van der Waals interactions between the surface and bio-molecules, such as protein 

and DNA can lead to unfolding motions and disrupt the their ordered structures.[56]    

As shown in the shaded regions in Figure 6.10 and summarized in Table 6.2, the fastest 

rate of hydrogen bonding formations between silk and surface are observed in the case of GO 

surface.  In the other two cases, silk – surface hydrogen bonding occurred less and at slower 

rates on SiO2 due to strong van der Waals interactions, and no hydrogen bonds with graphene 

are observed between silk and graphene due to negligible electrostatic contributions.  Overall, 

the simulation results suggest that balanced combinations between electrostatic and van der 

Waals contributions could be the important factors for stabilizing protein structure as well as 

restoring their ordered structures.  However, strong van der Waals contributions for interfacial 

interactions play a significant role in losing and disrupting secondary structures of silk fibroin 

as shown in both graphene and SiO2 cases.  Moreover, in SiO2 case, very strong van der Waals 

contribution can lead to a loss of secondary structure.   
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6.2.5 Insight into silk fibroin self-assembly 

In this study, we sought to elucidate interfacial interactions and assembly processes 

that occur in silk fibroin based nanocomposites.  We deposited silk fibroin on GO, SiO2, and 

rGO while varying silk fibroin suspension concentration, deposition speed and dynamic 

conditions.  Prior to reduction, the GO flakes has a zeta potential of -19.7 ± 0.9 mV and contact 

angle of 51o which indicated the surface was negatively charged and amphiphilic similar to the 

more hydrophilic mica and SiO2 with anionic surface with a contact angle of below 10o.[64],[65] 

Anionic and hydrophilic character in GO, mica, and SiO2 leads to similar morphological 

transitions on each substrate with lagged elongation on GO compared to strongly hydrophilic 

SiO2 and mica.[31]  

Our experimental results suggest that shear and water loss are two key factors in silk 

fibroin assembly on the hydrophilic GO and SiO2 substrates.  Both have been observed in 

nature to induce the structural shifts observed experimentally.  Native silk has a globular 

conformation under low shear but undergoes conformational change to bundles when spin 

coated.  These fibrils of 7-10 nm in diameter adopt 1D linear structures at higher concentrations 

(≥ 1000 mg mL-1) due to shearing over bed of silk globules which prevents its denaturation 

when sheared.  Each silk molecule has two binding sites that each bind to two other molecules, 

creating 1D assembly.  However, at concentrations below 10 mg mL-1, a globular bed has not 

formed so branched fibrils with regions of disorder form instead due to denaturation.  Dilute 

reconstituted silk fibroin adopts similar rod-like, disordered fibrils when spun cast, but does 

not exhibit 1D assembly at higher concentrations due to loss of functional binding sites.  
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Strikingly different morphology and secondary structure observed in silk fibroin-rGO versus 

silk fibroin-GO can be largely attributed to increased hydrophobic interactions with rGO.  

Previous studies report similar secondary conformation changes along with protein stretching 

due to electrostatic interactions with an often times hydrophilic mica substrate.[24,26,85-88]  

Estrogen receptor derived peptides, von Willebrand factor, and other proteins elongate, 

comprised mostly of random coils reoriented into β-sheets on hydrophilic surfaces.[66-69] 

Though arguable amphiphilic, the proteins exhibit the hydrophobic effect in the entropy driven 

formation of globules and micelles to minimize interaction of neutral and nonpolar moieties 

with polar water molecules.  Then, when placed in the vicinity of a hydrophobic surface while 

in suspension, strong hydrophobic interactions draw the proteins to the water-substrate 

interface.  To minimize interaction with hydrophobic silk fibroin moieties, water restructures 

into silk I globules.  Rapid solvent removal causes silk fibroin to quickly adsorb onto the rGO 

surface preserving globule formation.  This process also inhibits hydrogen bonding at silk 

fibroin-rGO interface, so silk fibroin can maintain strong intramolecular hydrogen bonds that 

stabilize silk I structure observed in solution.  

Our simulations suggest that without hydrophobic interactions, proteins are drawn to 

hydrophilic substrates by mostly electrostatic interactions.  Then, the protein binds loosely to 

hydrophilic substrates via hydrogen bonding.  Water deposited on hydrophilic substrate does 

not require restructuring and can completely wet the surface, so protein in suspension can more 

fully interact with hydrophilic substrates to form hydrogen bond.  Hydrogen bonds tether the 

protein to the substrate but are loose enough to be dislodged when sheared.  As it is sheared, 

the protein stretches and undergoes secondary conformation change to β-sheets. Formation of 
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β-sheets offers lower energy structure than helices and random coils found in aqueous 

suspension.  Even in suspension, silk fibroin eventually forms gel of antiparallel β-sheets.[70-

72] Forming an extended chain of mostly β-sheet structures allows silk fibroin to better balance 

electrostatic and hydrophobic effect with the substrate and surrounding solvent.  The proteins 

stack to keep nonpolar groups hidden within hydrogen bonded β-strands comprising the β-

sheets while hydrophilic groups bind to the hydrophilic substrate and surrounding water 

molecules with fast solvent removal locking these structures. 

Although silk fibroin was simulated in a static, aqueous environment, the model 

concurs with experimental results.  MD simulation provides an understanding of initial protein 

adsorption on rGO, GO, and SiO2 surfaces used in experiment and the results including  density 

profiles, secondary structural changes, non-bonded interactions of silk corroborates these 

findings.  Simulation suggests with less hydrogen bonding between silk fibroin and rGO 

accompanied by lack of electrostatic interactions and strong van der Waals interactions leads 

to increased silk fibroin disorder at the interface.  Whereas silk fibroin crystal structure is more 

likely to be preserved and enhanced on GO that enables the formation of stabilizing hydrogen 

bonds between GO and silk fibroin.  When protein is assembled, hydrophobic amino acids 

generally tend to be located inside the tertiary protein structure due to hydrophilic environment.  

Thus, in graphene and SiO2 cases, strong hydrophobic interactions can disrupt ordered silk 

fibroin structures to interact with inner hydrophobic amino acids leading to significant loss of 

ordered structure.  
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However, it is expected that electrostatic interactions by functional chemical group sticking 

out form GO surface can prevent silk fibroin structure from direct interactions with 

hydrophobic aromatic six-membered rings thus, leading to good structure retention.  Moreover, 

by comparing silk fibroin-GO and silk fibroin-SiO2 interactions, we found the importance of 

balanced combination between electrostatic and van der Waals interactions for secondary 

structure stability: regardless of combinations between electrostatic and van der Waals 

contributions, secondary structure can be disrupted if van der Waals interactions are too strong.  

In the light of computational and experimental observations, surface chemistry modifications 

also play a pivotal role in secondary structures of silk fibroin and its stability can be enhanced 

or reduced by other experimentally observed factors, such as shear stress, or silk fibroin 

concentrations.  But simulation does not account for dynamics of hydrophilic-hydrophobic 

interactions coupled with shear induced dehydration.  In experiment, water adsorbs fully on 

the hydrophilic SiO2 substrate. Silk fibroin is able to loosely hydrogen bond on SiO2 and 

transition from silk I to silk II upon shearing and absorption.  

6.3 Conclusions 

Reconstituted silk fibroin interfacial interactions in composites and the contributions of 

these interactions to overall composite strength and utility have been explored.  Reconstituted 

silk fibroin was spun cast on GO, rGO, and SiO2 at various concentrations, spin dynamics and 

speeds to study the effects of hydropathy, shear applied during composite preparation, and 

adsorption time relevant to laminated nanocomposite assemblies.  We show what happens to 

reconstituted silk fibroin at the interface of silk fibroin-GO composites and how reduction to 

rGO (for conductive nanocomposites) effects silk fibroin morphology and interfacial 
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interactions.  The applied shear has been shown to significantly alter reconstituted silk fibroin 

secondary structure with changes being most noTable at low silk fibroin concentrations.   

Across the various reconstituted silk fibroin concentrations, three different self-

assembled structures were observed.  At high concentration (0.2 wt. %), reconstituted silk 

fibroin  formed aggregates into uniform globules with average diameter of 19 nm, comparable 

in size to micelles reported elsewhere for reconstituted silk fibroin  around this concentration 

in solution after several days of incubation.  Then, upon reducing solution concentration by an 

order of magnitude (0.002 wt. %), reconstituted silk fibroin has more globule-like micelle 

morphology with interspersed structures similar to proto-fibril seeds.  Reconstituted silk 

fibroin readily forms single molecule proto-fibrils at 0.002 wt. % characterized by β-sheet 

structures.  

Reconstituted silk fibroin-GO electrostatic interactions and hydrogen bonding stabilize 

the crystalline structure, while the inability of reconstituted silk fibroin suspension to fully wet 

rGO surface preserves random coils and helices characteristic of solution conformation which 

is locked in place by rapid solution removal when spun dry.  The hydrophobic substrate renders 

reconstituted silk fibroin impervious to shear or dilution induced elongation.  Moreover, 

simulation results provide molecular-level insight in the understanding of dynamics and 

interactions of silk fibroin on substrates with different surface chemistry and concurrence of 

experiment with simulation has enabled investigation of intermolecular interactions acting at 

interface of silk fibroin and the substrate at the point of initial surface adsorption.  This 

combined with lack of differentiation in morphology when different spin speeds for samples 
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prepared at the same concentration and on the same substrate show the importance of initial 

surface adsorption on overall interfacial interactions on the SA-LbL composite samples.  

We will consider these findings to provide insight into how GO nanocomposite design 

may be improved through manipulation of reconstituted silk fibroin secondary structure and 

morphology adjustments.  Silk secondary structure is highly susceptible to shear-induced 

elongation and reordering into β-sheets on hydrophilic substrates.  By incorporating synthetic 

layers of mixed hydropathy, one may control ability of silk fibroin to hydrogen bond with the 

heterogeneous substrates.  Overall crystallinity and β-sheet arrangements can be tuned but high 

β-sheet content alone does not facilitate distributed stress which is required to improve 

robustness and toughness.  

6.4 Experimental Section 

6.4.1 Preparation of Reconstituted Silk Fibroin 

Silk fibroin was extracted from Bombyx mori silkworm cocoons as described in 

previously reported methods.[73]  Briefly, the cocoons were delaminated then degummed by 

immersion in 0.5 wt % Na2CO3 for 30 minutes then rinsed to remove degraded sericin, a 

hydrophilic protein coating silk fibers.  After drying, 20 w/v % reconstituted silk fibroin was 

added to 9 M LiBr then dialyzed for 24 h with six water changes.  Centrifugation was used to 

remove undissolved reconstituted silk fibroin.  A 3 wt. % reconstituted silk fibroin aqueous 

suspension was obtained then diluted to 0.2, 0.02, 0.002 wt. % and refrigerated at 5 oC. 

6.4.2 Preparation of Graphene Oxides 

GO was prepared in accordance with the modified Hummer’s method using 325 mesh 

acid wash graphite powder.[74] The powder was exfoliated and oxidized by immersion in 
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concentrated sulfuric acid while stirring.  Then the suspension was cooled in an ice bath before 

dropwise addition of KMnO4 with constant stirring.  After adding H2O2 to terminate the 

reaction, the suspension was rinsed several times in water.  Unexfoliated graphite was removed 

by centrifugation.  X-ray photoelectron spectroscopy (XPS) of a drop cast sample of the 

prepared flakes indicated C/O of 2.2, which suggests 45 wt. % oxygen coverage of the GO 

flake primarily in the form of alcohols and epoxide groups.  Addition of the oxide groups 

interferes with π-stacking, enabling exfoliation to single sheets and dissolution in water.  The 

flakes are amphiphilic, anionic particles as shown via contact angle and zeta potential 

measurements of 51o and -19.7 ± 0.9 mV, respectively.[22,75] 

6.4.3 Preparation of Reduced Graphene Oxide   

GO was chemically reduced by hydrazine (N2H4) vapor and solution reduction for 

AFM and FTIR, respectively.  For N2H4 vapor reduction, a solution of 35 wt % N2H4 in water 

and NH4OH at 3:5 ratio was heated in a glass vial on a hot plate.  GO flakes cast on a substrate 

were placed at the vial opening for 15 min. to induce full GO reduction.  This method enabled 

rapid reduced GO (rGO) flake preparation for AFM characterization of silk fibroin on rGO.  

Several silk fibroin-rGO bilayers were necessary for obtaining ATR-FTIR spectra.  Using the 

vapor reduction method, silk fibroin would be repeatedly exposed to heat which could melt the 

protein.  rGO used on ATR-FTIR samples was prepared by adding 35 wt % N2H4 in water to 

100 mg GO aqueous suspension at 100 oC while stirring.  After 3 h, rGO precipitated to form 

a black cake that was rinsed, dried in a vacuum oven, and re-dispersed in water then centrifuged 

to remove insoluble aggregates.  GO flakes were prepared via oxidation of 325 mesh acid 

washed graphitic flakes.  In so doing, epoxide and carboxylic groups were formed on the flake 
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surface, enabling separation to individual flakes from inter-flake electrostatic repulsion and 

facile solvation in aqueous media (Figure 6.S5).   

This method produced fragmented flakes that enabled facile preparation of ATR-FTIR 

samples using silk fibroin-rGO bilayers.  Figure 6.S5 shows XPS of samples for both hydrazine 

vapor and solution GO reduction, indicating removal of most carboxyl groups and carbon-

oxygen double and single bonds.  GO prior to oxidation has two major peaks at 285.4 and 

287.5 eV and a shoulder at 288.7 eV which are characteristic of C-C and C=C bonds, C-O, and 

C=O bonds, respectively.  From atomic weight percent of C, O, and N, it is apparent that GO 

begins with C/O ratio of 2.2:1.  Assuming there’s one oxygen atom for each oxygenated group 

and that each benzene ring in the graphene sheets has effectively 2 carbon atoms, XPS indicates 

each benzene ring has an oxygen atom for 45 % oxygen surface coverage per GO flake 

surface.[18] After reduction by hydrazine vapor for 15 min., the C-O diminishes by 80 % but a 

slight shoulder remains due to the presence of residual C-O moieties.  C/O ratio for the reduced 

for the reduced GO decreased to nearly zero.  Reduced graphene oxide prepared by hydrazine 

solution reduction similarly suggests complete reduction in the disappearance of peaks at 287.5 

and 288.7 eV.   

6.4.4 High Resolution Atomic Force Microscopy   

Samples were prepared for AFM topographical analysis by SA-LbL on SiO2.  First, a 

monolayer of GO or rGO was cast followed by silk fibroin at several spin speeds using both 

conventional and dynamic SA-LbL.  Conventional SA-LbL entails deposition of sample on an 

immobile substrate then spinning the substrate dry, whereas dynamic casting constitutes 

deposition on a spinning substrate.[17]  We have shown that dynamic SA-LbL induces structural 
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changes in silk fibroin that enable greater interlayer adhesion in ultrathin laminated SF-GO 

composites than conventional SA-LbL.  We employ the same sample preparation methods in 

this study for a broader range of conditions in order to better understand the previously reported 

phenomena.  Silk fibroin morphology on the different samples was probed using ultrasharp 

tips with resonance frequency 325 kHz and spring constant 40 N m-1 on a Bruker Icon AFM 

in soft tapping mode at ambient conditions.[76] 

6.4.5 Attenuated Total Reflectance Fourier Transform Infrared Spectroscopy (ATR FTIR)  

An ATR FTIR was used to study silk secondary structure at the silk-GO interphase in 

ultrathin LBL films.  Several GO-silk bilayers were spun cast onto both immobile and mobile 

silicon ATR crystal.  Analysis was conducted in a Bruker Vertex 70 FTIR using liquid nitrogen 

to cool the detector to improve IR detection of the ultrathin films with resolution 4 cm-1.[77]  

For each sample, 200 background scans on the wafer without sample were collected then the 

sample was deposited and a final spectrum of 100 averaged sample scans was produced.  IR 

spectra were analyzed in accordance with well-established amide I wavenumber assignments 

for secondary structure motifs such as β-sheets, β-turns, random coils, and α-helices with 

second derivative analysis.[78] 

6.4.6 Molecular Dynamics (MD) Simulation 

 Silk sequence is obtained from typical repetitive amino acid sequences of Bombyx 

Mori protein which is composed of 258 amino acids.[[79]]  The segment was chosen to represent 

typical repetitive amino acid sequences of Bombyx Mori proteins (Figure 6.S4).  The initial 

three dimensional structure of silk segment was received using I-TASSER server followed by 

manual adjustments of crystal regions, molecular mechanics and MD refinements.[80]  For the 



 

165 

surface, a single layered graphene sheet (10 nm x 5 nm) was created via VMD 1.9.1 software; 

then we grafted hydroxyl and epoxide groups on graphene surface in the ratio of 3/2 for 

graphene oxide with 20 % oxygen coverages.[[81]]  All functional groups were grafted onto both 

sides of a graphene sheet in a random manner.  Also (100) plane of SiO2 surface was made 

through Discovery studio.[82] The (100) face of SiO2 display silanols with surface density of 

2.5 silanols/nm2 and the ratio of 17:1 between single to germinal silanols. [83]   

MD simulations were constructed for silk fibroin on GO substrates at various levels of 

oxidation.  The silk structure is placed within 4 Å  of graphene, graphene oxide with 20% 

oxygen coverage and SiO2 surface, respectively, and solvated them in explicit TIP3P water 

molecules.[[84]]  The simulations of interactions between silk and surfaces were employed for 

60 ns using AMBER 12 package with ff12SB force field for silk structure and GAFF force 

field for the graphene-based surfaces.[85-88]  Also the force field parameters for SiO2 and partial 

charges for all surfaces were taken from the literatures.[70,89] In all three cases, the system was 

carefully minimized and an equilibrated with our 11 stage protocol used in our previous studies 

for the protein and other bio-molecules.[90],[91]  First, 10,000 steps of minimization was carried 

out for only solvent molecules while the silk fibroin and surfaces were restraint with 200 

kcal/mol.  Then, with the same restraint on the silk fibroin–surface complex, the temperature 

of the system was gradually increased to 300 K during 40 ps.  NPT simulations for at least 200 

ps were performed with the silk fibroin–surface complex restrained with 200 kcal/mol in order 

to obtain a correct density of solvent.  Then another minimization with 10,000 steps and a 

second NPT 200 ps equilibration were performed with the restraint of 20 kcal/mol on both silk 

fibroin and the surfaces.  The additional four minimization stages were performed for 1,000 
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steps by gradually decreasing the restraint on the complex.  As a final equilibration step, a 

minimization, and reheating step without constraint were carried out for 1,000 steps and 40 ps, 

respectively.  After careful equilibration steps, each production simulation was executed for 

60 ns under the NPT-ensemble at 300 K with 2 fs time step. Particle Mesh Ewald (PME) 

summation method was used to calculate the electrostatic potential under periodic boundary 

condition in all directions.[92] 

To check the reliability of dynamics of silk protein, we plotted the correlations between 

two dihedral angles, Φ and Ψ during 60 ns production trajectory, so-called Ramachandran plot, 

for the all three cases and compared them with the initial structure (Figure 6.S6).[[93]]  In all 

three cases, Φ and Ψ of entire amino acids are located in favorable regions or allowable regions 

as compared to previously defined Φ-Ψ regions; and show almost identical tendency with Φ 

and Ψ of amino acids observed in the initial structure (Figure 6.S6d).  Distribution of dense 

regions (yellow and red colored regions) on Ramachandran plot show that the type of surface 

has an influence on secondary structure of silk and the associated changes are in rational. 

6.5 Acknowledgements 

This study is supported by the National Science Foundation CBET-1402712 grant, the 

Air Force Office for Scientific Research, FA9550-14-1-0269 Award and UES-AFRL.  H. S. K 

and Y. G. Y. contributions were supported by the NSF CMMI-1150682 and the NSF’s 

Research Triangle MRSEC (DMR-1121107).  The computer support was provided by the High 

Performance Computing center at North Carolina State University.  We thank Mina Lim, Seth 

Young and Paul Zackowski for their assistance. 



 

167 

6.6 References 

[1] F. G. Omenetto, D. L. Kaplan, Science 2010, 329, 528. 

[2] J. M. Gosline, P. A. Guerette, C. S. Ortlepp, K. N. Savage, J. Exp. Biol. 1999, 202, 

3295. 

[3] O. Hakimi, D. P. Knight, F. Vollrath, P. Vadgama, Composites, Part B 2007, 38, 324. 

[4] S. Keten, Z. Xu, B. Ihle, M. J. Buehler, Nat. Mater. 2010, 9, 359. 

[5] S. Inoue, K. Tanaka, F. Arisaka, S. Kimura, K. Ohtomo, S. Mizuno, J. Biol. Chem. 

2000, 275, 40517. 

[6] P. H. G. Chao, S. Yodmuang, X. Wang, L. Sun, D. L. Kaplan, G. Vunjak-Novakovic, 

J. Biomed. Mater. Res., Part B 2010, 95B, 84. 

[7] C. Cheng, I. Teasdale, O. Brüggemann, Macromol. Biosci. 2014, 14, 807. 

[8] I. Drachuk, O. Shchepelina, M. Lisunova, S. Harbaugh, N. Kelley-Loughnane, M. 

Stone, V. V. Tsukruk, ACS Nano 2012, 6, 4266. 

[9] N. Guziewicz, A. Best, B. Perez-Ramirez, D. L. Kaplan, Biomaterials 2011, 32, 2642. 

[10] Z. Megeed, J. Cappello, H. Ghandehari, Adv. Drug Delivery Rev. 2002, 54, 1075. 

[11] C. Ye, O. Shchepelina, R. Calabrese, I. Drachuk, D. L. Kaplan, V. V. Tsukruk, 

Biomacromolecules 2011, 12, 4319. 

[12] S. Yodmuang, S. L. McNamara, A. B. Nover, B. B. Mandal, M. Agarwal, T. A. N. 

Kelly, P. H. G. Chao, C. Hung, D. L. Kaplan, G. Vunjak-Novakovic, Acta Biomater. 

2015, 11, 27. 

[13] B. Kundu, R. Rajkhowa, S. C. Kundu, X. Wang, Adv. Drug Deliv. Rev. 2013, 65, 457. 

[14] J. R. Mauney, T. Nguyen, K. Gillen, C. Kirker-Head, J. M. Gimble, D. L. Kaplan, 

Biomaterials 2007, 28, 5280. 

[15] K. Hu, M. K. Gupta, D. D. Kulkarni, V. V. Tsukruk, Adv. Mater. 2013, 25, 2301. 

[16] L. Huang, C. Li, W. Yuan, G. Shi, Nanoscale 2013, 5, 3780. 

[17] Y. Yin, K. Hu, A. M. Grant, Y. Zhang, V. V. Tsukruk, Langmuir 2015, 31, 10859. 

[18] D. D. Kulkarni, I. Choi, S. S. Singamaneni, V. V. Tsukruk, ACS Nano 2010, 4, 4667. 



 

168 

[19] K. Hu, D. D. Kulkarni, I. Choi, V. V. Tsukruk, Prog. Polym. Sci. 2014, 39, 1934. 

[20] D. Konios, M. M. Stylianakis, E. Stratakis, E. Kymakis, J. Colloid Interface Sci. 2014, 

430, 108. 

[21] L. Ashton, J. Dusting, E. Imomoh, S. Balabani, E. W. Blanch, Biophys. J. 2009, 96, 

4231. 

[22] K. Hu, L. S. Tolentino, D. D. Kulkarni, C. Ye, S. Kumar, V. V. Tsukruk, Angew. Chem. 

2013, 125, 14029 

[23] K. Hu, V. V. Tsukruk, Chem. Mater. 2015, 27, 6717. 

[24] S. R. Koebley, D. Thorpe, P. Pang, P. Chrisochoides, I. Greving, F. Vollrath, H. C. 

Schniepp, Biomacromolecules 2015, 16, 2796. 

[25] H. Tao, D. L. Kaplan, F. G. Omenetto, Adv. Mater. 2012, 24, 2824. 

[26] J. Zhong, M. Ma, W. Li, J. Zhou, Z. Yan, D. He, Biopolymers 2014, 101, 1181. 

[27] I. Greving, M. Cai, F. Vollrath, H. C. Schniepp, Biomacromolecules 2012, 13, 676. 

[28] M. Ishida, T. Asakura, M. Yokoi, H. Saito, Macromolecules 1990, 23, 88. 

[29] H. J. Jin, J. Park, V. Karageorgiou, U. J. Kim, R. Valluzzi, P. Cebe, D. L. Kaplan, Adv. 

Funct. Mater. 2005, 15, 1241. 

[30] D. Wilson, R. Valluzzi, D. Kaplan, Biophys. J. 2000, 78, 2690. 

[31] M. Ishida, T. Asakura, M. Yokoi, H. Saito, Macromolecules 1990, 23, 88. 

[32] X. Hu, K. Shmelev, L. Sun, E. S. Gil, S. H. Park, P. Cebe, D. L. Kaplan, 

Biomacromolecules 2011, 12, 1686. 

[33] J. Magoshi, M. Mizuide, Y. Magoshi, K. Takahashi, M. Kubo, S. Nakamura, J. Polym. 

Sci., Polym. Phys. Ed. 1979, 17, 515. 

[34] G. Bratzel, M. J. Buehler, Biopolymers 2012, 97, 408. 

[35] G. Bratzel, M. J. Buehler, J. Mech. Behav. Biomed. Mater. 2012, 7, 30. 

[36] S. W. Cranford, A. Tarakanova, N. M. Pugno, M. J. Buehler, Nature 2012, 482, 72. 

[37] S. Keten, M. J. Buehler, Appl. Phys. Lett. 2010, 96, 153701. 

[38] A. M. Murad, E. L. Rech, J. Mol. Model. 2010, 17, 1183. 



 

169 

[39] A. Nova, S. Keten, N. M. Pugno, A. Redaelli, M. J. Buehler, Nano Letters. 2010, 10, 

2626.   

[40] S. Xiao, M. Cetinkaya, F. Graeter, Biophys. J. 2011, 100, 52a. 

[41] R. A. Latour, Biointerphases 2008, 3, FC2. 

[42] A. R. Brice, T. Lazaridis, J. Phys. Chem. B 2014, 118, 4461. 

[43] V. Carravetta, S. Monti, J. Phys. Chem. B 2006, 110, 6160. 

[44] Y. Mu, B. Tang, M. Yu, Phys. Rev. E 2014, 89, 032711. 

[45] J. O’Young, B. Grohe, M. Karttunen, H. Goldberg, G. Hunter, Chem. Phys. Lipids 

2007, 149, S85. 

[46] V. P. Raut, M. A. Agashe, S. J. Stuart, R. A. Latour, Langmuir 2005, 21, 1629. 

[47] Y. Cheng, Z. Q. Zhang, Z. Teo, Int. J. Appl. Mech. 2013, 5, 1350007.   

[48] W. Qin, X. Li, W. W. Bian, X. J. Fan, J. Y. Qi, Biomaterials 2010, 31, 1007. 

[49] B. Akdim, R. Pachter, S. S. Kim, R. R. Naik, T. R. Walsh, S. Trohalaki, G. Hong, Z. 

Kuang, B. L.  Farmer, ACS Appl. Mater. Interfaces 2013, 5, 7470. 

[50] C. A. Jimenez-Cruz, S. G. Kang, R. Zhou, Wiley Interdiscip. Rev.: Syst. Biol. Med. 

2014, 6, 329. 

[51] A. N. Camden, S. A. Barr, R. J. Berry, J. Phys. Chem. B 2013, 117, 10691. 

[52] J. Guo, X. Yao, L. Ning, Q. Wang, H. Liu, RSC Adv. 2014, 4, 9953. 

[53] L. Baweja, K. Balamurugan, V. Subramanian, A. Dhawan, Langmuir 2013, 29, 14230. 

[54] J. Chen, X. Wang, C. Dai, S. Chen, Y. Tu, Phys. E 2014, 62, 59. 

[55] X. Sun, Z. Feng, T. Hou, Y. Li, ACS Appl. Mater. Interfaces 2014, 6, 7153. 

[56] S. I. Inoue, J. Magoshi, T. Tanaka, Y. Magoshi, M. Becker, J. Polym. Sci., Part B: 

Polym. Phys. 2000, 38, 1436. 

[57] H. Shulha, C. W. P. Foo, D. L. Kaplan, V. V. Tsukruk, Polymer 2006, 47, 5821. 

[58] Z. Gong, L. Huang, Y. Yang, X. Chen, Z. Shao, Chem. Commun. 2009, 7506. 



 

170 

[59] E. K. Hill, B. Krebs, D. G. Goodall, G. J. Howlett, D. E. Dunstan, Biomacromolecules 

2006, 7, 10. 

[60] C. Jiang, X. Wang, R. Gunawidjaja, Y. H. Lin, M. K. Gupta, D. L. Kaplan, R. R. Naik, 

V. V. Tsukruk, Adv. Funct. Mater. 2007, 17, 2229. 

[61] E. Kharlampieva, D. Zimnitsky, M. Gupta, K. N. Bergman, D. L. Kaplan, R. R. Naik, 

V. V. Tsukruk, Chem. Mater. 2009, 21, 2696. 

[62] S. A. Fossey, G. Némethy, K. D. Gibson, H. A. Scheraga, Biopolymers 1991, 31, 1529. 

[63] M. A. d. Moraes, G. M. Nogueira, R. F. Weska, M. M. Beppu, Polymers 2010, 2, 719. 

[64] D. Janssen, R. De Palma, S. Verlaak, P. Heremans, W. Dehaen, Thin Solid Films 2006, 

515, 1433. 

[65] H. Yang, S. Y. Fung, M. Pritzker, P. Chen, PLoS One 2007, 2, e1325. 

[66] C. Byrne, L. Khemtémourian, V. Pelekanou, M. Kampa, G. Leclercq, S. Sagan, E. 

Castanas, F. Burlina, Y. Jacquot, Steroids 2012, 77, 979. 

[67] M. Raghavachari, H. M. Tsai, K. Kottke-Marchant, R. E. Marchant, Colloids Surf., B 

2000, 19, 315. 

[68] F. S. Ruggeri, C. Byrne, L. Khemtemourian, G. Ducouret, G. Dietler, Y. Jacquot, J. 

Pet. Sci. 2015, 21, 95. 

[69] H. Yang, M. Pritzker, S. Y. Fung, Y. Sheng, W. Wang, P. Chen, Langmuir 2006, 22,  

8553. 

[70] H. J. Jin, D. L. Kaplan, Nature 2003, 424, 1057. 

[71] U. J. Kim, J. Park, C. Li, H. J. Jin, R. Valluzzi, D. L. Kaplan, Biomacromolecules 2004, 

5, 786. 

[72] A. Matsumoto, J. Chen, A. L. Collette, U. J. Kim, G. H. Altman, P. Cebe, D. L. Kaplan, 

J. Phys. Chem. B 2006, 110, 21630. 

[73] D. N. Rockwood, R. C. Preda, T. Yücel, X. Wang, M. L. Lovett, D. L. Kaplan, Nat. 

Protoc. 2011, 6, 1612. 

[74] W. S. Hummers, R. E. Offeman, J. Am. Chem. Soc. 1958, 80, 1339. 

[75] R. Xiong, K. Hu, A. M. Grant, R. Ma, W. Xu, C. Lu, X. Zhang, V. V. Tsukruk, Adv. 

Mater. 2015, 28, 1501. 



 

171 

[76] M. E. McConney, S. Singamaneni, V. V. Tsukruk, Polym. Rev. 2010, 50, 235. 

[77] E. Kharlampieva, D. Zimnitsky, M. Gupta, K. N. Bergman, D. L. Kaplan, R. R. Naik, 

V. V. Tsukruk, Chem. Mater. 2009, 21, 2696. 

[78] P. B. Tooke, TrAC, Trends Anal. Chem. 1988, 7, 130. 

[79] T. Lefèvre, M. E. Rousseau, M. Pézolet, Biophys. J., 2007, 92, 2885. 

[80] Y. Zhang, BMC Bioinf., 2008, 9, 40. 

[81] W. Humphrey, A. Dalke, K. Schulten,. J. Mol. Graphics, 1996, 14, 33. 

[82] San Diego: Accelrys Software Inc. Discovery Studio Modeling Environment, Release 

3.5 2012. 

[83] A. Rimola, D. Costa, M. Sodupe, J. F. Lambert, P. Ugliengo, Chem. Rev. 2013, 113, 

4216. 

[84] W. L. Jorgensen, J. Chandrasekhar, J. D. Madura, R. W. Impey, M. L. Klein, J. Chem. 

Phys. 1983,  79, 926. 

[85] D. A. Case, T. A. Darden, T. E. Cheatham III, C. L. Simmerling, J. Wang, R. E. Duke, 

R. Luo, R. C. Walker, W. Zhang, K. M. Merz, B. Roberts, B. AMBER 12. University 

of California, San Francisco 2012. 

[86] K. Range, E. Mayaan, L. J. Maher, D. M. York, Nucleic Acids Res. 2005, 33, 1257. 

[87] J. M. Wang, P. Cieplak, P. A. Kollman, J. Comput. Chem. 2000, 21, 1049. 

[88] J. Wang, R. M. Wolf, J. W. Caldwell, P. A. Kollman, D. A. Case, J. Comput. Chem. 

2004, 25, 1157. 

[89] D. Stauffer, N. Dragneva, W. B. Floriano, R. C. Mawhinney, G. Fanchini, S. French, 

O. Rubel, J. Chem. Phys. 2014, 141. 

[90] H. S. Kim, R. Pani, S. H. Ha, Y. M. Koo, Y. G. Yingling, J. Mol. Liq. 2012, 166, 25. 

[91] H. S. Kim, S. H. Ha, L. Sethaphong, Y. M. Koo, Y. G. Yingling, Phys. Chem. Chem. 

Phys. 2014, 16, 2944. 

[92] T. Darden, D. York, L. Pedersen, J. Chem. Phys. 1993, 98, 10089. 

[93] G. N. Ramachandran, C. Ramakrishnan, V. Sasisekharan, J. Mol. Biol. 1963, 7, 95.  

  



 

172 

Table 6.1. Wavenumber assignments for secondary structures from FTIR measurements. 
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Table 6.2. Rate of forming hydrogen bonds between silk protein and various surfaces 
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Figure 6.1. AFM topographical images of silk fibroin absorbed from 0.2 (A), 0.02 (B), and 

0.002 wt. % (C) SF deposited on GO flakes via conventional SA-LbL at 5000 rpm.  Scale: 500 

nm. Z range: 4 nm (A and C) and 5 nm (B).  
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Figure 6.2. AFM topographical images of 0.002 wt. % silk fibroin morphology after 

conventional SA-LbL on SiO2 surface (A, C, E) and GO flakes (B, D, F) on Si wafer at 3000 

(A, B), 5000 (C, D), and 8000 (E, F). Scale: 2 um. Z range: 2 nm (A, C, and E), 3 nm (B), 6 

nm (D), and 3 nm (F). 
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Figure 6.3.  AFM topographical images of 0.002 wt.% silk fibroin morphology after dynamic 

casting on GO flakes on silicon wafer at 1000 (A), 2000 (B), 3000 (C), 4000 (D), 5000 (E), 

and 8000 (F) rpm. Scale: 500 nm. Z range: 2 nm (A, B, D, E, and F) and 9 nm (C).  
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Figure 6.4. AFM topographical images of 0.002 wt.% silk fibroin morphology after 

conventional SA-LbL on rGO flakes on a silicon wafer at spin speeds 3000 (A), 5000 (B), and 

8000 (C) rpm.  Scale: 500 nm. Z range: 7 nm (A), 11 nm (B), and 28 nm (C). 
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Figure 6.5.  AFM topographical images of 0.002 wt.% silk fibroin morphology after dynamic 

spin cast ing on rGO flakes on a silicon wafer at spin speeds of 1000 (A), 2000 (B), 3000 (C), 

4000 (D), 5000 (E), and 8000 (F) rpm. Scale: 500 nm.  Z range: 8 nm (A and C), 11 nm (B and 

E), 2 nm (D), and 12 nm (F). 
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Figure 6.6. ATR-FTIR spectra of SF (A), SF-GO (B), and SF-rGO (C) in the amide 1 region. 

The amount of each secondary structure in each sample calculated from peak area of their 

respective peaks is given in (E). 
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Figure 6.7. (a) Density profile of silk atoms normal to the graphene (black), GO 20% (blue), 

SiO2 (red), and the initial silk structure on GO 20% (gray dotted line). (b) Final snapshot of 

each case in (a). (c) Density profile of silk parallel to the surfaces where the initial structure is 

indicated by black lines.  
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Figure 6.8. (A) β-sheet content per each silk residue. (B) Temporal profile of the percentage 

of random coils (black) and ordered structures (gray) in silk structure. Yellow and red lines 

passing through the black and gray lines indicate the averaged values of the percentage of 

random coils and ordered structure, respectively. 
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Figure 6.9.  MD simulation (A) and experimentally (C) observed changes in secondary 

structure of silk on three different surfaces: graphene (rGO for experimental results), GO 

with 20 wt. % oxygen coverage, and SiO2. 
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Figure 6.10. (A) Temporal profiles of van der Waals contributions (green), electrostatic 

interactions (red) and total non-bonded energy (black) between silk and graphene (left), GO 

(center), and SiO2 (right). (B) Temporal profiles of the number of internal hydrogen bonds for 

silk protein on graphene (left), GO (center), and SiO2 (right) surface, where averaged values 

for silk protein and silk protein-surface hydrogen bonding are represented by black and gray 

lines, respectively. 
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Figure S 6.1. Silk fibroin at 0.002 wt. % dynamically cast on GO flakes at 5000 rpm 

morphology in AFM height (A) and phase (B) images with height profiles corresponding to 

the white (C), red, green, and blue lines (D) in A.  Scale: 100 nm. Z range: 2 nm. 
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Figure S 6.2. Silk fibroin at 0.002 wt. % deposited via conventional SA-LbL on GO flakes at 

5000 rpm morphology in AFM height (A) with height profiles corresponding to the red, green, 

and blue lines (B) in A. Scale: 100 nm. Z range: 10 nm. 
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Figure S 6.3. ATR-FTIR spectra of silk fibroin (A) on GO (B) and rGO (C) in the amide I and 

amide II regions.  
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Figure S 6.4. Sequence of Bombyx Mori heavy chain with 258-amino acid segment used in 

MD simulation.  
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Figure S 6.5. XPS of rGO carbon peak for hydrazine solution (A) and vapor reduction methods 

(B). 
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Figure S 6.6. Ramachandran plot with the probability (I) of silk on (A) graphene, (B) GO, (C) 

SiO2, and (D) free standing where red indicates greater density.  
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 The relationship between enhanced 

enzyme activity and structural dynamics in ionic 

liquids: a combined computational and experimental 

study 

Ho Shin Kim, Sung Ho Ha, Latsavongsakda Sethaphong, Yoon-Mo Koo, and  
Yaroslava G. Yingling 

 

*This chapter is a manuscript by Ho Shin Kim, Sung Ho Ha, Latsavongsakda Sethaphong, 

Yoon-Mo Koo, and Yaroslava G. Yingling, which was published by Physical Chemistry 

Chemical Physics in 2014. The author of this dissertation and first author of this paper, Hoshin 

Kim, employed the all-atom MD simulations, and a part of the experimental work described in 

this chapter. 

 

7.1 Introduction 

Candida antarctica lipase B (CALB) was discovered to be an efficient biocatalyst for 

hydrolysis and esterification.[1] Due to its high enzymatic activity, enantioselectivity, thermal 

stability and various  substrates[2], CALB is currently used in many industrial and experimental 

applications. Organic solvents have been widely used for CALB bio-catalyzed processes; 

however, toxicity, volatility, and flammability of organic solvent pose significant problems. In 

an attempt to overcome these drawbacks, there have been lots of search for alternative solvents.  

   Ionic liquids (ILs), which are non-volatile organic salts with no measurable vapor 

pressure (unlike organic solvents[3]), have attracted significant attention in recent years as an 

environmentally friendly reaction media.[4-7] It has been shown that for certain IL-mediated 

enzyme-catalyzed reactions,[8] there are enhanced conversion rates[9] and up to a 30 fold 

increase in an enzyme’s stability.[10-12] Moreover, it has been reported that the activity, stability, 
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and selectivity of CALB are higher in ILs than in organic solvents.[13-16] We showed previously 

that the conversion rate of fatty acid methyl ester synthesis using CALB in [Emim][TfO] can 

be 15% higher than reactions carried out in conventional tert-butanol.[17] Esters, which are 

typically used as food additives, medical substances, and in biodiesel, are normally synthesized 

by chemical catalysts in organic solvents; for this reason, synthesis of esters using CALB in 

ILs has garnered considerable interest as an alternative route.[18-19] 

   However, the choice of ILs for bio-catalytic reactions can be crucial for enzymatic 

activity. For example lipases, oxidases and phosphatases are usually active in anhydrous ILs 

containing BF4,  PF6, Tf2N, TfO, SBf6 anion but not active in anhydrous ILs containing NO3, 

acetate and halide such as Cl, Br, I.[20-26] Recent experiments have shown that subtle 

interactions between ILs and enzymes influence conformational stability which determines 

whether the activity of enzyme in an IL increases or decreases.[27-28] Molecular dynamics (MD) 

simulation studies of CALB were mainly performed in polar and non-polar organic solvents 

and indicated that organic solvents can induce conformational changes of active site.[29-30] 

Recently, Klahn et al. reported that electrostatic interactions in an anhydrous environment are 

likely to dominate the activity and conformational stability of CALB in ILs.[31-32] Although 

both anions and cations affect the stability of enzymes in ILs, anions are believed to exert a 

greater effect.[33] To determine which group of ILs is favorable for bio-catalytic reaction, 

correlations between enzyme activity and the physicochemical properties of ILs, such as 

hydrophobicity and polarity, have been considered; however, these relationships are not 

completely understood since many exceptions have been reported.[34] In order to further 

increase the enzymatic performance of CALB, the interplay between its structural 
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conformations in organic solvents and ionic liquids and its activity needs further elucidation. 

  The structure of CALB is composed of seven central β-sheets and ten α-helices.[35-36] 

The binding site that is responsible for the catalytic activity of CALB is composed of serine 

(Ser105), histidine (His224), and aspartate (Asp187) residues (Figure 7.1a, b).[30] According 

to the study that determined the structure of CALB, this catalytic triad is located at the bottom 

of a deep and narrow cavity which is solvent accessible (Figure 7.1b). From the crystal 

structure, this cavity is approximately 12 Å  deep and appears to be in an open conformation 

with a restrictive entrance (5.9 Å  in diameter ) to the active site.[36] The shape of the cavity, 

formed by three structural motifs α-5 (residue 142-146), α-10 (residue 268-287), and a loop 

region with a protruding ILE-189, is important for the enzymatic activity.[37-38]  The importance 

of a shape and accessibility of cavity has been demonstrated by recent mutational studies: Qian 

et al. has reported that mutations in the regions forming the active site cavity led to 10-fold 

higher activity than that of the wild-type.[39-40] Kim et al. have also shown that mutations of 

amino acids located in the α-10 region induced conformational changes of the cavity and 

increased the reaction rate of mutant CALB by approximately 6 times.[38] Both studies 

speculated that increased accessibility to the active site by mutations in region forming cavity 

resulted in increased enzyme performance. However, the direct correlation between 

conformational changes of the enzyme in ILs and the activity of enzyme remains to be clarified.  

  In this paper, we used a combination of molecular dynamics simulations and 

experimental methods to explore the relation between the activity, conformational changes of 

CALB and the properties of solvents. Molecular dynamics simulations can describe the 

structural and dynamical changes of the enzyme in different solvents, but cannot assess the 
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activity. To investigate the influence of solvent interaction on CALB activity we used lipase-

catalyzed trans-esterification of butyl alcohol with vinyl acetate as a model reaction. The 

solvents that were used for comparison include ionic liquids, [Bmim][TfO] and [Bmim][Cl], 

an organic solvent, tert-butanol, and 0.3M NaCl solution. Ionic liquids [Bmim][TfO] and 

[Bmim][Cl] were chosen to explore the effect of anions on properties of the enzyme. In order 

to compare ILs with organic solvents, we examined dynamics and activity of CALB in tert-

butanol and water.  

7.2 Materials and methods 

7.2.1 Molecular dynamics simulations  

   The crystal structure of CALB was taken from the Protein Data Bank (PDB ID: 1TCA; 

Figure 7.1) as the model structure for the simulations.[36] In this study, CALB excluding all 

water molecules in the crystal structure was used for simulation. Although loss of essential 

water sometimes can cause enzyme deactivation in anhydrous hydrophilic IL[41] as well as 

organic solvents,[42] this phenomenon seems unlikely in the case of CALB since it is activated 

under strictly anhydrous conditions.[1, 43] The CALB structure was then solvated in tert-

butanol, [Bmim][TfO], [Bmim][Cl] or 0.3M NaCl (Figure 7.S1, Table 7.S1). The size of the 

simulation system was chosen to avoid self-contacts between the enzyme atoms across periodic 

boundary conditions and the distance between the edges of the solvent box and the closest 

atom of the solutes was at least 10 Å . All MD simulations were performed using Amber 11 

software[44] with the ff99sb[45] force field for proteins.  Simulations in 0.3M NaCl used the 

TIP3P water model.[46] The geometrical parameters and partial charges for [Bmim][TfO], 

[Bmim][Cl] and tert-butanol were taken from Sambasivaro et al.[47] and Lee et al.[48]  



 

194 

  In all cases, the solvent was first carefully equilibrated. The equilibration was carried out in 

11 stages[49] starting from the solvent minimization for 10,000 steps while keeping the CALB 

restrained for 200 kcal/mol. Then the system was gradually heated up to 300 K in 40 ps under 

the 200 kcal/mol constraint on the CALB. A short NPT MD run was performed for 200 ps with 

the CALB restrained for 200 kcal/mol. Another restrained minimization step follows with the 

restraint of 20 kcal/mol for 10,000 steps. A second NPT MD run was performed at 25 kcal/mol 

constraint for 20 ps. Subsequently, four additional 1,000 steps of minimization were performed 

before reheating the system to 300 K at constant volume for 40 ps. Simulation were 

additionally constrained with 0.5 kcal/mol and 0.1 kcal/mol for the final minimization and 

heating stage. After the solvent was equilibrated, the production simulations were performed 

for a NPT ensemble for at least 100 ns with a 2 fs step time which was shown to be long enough 

for solvent-analyte system conversion.[50] For all simulation systems, the Particle Mesh Ewald 

(PME) summation method was used to calculate the electrostatic potential[51] with periodic 

boundary conditions applied in all directions. The non-bonded interactions were cut at 9 Å with 

0.00001 tolerance of Ewald convergence. The temperature was maintained at 300 K using a 

Berendsen thermostat.[52] All data from simulation were analyzed by PTRAJ module in Amber 

tools, VMD 1.9[53] and Discovery Studio Visualization 3.1.[54] HOLE program[55-56] was used 

for analysis of the cavity structure and solvent accessibility.  

7.2.2 Lipase-catalyzed transesterification reaction 

  Lyophilized CALB enzymes were provided by C-LEcta (Leipzig, Germany). Vinyl 

acetate, n-butanol, tert-butanol, butyl acetate, and 1-octanol were purchased from Sigma 

Aldrich (St. Louis, USA). Sodium chloride was purchased from Junsei Chemical Co (Tokyo, 
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Japan). Ionic liquids, [Bmim][TfO] and [Bmim][Cl], were synthesized and purified by C-TRI 

(Suwon, Korea). The 831-KF water determination device (Metrohm, Switzerland) was used 

for analyzing water contents of solvents in this study. All solvents except for 0.3M NaCl 

solution were less than 0.1 % (w/w) of water contents. All other chemicals used in this study 

were of analytical grade and used without further purification. 

  The lipase-catalyzed transesterification of butyl alcohol with vinyl acetate was selected 

as a model reaction in order to investigate the influence of solvent interaction on enzyme 

activity. Since, two reactants, butyl alcohol and vinyl acetate, are soluble in both ILs and 

organic solvent and this reaction cannot occur in the absence of the CALB, this reaction was 

not restricted by solubility of the substrates which is one of the key factors of enzyme activity 

in this study. The enzyme reaction irreversibly produces butyl acetate and acetaldehyde under 

anhydrous conditions.[57-58] 

   To prepare ionic liquids and eliminate the water which is one of the critical impurities 

in ILs, all ILs were placed into a vacuum oven at 80℃ for at least 72 hrs. The measurement of 

water contents of all ILs and tert-butanol was performed with a Karl-Fischer Titration (831-

KF Coulometer, Metrohm, Switzerland) using HYDRANAL-Coulomat AK reagent (Sigma 

Aldrich, USA). All reactions were carried out in 5 ml reaction vials with magnetic bar. 50 

mM(mmol/L) of n-butanol and 50 mg of CALB were added into 1 ml of [Bmim][TfO], tert-

butanol, [Bmim][Cl], 0.3M NaCl, respectively; these mixtures were then placed in the reaction 

block for 1 hr at 300 rpm and 27 ℃ (300 K). The reactions were initiated by adding 0.1 M of 

vinyl acetate into each mixture. Periodically, 20 μl aliquots were taken and diluted with 80 μl 

of methanol. The butyl acetate content in this reaction mixture was quantified by CP9001 gas 
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chromatography (Chrompack, Netherlands) using DB-23 capillary column (30 m x 0.25 mm, 

film thickness 0.25 mm; J&W Scientific, USA). The injector and detector temperatures were 

set at 220 ℃ and 275 ℃ respectively. The oven temperature was kept at 35 ℃ for 4 min, 

followed by a 30 ℃/min temperature increase up to 120 ℃, which was then maintained at the 

same temperature for 2 min. The pure nitrogen gas was used as a carrier gas. All experiments 

were performed three times under the same conditions. 

  Our measurements were conducted at 27 ℃ (300 K) which is much higher than the 

glass transition temperature of [Bmim][Cl] (197.35 K[59]). At 300K, [Bmim][Cl] is a 

supercooled liquid and its viscosity should be about 3,950 cP[60] which is less than honey. The 

viscosity of [Bmim][Cl] used in this study was specified to be 3,550 – 3,560 cP at 300 K by 

the manufacturer of ILs. 

   Since CALB is an efficient biocatalyst for hydrolysis in water and esterification in 

organic solvents, it is essential to keep the anhydrous reaction conditions in order to perform 

the esterification reaction.[61] Therefore, carrying out the butyl acetate synthesis (trans-

esterification) reaction in 0.3M NaCl solution was not performed in this study. As expected, 

when we performed the butyl acetate synthesis reaction in 0.3 M NaCl solution, there was no 

product present.  

7.3 Results and discussion  

   The aperture to the catalytic cavity, where substrates bind to the catalytic triad (Figure 

7.1), is the passage that permits substrate influx and product egress. The width of the cavity in 

the crystal structure is about 5.9 Å  in diameter (Figure 7.2), which accounts for the substrate 

specificity of CALB.[36] For example, prior simulation study reported that alcohols were not 
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able to bind to the catalytic triad located in CALB since they were larger than the size of cavity 

entrance.[62] Consequently, the structure of the cavity is directly related to the catalysis of 

CALB. Our simulations showed that the structure and dynamics of the active cavity are solvent 

dependent. To illustrate this we measured the instantaneous radius of the cavity from the triad 

up to the surface throughout the trajectories (grey dots on Figure 7.2). We observed that in 

0.3M NaCl solution the cavity has a broad dispersion of the measured diameter values; yet, 

two trends can be determined from these data (Figure 7.2d). In the first, the instantaneous radii 

lay above the average line (red line on Figure 7.2d); this result agreed well with the cavity 

profile from the crystal structure (black line on Figure 7.2d), and indicated that the catalytic 

cavity was open and solvent accessible all the way to the catalytic triad. In the second, the radii 

values are below the average line, and the width became very narrow in the vicinity of the triad 

indicating that the cavity is closed. Thus, in water the cavity can exist in both open and close 

conformations that differ in solvent accessibility of the catalytic triad. In contrast, in 

[Bmim][TfO] and tert-butanol the catalytic cavity was in the open state since the average radius 

profile is the same or larger than the radius in the crystal structure (Figure 7.2 a, b).  The 

average diameter for the entrance of the cavity was around 5.8 Å  in [Bmim][TfO] and about 

6.3 Å  in tert-butanol, which is the same or larger than the diameter in the crystal structure. 

However, in [Bmim][Cl], the size of the cavity opening was only about 4.0 Å  in diameter, the 

passage narrowed and the overall cavity profile was similar to the closed conformation 

observed in water and smaller than the profile for crystal structure (Figure 7.2c). Thus, based 

on our observations of the cavity profile, we can predict that the activity of the enzyme in 

synthetic solvents will decrease with the size of the catalytic cavity in the following order: 
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[Bmim][TfO] > tert-butanol > [Bmim][Cl]. 

   To test the predictions obtained by our simulations, we performed butyl acetate 

synthesis reactions using CALB in the same solvents. Figure 7.3 shows temporal conversion 

rate profiles for the transesterification reaction by CALB in [Bmim][TfO], tert-butanol, and 

[Bmim][Cl]. Maximum conversion rate was reached around 3 h in all cases. The conversion 

rate of butyl acetate synthesis reaction after 3 h was 80%, 70% and 23% for [Bmim][TfO] ,tert-

butanol and [Bmim][Cl] respectively. The production yield of butyl acetate after 12 hours as 

well as the average initial reaction rate showed the same trend with the highest production of 

butyl acetate obtained for [Bmim][TfO], followed by tert-butanol and [Bmim][Cl] (Figure 

7.S2, Table 7.S2). Thus, the experimental observations agree with the computational 

predictions. Moreover, we observed that not all synthetic solvents can induce the open 

conformation of the catalytic cavity which suggests that the enzyme activity depends both on 

the open conformation of the catalytic cavity and its size. 

   Interestingly, our observations indicate that solvent viscosity is not a major factor that 

affects enzymatic activity. The viscosity of the solvents is ranked in the following order: 

[Bmim][Cl] (3,950 cP)[60] > [Bmim][TfO] (90 cP)[63-64] > tert-butanol (4.312 cP).[17] The 

enzyme activity in [Bmim][TfO] is higher than that in tert-butanol, even though the entrance 

size and passage width are slightly narrower; furthermore, [Bmim][TfO] viscosity, which 

influences mass transfer of solute, is 20 times higher than that of tert-butanol. Our results agree 

with the research conducted by Sheldon et al.[3] and showed that the ester synthesis reaction 

using non-immobilized CALB had a better conversion rate in [Bmim][TfO] than in tert-

butanol. In the light of these results, it is plausible that the positions of the amino acids that 
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form the catalytic cavity influence enzyme activity. For example, the catalytic cavity of CALB 

is partitioned into an acyl and alcohol side by ILE near the cavity[65] and this arrangement 

might affect enzyme activity, thereby, resulting in lower enzyme activity in tert-butanol. 

However, in the case of [Bmim][Cl], the effect of viscosity may be a critical factor on butyl 

acetate synthesis reaction and the addition of [Bmim][Cl] into the reaction media can lead to a 

decrease in productivity.[20, 66] Consequently, the mass transfer effect cannot fully explain our 

observations and the effect of solvent on the enzyme’s structural conformation needs to be 

considered in order to understand these phenomena. In order to understand what governs the 

open and closed conformations of CALB in different solvents, we examined dynamics of all 

CALB residues in details using MD simulations. We identified that out of all the CALB 

residues two isoleucines, ILE-189 and ILE-285, played a pivotal role in the open-closed 

dynamics of cavity and can hinder the substrate passage into the catalytic site. To illustrate 

this, we measure the distance between the top carbon atoms (CD1) of ILEs, which is equal to 

7.294 Å  in the crystal structure when the cavity is in the open conformation (Figure 7.4). Based 

on Van der Waals radii for isoleucines ILE-189 and ILE-285, the distance between CD1s of 

less than approximately 6.0 Å  would result in a closed cavity. The analysis revealed that the 

positions of ILE-285 and ILE-189 in various solvents can change significantly and that the 

distance between ILEs is directly related to the open or closed cavity conformation. When 

these isoleucines maintained their initial distance, the cavity was in the open conformation; on 

the other hand, when they came closer together, the cavity was in a closed conformation. For 

example, in the cases of [Bmim][TfO] and tert-butanol the highest probability of the distance 

between isoleucines over 100 ns were shown  around 8.2 Å , and 10.3 Å , which indicated that 
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the cavity was in the open conformation (Figure 7.4). In contrast, in water the cavity can exist 

in either an open or closed conformation which also agrees with the cavity profile in Figure 

7.2. In [Bmim][Cl], the distance between ILE-189 and ILE-285 was 5.5 Å  on average, thus, 

the cavity was mostly closed. As shown in Figure 7.S4, there was a brief initial open state of 

CALB in [Bmim][Cl]; therefore, a small amount of synthesized butyl acetate in [Bmim][Cl] 

might be related to slow dynamics between open and closed conformations with the latter being 

dominant.  

  Generally, the presence of isoleucines in the catalytic lid of an enzyme has been 

previously linked to open and closed conformations. The open and closed gate of a human 

monoamine oxidase B (MAO B) enzyme is also directed by the dynamics of isoleucine.[67] In 

homologous lipase B gene cloned from several species of Candida antarctica mutations of 

isoleucines located in similar positions in the α-10 helix to either valine or leucine was shown 

to allow greater substrate access to the active site for mutant CALB.[68-69] We also show that 

accessibility of the catalytic triad in CALB depends on the distance between isoleucines, which 

control the open and closed conformation of the catalytic cavity. Closed or narrow cavity 

conformations observed in our simulations may obstruct passage for substrates, lowering their 

probability of encountering the catalytic triad. 

  In order to evaluate the flexibility of CALB in different solvents, the average RMSD 

for each residue was calculated (Figure 7.5, Figure 7.S3). In 0.3 M NaCl solution, significant 

conformational changes were observed in several regions including the α-5 (residue 142-146) 

and α-10 (residue 268-287) helices, which agrees with previous MD simulations studies of 

CALB in aqueous solutions.[30, 70] Note that α-10 helix is sometimes named as the α-16/17 in 
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other papers.[40] The average RMSD for each CALB residue in [Bmim][Cl] and tert-butanol 

was less than 1.0 Å 2 except for the α-10 helix region.[71] However in [Bmim][TfO], all residues 

maintained structural stability. Previous studies indicated that enzyme flexibility is a function 

of specific organic solvents[29] as well as ILs.[72] This phenomenon has been confirmed by 

different experimental techniques such as electron spin resonance (ESR)[73] and dielectric 

relaxation spectroscopy.[74] Interestingly, not only our results but also the previous research of 

CALB in various organic solvents[29] indicate that the flexibility of α-10 region is solvent 

dependent.  

  It is known that mutations within the α-10 helix can significantly influence the rate of 

enzymatic reactions (kcat value).[38] Given that ILE-285 which is responsible for the open and 

closed conformations of the catalytic cavity is part of this α-10 helix, the structural changes of 

this helical region may play a pivotal role in enzyme activity. The structural analysis of the α-

10 helix indicates that its base (residues 285-287) can significantly change its conformations 

in different solvents (Table 7.1 and Figure 7.S4). Only in [Bmim][TfO] the α-10 helix was able 

to maintain similar conformation to crystal structure (Figure 7.S6a,b and Table 7.1). In 0.3M 

NaCl and [Bmim][Cl], the base of the α-10 helix can became a turn with a high probability; 

however, in tert-butanol, this α-helix has a tendency to assume the structure of a 3(10) helix 

(Table 7.1). Even though transformation into a 3(10) helix leads to width and shape changes 

of the catalytic cavity, the internal interactions between residues are maintained which prevents 

closing of the cavity. 

  Since the α-10 helical structure was maintained in [Bmim][TfO] but not in [Bmim][Cl], 

it is plausible that the anion of ILs affected the conformational changes through non-specific 
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interactions or direct binding. In [Bmim][TfO] and tert-butanol, LYS-290 is hydrogen bonded 

to either GLY-288 or VAL-286, which assist in maintaining α-helix structure and an open 

conformation of the cavity. However, in [Bmim][Cl], LYS-290 interacts frequently with 

chlorine anions (Figure 7.6), which leads to a disruption of the α-10 helical structure and, 

thereby, smaller entrance to the active site. It has been reported that an ILs anion is vital to 

structural stability of enzymes.[32-33, 75-76] ILs with strongly coordinating anion, such as nitrate, 

lactate and chlorine, can deactivate CALB and other enzymes through dissociation of the 

hydrogen bonds that maintain the structural integrity of the α-helices and β-sheets.[20, 75] In 

contrast, activity and stability of CALB in ILs with weakly coordinating anions, such as [NTf2], 

was higher than that for organic solvents.[77] Since the anion [TfO]- is a weak coordinating 

anion group,[78] it does not disrupt the hydrogen bonding within α-10 helix, thus leaving cavity 

in the open state.  

  The strength of protein-solvent interface plays an important role in protein folding, 

structure and function. An increase in non- bonded protein-solvent interactions can affect the 

conformational changes in secondary structure and consequently enzyme stability.[32] It has 

been reported that non-bonded interactions between ILs and CALB can drive the 

conformational changes of secondary structure affecting enzyme stability.[32] To determine the 

effect of solvent-protein interactions on conformational changes of CALB, we calculated the 

electrostatic and Van der Waals contributions to non-bonded energy between CALB and the 

solvent (Table 7.2). We observed that the strength of interfacial energy is directly related to 

the observed conformational changes. For example, the strongest binding energy and the 

largest conformational changes of CALB were observed in 0.3 M NaCl. In contrast, CALB in 



 

203 

[Bmim][TfO] had the smallest conformational changes and the weakest interaction energy. 

Simulations of CALB in tert-butanol and [Bmim][Cl] show changes in the structure of cavity 

region, and the interaction energy in these solvents was stronger than that in [Bmim][TfO].  

 In order to determine how the strength of protein-solvent interaction is related to enzymatic 

function, we correlated the experimentally observed initial reaction rates with calculated 

enzyme-solvent interfacial energies (Figure 7.7). Initial reaction rates of butyl acetate synthesis 

reaction were obtained through differentiation of the fit curve which ranges from 0 to 1 hr. The 

initial reaction rate show linear correlation with both electrostatic energy and Van der Waals 

contributions. As shown in Figure 7.7, the initial reaction rate increases as electrostatic energy 

decreases and as Van der Waals energy increases. Since electrostatic energy between CALB 

and all solvents is much higher than Van der Waals energy, it is plausible that the electrostatic 

energy acts as a driving force for conformation change and consequently enzymatic activity 

change. In ILs, we observed strong electrostatic interactions between an anion and CALB. 

Moreover, Cl- anion interacts much stronger than TfO-, even though there are more TfO- anions 

interacting with CALB than Cl- (Table 7.2, Table 7.S3).  Thus, strongly coordinating small 

anion, Cl, plays an important role in enzyme activity due to strong electrostatic interactions 

with enzyme, which explains experimental observation on why anions exert greater effects on 

enzymes than cations.[33], [75-76] Previous MD simulations of CALB also show that electrostatic 

interactions between anions and CALB dominate the interaction energy and increase in the 

order of PF6
- < BF4 

-< NO3
-.[31] Considering the impact of non-bonded interactions between 

CALB and each solvent used in this study, it is clear that solvent-CALB interfacial electrostatic 

energies acted as a driving force for open and closed conformations leading to changes in 
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enzyme activity.  

7.4 Conclusions 

  Further increase in enzymatic performance of CALB is limited by our current 

understanding of the interplay between the properties of solvents and enzymatic activity. In an 

attempt to address this issue, we used a combined MD simulations and lipase-catalyzed 

transesterification reaction study to explore the relationships between the activity, 

conformational changes of CALB and the properties of ILs. The solvents that were used for 

comparison include ionic liquids, [Bmim][TfO] and [Bmim][Cl], an organic solvent, tert-

butanol, and 0.3M NaCl solution. 

  The MD simulations indicated that the structure of the catalytic cavity is solvent 

dependent: in water, the cavity can be open or closed; in [Bmim][TfO] and tert-butanol, the 

cavity is open; in [Bmim][Cl], the cavity is closed. Our observations of the cavity profile 

directly correlate with the experimental measurements of butyl acetate production and show 

that activity of the enzyme in synthetic solvents depends on the size of the cavity and decreases 

in the following order: [Bmim][TfO] > tert-butanol > [Bmim][Cl]. 

  We observed that two isoleucines, ILE-189 and ILE-285, played a pivotal role in the 

open-close dynamics of cavity. Specifically, we determined that α-10 helix, which holds ILE-

285, can significantly change conformation in different solvents. This change is acutely evident 

in [Bmim][Cl] where interactions of LYS-290 with chlorine anions caused a conformational 

switch of α-10 from an α-helix into a turn. Disruption of the α-10 helix structure results in a 

narrow cavity entrance and, thus, reduced activity of CALB in [Bmim][Cl].  

  Finally, our results demonstrated that the enzymatic activity is directly related to the 
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solvent-enzyme interaction energy. The initial reaction rate increases with the reduction in 

interfacial electrostatic strength. We proposed that electrostatic energy between solvent and 

CALB is a driving force for open and closed cavity conformations leading to changes in 

enzyme activity.  Moreover, in ILs an anion is a major contributor to the electrostatic energy 

and this property should be taken into account when selecting optimal ILs. Our observations 

can be used to explain the structure-activity relation of CALB in various solvents and may be 

applicable for the selection of appropriate solvents in order to optimize enzymatic reactions. 

However, the simulations did not consider many factors that can potentially influence the 

catalysis and structural fluctuations of the CALB enzyme such as substrate binding, catalytic 

cycle, product release, impurities in the solvent, possibility of interactions between enzymes, 

etc. Future studies examining these factors are needed to create a complete picture of complex 

processes occurring during catalysis.   
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Table 7.1. Secondary structure for residue 285 to 287 in four different solvents in percentage.   

CALB 

in a 

Residue 

Number 

3(10) 

Helix 

Alpha-

Helix 

Turn 

[Bmim][TfO] 

285 0.043 99.587 0.370 

286 0.037 99.196 0.764 

287 0.086 80.785 11.383 

[Bmim][Cl] 

285 4.169 35.428 55.979 

286 5.493 27.001 67.378 

287 5.236 12.997 75.223 

tert-butanol 

285 25.801 36.214 37.938 

286 30.087 8.661 60.870 

287 4.027 5.589 6.155 

0.3M NaCl 

285 18.790 48.239 32.255 

286 14.935 42.642 40.983 

287 2.135 36.798 16.651 

aEach percentage value was calculated over the course of the 100 ns simulation. 
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Table 7.2. Non-bonded energy in kcal/mol between CALB and solvents used in this study. 

VS. 

CAL

B 

[Bmim][TfO] [Bmim][Cl] 

tert-

butanol 

0.3M 

NaCl 

Cation Anion Solvent Cation Anion Solvent Solvent Solvent 

ELEa 
-811 

(43) 

-2448 

(46) 

-3259 

(43) 

-178 

(51) 

-3899 

(54) 

-4077 

(49) 

-3897 

(52) 

-5463 

(128) 

VdWb 
-1041 

(13) 

-487 

(13) 

-1528 

(18) 

-1238 

(14) 

+111 

(14) 

-1127 

(19) 

-1365 

(20) 

-549 

(27) 

Totalc 
-1852 

(45) 

-2935 

(44) 

-4788 

(44) 

-1416 

(52) 

-3788 

(51) 

-5204 

(48) 

-5262 

(51) 

-6012 

(123) 

aELE: Electrostatic Energy 

bVdW: Van der Waal’s Contribution  

cTotal: Total non-bonded energy (ELE+VdW) 
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Figure 7.1. Structure of Candida antarctica lipase B drawn as (a) a cartoon model and (b) Van 

der Waal’s surface. The α-10 helix region (residues 268 to 287) is represented as light grey, 

ILE-189 and ILE-285 are sticks, LYS-290 is light grey stick and catalytic triad residues SER-

105, ASP-187 and HIS-224 are white spheres.  
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Figure 7.2. Depth profiles of the catalytic cavity calculated from the interior of the enzyme 

towards the surface for (a) [Bmim][TfO], (b) tert-butanol, (c) [Bmim][Cl], (d) 0.3M NaCl 

solution, with representative snapshots of CALB from MD simulations (ILE-189 and ILE-285 

are dark gray). Black thick line is the cavity profile of CALB crystal structure. Average value 

from simulations is shown as thin gray line. The approximate positions of cavity entrance at 

~16 Å  and catalytic triad position at ~6 Å  are shown by dotted lines. 
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Figure 7.3. The conversion rate of lipase-catalyzed trans-esterification of butyl alcohol with 

vinyl acetate in (a) [Bmim][TfO], (b) tert-butanol, (c) [Bmim][Cl].  
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Figure 7.4. (a) Snapshot of CD1 atom positions in ILE-189 and ILE-285, which limits the 

width of catalytic cavity (b) Calculated probability distribution of the width of catalytic cavity 

entrance in different solvent systems. Dashed line indicates the distance between ILE-189 and 

ILE-285 in the crystal structure (7.294 Å ).  
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Figure 7.5. Average root mean squared deviation for each residue in four types of solvents 

evaluated from 100 ns simulation. Shaded gray region represents α-10 helix region (residue: 

268-287), and also show high RMSD peak in all solvents except for [Bmim][TfO].  
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Figure 7.6. The interaction between chlorine anions and LYS-290 of CALB in [Bmim][Cl]. 

The snapshots were taken when cavity was (a) in the open conformation and (b) in the closed 

conformation where bonding is shown as a dotted line. 
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Figure 7.7. The correlation between experimentally observed initial reaction rate of butyl 

acetate synthesis reaction and calculated electrostatic, Van der Waals contribution between 

solvents and surface of CALB in various solvents. Dashed line indicates regression fit.  
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Table S 7.1. Simulation set-up. 

Solvent Components 
Number of  

Ions / Moleculesa 

Volume of Simulation 

Boxb (Å3) 

[Bmim][TfO] 
[Bmim]+ 452 

596,523 
[TfO]- 451 

tert-butanol 
Na+ 1 

636,935 
tert-butanol 1,444 

[Bmim][Cl] 
[Bmim]+ 494 

694,954 
Cl- 493 

0.3M NaCl solution 

Water 10,543 

454,682 Na+ 82 

Cl- 81 
a One cation ([Bmim]+, or Na+) was additionally added into system to neutralize charge of 

system. 
b Distance between any atom of enzyme and the edge of periodic box is at least 10 Å . 
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Table S 7.2. The average of initial reaction rate of lipase-catalyzed trans-esterification of butyl 

alcohol with vinyl acetate in [Bmim][TfO], tert-butanol, [Bmim][Cl]. 

 

 

 
 

 

 

 

 

 

 

 

 

  

Solvent 

Initial Reaction 

Rate 

(mM / hr) 

[Bmim][TfO] 0.863 

tert-butanol 0.619 

[Bmim][Cl] 0.153 
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Table S 7.3. The number of anions that interact with CALB and the average non-bonded 

energy between CALB and one anion.  
 

 

 

Number of 

anions that 

interact 

with 

CALBa 

Non-bonded 

energy between 

an anion and 

CALBb 

(kcal/mol) 

[Bmim][TfO] 55 -53.372 

[Bmim][Cl] 37 -102.646 

 
a within 2.5 Å  from surface of CALB 
bNon-bonded energy = electrostatic energy + Van der Waals contribution 

  



 

222 

 
Figure S 7.1. Chemical structure of solvents used in this study. (a) 1-Butyl-3-methylimidazol

ium   ([Bmim]+), (b) Trifluoromethanesulfonate ([TfO]-) and (c) tert-butanol. 
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Figure S 7.2. The production yield of butyl acetate after 12 h reaction in [Bmim][TfO], tert-

butanol and [Bmim][Cl]. 
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Figure S 7.3. Root mean square deviation (RMSD) of CALB that was calculated for backbone 

atoms as a function of time during 100 ns in [Bmim][TfO] (Red), tert-butanol (Blue), 

[Bmim][Cl] (Green), and 0.3M NaCl solution (Black). 
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Figure S 7.4. (a) Snapshot of CD1 atoms of ILE-189 and ILE-285, and (b-e) temporal profiles 

of the distance between CD1 atoms in ILE-189 and ILE-285 in (b) [Bmim][TfO], (c) tert-

butanol, (d) [Bmim][Cl], and (e) 0.3M NaCl. Average profile is shown as black line. A black 

dotted line indicates the threshold distance.  
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Figure S 7.5. Conformational changes of the alpha-10 helix region in various solvents (a) 

initial X-ray crystal structure, (b) [Bmim][TfO], (c) tert-butanol, (d) [Bmim][Cl], (e) 0.3M 

NaCl (Open), (f) 0.3M NaCl (Closed). Region with significant conformational changes is 

shown in red. ILE-189 and ILE-285 are shown as stick molecular model. 
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 Role of Imidazolium Cation on 

Structure and Activity of Candida antarctica Lipase 

B Enzyme in Ionic Liquids 

Ho Shin Kim, Doyoung Eom, Yoon-Mo Koo, and Yaroslava G. Yingling 

*This chapter is a manuscript by Ho Shin Kim, Doyoung Eom, Yoon-Mo Koo, and Yaroslava 

G. Yingling, which was published by Physical Chemistry Chemical Physics in 2016. The author 

of this dissertation and first author of this paper, Hoshin Kim, employed the all-atom MD 

simulations, and participated in a part of the experimental work described in this chapter. 

 

8.1 Introduction 

 Lipase B from Candida antarctica (CALB) is an efficient biocatalyst for both 

hydrolysis and synthetic reactions[1-2] and has high enzyme activity, thermal and 

structural stability in various conditions.[3] CALB has been widely used for bio-

catalyzed processes in many industrial fields, such as production of the sugar fatty acid 

esters, cosmetic, and bio-diesels.[4] Generally, organic solvents are well known reaction 

media for CALB; however, due to their high volatility, flammability and toxicity[5] ionic 

liquids (ILs) have been used as an alternative solvents.[6-7] The advantages of IL over 

organic solvents is their low melting point (below 100 ℃),[8] negligible vapor pressure, 

low toxicity and volatility.[9] Moreover, enhanced enzymatic activity of lipase can be 

obtained in certain ILs.[10-12] However, it is known that the choice of anion of ILs play 

a pivotal role in the structural stability and activity of an enzyme. For example, 

favorable lipases-catalyzed reactions have been observed in ILs containing [TfO]-, 

[Tf2N]-, [PF6]
- and [BF4]

- anions [10, 13], [14], [15] whereas unfavorable enzymatic activity 
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has been shown in ILs composed of halide ions such as [Cl]-[16] . Previous molecular 

dynamics (MD) simulations study found that [PF6]
- containing ILs can maintain tertiary 

structure of serine protease cutinase, however [NO3]
- containing ILs can disrupt 

important enzyme conformations.[17] More recently, Latif et al examined the influence 

of various anions of [Bmim]+ containing ILs on the structural behavior of CALB and 

Candida rugosa using MD simulations and reported that type of anion highly influences 

the flexibility of the proteins[18]. Our recent combined MD simulations and experimental 

study showed a correlation between the anion-CALB binding energy and enzyme 

activity.[19] Moreover, our study showed that strong coordinating anion, such as Cl-, can 

disrupt CALB secondary structure near catalytic cavity which lead to a closing of an 

entrance to the active site, whereas weakly coordinating anion, such as TfO-, induced 

consistent access to active site and enhanced enzyme activity of CALB.[19]  

 The role of cation on activity and stability of enzyme can be generally predicted 

by Hofmeister series: the classification of the cations in the order of ability to stabilize 

secondary or tertiary protein structure.[20-21] However, the correlation between cation 

and enzyme activity is still of interest due to observed exceptions which doesn’t follow 

this classification. For example, recent study showed that cation structure in 

bistriflimide ionic liquids can strongly influence the activity of native CALB and 

immobilized CALB.[15] Zhao et al. reported that increase in alkyl side chain length of 

imidazolium based cations, so–called less chaotropic cation, can lead to protein 

destabilization due to strong interactions with the kosmotropic parts of enzyme.[22] 

Moreover, another experimental study showed a completely opposite trend for CALB 
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in ILs containing [Tf2N]- where the productivity of fatty acid methyl esters increased as 

alkyl chain of imidazolium increases.[23] Our previous experimental observations 

showed that CALB activity and initial reaction rate did not correlate with the cation’s 

alkyl side chain length nor with the relevant IL solvent parameters such as density, 

viscosity and hydrophobicity.[24] Thus, the effect of cation on activity and stability of 

enzyme in ILs is still unclear and remains to be understood. Here, we aim to address the 

role of cation on structure and function of the CALB enzyme by correlating the 

structural changes of the CALB with its activity in four different ILs with various 

cations and the same weakly coordinating anion trifluoromethansulfonate [TfO]-. Four 

cations used in this study were chosen based on varying alkyl side chain length: 1-ethyl-

3-methyl imidazolium [Emim]+, 1-butyl-3-methyl imidazolium [Bmim]+, 1-hexyl-3-

methyl imidazolium [Hmim]+, and 1-octyl-3-methyl imidazolium [Omim]+ (Figure 

8.1). The structural and dynamical changes were assessed using all-atom MD 

simulations, whereas the experimental activity data were performed using 

transesterification reactions for butyl acetate synthesis. 

 

8.2 Materials and Methods 

8.2.1 MD Simulations 

  The coordinates of CALB was taken from the crystal structure in Protein Data 

Bank (PDB ID: 1TCA, Figure 8.1c).[25-26] The water molecules and ligands present in 

the crystal structure were removed prior to introduction of ILs. All ILs structures, 

[Emim][TfO], [Hmim][TfO], and [Omim][TfO] were made using DS-Visualizer 3.5[27] 
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and their geometrical parameters and partial charges were taken from OPLS-AA force 

field parameter developed by Sambasivarao et al.[28] For the minimization, equilibration 

steps and production run, Amber 11[29] with the FF99SB force field[30-31] were used in 

this study. One more [TfO]- anion was added to the system to neutralize simulation 

box.[32] The details on the number of solvents and volume of the simulation box (Å 3) 

are given in Table 8.S1. The ILs were also simulated without CALB to determine 

coordination numbers (Figure 8.1d, and e). 

 In all cases, the system was carefully minimized and equilibrated using 11 stage 

protocol used in our previous studies.[19, 33] First, 10,000 steps of minimization was 

carried out for only solvent molecules while the CALB was restraint with 200 kcal/mol. 

Then, with the same restraint on the enzyme, the temperature of the system was 

gradually increased to 300 K during 40 ps. NPT simulations for at least 200 ps was 

performed with the CALB restrained with 200 kcal/mol in order to obtain a correct 

density of ILs (Table 8.S1). Then another minimization with 10,000 steps and a second 

NPT 200 ps equilibration were performed with the restraint of 20 kcal/mol on enzyme. 

The additional four minimization stages were performed for 1,000 steps by gradually 

decreasing the restraint on the CALB. As a final equilibration step, a minimization, and 

reheating step without constraints were carried out for 1,000 steps and 40 ps, 

respectively and until solvent reached experimental density. After careful equilibration 

steps, each production simulation was run under the NPT-ensemble for at least 30 ns at 

300 K and 1 atm (Figure 8.S1). 
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 To observe the structural changes of CALB and analyze the non-bonded interactions 

between CALB and ILs, VMD 1.9.1[34] and Discovery Studio Visualization 3.5[27] were 

used. All analysis including root mean square deviation for each residue (RMSF), root 

mean square deviation for CALB as a function of simulation time (RMSD), Hydrogen-

bonding and the secondary structure analysis were performed using PTRAJ and 

CPPTRAJ module in Ambertools 14.[35-36] The non-boned energy between molecules 

were calculated using MM_PBSA.[37] For the illustration of secondary structure, IBS 

1.0 was used.[38] 

8.2.2 Experiment: Butyl acetate synthesis reaction 

  Lyophilized CALB was obtained from C-LEcta (Leipzig, Germany). All 

substrates for butyl acetate synthesis reaction: vinyl acetate, n-butanol and butyl acetate, 

were purchased from Sigma Aldrich (St. Louis, USA). ILs used in this study: 

[Emim][TfO], [Bmim][TfO], [Hmim][TfO] and [Omim][TfO] were synthesized and 

provided by C-TRI (Namyang, Korea). First, all ILs were stored in vacuum oven at 100 

°C for more than 24 hours in order to eliminate water from solvents. Then, the water 

content of all ILs was measured using Karl-Fisher Titration (831-KF Coulometer, 

Metrohm, Switzerland) with HYDRANAL-Coulomat AK reagent. If water content of 

ILs used in this study was higher than 0.1% (w/w), the water elimination process was 

repeated. The n-butanol (0.05 mol/L) and CALB (50 mg) were added into 5 ml vials 

containing 1 ml of pure [Emim][TfO], [Bmim][TfO], [Hmim][TfO] and [Omim][TfO], 

respectively. These mixtures were placed in reaction block for 1 hr at 300 rpm, 300 K 

for preheating. The reactions started by adding 0.1 M vinyl acetate into the mixtures. 
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This reaction proceeded for 12 hours and 20 μl aliquots were periodically taken from 

solutions and diluted with 80 μl of methanol to measure the conversation rate and initial 

reaction rate. To measure butyl acetate in each reaction, gas chromatography (CP 9001, 

Chrompack, Netherlands) equipped with DB-23 capillary column (30m*0.25 mm, film 

thickness 0.25mm; J&W Scientific, USA) was used. All experiments were performed 

three times in same conditions and their average enzyme activity and reaction rates were 

presented. More details on experimental procedures are in Table 8.S2 and Ref. [19, 24]. 

8.3 Results and Discussion 

 Our experimental results showed that type of imidazolium cations influences the 

enzyme activity of CALB and their initial reaction rate increase following order: 

[Emim][TfO] < [Omim][TfO] < [Hmim][TfO] < [Bmim][TfO] (Table 78S2).[24] Since 

the observed trend in reaction rate does not correlate with the length of the cation chain 

or other properties of cations, we hypothesized that cation affected conformation and 

dynamics of CALB and consequently the size of the catalytic cavity. Size of the 

catalytic cavity plays an important role in the regulation of substrates influx and 

products egress and enzyme activity can be hindered if cavity entrance becomes smaller 

than the size of substrates.[39] For CALB, recent computational studies have reported 

that distance between two isoleucine residues adjacent to catalytic cavity, ILE-189 and 

ILE-285 are correlated with the size of an entrance[19, 39-40] and act as a gate which can 

open or block the substrate pathway to catalytic triad.[19] Thus, we analyzed the distance 

between center of mass of two isoleucines, ILE-189 and ILE-285 in different ILs 

(Figure 8.2). It is clear that the dynamics of ILE-189 and ILE-285 is heavily dependent 
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on the type of cation. In crystal structure, the distance between two isoleucinces is 11.36 

Å  (black dashed line in Figure 8.2) which is believed to represent an open gate 

conformation. Thus, in our study, open gate conformations are observed for CALB 

solvated in [Bmim][TfO], [Hmim][TfO] and [Omim][TfO] ILs. In the case of 

[Emim][TfO], the distance between two isoleucines decreased to 9.70 Å  (highest 

probability) indicating a closed gate conformation. The largest gate distance between 

ILE-189 and ILE-285 is observed in [Omim][TfO] with a range up to 13.60 Å  and the 

most probable distance around 12.10 Å . This is fully supported by the dynamics of 

CALB in [Omim][TfO]: wide-open gate conformations during entire simulations and 

significant conformational changes around catalytic entrance. Right side of cavity 

entrance largely deviated from its initial conformation leading to an exposure of the 

catalytic triad (yellow colored residues in Figure 8.2). Overall, we observed that the size 

of cavity entrance decreases in the following order: [Omim][TfO] > [Hmim][TfO] > 

[Bmim][TfO] > [Emim][TfO]. However, higher enzyme activity is observed in 

[Bmim][TfO] and [Hmim][TfO] ILs where CALB is structurally similar to crystal 

structure; in [Emim][TfO] and [Omim][TfO] the structure near catalytic cavity 

undergoes significant changes leading to a closed ([Emim][TfO]) or wide-open 

([Omim][TfO]) gate conformations. 

 RMSD analysis has been widely used to determine flexible and rigid regions in 

protein and many important structural changes for enzyme engineering (i.e. solvent 

sensitive regions or folding, unfolding motions).[41-44] In order to elucidate which part 

of CALB is possibly responsible for the structural differences and gate conformations, 
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RMSD analysis of each residue in different IL were performed (Figure 8.3). There are 

two distinct regions where high RMSD peaks are observed: residues 125 to 145 (so-

called α-5 helix or putative lid of CALB[45]) and residues 275 to 289 (so-called part of 

α-10 helix region) (Figure 8.3a-e). The α-5 helix region is well known as very flexible 

region in many organic and aqueous solvents,[43, 45] whereas α-10 helix is regarded as a 

relatively rigid region in some organic solvents[43] and various imidazolium based 

ILs.[18] However, our RMSD plot shows that type of imidazolium based cation can 

influence the flexibility of α-10 helix region (Figure 8.3f). In [Bmim][TfO] and 

[Hmim][TfO] where the catalytic cavity maintained similarity to a crystal structure, the 

α-10 region also remains rigid; in contrast, this region is very flexible in [Emim][TfO] 

and [Omim][TfO] where structure and dynamics of cavity entrance significantly differs 

from a crystal structure (Figure 8.3e, f). It is possible that the flexibility of these regions 

observed in [Emim][TfO] (ILE-285, VAL-286 and ALA-287) and [Omim][TfO] (PRO-

280, ALA-281, ALA-282, and ALA-283) is related to the observed conformational 

changes of the catalytic cavity.  

  Our previous study indicated that LYS-290 plays a pivotal role in dynamics and 

structure of the gate.[19] During an open gate conformation, LYS-290 interacts with the 

upper gate residue, ILE-285, via a hydrogen bond; however, this interaction can be 

broken when a strong coordinated anion, such as Cl-, is interacting with LYS-290. 

Strongly coordinated anion can disrupt the interactions between LYS-290 and ILE-285 

which leads to bending of ILE-285 towards ILE-189 and results in a closed gate 

conformation. Even though [TfO]- is not as strongly coordinated as Cl-, it can also 
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interact with LYS-290, but only in the case of [Emim]+ cation (Figure 8.4a,e, Table 

8.1). In [Emim][TfO], two to four anions are located near LYS-290 (Figure 8.3e) and 

participate in strong [TfO]--LYS-290 interactions (-246.50 kcal/mol). This relatively 

strong binding weakens the interaction between LYS-290 and ILE-285 (17.05 kcal/mol) 

and resulting in the disruption of a part of α-10 helix (Table 8.S3) and a closed gate 

conformation. For all other ILs, [Bmim][TfO], [Hmim][TfO], and [Omim][TfO], one 

to two anions are within a vicinity of LYS-290 (Figure 8.3 b, c, and d) and interaction 

energy is significantly lower (-125.65 – -167.34 kcal/mol), which preserves the 

interactions between LYS-290 and ILE-285 (-48.91 - -50.81 kcal/mol) and 

consequently an open gate conformations.  

 In general, it has been shown that strongly coordinating anion, such as halides 

or NO3
-, tends to deactivate enzymatic activity by disrupting secondary or tertiary 

structure of enzymes.[10, 16, 46-47] We previously observed that secondary structure of a 

part of α-10 helix composed of the residue 285, 286, and 287 has changed into a turn 

structure in [Bmim][Cl] resulting in a closed gate conformation.[19] In this study, same 

secondary structure changes occur in [Emim][TfO] even though [TfO]- is considered as 

weakly coordinating anion (Figure 8.4).  

  Previously it was reported that transport properties in IL are related to ion 

coordination number.[48-49] For example, coordination number of lithium cation in protic 

ionic liquids has a direct influence on the lithium mobility which is related to the 

conductivity.[48] We calculated the coordination number for anions and cations within 7 

Ȧ solvation shell and observed that the coordination number decreases as length of 
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cation’s hydrophobic tail increases (Figure 8.1d, and e). A size of solvation shell was 

chosen based on the position of intensity peaks in radial distribution function (RDF) 

(Figure 8.S2). [Emim]+ has the highest coordination number of about eight, whereas the 

rest of cations under study have coordination number of about six. Thus, our 

observations suggest that if the coordination number is large, greater number of anion 

can coordinate with LYS-290 and consequently leads to a closed gate conformation, as 

in the case of [Emim][TfO]. 

Simulation results indicate that enzyme activity can be also affected by the 

stability of catalytic triad (SER-105, ASP-187 and HIS-224) and strong interactions of 

catalytic residues with ILs molecules (Figure 8.5). As illustrated in Figure 8.5, LEU-

278 side chain is bent toward outside of CALB and this conformation is maintained 

during entire trajectory in all ILs except for [Omim][TfO]. Moreover, two to five cations 

[Emim]+, [Bmim]+, and [Hmim]+ are located near LEU-278 (Figure 8.5-b) even though 

the interaction indicates a positive electrostatic energy (yellow lines in Figure 8.5-c). 

Due to this repulsive electrostatic contribution, the overall interactions between cation 

and LEU-278 become unfavorable (black lines in Figure 8.5-c). Thus, LEU-278 tends 

to not interact with [Emim]+, [Bmim]+, and [Hmim]+ (Figure 8.6-c, d). However, in 

[Omim][TfO], the side chain of LEU-278 is buried inside CALB (Figure 8.5-a). 

Approximate one [Omim]+ molecule makes a contact with LEU-278 (Figure 8.5-b) and 

favorable interaction between cation and LEU-278 (Figure 8.5-c) influences local 

conformational changes induced by LEU-278.  
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  Generally, LEU-278 and ALA-282 in the middle of α-10 helical region interact 

with each via a hydrogen bond. This non-bonded interaction provides structural stability 

to a part of α-10 helical part in various ILs and organic solvents as mentioned earlier 

(Figure 8.6-a, b and Figure 8.3). However in [Omim][TfO], this hydrogen bond between 

LEU-278 and ALA-282 is broken within 2 ns. It is possible that energetically favorable 

interaction between two hydrophobic molecules, LEU-278 – hydrophobic tail of 

[Omim]+ breaks the hydrogen bonds between LEU-278 and ALA-282, thus yielding 

structural changes in catalytic cavity and its entrance (Figure 8.2 and Figure 8.6a). One 

of noticeable conformational changes of CALB in [Omim[TfO] is that a kink around 

LEU-278 disappears when the LEU-278 - ALA-282 hydrogen bond is broken which 

leads to a lift in upper side of cavity (Figure 8.6a) and formation of a larger cavity size 

and volume. The large cavity causes more solvent molecules to diffuse into a cavity and 

interact with catalytic triad. The interactions between the catalytic triad and an anion is 

expected to affect stability of catalytic triad and, thus, enzyme activity. The larger cavity 

size leads to strong interactions between [TfO]- and HIS-224 in [Omim][TfO], whereas 

no anions make contacts with HIS-224 in other three cases of ILs (Figure 8.6c, d). It has 

been shown that mutations of LEU-278 affect both hydrolysis and transesterification 

reactions[44, 50] and one of the possible explanation is that mutations of LEU-278 

influence internal non-bonded interactions between adjacent residues which affect 

cavity size and interactions with solvents, as we observed in ILs. Overall, the reduction 

of enzyme activity in [Omim][TfO] can be explained by significant conformational 



 

238 

changes around catalytic cavity, which lead to very large opening of the cavity and 

undesired interaction between catalytic triad and anion.    

 Since the conformational changes[10, 21, 41, 42] as well as geometrical stability of 

active site[41, 51] are directly related to enzymatic reaction, we investigated the interplay 

between RMSD of catalytic triad and the initial reaction rate on butyl acetate synthesis 

reactions.[24] RMSD of catalytic triad in different ILs shows invert correlation with their 

initial reaction rates, except for the case of [Emim][TfO] where CALB has closed gate 

conformation (Figure 8.7). Large cavity size and large number of anions near the 

catalytic triad in [Omim][TfO] (Figure 8.6d) resulted in the most unstable catalytic triad 

in [Omim][TfO]. This low stability of the catalytic triad observed in [Omim][TfO] can 

account for the reason why CALB in [Omim][TfO] has relatively low initial reaction 

rate despite the largest cavity size (Figure 8.2). In contrast, in [Bmim][TfO] the highest 

stability of the catalytic triad is correlated with the best enzymatic performance. 

However, if the gate is closed, as shown in the case of [Emim][TfO], the enzymatic 

performance is poor regardless of the stability of the catalytic triad. Recent experimental 

study of CALB in bistriflimide anion ([(CF3SO2)2N]-) containing ILs also reported the 

same relationship as observed in our study  between the yield of lactone and structure 

of imidazolium cation ([Emim]+ < [Omim]+ < [Hmim]+ < [Bmim]+).[15]  

 Overall, we propose the following role of the cations in CALB enzyme activity: (1) if 

the sizes of the cation and anion are comparable which lead to a high ion coordination 

number (Table 8.S1), then the anion can strongly interact with LYS-290, which 

promotes the interaction between gating residues ILE-189 and ILE-285 and 
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consequently the closing of the catalytic cavity gate and poor enzyme activity; (2) if the 

cation size is large due to long hydrophobic tail (Table 8.S1, Figure 8.1) then it can form 

strong interactions with hydrophobic amino acid LEU-278, which results in disruption 

of an α-10 helix and consequently very large cavity opening where anion can diffuse in 

and destabilize the catalytic triad; (3) coordination number of six results in a reasonable 

CALB activity, such as in the case of [Bmim][TfO], [Hmim][TfO] and [Omim][TfO]. 

However, for optimal CALB catalytic activity, the volume ratio between cation and 

anion should be of about 0.5 and coordination number within 7 Ȧ should be six. 

8.4 Conclusions 

 By correlating the observations from MD simulations and experiments, important 

factors of cation on conformational changes and enzyme activity of CALB in ILs have 

been examined. First, simulation results have shown that ILs with high ion coordination 

number can deteriorate enzyme activity due to induced CALB structural changes, as in 

the case with [Emim][TfO]; whereas ILs with smaller coordination number as [Bmim]+, 

[Hmim]+ and [Omim]+ can hinder the interactions between [TfO]- and LYS-290. This 

result also indicates that weakly coordinating anion, such as [TfO]-, can act in a similar 

manner as a strongly coordinating anion (e.g. Cl-) which disrupts secondary structure of 

enzyme. Second, we also have found that enzyme activity can be decreased when 

hydrophobic tail of cation is long, as in the case of [Omim][TfO]. Favorable non-bonded 

interactions between cation and LEU-278 are observed only for [Omim][TfO]. Our 

observations show the importance of LEU-278 for enzyme structure and activity, as 

increased hydrophobicity of [Omim]+ due to alkyl tail length enhances the non-bonded 
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interaction with hydrophobic LEU-278. This favorable interactions become a driving 

force for breaking internal hydrogen bonds between adjacent residues around LEU-278 

yielding larger cavity size with locally disrupted entrance. Wide-open cavity entrance 

in [Omim][TfO] allows anion to interact with catalytic triad, which is no longer buried 

inside CALB, and it leads to decrease in enzyme reaction rate due to low catalytic triad 

stability. In the light of aforementioned observations, we suggest that best enzyme 

activity in ILs can be obtained when the volume ratio between cation and anion is of 

about 0.5 and coordination number within 7 Ȧ is about six.  

  Overall, atomistic understanding of the effect of cation on both enzyme reaction 

and structural changes of CALB provides insights in choosing cations and anions 

combinations for optimal enzyme reactions and designing ionic liquids for the 

development of bio-catalytic reactions. However there are considerable factors which 

have an influence on bio-catalytic reactions, such as viscosity, temperature, and 

impurities. Further studies on these factors are needed to generalize the complete 

understanding of the relationships between CALB and ILs. 
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Table 8.1. Table 1. Non-bonded energy between ILE-285 - LYS-290 and LYS-290 – 
[TfO]- in kcal /mol. 
 

 

Solvent 
ILE-285 - LYS-290 LYS-290 - Anion [TfO] 

ELEC VDW Total ELEC VDW Total 

[Emim][TfO] -17.05 0.00 -17.05 -246.50 0.00 -246.50 

[Bmim][TfO] -48.88 -0.03 -48.91 -167.29 -0.05 -167.34 

[Hmim][TfO] -50.48 -0.04 -50.52 -125.94 0.29 -125.65 

[Omim][TfO] -50.79 -0.02 -50.81 -137.03 0.12 -136.90 

▪ ELEC: Electrostatic Energy   

▪ VDW: Van der Waal’s Contribution   

▪ Total: Total non-bonded energy (ELE + VDW)  
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Figure 8.1. Illustration of chemical structure of (a) cations: [Emim]+, [Bmim]+, [Hmim]+, 

[Omim]+ and (b) anion: [TfO]- used in this study. (c) Crystal structure of CALB represented 

as a surface model where ILE-189 and ILE-285 are colored red, LYS-290 (K290) is green and 

catalytic triad (SER-105, ASP-187, HIS-224) is blue. (d) Calculated coordination number of 

cations and (e) snapshots of representative coordination from simulations of ILs. 
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Figure 8.2. Probability of distance distributions between two gating residues, ILE-189 and 

ILE-285 of CALB in [Emim][TfO] (black), [Bmim][TfO] (Red), [Hmim][TfO] (Green) and 

[Omim][TfO] (Blue). Dashed line indicates the distance between two ILEs in the crystal 

structure (11.36 Å ). In snapshots of CALB, the cavity entrance (ILE-189 and ILE-285) and 

catalytic triad residues (SER-105, ASP-187 and HIS-224) are shown as red, and yellow, 

respectively. 
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Figure 8.3. (a) Snapshot of CALB in [Emim][TfO], (b) [Bmim][TfO], (c) [Hmim][TfO] and 

(d) [Omim][TfO]. For the snapshot, CALB is represented as cartoon model and colored with 

respect to their RMSD. Gating residues (ILE-189, and ILE-285) are shown as orange colored 

Licorice model with translucent Van der Waals surface model. (e) 2-D secondary structures of 

CALB in different ILs. Orange and cyan colored squares illustrate the α-helix and β-sheet 

conformation, respectively. (f) Average root mean squared deviation of each residue in four 

ILs. 
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Figure 8.4. Snapshots of the part of α-10 helix region in (a) [Emim][TfO], (b) [Bmim][TfO], 

(c) [Hmim][TfO], and (d) [Omim][TfO]. Red and blue colored molecules represent anion and 

cation within 3.0 Å  of LYS-290, respectively. LYS-290 is illustrated as Van der Waals spheres 

and two gate residue, ILE-189 and ILE-285 are drawn as licorice models covered with 

transparent red surface models representing gate conformations. (e-h) The temporal number of 

cation and anion within 3.0 Å  of LYS-290 in (e) [Emim][TfO], (f) [Bmim][TfO], (g) 

[Hmim][TfO], and (h) [Omim][TfO]. Red and blue lines represent anion and cation, 

respectively. 
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Figure 8.5. (a) Side-view of α-10 helix in [Emim][TfO] (left) and in [Omim][TfO]. Cation is 

illustrated by blue colored licorice model. α -10 region and HIS-224 is colored by gray and 

yellow, respectively. (b) The number of cations within 3.0 Å  of LEU-278 in four ILs. (c) Non-

bonded energy between cation and LEU-278, where ELEC, VDW, and NONB are 

electrostatic, Van der Waals contributions, and total non-bonded energy (ELE + VDW), 

respectively. 
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Figure 8.6. (a) A snapshot of α-10 helix region and the position of LEU-278 and ALA-282 of 

CALB in [Emim][TfO] (upper), and [Omim][TfO] (lower). LEU-278 and ALA-282 are 

represented as licorice model colored by atom name. Green dotted line illustrates a hydrogen 

bond. (b) Temporal profile of the number of hydrogen bonds between LEU-278 and ALA-282. 

(c) A snapshot of catalytic cavity of CALB in [Omim][TfO] and [Omim]+ (blue), [TfO]- (red) 

molecules within 3.0 Å  of catalytic triad (yellow). (d) Temporal profile of the number of [TfO]- 

within 3.0 Å  of HIS-224 in ILs. 
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Figure 8.7. Correlation between geometrical stability of catalytic triad (black circles), most 

probable distance between two gate amino acids (D189-285, blue squares) and initial reaction 

rate. Red shaded region represents closed gate conformation of CALB in [Emim][TfO]. 

Regression lines of the cases with open conformations are shown as grey and blue dashed lines. 
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Table S 8.1. Simulation setup 

Solvent Components 

Molecular 

Volume 

(Å3) 

Volume  

Ratio  

Va/Vc 

Volume of  

Simulation 

Box 

(Å3) 

Density  

from 

MD 

(g /ml) 

Density 

from 

experiment 

(g / ml) 

[Emim][TfO] 

[Emim]+ 234.25 

0.71 

192,151.21 

(±121.28) 

1.39 1.39 

[TfO]- 165.70 

[Bmim][TfO] 

[Bmim]+ 296.77 

0.56 

205,552.22 

(±109.61) 

1.32 1.30 

[TfO]- 165.70 

[Hmim][TfO] 

[Hmim]+ 360.29 

0.46 

251,349.19 

(±204.87) 

1.25 1.20 

[TfO]- 165.70 

[Omim][TfO] 

[Omim]+ 423.70 

0.39 

277,985.43 

(±83.18) 

1.21 1.19 

[TfO]- 165.70 
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Table S 8.2. Reaction rate of butyl acetate synthesis reaction using CALB in ILs 

Solvents Reaction Rate 

(mol / L∙hr) 

[Emim][TfO] 0.20 

[Bmim][TfO] 0.85 

[Hmim][TfO] 0.77 

[Omim][TfO] 0.74 
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Table S 8.3.  Secondary structure of α-10 helix (residue 285 to 287) in ILs 

CALB in Residue 
3-10  

Helix 

Alpha  

Helix 
Turn 

[Emim][TfO] 

285 ILE 1.469 83.668 13.756 

286 VAL 6.258 62.206 25.974 

287 ALA 6.312 27.957 42.023 

[Bmim][TfO] 

285 ILE 0.043 99.887 0.370 

286 VAL 0.037 99.196 0.764 

287 ALA 0.086 80.785 11.383 

[Hmim][TfO] 

285 ILE 0.697 99.141 0.162 

286 VAL 0.025 98.581 1.394 

287 ALA 0.019 90.414 5.123 

[Omim][TfO] 

285 ILE 0.021 95.418 4.540 

286 VAL 0.127 94.087 5.744 

287 ALA 0.127 70.626 17.115 

Each percentage value was calculated in consecutive frame of 

30 ns simulations 
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Figure S 8.1. Root mean square deviation (RMSD) of CALB solvated in [Emim][TfO] (black), 

[Bmim][TfO] (Red), [Hmim][TfO] (Dark green) and [Omim][TfO] (Blue) 
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Figure S 8.2. Radial distribution function of carbon atom in imidazolium cation. [Emim]+ (bl

ack), [Bmim]+ (red), [Hmim]+ (green), and [Omim]+ (blue). Second solvation shell (7 Ȧ) is us

ed for estimation of coordination number. 
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 Design Rules for Increasing Enzyme 

Activity Using Computational Modeling 

Ho Shin Kim, Stephanie K. Clendennen, and Yaroslava G. Yingling 

 

*This chapter is a manuscript by Ho Shin Kim, Stephanie Clendennen, and Yaroslava G. 

Yingling in preparation. Also, the results, experimental and computational methods described 

in this chapter was published as U.S. patent in 2017 (filed in 2015, publication number: 

US20170159034 A1)  The author of this dissertation and first author of this paper, Hoshin 

Kim, employed the all-atom MD simulations, and none of the experimental work described in 

this chapter was performed by the author. 

 

9.1 Introduction 

An enzyme is a biological catalyst that has been widely used for many industrial 

applications because it is selective for specific substrates and capable of catalyzing only desired 

chemical reactions under the mild conditions.[1-2] Specifically, production of ester and amide 

derivatives using enzymes is the most effective process for a plethora of high-value products 

including biofuels,[3-4] cosmetics,[5] personal care,[6] and pharmaceutical products.[7] Unlike 

most other enzymes, lipase B from Candida antarctica (CALB) is distinguished by effectively 

catalyzing both hydrolysis and synthesis reactions with high enzyme activity, structural and 

thermal stability.[8-11] For these reasons, there have been in-depth experimental studies to 

maximize and optimize the CALB’s enzyme activity for aforementioned products and to apply 

for the scale-up production in an industrial context.[12-13] However, despite many advantages 

of using CALB as an enzyme catalyst, it has been reported that esterification activity of CALB 

can be significantly reduced when bulky or non-linear carboxyl acids are used as the substrates, 

such as acids with big alcohol moiety (e.g. benzyl group).[14-15] For example, CALB is known 
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to have poor esterification activity with benzoic acid substrates for the production of its ester 

forms,[16] which have prominent features as commercial products in various markets from 

benzoate ester plasticizers for PVC products to benzoate ester emollients and solubilizers in 

personal care products.[17] Since these branched or sterically demanding substrates are often 

required as sources for the high-value products, it is imperative to overcome these drawbacks 

and find the way to specifically increase the ability to react with bulky acids. Random 

mutagenesis is one of the most powerful tools for obtaining enzymes with improved activity 

and stability.[18] However, due to the fact that this iterative process evolving genes in vitro 

solely relies on the variants produced in an entirely random manner, it requires a great deal of 

time and effort to obtain mutants with desired properties and, furthermore, cannot explain the 

reason why specific mutations lead to functional changes of the enzymes.  

Molecular dynamics (MD) simulations can not only provide an atomistic description 

of entire dynamics of proteins under various conditions but also precisely estimate important 

mechanisms on enzyme activity. Moreover, MD simulations have been used as a versatile tool 

for design or guidance of many experimental procedures.[19-21] Considering the synergy effect 

of combined computational and experimental approaches, it is expected that enzyme variants 

with desired activity can be more efficiently discovered as compared to carrying out the 

experiment alone. Thus, in this study, (1) we first chose a model enzyme reaction using a non-

linear and branched substrate, benzoic acid (BZA), as a substrate (Figure 9.S1), (2) performed 

all-atoms MD simulations of wild-type (WT) CALB and its mutants to predict the structural 

changes of CALB that accompany the amino acid sequence changes, (3) modeled new CALB 

variants with suggested potential mutation sites for a better enzyme activity based on 
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simulation results, and (4) employed model enzyme reactions with newly modeled variants to 

validate if our models perform well as predicted by MD simulations (Figure 9.1 and Figure 

9.S1). 

9.2 Materials and Methods 

9.2.1 PCR-based targeted mutagenesis and cloning  

The template for PCR was a secreted lipase coding region based on the mature native 

CALB amino acid sequence (NCBI accession P41365.1) and cloned into the pHT43 vector 

with the lacI repressor deleted to afford constitutive expression, and expressed in Bacillus 

subtilis strain WB800N (Boca Scientific Laboratory Products). Vector primers pHT43 2619_F 

and pHT43 2990_R (Integrated DNA Technologies) were used along with the appropriate 

mutagenic primers to generate the short overlapping fragments containing the targeted amino 

acid changes, using Taq DNA polymerase (New England Biolabs). Amino acid changes S227T 

and D223G were discovered during random mutagenesis screening (data not shown). 

Degenerate primers E222X_F and L233wt_R were used to amplify altered gene fragments, 

where E188 was varied to any amino acid. L278A was introduced using primers L312_F and 

L312_R along with the appropriate vector primers.  The pHT43 vector fragment was amplified 

with primers (SIGSEQ_R and G341_F) using LongAmp Taq (New England Biolabs) to 

generate a linear vector fragment that included a sequence that overlapped the sequence-

modified lipase gene fragments. Then the vector and insert fragments were combined in a 

multimerization reaction (LongAmp Taq, no added primers), in which the overlapping ends of 

the vector and insert fragments served to prime the extension reaction, creating long linear 

repeats of alternating insert and vector. These multimers appeared as very high molecular 
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weight DNA on an agarose gel and could be used to transform B. subtilis WB800N directly.[22] 

Transformants were selected on plates containing chloramphenicol and an indicator ester to 

visualize colonies expressing a hydrolytically active lipase. Active lipase appeared as a white 

or opaque halo surrounding a colony. Indicator plates contained LB agar, 50 mM phosphate 

buffer pH 7.0, 6 mg/L chloramphenicol, 0.2% Tween 80, and 0.05% PEG6000 distearate. 

9.2.2 Sequencing leads  

The lipase gene was amplified from the vector using primers pHT43 2619_F and 

pHT43 2990_R. The 1.2 kb fragment was G-50 column purified and submitted for sequencing 

with the amplification primers (Eurofins MWG Operon). The DNA sequences were analyzed 

and the amino acid sequences aligned using the programs in the DNASTAR core suite.  

9.2.3 Lipase expression and immobilization 

Colonies were picked into a small volume of Expression Media, and the cell suspension 

(0.1 ml) was first plated as a lawn on L61 plates (LB agar, 50 mM phosphate buffer pH 7.0, 

0.1% Pluronic L61, 6 mg/L chloramphenicol) and incubated overnight at 37 °C. Expression 

Media (~2 ml) was added to the plate surface and the cells scraped off to create a dense cell 

suspension. This cell suspension was used to inoculate 25 ml of Expression Media. Expression 

Media: 5 g/L yeast extract, 10 g/L bacto-tryptone, 5 0mM phosphate buffer pH 7.0, 0.1% 

Pluronic L61, and 7 mg/L chloramphenicol. 

After 24h of growth (37 °C, 175 rpm), the cells were pelleted by centrifugation (12 

min, 12,000xg, 10 °C), and the supernatant was decanted to an 8-dram glass vial. To 

immobilize the lipase from the cleared broth, 0.85 g of immobilization resin (ECR 1030M, 

Purolite Lifetech) was added to each vial, and the vials were rotated horizontally overnight at 
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room temperature.[23] The resin was transferred to a paper filter and rinsed twice with water. 

The resin was air-dried, and used in esterification reactions to determine relative activity. Equal 

enzyme loading on the resin was assumed as the resin was limiting in the immobilization 

process.  

9.2.4 Synthesis activity  

Dry resin plus enzyme (50 mg) was weighed into a 3 dram glass vial, and 1g of reaction 

mix was added along with a stir bar. The synthesis reaction mix contained 3.75 mmoles of 

octanol, and 1.25 mmoles each of octanoic acid, 2-ethylhexanoic acid and benzoic acid. The 

reactions were stirred (800 rpm) at 65 °C for 24h, then 25ul was sampled into 1ml of methanol 

for analysis by Gas Chromatography (GC). For the GC analysis, an Agilent 6890 GC using an 

Agilent DB-5 column (#122-5032; 30m x 0.25mm x 0.25uM) with flame ionization detection 

and split injection with 2 uL injection volume were used. The, following temperature program 

was used for GC analysis:  100 °C for 10 min, then 100-250 °C at a rate of 25 °C/min, hold at 

250°C for 9 min. Conversion of octanol to octyl esters (General activity) was estimated by 

integrating the octanol and three ester peaks and reporting the combined ester peak area as a 

percentage of the total peak area. The synthesis of octyl benzoate (BZA activity) was expressed 

as a percent of the total ester synthesis, and was only 1% for WT CALB in these experimental 

conditions.  

9.2.5 Preparations of the structure of solvent molecules, CALB and its mutant for 

Computational Modeling 

The crystal structure of CALB was taken from Protein Data Bank (PDB ID: 1TCA, 

Figure 9.1a, b).[24] DS-Visualizer 4.0 software[25] was used for the replacement of amino acid(s) 
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to make CALB mutants from crystal PDB structure. FF14SB force field was used for the 

proteins.[26] Sequential changes of each mutant are shown in Table 9.S1. Chemical structures 

of all solvent molecules consisting of the organic reaction mix were made using DS-Visualizer 

4.0 software and their geometrical parameters and partial charges were taken from GAFF force 

field[27] and AM1-BCC charge method,[28-29] respectively. 

9.2.6 MD simulations  

In order to obtain structurally and energetically equilibrated structures of CALB and 

its mutants in aqueous solution, AMBER 14[30] was used to simulate them in the implicit 

solvent condition where the solvent is treated as continuum dielectric.[31] Although the 

simulations in the implicit aqueous solvent cannot capture the important solvent effects, such 

as interactions between CALB and explicit water, ions, the absence of viscosity in implicit 

solvent simulations can significantly reduce the computational time required for structural 

conversions of bio-molecules.[32-33] This implicit model has been successfully predicted their 

structures and dynamics in aqueous solution in comparison with the experimental observations. 

For implicit solvents, all starting structures were subjected to 10,000 steps minimization 

followed by heating the system to 300 K in 100 ps using Langevin thermostat. The MD 

simulations were carried out for 10 ns and temperature was maintained at 300 K with 

Berendsen thermostat.[34] 

  Explicit solvent models represent the protein structure in an environment that mimics 

the esterification reaction mix (3:1:1:1 molar ratio of octanol, octanoic acid, 2-ethylhexanoic 

acid, and benzoic acid) used in the experiment (Figure 9.S1). The solvent box composed of the 

reaction mix and the enzyme were made via Leap in Ambertools. As a starting structure in 
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explicit solvent, CALB, and its variants were extracted from the last frame of simulations using 

implicit solvent model and solvated into the aforementioned solvent box. In all cases, the 

systems were carefully minimized and an equilibrated by 11 stages starting from minimization 

for 10,000 steps while CALB was restrained for 200 kcal/mol. In the same restrained state, the 

temperature was gradually increased to 300 K in 40 ps. A short NPT MD simulation was 

performed for 200 ps under the 200 kcal/mol constraint on CALB. Then another minimization 

for 10,000 steps followed with 20 kcal/mol restraint on CALB. Additional short NPT 

simulation was carried out for 20 ps with same constraint energy. Four consecutive 

minimization stages were performed for 1,000 steps by gradually decreasing constraint of 

CALB from 20 kcal/mol to 0 kcal/mol. As a final equilibration step, the system was reheated 

to 300 K without any constraints of CALB for 40 ps, respectively. After careful minimization 

and equilibration steps, production MD runs were performed under the NPT-ensemble for 100 

ns at 300 K, 1 atm with 2 fs time step. Particle Mesh Ewald (PME) summation method was 

used to calculate the electrostatic potential under periodic boundary condition in all 

directions.[35] We have previously used similar protocols for the MD simulations of various 

bio-molecules including DNA[36] and proteins.[37-38] 

In order to evaluate simulation approach used in this study, we performed additional 

MD simulations of leading mutant E188D with D223G and S227T background in various 

conditions. As shown in Figure 9.S2, the structure of E188D mutant changed as a function of 

the method used. In the case 1, where the variant was only simulated in reaction mixtures for 

100 ns, no significant structural changes near catalytic cavity were observed and the entire 

structure was almost identical to the wild type. In the case 2, where the variant was simulated 
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in only explicit TIP3P water for 100 ns,[39] conformational changes near the catalytic cavity 

resulted in narrower cavity entrance. In the case 3, when MD simulations followed the 

experimental procedures, the variant showed wide open cavity entrance and high solvent 

accessible surface area of the catalytic triad. This serves as an example illustrating that key 

mutation sites for better enzyme activity, such as E188D can be overlooked if conventional 

simulation approaches (using only water or organic solvents as a solvent) were used in this 

study. 

9.2.7 Analyses  

The ninimum distance between two amino acids and internal hydrogen bonding 

analysis were calculated by CPPTRAJ module in Ambertools 14 package.[40]  For hydrogen 

bonding analysis, the angle and distance criterion was selected as 135 and 3.0 A, respectively. 

Solvent accessible surface area (SASA) of the catalytic triad was estimated via GetArea ver. 

1.0 with a probe radius of 1.4 Ȧ.[41] All graphical representations of CALB and its mutant in 

this study were taken by VMD 1.9.1.[42] 
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9.3 Results 

9.3.1 D223G and S227T mutation 

It has been reported from previous studies that improved CALB’s enzyme activity and 

stability can be obtained by replacing specific amino acids near catalytic triad as the mutation 

can cause the local structure stabilization of the triad[21] or make a larger space in the active 

site.[43] Hence, first, we started focusing on amino acids adjacent to the active site region to 

determine mutation sites which accompany conformational changes of CALB for a better 

benzoic acids (BZA) activity. Among many predictions employed via all-atom MD 

simulations, our computational approach discovered three CALB mutants illustrating 

significant conformational changes of cavity entrance regions, which resulted from specific 

amino acid replacement around the active site: D223G, S227T, and D223G/S227T. 

Specifically, we identified that these three mutations play a significant role in open-closed 

dynamics of the cavity entrance regulated by two pairs of amino acids I189 – I285 and E188 – 

L278. Since these amino acid pairs act as a gate that can influence the substrate passage into 

the catalytic triad, we named them as red gate (I189 – I285) and green gate (E188 – L278), 

respectively (Figure 9.1a). In the case of wild type CALB (WT), simulation results showed 

that both red and green gate maintained their initial distance exhibiting open red gate and 

closed green gate conformations (Figure 9.2a). However, D223G mutation resulted in closed 

red and green gate with a larger cavity on the left side of the red gate; on the other hand, S227T 

mutation led to the wide open red gate and open green gate (Figure 9.2a). For these two 

variants, following important things were observed: one of the catalytic triad, H224, becomes 

stable due to strong hydrogen bonds caused by D223G mutation (Figure 9.3a) and open green 
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gate conformation by S227T mutation exposes the triad to the substrates. We assumed that 

these structural changes resulted from D223G and S227T mutation can lead to approximately 

2.4 and 2.5 times higher BZA activity as compared to WT, respectively. However, according 

to our previous studies, the distance between I189 and I285 (red gate) is an important 

contributor to transesterification reaction activity[37-38] because these two isoleucine act as a 

channel dividing hydrophobic and enantioselective pockets for the substrates.[44] For these 

reasons, it was still expected that BZA activity can increase more than D223G and S227 T 

mutants as red gate became closed or wide open in these two cases (Figure 9.2). To stabilize 

the red gate conformation and, at the same time, obtain large cavity entrance and stable 

catalytic triad, we performed MD simulation of CALB with two-point mutation, D223G, and 

S227T, expecting a synergy effect between these two mutations. Our simulation results showed 

(1) green gate became open (a positive effect from S227T), (2) red gate maintained its open 

conformation whose distance is in between that of D223G and S227T mutants (a synergy effect 

between D223G and S227T mutation), and (3) strong H224 – E188 interactions that confer a 

high stability (a positive effect from D223G, Figure 9.3a). The subsequent experiments with 

this newly suggested CALB mutant demonstrated approximately 3-times higher BZA activity 

than WT and ascertained the effect of green and red gates with the stable catalytic triad on 

enzyme activity observed via computational modeling. 

9.3.2 Further Mutations with D223G/S227T background 

From the results of D223G and S227T combinations, we assumed that three important 

factors need to be considered to maximize the enzyme activity: (1) high substrate accessibility 

to the catalytic triad, (2) stable I189 and I285 formation, and (3) high stability of catalytic triad. 
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Thus, as next target mutation sites, we selected E188 and L278 amino acids (green gate) based 

on D223G/S227T background to obtain larger cavity area with stable red-gate and H224 

conformation. When negatively charged E188 is replaced with smaller but uncharged amino 

acids, such as asparagine (N), CALB showed closed green gate (Figure 9.2c) and H224 did not 

securely interact with mutated 188 anymore (Figure 9.3a) due to reduced hydrogen bond 

acceptors for H224 – N188 interactions. These deleterious impacts were also shown in 

experimental results: BZA activity of E188N mutant dropped below that of WT. On a contrary, 

if we replaced charged E188 with smaller charged amino acids, such as aspartic acid (D), the 

wide open-up catalytic cavity with stable red gate and H224 – D188 hydrogen bonds were 

observed (Figure 9c, 3a). Judging from our assumptions, these structural changes showed the 

high possibility for a further increment of BZA activity from D223G/S227T mutation and our 

experimental result proved that this 3-point mutation (E188D/D223G/S227T) yields 6 times 

higher BZA activity than WT case and 2 times higher than D223G/227T mutation. For the WT 

and most CALB variants, L278 tends to form hydrogen bonds with A282 to securely retain 

alpha helix structure. However, in the case of E188D with D223G/S227T background, L278 

became buried inside α-10 helix region interacting with 274 and 281 instead of 282 as smaller 

D188 exerted a less influence on the attraction with L278 than E188 – L278 cases (Figure 

9.3b). These interactions with buried 278 resulted in lifting up the middle of a10 helix thus 

leading to larger cavity size. For the mutation of the upper green gate, L278 with small and 

hydrophobic side chain (alanine, A), similar dynamics occurred: A278 were buried inside the 

helix and the cavity became wide open. However, experimental results showed that A278 with 

D223G/S227T background did not affect BZA activity much as compared to D223G/S227T 
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mutations, which we will discuss later in this paper. We also tried to carry out the simulation 

with additional two-point mutation, E188D/L278A of D223G/S227T background in order to 

obtain a synergy effect between E188D and L278A mutation. However, dynamics and 

structural changes of the cavity region became deteriorated. Red gate kept open and closed 

repeatedly indicating a bi-modal tendency in Figure 9.2 and cavity size was no longer large 

enough as observed in E188D or L278A mutants. These two factors: smaller cavity entrance 

and unstable red gate conformation, caused reduced BZA activity. 

9.3.3 The effect of catalytic triad’s substrate accessible area on enzyme activity  

To verify our assumptions on the relation between BZA activity and the cavity 

conformation, we focused on catalytic triad (S105, A187, and H224) because these are the 

most important amino acids that chemically bind to the substrates and participate in the enzyme 

reactions. As shown in Figure 9.3c, our simulation clearly showed that solvent-accessible 

surface area (SASA) of catalytic triad is heavily correlated with relative BZA activity as the 

SASA is directly related to how catalytic triad are exposed to the substrate.[45-46] This result 

indicated that accessibility to the triad is more important than the cavity size and cavity size 

doesn’t necessarily need to be large. For example, in the case of D223G, there was a large 

cavity formed on the left-side of the closed red gate and, for this reason, this variant showed a 

high SASA of catalytic triad even though both closed red and green gates are closed. On the 

other hand, For L278A with D223G/S227T background, BZA activity was not improved as 

compared with a D223G/S227T mutant even though the cavity entrance became wide open 

similar to that of leading variant D188E. In this case, hydrogen bonding interaction with 274 

prolonged only for short simulation time and still strong 278-282 interactions were observed 
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(Figure 9.3b), which means large cavity conformation is not as stable as the D188E case. 

Moreover, steric hindrance by E188 and its adjacent ones results in smaller SASA than E188D 

case, thus yielding similar BZA activity with D223G/S227T case in spite of large cavity size. 

9.4 Discussion 

Our computational protocol allows accurate predictions on the effect of new mutation 

sites on CALB structure to improve enzyme activity (Figure 9.S2). Previous computational 

studies have mainly conducted simulations of enzymes solvated in the water or aqueous 

solution to find out the correlations with experimental observations that have been performed 

in the non-aqueous system.[21, 43] Even though water is a major contributor to a protein’s 3-D 

structure and therefore this conventional approach has helped in the guidance of mutation 

studies, [47-49] it has limitations to provide the rational structures of proteins or their mutants in 

non-aqueous solutions. Our computational strategy was composed of two-step approach: (1) 

MD simulations of CALB and its variants in implicit aqueous solvent condition and, (2) 

followed by a simulation using explicit solvents which are equivalent to the organic mixtures 

used in the experiment. This two-step modeling that mimics an experimental procedure 

(enzyme expression in aqueous solution and enzyme catalyzed transesterification reactions in 

organic mixtures) can allow us to discover the two gates that directly control the access to the 

catalytic triad. As shown in Figure 9.S2, our results clearly showed that key mutation sites for 

better enzyme activity, such as E188D mutation, can be overlooked if conventional simulation 

approaches were used in this study.  

 This study addressed two important messages: (1) the accessibility of the substrates to 

the catalytic triad is more important than structural retention of the active site; however, (2) 
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some local protein structures near the catalytic cavity necessarily needs to be preserved, such 

as red gate conformation. Our simulation results demonstrated that solvent accessibility of 

catalytic triad to the substrates is the most important factor for BZA activity (Figure 9.3c). 

Previous researches reported that steric hindrance of substrates can be a crucial factor for 

CALB’s activity with branched carboxylic acids, yielding decrease in conversion rates;[50] in 

contrast, CALB generally exhibited high specific activity with straight fatty acid chain[51] due 

to the binding pocket conformation which is more suitable for linear substrates.[44] For these 

reasons, BZA, a non-linear and branched substrate, cannot efficiently go into the catalytic 

cavity, but larger cavity size obtained by the mutation increases the accessibility of BZA to the 

catalytic triad. Thus, we conclude that increased SASA of catalytic triad is the main reason for 

the variants with improved enzyme activity. However, we also observed that, for the optimal 

enzyme activity, red gate region must be conserved. If the distance between I189 and I285 

becomes too wide or too close to each other, the optimal activity cannot be obtained as 

illustrated in D223G and S227T cases (Figure 9.2a). Since I189 and I285 are known as the 

channel that divides the catalytic cavity in the stereoselectivity pocket and hydrophobic 

pocket,[19, 44] structural stability of these two isoleucines still play a pivotal role in binding 

straight chain-like substrates (e.g. 1-octanol) to the cavity region. Previous combined 

computational and experimental studies also reported identical observations: enzyme activity 

becomes deteriorated or reduced if the red gate is closed or wide open.[37-38, 52] Judging from 

our results and previous observations, we can conclude that large cavity size with exposed 

catalytic triad and stable binding pocket are the most important factor for maximizing 
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esterification reaction activity of CALB when both linear and branched substrates are used for 

the reaction. 

9.5 Conclusions  

Overall, our combined computational and experimental strategies can not only discover 

the new CALB variants with improved enzyme activity but also shed a light on the role of 

amino acids mutations on structural and functional changes of the enzyme. Specifically, this 

study provides several general guidelines for the design of optimal bio-catalyzed enzymatic 

reactions where solvent is composed of a substrate: (1) large solvent accessibility to the 

catalytic triad or large catalytic cavity plays a pivotal role in enzyme activity and (2) there are 

key amino acids adjacent to the catalytic triad, which must remain stable in order to assure 

substrate binding. On the other hand, when solvents are not substrates as reported in our 

previous studies of CALB in ionic liquids, the cavity shape and size must be maintained to 

optimize enzyme activity. Again, these three findings accentuate that higher probability and 

stability for substrate binding to the enzyme are responsible for optimal esterification or trans-

esterification activity. We believe that our new design rules can be used as a rational starting 

approach for any lipase enzyme mutations and can be applicable for an array of bio-catalytic 

reactions where solvent is used as substrate concurrently. However, there are still important 

factors that have to be elucidated to make steps forward for more generalized design rules of 

enzyme, such as the relationships between enzyme activity and temperature, pH, substrate 

docking stability, or the structural stability of putative lid. Investigating these factors are in 

progress in order to create a complete understanding of complex mutation and reaction process 

occurring during enzyme reactions. 
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Table 9.1. PCR primers used in this study (5’ to 3’) 
 

PCR primers, 5’ to 3’ 

pHT43 2619_F GCTTGGTACCAGCTATTGTAACATAATCG 

pHT43 2990_R CAGACAAAGATCTCCATGGACGCGTG  

E222X_F GTATTCTGCCACCGATNNNATCGTCCAACCACAAGTTTCT 

L233wt_R CCATTAAACAAGTAAGAAGAATCCAATGGAGAGTTAG 

L312_F GCAGCTGCTGCTTTGGBGGCTCCAGCTGCTGCTGCT  

L312_R AGCAGCAGCAGCTGGAGCCVCCAAAGCAGCAGCTGC 

G341_F GGTAAGAGAACTTGTTCTGGTATTGTTACTCCATAATAACCC 

SIGSEQ_R CAGCGTGCACATAAGCACAAGTCTGAACGAAACTGTCCGC 
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Figure 9.1. (a) Front view (top) and Top view (bottom) of the crystal structure of CALB with 

an opaque and transparent 3-D surface model, respectively. Amino acids mentioned in this 

study including catalytic triad (S105, D187, H224), mutation sites (D223, S227), red gate (I189 

and I285), and green gate (E188, L278) are highlighted as colored surface models. (b) An 

overview of combined experimental and computational approach used in this study. 
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Figure 9.2. Probability heat map of distance between gate residues regulated by ILE189 – 

ILE285 (x-axes, red gate), and GLU188 – LEU 278 (y-axes, green gate). Relative BZA activity 

normalized by WT case are shown inside the plot. Probability graphs indicating a size of the 

red gate and green entrance are illustrated top and right-side of the heat map, respectively. 

Representative snapshots for each case are also shown in this figure. For the snapshots, same 

color codes shown in Figure 9.1a are used to highlight important residues in CALB. 
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Figure 9.3. (a) Representative snapshots illustrating H224 – 188 hydrogen bonding interaction 

(top) and hydrogen bonding occupancy (%) of H224 – 188 interaction observed in WT and its 

variants (bottom). (b) Representative snapshots of a-10 helix region in WT and D188E mutant 

(top). Hydrogen bonding occupancy (%) of L278 – A282 (green), L278 – A281 (brown), and 

L278 –A274 (orange) (bottom). (c) A correlation between the solvent accessible surface area 

of catalytic triad and relative BZA activity of WT and its variants with snapshots of CALB 

representing buried, partially exposed and fully exposed catalytic triad. 
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Table S 9.1. Detailed information on wild type and its mutants 

Case 

Amino Acid Sequence for Mutation 
Relative Esterification 

Activity 

Glu 188 

(E188) 

Asp 223 

(D223) 

Ser 227 

(S227) 

Leu 278 

(L278) 
BZA Activity 

General 

Activity 

Wild Type Background 

WT - - - - 1.0 48 

D223G - Gly - - 2.5 54 

S227T - - Thr - 2.4 56 

D223G/S227T - Gly Thr - 3.0 54 

D223G/S227T Background 

E188N Gln Gly Thr - < 1 44 

E188D Asp Gly Thr - 6.0 54 

L278A - Gly Thr Ala 3.0 53 

E188D/L278A Asp Gly Thr Ala 2.5 53 
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Figure S 9.1. (a) Model enzyme reactions used in this study. (b) Simulation box composed of 

the organic molecule mixtures: 3:1:1:1 ratio of 1-octanol (orange), 1-otanoic acid (blue), 2-

ethylhexanoic acid (yellow), and benzoic acid (green). CALB is located in the middle of the 

box.  
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Figure S 9.2.  Comparison between conventional computational approaches (case 1 and 2) and 

the one used in this study (case 3) with the snapshots illustrating different cavity conformations 

based on the approaches and brief descriptions about the structure and solvent-accessible 

surface area (SASA) of catalytic triad in each case. 
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 Conclusions, Summaries and Future 

Works 

10.1  Conclusions and Summaries 

 In the preceding chapters, we applied computational modeling to understand the effects 

of solvent, surface, and structure manipulations on the behavior of biomolecules, primarily 

DNA and enzymes. Specifically, we strive to delineate (1) how the structural stability of 

biomolecules is affected by surface oxidation states and (2) how interfacial conditions and 

interactions between graphene-based surfaces and supportive materials affect their mechanical 

properties. Based on our observations, we could (1) estimate the optimal conditions for 

improvements in functionality or stability of surfaces and biomolecules and (2) to provide a 

framework for rational experimental design to optimize performance in the application of 

interest.  

First, by performing MD simulations, we found that ssDNA does not behave like a 

worm-like chain or theoretical polymer chains. Moreover, additional simulations results 

revealed that internal non-bonded interactions such as ssDNA base pairings and hydrogen 

bonds among neighbor nucleobases can make ssDNA more compact and polyelectrolyte 

theories or mathematic-based equations for structural properties cannot account for this effect. 

Also, we employed all-atom simulations of ssDNA adsorbed on graphene-based surfaces 

varying oxidation rate in order understand how surface polarity affects ssDNA and other 

biomolecular structure, which has shown incomplete agreement among previous experimental 

studies. In the case of DNA on graphene surfaces with different oxidations, there are three 
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important regimes for DNA adsorption which depends on surface oxidation rates: (1) On 

graphene surface with negligible or low oxidation rate, DNA becomes completely unfolded 

and unstable on the surface due to strong hydrophobic driven interactions between DNA and 

the surface; (2) in contrast, on the surfaces with moderate oxidation rate, conformational of 

folded DNA was maintained well since functional groups sticking out from the surface can 

sterically prevent DNA from hydrophobic driven interactions; (3) on the surface with high 

oxidation rate, however, strong electrostatic driven interactions by functional groups can 

deteriorate the structural stability of DNA. In the case of silk proteins on graphene surfaces, 

combined experiment and simulations revealed that the graphene surface with moderate 

oxidation rate can not only preserve the structure of the protein but also can restore ordered 

silk structure from disrupted bio-molecular chains. In contrast, as observed in DNA work, silk 

structure also tended to be disrupted when hydrophobic interactions are the dominant factor 

for protein – surface interactions, such as the case of silk protein on graphene surface with 

negligible or low oxidation rate. This study enables a better surface selection with respect to 

the surface polarity. For example, the surface with low oxidation rate can be used for the 

applications that require a destabilization or denaturation process such as antimicrobial filters; 

on the other hand, the graphene surface with moderate oxidation rate should be used for the 

applications that require enhanced the structural stability of the biological materials including 

nanocarriers for drug delivery. Overall, this work has provided a comprehensive picture of the 

role of surface polarity on biomolecule structures and successfully provided rational strategies 

to the experiments.  
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Second, we also focused on the mechanical properties of graphene – SAM 

heterostructure, which play a crucial role in designing many promising applications in the 

industry. This combined computational and experimental work found out the effect of SAMs’ 

polarity on the mechanical properties. The results from computational simulations and analyses 

were the first discovery to provide the important phenomena occurring at the interfacial region 

between graphene and SAMs: (1) head group chemistry of SAMs can have a significant effect 

on the out-of-plane elastic modulus of graphene – SAM structure; (2) if SAMs with hydrophilic 

head groups are used, water molecules gradually migrate into the interfacial region, thus 

leading to decrease in the mechanical strength. Moreover, by using computation approach, we 

could precisely predict Young’s modulus (directly related to mechanical strength), which are 

difficult to measure experimentally due to the nature of the samples. These observations can 

provide the guidance for a better choice of SAMs head group to make substrate-supported 

electronic more stable and stronger. 

Third, by performing computation modeling, we proposed rules for the selection of 

solvents that can stabilize a lipase, CALB resulting in increased enzyme activity. Specifically, 

simulation results discovered effects of cation and anion of ILs on structure and dynamics of 

CALB and suggested the favorable and unfavorable ion combinations for enzyme reactions. 

For example, if anion is too strongly coordinated, such as Cl- or size of cation is too small to 

screen some anion – protein interactions, such as [Emim]+, anion tends to make strong non-

bonded interactions with amino acids regulating accessibility of substrates to the active sites, 

cause local disruptions of active site structure, and lead to poor enzyme activity; in contrast, if 

cation or solvent is too hydrophobic ([Omim]+ or tert-butanol), strong interactions with 
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hydrophobic amino acids adjacent to the active site occur, thus leading to wide-open cavity 

structure and yielding unstable catalytic triad structure, which results in reduced enzyme 

activity. Also, we developed a new strategy for enzyme engineering using MD simulation 

techniques and found the critical mutation sites of amino acids for a better enzyme activity. 

Specifically, using this new modeling-based strategy, we were able to propose a design for the 

CALB mutants with specific amino acid changes adjacent to a catalytic cavity; these amino 

acid sites are heavily related to lipase activity and serve as gates for substrate ingress and 

egress. These predictions were experimentally verified by experiments and we have obtained 

a CALB lipase mutant with 6-fold higher productivity than the wild type. We expect that our 

findings with new leading mutant can result in the significant impact on reducing process cost 

of the aforementioned high-value products.  

Overall, this work can not only contribute a foundation for the fundamental 

understanding of the structure and dynamics of biomolecules under various conditions, but 

also help improve biomaterial performance for numerous promising applications in 

biotechnology fields, such as biosensors, drug delivery, and enzyme engineering. 

10.2  Future Works 

This section summarizes recommendations for future work of this dissertation. 

10.2.1 Precise estimation of ssDNA’s persistence length 

 Even though we employed MD simulations of ssDNA under various conditions and 

discovered that unique internal non-bonded interactions within ssDNA play a pivotal role in 

structure and dynamics of ssDNA, a precise estimation of persistence length still remains to be 

elucidated. Since ssDNA is very flexible as compared to other bio-molecular structures such 
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as dsDNA, more careful selection of structural factors (i.e. bond vectors) are imperative to 

estimate persistence length using MD simulations. Moreover, it is important to use an enhanced 

sampling for this study in order for not only reproducible simulation results but also obtaining 

ensemble averages regarding structural properties of ssDNA.  

 In an attempt to address this issue, we could (1) simulate those cases for a longer 

simulation time, (2) use enhanced sampling methods, such as replica exchanges, and (3) 

calculate bond-bond correlation functions and persistence length using a lot of different 

choices of bond vectors. We believe that these approaches can precisely estimate persistence 

length of very flexible polymers and shed a light on the reason why ssDNA does not behave 

like ideal or theoretical polymer chains. 

10.2.2 Understanding the effect of surfactant and salt concentrations on physisorption of 

DNA on graphene-based surfaces. 

 In chapter 3 and 4, we revealed the effect of oxidation states of graphene surface on 

physisorption process of ssDNA and suggested how to optimize the oxygen coverages of the 

graphene-based surfaces for novel bio-applications. However, there are many other important 

factors that can also affect the physisorption of ssDNA, such as solvent conditions (e.g. salt 

concentrations) and the presence of surfactant molecules. Specifically, many recent 

experimental studies have reported the importance of surfactants on the structural stability of 

DNA. For example, DNA becomes unwound or disrupted when some amount of 1-

octadodecylamine (ODA) are present on graphene surfaces. 
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 As a future work, we could simulate DNA structure on graphene-based surfaces under 

the various salt concentrations or various surfactant concentrations in order to fundamentally 

understand how and why these factors influence DNA’s structural stability. We believe that 

these studies can provide a detailed information on environmental factors that can affect 

biomolecular structure and dynamics. 

10.2.3 Relationship between mechanical properties of graphene-based surfaces and polarity 

of solvents  

 Though graphene-based surfaces have a high mechanical strength, understanding the 

effect of solvent or number of the layer on their mechanical structures need to be elucidated. 

Generally, graphene or graphene oxide surfaces composed of several layers are widely used 

with an array of hydrophilic and hydrophobic solvent to stabilize or destabilize them. Therefore 

it is important to know how the number of layers and choice of solvents can directly impact on 

mechanical strength – both tensile and compressive force. 

 In order to address this issue, we could perform MD simulations of multi-layered 

graphene and graphene oxide surfaces solvated in many different types of hydrophilic and 

hydrophobic solvents and exert a force along or perpendicular to the surface by using steered 

MD simulations. We could observe the role of (1) the number of graphene (or graphene oxide) 

layer and (2) polarity of solvent on mechanical properties of the surfaces. 

 


