
ABSTRACT 

DUNAWAY, LARS ERIK. Advancing Voltammetric Strategies at Carbon-Fiber 

Ultramicroelectrodes for Improved Monitoring of Chemical Communication in Live Tissue. 

(Under the direction of Dr. Leslie A. Sombers). 

 

Over the past 25 years or so, the field of neuroscience has been propelled forward by 

the advent of fast-scan cyclic voltammetry (FSCV). Paired with carbon-fiber 

ultramicroelectrodes, FSCV offers precise spatiotemporal resolution and high chemical 

selectivity for molecular measurements in live tissue, lending valuable insight into 

fundamental aspects of chemical communication. FSCV can be tailored to meet certain 

experimental requirements, both by modifying the waveform to detect specific analytes, and 

by changing the sensor geometry to exploit mass transport to and from the electrode surface. 

The work presented herein describes development of custom waveforms to aid in the study of 

neuropeptides, as well as the development of innovative carbon-fiber sensors for advancing 

investigations of the dynamics of vesicular fusion at cells. These advancements in 

electrochemical monitoring were implemented to investigate fundamental questions regarding 

neurochemical function. 

Voltammetric measurements are heavily influenced by oxygen-group functionalization 

inherent to the carbon sensing surface. Raman spectroscopy was utilized to study the changing 

carbon surface in response to application of positive potentials in buffered solution. It was 

found that preconditioning the electrode with positive potentials results in increased sensitivity 

to many analytes of interest by modifying the carbon surface. For monitoring exocytosis at 

single cells in culture, ultramicroelectrodes are fabricated in a disc geometry and positioned 

directly above a single cell. Herein, the electrode design was modified by a plasma-etching 

method to recess the carbon sensor inside the insulation, forming a cavity. The cavity 



electrodes were characterized using FSCV, and the sensor was used to monitor individual 

vesicular release events at single cells in culture. These electrodes detected more molecules 

per exocytotic release event than disc electrodes.  The results demonstrate that a number of 

molecules released may go undetected with the conventional approach, and that the cavity 

design offers improved performance over disc electrodes. In additional studies, vesicular cargo 

was interrogated inside chromaffin cells, prior to exocytotic release. A carbon fiber 

nanoelectrode was designed in order to gain access to the cytoplasm. We monitored discrete, 

phasic catecholamine events with this approach as vesicles lysed onto the electrode surface, in 

the first intracellular FSCV study to date. Importantly, epinephrine and norepinephrine signals 

were distinguishable.   

Measurements of endogenous opioid peptides remain challenging due to their low 

abundance and rapid degradation in the extracellular space. In fact, very little is known 

regarding where and when opioid neuropeptides are released in brain tissue, how far the 

peptides diffuse in the extracellular space, or the physiological conditions required to evoke 

release.  To combat this, a customized waveform was designed to allow for the direct detection 

of methionine-enkephalin (M-ENK), an endogenous opioid peptide, in real-time. The 

development and characterization of the novel waveform and the detection of endogenous M-

ENK dynamics in live tissue are reported herein. Next, the modulatory effects of M-ENK in 

live adrenal tissue were evaluated while monitoring catecholamine release.  Another custom 

waveform was designed to allow for the detection of catecholamines being released in response 

to M-ENK, a molecule that tends to foul the electrode surface, preventing reliable 

measurements. A mechanism was discovered by which M-ENK elicited catecholamine 

secretion by these cells. This phenomenon was further investigated using electrophysiology.  



The data demonstrate a novel mechanism for activation of mu opioid receptors via a synergistic 

mechanism with occupied muscarinic acetylcholine receptors, to depolarize chromaffin cells 

and elicit catecholamine efflux. 

Overall, the work presented herein demonstrates substantial improvements to 

ultramicroelectrode technology and electrochemical monitoring with FSCV, and also uses 

these advances to make exciting new discoveries about cellular chemical communication. 

Thus, it serves to advance two separate fields, analytical electrochemistry and neuroscience.   
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CHAPTER 1 

 

Introduction to Neurotransmission and Electrochemical Methods for Studying 

Neurochemical Dynamics 

1.1 Introduction to Neuronal Communication 

Neurons are specialized, electrically excitable cells that transmit information through 

chemical messengers and electrical signals. The many types are distributed throughout the 

central and the peripheral nervous systems, and can be coupled through ~20 nm wide junctions 

called chemical synapses (Figure 1). Chemical communication happens when the presynaptic 

neuron releases neurotransmitters into the synapse, which can then bind to specialized 

receptors on the postsynaptic neuron, thus propagating information between two neurons.  

 

 

Figure 1.1. Chemical synapse between two neurons1 
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The events that lead to release of neurotransmitters from a neuron begin with the firing 

and propagation of an action potential. The potential across the cell membrane rests at a 

negative voltage, often around -70 mV, due to concentration gradients of certain ions across 

the cell membrane. There is a positive Na+ gradient outside the cell, and a positive K+ gradient 

inside the cell. There are voltage-gated ion channels for each of these ions, which open at 

certain voltages and allow the ions to flow down their concentration gradients. When the 

neuron becomes depolarized, generally by the influx of cations, voltage-gated Na+ channels 

open up, causing further depolarization as Na+ flows into the cell. This is the rising phase of 

an action potential. The Na+ channels close rapidly after opening, and when the cell is 

depolarized, it causes voltage-gated K+ channels to open. This allows for the efflux of K+ from 

the cell, which repolarizes the membrane. This is described as the falling phase of the action 

potential. Once the membrane is repolarized, the voltage-gated K+ channels close again. 

Potassium channels are slower to close, resulting in a brief refractory period during which the 

membrane potential is hyperpolarized, due to overshooting the resting potential. This action 

potential propagates down the axon of a neuron, ending at the terminal.1 

When the action potential reaches a particular part of the axon, often but not always the 

terminal, it triggers vesicular release of neurotransmitters, or exocytosis. The neurotransmitters 

are stored in large dense core vesicles (LDCVs) and small synaptic vesicles (SSV) inside the 

cell, a population of which is docked to the inside of the membrane.  SSVs are thought to store 

only small molecule neurotransmitters, while LDCVs can store small and large molecules, 

including peptides, in their chromogranin core. When the cell depolarizes, it opens voltage-

gated Ca2+ channels, which allows Ca2+ to flow into the cell. The Ca2+ binds to synaptotagmin, 
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a pre-synaptic membrane-bound protein, which triggers the fusion of vesicles docked to the 

membrane. While there is a wide body of literature showing that different isoforms of 

synaptotagmin result in either full or partial release of the contents of LDCVs,2-3 other 

researchers propose that under normal conditions, LDCVs never release their contents fully.4-

5 Rather, they propose that the vesicle releases the portion of its contents in the halo around the 

chromogranin core, and then pinches back into the cell membrane, still containing the chemical 

contents that are electrostatically associated with the core.  

There is a wide variety of endogenous neurotransmitters, ranging from simple amines 

to large peptides.6 Once neurotransmitters are released, they can bind to specific receptors on 

the cell membrane and act as agonists or antagonists, as well as performing other functions. 

Receptors are proteins embedded in the cell membrane that elicit some physiological response 

when bound by a ligand. An agonist binds to the receptor and provokes a particular 

physiological response, whereas an antagonist binds to the receptor and blocks or attenuates 

the response. Most receptors have an endogenous agonist. However many other endogenous 

and synthetic ligands can also act as agonists, which is the basis for pharmacological 

manipulation.  

Another common fate of neurotransmitters, following release into the extracellular 

space, is reuptake. This is a process whereby specialized proteins, called transporters, transport 

the neurotransmitters back inside the cell from which they were released, fine tuning 

extracellular lifetime and diffusion distances. Reuptake is generally restricted to small 

molecules, and not larger peptides.7 Neuropeptides are generally degraded enzymatically in 

the extracellular space. In many cases these processes are not well described. 
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1.2 Neurotransmission in the Adrenal Gland 

Neurotransmission occurs in the periphery as well, including in the adrenal gland. The 

adrenal glands are located above the kidneys and have two regions, the medulla and the cortex 

that surrounds it. Chromaffin cells in the adrenal medulla are similar to neurons in their 

function and machinery, and are thus a commonly used model for studying exocytosis, both in 

cell culture preparations as well as tissue slice preparations.8-12 They secrete hormones, and 

serve as the body’s principal source of norepinephrine and epinephrine in the fight-or-flight 

response.3 The adrenal glands are innervated by the splanchnic nerve, which secretes 

acetylcholine onto chromaffin cells in order to excite the cells. Acetylcholine binds to both 

nicotinic acetylcholine receptors (nAChR) and muscarinic (mAChR) acetylcholine receptors 

on chromaffin cells. This depolarizes the cells, causing them to secrete norepinephrine and 

epinephrine into the bloodstream in response to a threat. Opioid peptides are also secreted, 

both by the splanchnic nerve and by chromaffin cells, although their precise role in adrenal 

signaling is not well understood.13-15 In chromaffin cells, these peptides are stored in LDCVs 

and released simultaneously with catecholamines. 

 

1.3 Common Techniques for Monitoring Cell Communication in Neuroscience 

There are many established approaches to chemical measurements that offer valuable 

information to the field of neuroscience. These include immunoassay, high-performance liquid 

chromatography, capillary electrophoresis, and mass spectrometry.16-22 Significant effort has 

been put into refining and advancing these techniques. As such, they can offer excellent 
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sensitivity and selectivity in resolving analytes. However, these techniques require extraction 

from the tissue or coupling with a method for sampling from the tissue before analysis. 

Microdialysis, a very common technique for sampling brain tissue, uses a probe to remove 

extracellular fluid for further separation and detection ex vivo. Microdialysis probes used to 

sample from the brain are typically between 200 and 400 μm in diameter and millimeters in 

length. These allow for analyte molecules to flow down a concentration gradient across an 

outer semi-permeable membrane. Artificial cerebral spinal fluid is circulated through the probe 

to carry the molecules of interest from the probe to the instrument for analysis. Temporal 

resolution is limited both by sampling time and the separation, resulting in individual 

measurements that take several minutes to perform. Furthermore, the large size of the probe 

(with respect to the neurons) can span several brain regions and causes significant damage to 

the tissue when implanted.23 Another drawback to sampling by microdialysis is the relatively 

poor collection efficiency (less than 40% for common neurotransmitters).24 This is made worse 

for extraction of peptides, which can adsorb to the walls of the tubing, and are also rapidly 

digested by peptidases present in the extracellular space before analysis.25 

Immunoassay suffers its own set of limitations. It is a static technique, measuring the 

presence of particular molecules by binding labeled antibodies to the molecule of interest. As 

such, it provides a chemical measurement at a single point in time, post-mortem. Quantification 

can be difficult and selectivity is limited as well. Detection of peptides is generally done 

indirectly. Rather than measuring the molecule of interest directly, immunoassays generally 

target the prepropeptides which are later cleaved into the target molecules. The prepropeptides 

are not an active form of the target molecule, and can even have opposing actions to the 
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molecules of interest. Thus, immunoassay is effective at determining where a particular 

molecule may be likely to be, however it offers little insight into where it truly is in live tissue, 

and when it is released. 

Electrophysiology is another invaluable technique commonly used in the field of 

neuroscience. Rather than identifying and quantifying the chemicals being released by cells, 

electrophysiology monitors the electrical activity of cells as they respond to chemical 

messengers. There are multiple experimental approaches to electrophysiology; one can 

measure the voltage of the cell membrane or the current moving across the cell membrane. 

Additionally, it can be performed on a population of cells, a single cell in patch-clamp mode, 

or even single ion-channels. This discussion is limited to whole-cell patch electrophysiology, 

since it is most relevant to the work presented herein. Briefly, a micropipette is placed against 

the cell membrane and negative pressure is applied to “patch” the pipette onto the cell (Figure 

2). This opens up a small portion of the cell membrane, which seals against the edge of the 

micropipette with a very high resistance, allowing the pipette electrical access to the inside of 

the cell. The micropipette contains an electrode, and is filled with an internal cell solution and 

connected to an amplifier so that electrical activity can be measured between the inside of the 

cell and the outside, where a reference electrode is placed. The highly resistive seal between 

the cell and the pipette allows current between the working electrode and the reference 

electrode to flow through the cell and across the membrane, with minimal current leaking 

across the seal. The two common modes for patch-clamp electrophysiology are current-clamp, 

and voltage-clamp. In the voltage-clamp mode, potential is held constant by the amplifier, and 

passage of current across the cell membrane is measured. In current-clamp, the current is 
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controlled, and cell membrane voltage recorded. Patch-clamp electrophysiology is beneficial 

for looking at the direct effects of drugs and other stimuli on individual neurons, and has been 

used extensively throughout the field of neuroscience.26-27 It has even been coupled to 

electrochemistry, since both can provide different types of valuable information, with very 

high temporal resolution.28 

 

Figure 1.2. Typical whole cell patch-clamp electrophysiology setup. A pipette containing an 

electrode is sealed to the cell membrane, with the inside of the pipette continuous with the 

cytosol of the cell to allow for passage of fluid and current between the two. 

 

1.4 Electrochemical Techniques in Neuroscience 

Rather than monitoring cell activity, electrochemical approaches allow for the direct 

detection of chemical messengers being released from the cells. These approaches are capable 

of measuring chemical concentrations on the sub-second time scale, and offer precise 

measurements of chemical dynamics. They also offer a high degree of spatial resolution when 

coupled to micrometer-scale electrodes, or ultramicroelectrodes. Electrochemistry involves the 
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transfer of electrons from one phase to another, such as from aqueous solution to the electrode 

substrate, and can be used to monitor electroactive species in situ. Typical experiments in 

neuroscience involve only two electrodes: a working electrode and a reference. A counter 

electrode is not necessary because of the lower ohmic drop inherent to ultramicroelectrodes. 

The potential at the working electrode is controlled, and at a particular potential, an 

electroactive species will either be oxidized or reduced, resulting in a flow of electrons. This 

electron flow is described as current, measured in amperes, and can be used to quantitate 

electroactive species at the surface of the electrode. The two most common electrochemical 

techniques used in neuroscience are amperometry and voltammetry.29  

Amperometry entails holding the working electrode at a set potential with respect to 

the reference electrode, typically Ag/AgCl. For detection of catecholamines the electrode is 

generally held at 650 to 800 mV. At these potentials dopamine is oxidized to dopamine-o-

quinone through a two-electron process (Figure 3). The data is displayed with oxidation current 

on the y-axis, and time on the x-axis (Figure 4). Temporal resolution is limited only by 

adsorption of dopamine to the electrode and by the data sampling rate. Thus, single vesicular 

release events are detectable and distinguishable by amperometry, with events lasting a few 

milliseconds (Figure 4). Utilizing high-end potentiostats, the noise of the recording is less than 

a picoamp, so high sensitivity is also attained. The area under each current spike is integrated 

to give charge, which can be related to the amount of analyte oxidized using Faraday’s Law: 

Q = nNF 
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where Q is charge, N is moles of analyte, n is number of electrons transferred per molecule, 

and F is Faraday’s constant. 

 

 

Figure 1.3. Reversible oxidation of dopamine to dopamine-o-quinone   

 

 

 

Figure 1.4. Sample amperometric trace. Each spike corresponds to release of a single vesicle 

via exocytosis. Red shading indicates the area under a curve integrated to give charge, which 

corresponds to moles of analyte detected.  
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One drawback to this approach is the limited selectivity, since any species that oxidizes 

at or below the holding potential is detected and adds to the current on the trace. Thus, 

amperometry is well-suited to experiments requiring high temporal resolution and sensitivity, 

such as those at single cells, but limited when used in a complex environment where there are 

interfering analytes or unknown species (such as in the brain).   

Background-subtracted fast scan cyclic voltammetry (FSCV) is another 

electrochemical technique, with improved selectivity over amperometry. Compared to 

amperometry, where the potential at the working electrode is held constant, FSCV entails 

scanning across a set potential window repeatedly in a cyclic fashion, in a pattern called a 

waveform. The traditional dopamine waveform involves holding the electrode at -0.4 V, 

scanning up to +1.3 V and immediately back down to -0.4 V at 400 V/s, and repeating at a 

frequency of 10 Hz. Thus dopamine is oxidized to dopamine-o-quinone on the forward scan, 

and a fraction of the product is subsequently reduced back to dopamine on the return scan, 

while the rest diffuses away after oxidation. Each cycle yields a plot called a voltammogram, 

with the potential of the electrode on the x-axis and the resultant current on the y-axis. 

Selectivity results from the differences in oxidation/reduction potentials and electron transfer 

kinetics of varying analytes, thus providing a means for identification of analytes, with 

different classes of analytes giving rise to different shaped voltammograms. Background 

subtraction is required because the majority of the current collected is a result of charging the 

electrode, however this current is relatively stable over time and can be subtracted out of the 

voltammogram, giving rise to the background-subtracted voltammogram that serves as the 

chemical fingerprint (Figure 5). 
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Figure 1.5. Cyclic voltammograms. (A) Stable background current. (B) Background current 

plus faradaic current resultant from oxidation of dopamine and reduction of dopamine-o-

quinone. (C) Background-subtracted voltammogram showing faradaic current only 

 

In order to display multiple voltammograms collected successively, a three 

dimensional color plot is utilized. Time is plotted on the x-axis, with successive 

voltammograms stacked next to each other. To show the voltammograms on the color plot, 

they are “unfolded” at the switching potential, so that current is plotted with respect to data 

point rather than potential (Figure 6A). The data point, or potential, is shown on the y-axis of 

the color plot, and the resultant current shown in false color (Figure 6B); green and blue 

indicate oxidation and reduction currents, respectively. This facilitates the observation of 

successive voltammograms collected over a given time period. The background current is 

generally stable for at least 90 seconds.   
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Figure 1.6. Color plot. (A) Unfolding a voltammogram. (B) Stacking unfolded 

voltammograms to generate the color plot 

 

While most conventional electrochemical experiments on the benchtop are generally 

performed at platinum electrodes, electrochemical experiments in tissue are most often carried 

out at carbon electrodes (Figure 7) due to their small size and high tensile strength.30 Carbon 

also resists biofouling better than platinum and other metals, where large biomolecules adhere 

to the surface, decreasing the usable surface area of the electrode and shifting background 

currents. Overall, the carbon fiber is an electrode material with beneficial properties:  high 

tensile strength, ease of manufacture, wide aqueous potential window, chemical inertness, 

renewable surface31 and rapid (sub-second) electron transfer.32-34 Typical electrode geometries 

include the “cylinder”, where the carbon fiber protrudes from the insulation 50-300 μm (Figure 

A 

B 
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7A), and the “disk”, where the carbon fiber is polished to an angle flush with the insulation 

(Figure 7B). 

  

          

 

Figure 1.7. Representative scanning electron micrographs of carbon fiber microelectrodes 

insulated by pulled glass capillaries. A) Cylinder geometry. B) Disk geometry. 

 

For experiments aimed at developing or optimizing new electrochemical detection 

techniques for neurochemical studies, neurotransmitter release can be simulated in vitro using 

a flow injection apparatus, or flow cell. Flow cells consist of an electrochemical cell with a 

50 µm 

Glass Insulation 

Carbon Fiber 

10 µm 

B A 
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constant flow of buffered electrolyte over an electrode, allowing for short bolus injections of 

an analyte into the flowing buffer. Injections are generally carried out using a six port HPLC 

valve, which allows for precise control of the concentration and volume of the analyte being 

injected. The bolus injection serves to mimic rapid neurotransmitter release in vivo in a 

reproducible fashion, while keeping other variables constant. This is useful for characterizing 

a voltammetric response to a given analyte, and for calibrating electrodes.  

 

1.5 Electrochemistry in Live Tissue 

There are a variety of applications where electrochemical methods are coupled to 

ultramicroelectrodes in order to monitor rapid changes in chemical concentrations in live 

tissue. While the scope of these experiments ranges from single cell experiments to 

experiments in the brain of freely-moving animals engaged in behavioral challenges, the work 

presented herein will focus on the single cell, brain slice and adrenal slice preparations (male 

Sprague-Dawley rat). 

Amperometry is typically used to study exocytosis events at single cells due to its 

ability to distinguish single-vesicle fusion events. Disk electrodes are placed directly over the 

cell using micromanipulators, with the sensing surface of the carbon fiber in physical contact 

with the cell membrane (Figure 8). Thus, vesicle contents are released directly onto the carbon 

fiber for rapid and sensitive detection. Vesicular release is typically stimulated by introducing 

a small amount of buffer with elevated potassium content onto the cell, which depolarizes the 
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membrane, opening up calcium channels and eliciting exocytosis. The electrode is held at a 

potential sufficient to oxidize vesicular content. Thus, single cell experiments are valuable for 

studying dynamics of exocytosis, and the physiochemical factors that can modulate this 

process.  

 

 

Figure 1.8. Typical setup for single cell electrochemical experiment. Electrode is positioned 

above a live cell, with the pipette placed nearby to eject secretagogue onto the cell. 

 

Ex vivo experiments with tissue slices are another biological preparation that allows 

one to study specific aspects of neurotransmission. Organs of interest, typically the brain or 

the adrenal gland, are removed from an animal and kept alive in oxygenated, temperature-

controlled buffer. The tissue is sliced to a thickness of 200-400 μm and perfused with buffer 

A 
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under a microscope. A micromanipulator is used to position a cylinder electrode inside the 

tissue in the region of interest. Exocytosis can be triggered in a variety of ways. Electrical 

stimulation is common, whereby two tungsten microelectrodes are placed next to one another 

in the region of interest, and an electrical current pulse is passed between them to depolarize 

the cell and elicit exocytosis. Potassium stimulation is also used to depolarize the cells. Slice 

experiments permit one to study discrete neural circuits without the effect of afferent 

projections to the region, and also allow pharmacological manipulation of the system.  

Voltammetry is well-suited to make electrochemical measurements in complex tissue because 

of its inherent chemical selectivity.  

 

1.6 Dissertation Overview 

This work describes my investigations of opioids and catecholamines in the nervous 

system, and the interactions between the two. The Sombers Lab has a strong interest in 

motivated behaviors, which are dependent on these two classes of neurotransmitters, however 

their precise interactions are largely unknown. Dopamine is a key molecule in physiological 

function related to reward and learning, while opioids play a fundamental role in nociception 

and motivation, yet many questions remain. I have taken a technique commonly used to study 

dopamine and advanced it to allow for the detection for another class of molecules, opioid 

peptides, and used these advanced to extend a hypothesis about how these two classes of 

molecules work together. The remaining five chapters in this dissertation will describe the 

efforts undertaken in this work to improve electrochemical sensors for providing foundational 
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knowledge of the nervous system and its function. Novel findings made with these improved 

sensors will be presented. 

Chapters 2 and 3 are my own independent work, and detail large research projects that I 

performed in the Sombers Lab. 

Chapter 2 describes the fabrication and characterization of a cavity ultramicroelectrode, made 

by plasma-etching a disc electrode to recess the carbon sensing surface inside the glass 

insulation. The cavity electrode outperforms the traditional disc electrode in terms of 

sensitivity when used with FSCV, and is also compared to the disc electrode when coupled to 

amperometry to study exocytosis events at single chromaffin cells. The cavity electrode detects 

more molecules per exocytotic event compared to the disc, leading to the conclusion that discs 

are likely not detecting all of the molecules. 

Chapter 3 demonstrates that M-ENK in the adrenal gland can elicit catecholamine secretion 

directly, by binding to the mu-opioid receptor on the chromaffin cell membrane. This response 

is observed with FSCV, and further investigated with electrophysiology. This chapter describes 

an excitatory action by the MOR when the muscarinic acetylcholine receptor is also occupied, 

which is most likely masked in prior works by the long time-scale of the measurements.  

Chapters 4-6 describe large projects spearheaded by other researchers in the Sombers Lab, 

where I used my skills and tools to answer specific questions within each work. For each 

project, the entire work is presented in its own chapter in order to provide a framework for my 

own contributions within these projects. 
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Chapter 4 details a multiple scan rate waveform, developed specifically for the detection of 

M-ENK.  The waveform and its response to M-ENK, along with common interferents, are 

characterized, and the waveform is utilized in adrenal tissue for the first real-time voltammetric 

detection of M-ENK in live tissue. I contributed to this work by utilizing this new waveform 

at a microelectrode in an adrenal slice preparation to perform the first detection of M-ENK in 

live tissue with FSCV. 

Chapter 5 examines the functionality of the sensing surface on carbon-fiber electrodes. The 

carbon surface is constantly changing with the application of a waveform, and this dynamic 

surface is interrogated spectroelectrochemically by performing Raman spectroscopy while 

applying a waveform in a buffered solution. In this work, I performed slow scan cyclic 

voltammetry in order to characterize the electrode surface, as well as contributing heavily to 

overall manuscript preparation. 

Chapter 6 outlines the fabrication of a nano-scale conical electrode, capable of monitoring 

molecules inside of a single cell. The nanoelectrode is inserted into cultured chromaffin cells, 

and FSCV used to detect norepinephrine and epinephrine. This is the first time that FSCV has 

been used to monitor neurotransmitters solely inside of a cell, prior to release. I contributed by 

helping to establish primary bovine chromaffin cell culture, as well as interfacing 

instrumentation for the collection of voltammetric data on the single cell experimental rig that 

I built for a previous work. I also assisted with data collection and analysis. 
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Additionally, an appendix is provided to supply supplemental information. This is intended to 

describe thoroughly many of the methods employed herein, and assist other researchers in 

reproducing this work.  
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CHAPTER 2 

Recessed Carbon-Fiber Microelectrodes Reveal Exciting New Insights into 

Measurements of Exocytosis from Single Cells  

This work was completed in collaboration with: Dunaway, L.E., Schmidt, A.C, Calhoun, S. 

E., Roberts, J.G., Shogren, T.J., Zach, M.P., and Sombers, L.A., and is in preparation for 

submission to Analytical Chemistry.  

 

2.1 Introduction 

The development of carbon-fiber microelectrodes in the late 1970’s1 had a tremendous 

impact on the field of neuroscience, as it enabled the detection of rapid chemical events in very 

small places.  Carbon-fiber microelectrodes have been used for the quantitative investigation 

of individual exocytosis events from single chromaffin cells in culture since 1990.2-3 Owing to 

the excellent temporal resolution and sensitivity inherent to amperometric measurements at 

carbon microelectrodes, single-vesicle exocytosis can be resolved when the electrode is 

positioned immediately adjacent to the cell in an ‘artificial synapse’ configuration, and held at 

a potential sufficient to oxidize catecholamines, typically + 0.65 V to + 0.8 V.  Thus, extensive 

research has been done on multiple aspects of exocytosis at single cells, including 

investigations examining neurotransmitter content,4-5 the spatial heterogeneity of exocytosis 

along the cell membrane,6-7 the dynamics of the fusion pore,8-11 mass transport at the electrode 

surface,12 and catecholamine storage.10 Recently, Ewing et. al have developed a new method 

deemed ‘intracellular vesicle electrochemical cytometry’, in which amperometry is performed 

with a conical nanotip microelectrode inserted into the cell cytoplasm.13 This work uses 
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amperometry to quantitatively compare vesicle content in the cytoplasm to that released onto 

an extracellular electrode in the exocytosis process.  Interestingly, the data show that more 

catecholamine is detected when intracellular vesicles fuse with the microelectrode inserted into 

the cytoplasm than when vesicles fuse with the plasma membrane, releasing contents into the 

extracellular space via exocytosis.  

 Background-subtracted fast-scan cyclic voltammetry (FSCV) has been coupled with 

carbon-fiber microelectrodes to monitor neurotransmitter release in intact tissue since the 

1980s.14-15  This approach provides the appropriate selectivity for the detection of 

neurotransmitter dynamics in the complex chemical environment of the brain, while still 

retaining outstanding sensitivity and temporal resolution. Since its inception, FSCV has 

emerged as one of the leading techniques used for the detection of dopamine dynamics in the 

brain, because it enables electrochemical measurements to be correlated with specific aspects 

of an animal subject’s behavior.16-17 While initially implemented for the detection of dopamine, 

is has been further developed to allow for detection of various other monoamines,18 oxygen,19 

hydrogen peroxide,20 adenosine,21 and even opioid peptide dynamics,22 in real time. 

 Carbon-fiber microelectrodes are typically constructed with either cylindrical23-26 or 

disk geometries (see Figure 1.7).14, 27-30 Consideration of geometry is critical in experimental 

design, as disk electrodes sample from a smaller area and provide better spatial resolution, 

while cylinder-shaped electrodes are much larger and feature an increased surface area as 

compared to the planar surface of a disk electrode. Experiments at single cells require an 

electrode that samples from an area on the order of the cell size, typically less than 20 μm in 

diameter.31 Thus, the disk geometry is preferred for these experiments.  Low-noise instruments 
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are used to collect exocytotic events that generate pA of current. However, many events occur 

near the limit of detection, and single cell studies could benefit from a more sensitive electrode, 

particularly when it is necessary to quantify the entirety of the neurotransmitter released in an 

individual vesicular fusion event.   

  A recessed carbon-fiber disk geometry (cavity) would be advantageous for a variety of 

applications, as a cavity helps to confine the analyte proximal to the sensing surface (Figure 

2.3D). 32-34 A recessed sensing surface is also shielded from convection, allowing detection of 

electroactive molecules with less contribution from this contribution to mass transport.32, 35 In 

theory, this should allow for more efficient and sensitive detection of individual exocytosis 

events. Further, cavity electrodes could be coupled with fast-scan cyclic voltammetry to 

amplify the signal in the detection of chemically reversible reactions, such as the oxidation of 

dopamine and subsequent reduction of its product, dopamine-ortho-quinone.  The glass shroud 

inherent to the cavity electrode could help to retaining the analyte near the sensing surface, 

allowing for detection of the same molecule multiple times (redox cycling), thus amplifying 

the signal (Figure 1.1 E,F).36-38 

Recessed cavity microelectrodes have been constructed by others through 

combinations of complex fabrication techniques, often involving oxidative etching, various 

types of lithography, layer-by-layer deposition, and/or ion etching.36, 39-41 While cavity 

electrodes offer numerous advantages over traditional disk electrodes, a simpler fabrication 

method is necessary in order for them to become widely employed in various research 

laboratories. In this work, single carbon-fiber microelectrodes are etched using a simple and 

straightforward plasma-etching strategy developed in-house, generating a plasma by applying 
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a high potential across an air gap. This method reliably produces electrodes with a controllable 

cavity depth, which are characterized and compared to traditional disk electrodes herein using 

FSCV. Scanning electron microscopy, Raman spectroscopy, and traditional slow-scan 

voltammetry are utilized to study structural changes that occur during the etching process. The 

cavity electrodes are tested in an acute brain slice to evaluate their performance in complex 

tissue, and also compared to disk electrodes at single cells, detecting more molecules per 

release event than the widely used disk electrode. Overall, the data suggest that current 

approaches to measuring exocytotic release at disk electrodes result in an underestimation of 

quantal size. There is still much to be learned about the dynamics and fundamental nature of 

exocytosis, and having a tool to more fully describe neurotransmitter release events will offer 

an improved understanding of quantal release.  

 

2.2 Experimental Section 

2.2.1 Chemicals  

All chemicals were purchased from Sigma-Aldrich (St. Louis, MO) and used as 

received, unless otherwise specified. FSCV experiments were carried out in phosphate-

buffered saline (0.1 M PBS) at physiological pH 7.4. Brain slice experiments were carried out 

in aCSF saturated with 95% O2 and 5% CO2, at physiological pH 7.4. aCSF consisted of 124 

mM NaCl, 26 mM NaHCO3, 3.7 mM KCl, 1.3 mM NaH2PO4, 2.4 mM CaCl2, 1.3 mM MgCl2, 

and 10 mM glucose. All aqueous solutions were made from doubly deionized water >18 

MΩ·cm (Millipore, Billerica, MA). 
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2.2.2 Microelectrode Fabrication 

The microdisk electrodes were fabricated from Thornel P-55 (Cytec, Tempe, AZ.) 

carbon fibers as previously described (fiber diameter = ~10 µm).42 Briefly, the disk electrodes 

were prepared by sealing standard carbon-fiber cylinder electrodes with epoxy (301 Epoxy; 

Epoxy Technology, Inc., Billerica, MA), curing overnight at 105˚C, and polishing the electrode 

tip to the glass insulation at a 35˚ angle using a diamond dust-embedded micropipette beveling 

wheel (BV-10; Sutter Instrument Co., Novato, CA). For fabrication of cavity microelectrodes, 

microdisk electrodes were fabricated from Thornel T-650 (Cytec) carbon fibers as a starting 

point (fiber diameter = ~7 µm). Wet etching was performed in a flow injection apparatus, 

applying a waveform with a holding potential of +2.5 V and a negative ramp to +1.5 V, then 

returning to +2.5 V at 10 Hz. Plasma etching was performed in a custom-made apparatus 

(Figure 1.1). The carbon-fiber electrode (positive lead) and a conical stainless steel electrode 

(negative lead) were sealed in a glass chamber with a tip separation of ~1 cm. A picoammeter 

(Keithley Instruments, Inc., Cleveland, OH) was used to monitor the passage of current. The 

applied DC potential was sourced from a linear power supply (Lambda Electronics, Inc., 

Melville, NY) and regulated using a high voltage power supply (Bertan High Voltage Corp, 

Hicksville, NY). Custom written LabVIEW® software was used to control the applied 

potential. The carbon fiber was etched 6 µm past the middle of the beveled section of the 

electrode, 11 µm from the end of the beveled tip. Electrodes were preconditioned by applying 

a static +1.0 V holding potential for at least 30 minutes prior to the start of experiments. 
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Figure 2.1. Plasma etching apparatus. The carbon-fiber electrodes were mounted inside a 

glass chamber with a ~1 cm tip separation. The DC potential was ramped in 25V increments 

using a high-voltage power supply, until the desired electrical current was reached. The etch-

rate at this potential was constant, and held for a given amount of time to control how far the 

carbon-fiber recessed. 

 

 

2.2.3 Data Acquisition 

All in vitro FSCV data were collected in a custom-built flow injection apparatus housed 

within a Faraday cage. A syringe pump (New Era Pump Systems, Inc., Wantagh, NY) supplied 

a continuous buffer flow of 1 mL/min across both the working and reference electrode. The 

working electrode was lowered into the electrochemical cell via a micromanipulator (World 

Precision Instruments, Inc., Sarasota, FL). Bolus injections of analyte were accomplished using 

a six-port HPLC valve and air actuator controlled by a digital valve interface (Valco 

Instruments Co., Inc., Houston, TX).  
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2.2.4 Fast-Scan Cyclic Voltammetry 

A triangular waveform was used for analyte detection. The applied potential ranged 

from -0.4 to +1.3 V vs. Ag/AgCl reference, scanned at a rate of 400 V/s, and applied at a 

frequency of 10 Hz. The waveform was output using a custom-built instrument for potential 

application to the electrochemical cell and current transduction (University of North Carolina 

at Chapel Hill, Department of Chemistry, Electronics Facility). HDCV software (University of 

North Carolina at Chapel Hill, Department of Chemistry)43 was used for waveform output with 

a DAC/ADC card (NI 6363). Signal processing (background subtraction and signal averaging) 

was software-controlled. 

 

2.2.5 Raman Spectroscopy 

Raman analysis was done using a custom spectrometer previously described.44  To 

mimic the electrochemical environment, spectra were collected while the carbon-fiber 

electrodes were immersed in PBS solution. A 60x objective was used with collection times of 

60 seconds. Prior to plasma etching, spectra were taken of carbon-fiber electrodes after 

polishing and electrochemical conditioning.  The electrodes were subsequently etched and 

reconditioned and spectra were recollected at the same set of electrodes.   

 

2.2.6 Brain Slice Preparation  

Male Sprague-Dawley rats (250-300 g, Charles River Laboratories, Raleigh, NC) were 

decapitated after being deeply anesthetized with urethane (1.5 g/kg, i.p.). The brain was rapidly 

removed, mounted, and placed in cold aCSF. 400 µm thick coronal slices were cut with a 
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vibratome (World Precision Instruments, Sarasota, FL). The slices were allowed to rest in 

aCSF for at least one hour, and were subsequently placed in a recording chamber (Warner 

Instruments, Hamden, CT) and superfused with buffered aCSF maintained at 34 °C for at least 

another hour. The working electrode and bipolar stimulating electrode placements were made 

with the aid of a microscope (Nikon Instruments, Inc., Melville, NY), and the microelectrodes 

were positioned about 50 μm below the surface of the slice. Electrical stimulation of nerve 

terminals consisted of five 500 μA biphasic pulses at 60 Hz using a pulse width of 4 msec. 

Animal care and use was in complete accordance with institutional guidelines and IACUC. 

 

2.2.7 Primary Bovine Chromaffin Cell Culture 

Six bovine adrenal glands were obtained to establish primary culture, and immediately 

trimmed of excess fat and submerged in ice-cold W3 buffer (145 mM NaCl, 5.4 mM KCl, 1 

mM NaH2PO4, 11.2 mM glucose, and 15 mM HEPES). Glands were perfused with cold W3 

through the adrenal vein until the fluid coming out was clear and free of blood. The glands 

were trimmed of fat and perfused with warm W3, then incubated at 37 ˚C for 10 minutes and 

washed with W3, repeated three times. Next, glands were perfused with a digestion mixture 

containing 1.4 mg/mL DNAase and 0.035 mg/mL collagenase in W3 and incubated for 15 

minutes, again three times. After the first wash, nystatin (5mL/L) was added to W3 solution 

and this was used for the remainder of the steps involving W3. Glands were then dissected, 

removing and finely mincing the medullae. Minced medullae were placed in stirred digestion 

mixture for 30 minutes, filtered, and centrifuged at 1500 RPM to pellet the cells. Pellets were 

resuspended in W3 and mixed with a Percoll gradient. The Percoll gradient containing 
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suspended cells was centrifuged at 10,000 RPM to separate red blood cells, chromaffin cells, 

and cellular debris. The chromaffin cell layer was collected and filtered through a 40 µm sterile 

nylon filter. The filtrate was added to DMEM (Dulbecco’s Modified Eagle Medium) and 

centrifuged at 800 RPM to pellet the cells. Supernatant was removed and pellets were 

resuspended in DMEM containing 10% FBS and 1% 100X Pen-strep. Using a hemocytometer, 

cells were diluted to a density of 3 x 105 cells/mL and plated on 35 mm culture dishes, with 2 

mL in each dish. 

 

2.2.8 Single Cell Experiments 

Cells were prepared for the experiment by replacing the medium with an isotonic buffer 

containing calcium (150 mM NaCl, 5 mM KCl, 1.2 mM MgCl2, 5 mM glucose, 10 mM 

HEPES, and 2 mM CaCl2 at pH 7.4). The electrodes were lowered onto individual cells, 

maneuvering the electrode downward until the cell surface was slightly perturbed by the 

electrode, and lifting back up until the surface was no longer perturbed by the electrode. 

Exocytosis was stimulated with a 3 second, 20 psi pulse (Picospritzer II; General Valve 

Corporation, Fairfield, NJ) of high potassium isotonic stimulating buffer (55 mM NaCl, 100 

mM KCl, 1.2 mM MgCl2, 5 mM glucose, 10 mM HEPES, and 2 mM CaCl2) using a 

micropipette polished to a 10 µm opening. The culture dish containing the cells was maintained 

at 37 ˚C during the experiment using a culture dish incubator (DH-35iL; Warner Instruments, 

LLC., Camden, CT). 
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2.2.9 Amperometry Data Acquisition and Analysis  

Electrodes were held at +0.8 V vs. Ag/AgCl (World Precision Instruments, Inc., 

Sarasota, FL) using a patch-clamp amplifier (Axopatch 200B; Molecular Devices, LLC., 

Sunnyvale, CA). Amperometric output was filtered at 1 kHz using an internal four-pole low-

pass Bessel filter and digitized at 2 kHz using an Axon Digidata 1440A (Molecular Devices). 

The amplifier was set to Whole Cell (ß = 1) configuration in voltage-clamp mode. Data were 

collected and stored using Axoscope software (version 10.4.1.9; Molecular Devices). 

Electrodes were not used if the baseline current in buffered solution was greater than + 20 pA.  

Peaks with intensity exceeding three times the standard deviation of the noise were identified 

as exocytotic spikes using Mini Analysis software (version 6.0.3, Synaptosoft). These spikes 

were evaluated for peak area (femtocoulombs), t1/2 (milliseconds), and imax (picoamperes). All 

peaks identified by the program were visually inspected, and artifacts or other misidentified 

peaks were excluded from the analysis. Double peaks were separated into their constituent 

peaks. Peaks manually excluded or reevaluated (double peaks) accounted for approximately 

5% of the total number of peaks identified by the program. 

 

2.2.10 Slow-Scan Cyclic Voltammetry 

Data were collected in 0.1 M NaPO4, pH 7.0, using a WaveNano potentiostat (Pine 

Instruments Company, Durham, NC). The applied waveform ran from +200 mV to -800 mV 

and back, at a sweep rate of 100 mV/s. This scan rate proved to be low enough to maintain 

steady state in all conditions. The cycle was performed twice on each electrode, with a rest 



 

34 

 

period between segments of 1 second. Data were analyzed using Aftermath software (version 

1.4.7714, Pine Instruments Company) to obtain the steady state current.  

 

2.2.11 Data Analysis and Statistics  

All data presented are shown as the mean ± standard error of the mean (SEM). Unpaired 

t tests were used to determine the significance of means between two groups. Statistical and 

graphical analyses were carried out using GraphPad Prism 5 (GraphPad Software, Inc., La 

Jolla, CA). 

 

2.3 Results  

2.3.1 Etching Carbon-Fiber Microelectrodes 

Previous research25 has demonstrated that the surface of a carbon-fiber microelectrode 

(CFME) is etched in solution when potentials ≥ +1.3 V vs. Ag/AgCl are applied, and the 

etching rate increases with application of  higher potentials. Thus, it stands to reason that a 

carbon-fiber disk electrode could be etched to form a recessed disk (cavity) geometry by 

applying a sufficient potential. In the present work, cavity electrodes were initially fabricated 

from T-650 carbon-fiber disk electrodes by applying a waveform in PBS with a holding 

potential of +2.5 V, and scanning down to +1.5 V and back up to +2.5 V at 400 V/s, repeating 

at 10 Hz (Figure 2.2a). Though some degree of success was achieved, this method was 

inconsistent in creating reproducible electrodes. When etching electrodes in solution, gases 

evolved from the electrode surface (observed through a microscope, data not shown), leading 
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to damage in the glass insulation. Furthermore, application of such high potentials in solution 

results in a high level of background noise inherent to the electrode, as shown in Figure 2.2. A 

plasma-etching technique was developed that enables reproducible fabrication of cavity 

microelectrodes. The electrochemical performance of these electrodes is consistent, and 

superior to that of carbon-fiber microdisk electrodes.  

 

 

Figure 2.2. Cavity carbon-fiber electrodes can be created using FSCV. (A) A holding potential 

of +2.5 V was applied to the electrode while it was resting in phosphate buffered saline (PBS). 

The potential was then scanned down to +1.5 V at 400 V/s and back up to +2.5 V repeated at 

10 Hz. After successful recession of the carbon-fiber, which was determined through periodical 

checks with a microscope, the applied waveform was changed to one used for dopamine 

detection. (B) The potential was held at -0.4 V, then scanned up to +1.3 V before scanning 

back to -0.4 V at 400 V/s, repeated at 10 Hz. 4 µM dopamine was then injected and the 

representative colorplot is shown. (C) The current vs. time trace extracted at peak oxidative 

current shows the limited diffusion of the analyte in the cavity. (D) The cyclic voltammogram 

is indicative of successful dopamine detection. However, a significant amount of noise is 

evident in the colorplot and the extracted current traces. Furthermore, only a few of the 

electrodes prepared in this manner were reliable enough to use.  
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Figure 2.3 A-C provides a simple step-by-step progression for reliable fabrication of 

cavity electrodes. Carbon-fiber microelectrodes are placed into the plasma etching chamber, 

such that a 1 cm gap is established between the carbon-fiber tip and a stainless steel electrode 

(Figure 1.1). A potential is applied and increased in 25 V increments at a frequency of 4 Hz, 

while monitoring the passage of current between the electrodes. Once the target current is 

reached, it is retained for a predetermined length of time (5-30 seconds, depending on 

experimental needs), resulting in formation of a plasma between the electrodes that etches the 

carbon fiber, leaving the glass insulation intact and creating a cavity (2.1C).  

 

 

 

Figure 2.3. Fabrication of cavity electrodes. (A-C) Etching scheme. Cylinder electrodes are 

fabricated (A), sealed with epoxy, and polished to a 35º angle (B). By applying a high voltage 

across a 1 cm air gap, these electrodes are etched to ablate the carbon and create a cavity (C).  

(D) Schematic comparing cavity electrode and disk electrodes placed on a single cell, with the 

cavity restricting mass transport of molecules from the surface. (E) Electrochemical oxidation 

of dopamine to dopamine-o-quinone and subsequent reduction back to dopamine. (F) 

Restricted diffusion at the electrode surface allows for detection of the same redox pair multiple 

times when using FSCV (redox cycling), amplifying the signal.  
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2.3.2 Controlling Cavity Depth 

Scanning electron micrographs are shown of a representative electrode with a 15 µm 

cavity (Figure 2.4A-D). Using a high voltage beam reveals the position of the carbon 

underneath the glass insulation, while a low voltage beam images the surface of the glass 

insulation. The depth of the cavity is dependent on both the target current and the duration of 

etching. Typically, the target current is reached at a potential of ~+6 kV. While multiple target 

currents were evaluated, 15 µA yielded the most controllable and reproducible results. Even 

though the applied potential remains constant once the target is reached, the measured current 

fluctuates within a few µA of the target (Figure 2.4E). The amount of time the potential is 

applied proportionally affects the distance the carbon fiber recessed. Integrating the measured 

current with respect to the etching time yields the total charge (mC) passed through the 

electrode.  Figure 2.4F plots this charge versus the distance etched. The linear relationship (r2 

= 0.83, n = 38 electrodes) allows for precise control of cavity depth. Interestingly, other types 

of carbon fibers have different etch rates. Pitch-based P-55 carbon-fibers etch at a slower rate 

than polyacrylonitrile (PAN) based T-650 carbon-fibers (data not shown).  
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Figure 2.4. Cavity electrodes. (A-D) Variable pressure SEM images of a representative 

electrode etched to a 15 µm cavity depth. Panels A and C are collected with a 5.0 kV beam, 

and panels B and D with a 20.0 kV beam. (E) Representative current vs. time trace collected 

as the potential is increased and then held once the target current (15 µA) is reached. (F) The 

amount of charge passed through each electrode correlates linearly with the distance etched (r2 

= 0.83, n = 38) 

 

 

2.3.3 Electrochemical Characterization  

Broadly speaking, traditional carbon-fiber electrodes have been well characterized, 

especially for the detection of dopamine.23, 45-46 Thus, the performance of the recessed carbon-
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fiber electrodes was compared to carbon-fiber disk electrodes made of the same substrate, 

using FSCV. Compared to disk electrodes, the cavity electrodes generate greater charging 

current by approximately 3-fold (Figure 2.5A). However, the disk electrodes have a slightly 

larger geometric surface area due to their elliptical shape, when compared to the presumed 

circular shape of the sensing surface in the cavity CFME (Figure 2.3). In theory, charging 

current (i) is related to surface area by capacitance (Cd) of the electrode, which is proportional 

to surface area (Equation 2.2),47 through Equation 2.148: 

 

𝑖 =  𝜈𝐶𝑑(1 − 𝑒
−

𝑡

𝑅𝑠𝐶𝑑)    (2.1) 

 

where Rs is solution resistance, and t is time.  

 

𝐶 = 𝜖
𝐴

𝑑
     (2.2) 

 

where C is capacitance, ϵ is permittivity, A is area of the plates of a capacitor, and d is 

distance between the plates. 

While geometric surface area cannot account for the substantially increased charging 

current at the cavity electrode, there may be discrete changes at the surface that contribute to 

an increased capacitance that facilitates more efficient electron transfer at the etched sensing 

surface. Sensitivities are compared using calibration plots for detection of dopamine, with 

concentrations ranging from 0.25 µM to 2 µM (Figure 2.5B).  The sensitivity inherent to the 
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cavity electrode (5.23 ± 0.22 nA/µM) is significantly higher than that inherent to the disk 

electrodes (1.86 ± 0.13 nA/µM, p < 0.05, n = 11). The ratio of the peak reductive and oxidative 

currents was also significantly greater (p < 0.01) for recessed carbon-fiber electrodes (0.65 ± 

0.03, n = 11) when compared to disk electrodes (0.39 ± 0.04, n = 3), as shown in Figure 2.5C. 

This is due to decreased mass transport at the sensing surface, as more dopamine-o-quinone 

would efficiently diffuse away at an electrode with disk geometry before being reduced back 

to dopamine. The effects of this diminished mass transport are also evident in the current vs. 

time trace extracted at the peak oxidation potential (Figure 2.5D). Current returns to baseline 

10 to 12 seconds after oxidation using the disk electrodes, but remains above the baseline for 

a longer period of time (~20 seconds) with the recessed electrodes.  
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Figure 2.5. Electrochemical characterization of cavity carbon-fiber microelectrodes. (A) The 

background charging current is larger at cavity electrodes compared to disk electrodes. (B) 

Calibration plot shows that cavity electrodes are significantly more sensitive than disk 

electrodes (ANCOVA, p < 0.05, n = 11). (C) Bar graph showing reductive/oxidative peak ratio. 

Normalized representative voltammograms overlayed in the inset (Unpaired t-test, p < 0.01, n 

= 11, 3). (D) Current vs. time trace extracted at peak oxidation potential for 1 μM DA that 

shows decreased mass transfer within the cavity.  Exponential decay time constant, Tau, is 

significantly higher for cavity electrodes compared to disk electrodes (data not shown, Cavity: 

6.24 ± 0.30 s, n=3; Disk: 3.25 ± 0.31 s, n=3; p < 0.01) 

 

 

 

Multiple methods were used to study the surface characteristics of the etched and non-

etched carbon. Field emission SEM provides a way to visually inspect the physical effects of 

plasma etching on the surface of the fiber.  To prevent the glass insulation from obscuring the 
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carbon in the image, an uninsulated carbon fiber was etched and imaged with SEM. As seen 

in Figure 2.6A and 2.6B, this method of plasma etching appears to increase the roughness of 

the fiber surface. This translates to an increase in the true surface area of the carbon in the 

cavity electrode, which could contribute to the increased sensitivity inherent to these 

electrodes.  

Raman spectroscopy was employed to gain insight into the microstructure of the carbon 

fiber (Figure 2.6C, D). Spectra were collected at electrodes prior to and after plasma etching.  

Very broad peaks were observed in the spectra, which are indicative of a highly disordered 

surface.49-51  The two peaks observed are related to the sp2 hybridized graphitic structure and 

to a breaking of symmetry along the graphitic lattice, and are referred to as the D and G peaks, 

at approximately 1560 and 1360 cm-1, respectively. More detailed discussions related to the 

origins of these peaks have been presented elsewhere.52-55  The D and G peaks were fit using 

Lorentzian line shapes.  In addition, as described by Ribeiro-Soares et al,49 two Gaussian line 

shapes were fit at 1253 and 1520 cm-1 to account for the broadening of the D and G peaks. 49 

49 49 46 45 45 49 The ID/IG ratio was calculated by adding the widths of the D related bands and 

dividing by the sum of the widths of the G related bands.  An estimate for the crystallite size 

was made using Equation 2.353: 

 

𝐿𝑎(𝑛𝑚) = (2.4 𝑥 10−10)𝜆𝑙𝑎𝑠𝑒𝑟
4  (

𝐼𝐷

𝐼𝐺
)

−1

,        (2.3) 
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The data in Figure 2.6 suggest that the average crystallite dimension of the carbon is 8 

+ 3 nm before and after etching.  In order to be consistent with the calibration experiments 

described in Figure 2.5, the fibers were cycled with the triangular waveform in PBS prior to 

imaging, both before and after etching.  The electrodes were carefully positioned so that spectra 

were collected from the etched portion of the fiber. Interestingly, despite visible changes in the 

surface structure evident in SEM images, no significant differences were observed by Raman 

imaging before and after the etching procedure (p > 0.05, two-tailed paired t-test, n=3).  This 

highlights that it is likely the cycling following the etching procedure, rather than the etching 

itself, that affects the microstructure of the carbon. We have studied this in depth in another 

work (Chapter 6 of this document) and found that cycling creates a significantly more ordered 

and oxidized surface. 
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Figure 2.6. Field Emissions SEM and Raman imaging on plasma-etched electrodes. (A) 

Plasma-etched electrode with tip exposed for imaging. The roughened tip where the etching is 

taking place visually contrasts with the smooth side of the fiber. (B) 100,000x magnification 

of the etched tip. (C) Representative spectra (black) and fitted peaks (blue) of a polished and 

electrochemically conditioned carbon fiber electrode before and after the plasma etching 

procedure. (D) The ratio of peak amplitudes (ID/IG) is unchanged by the etching process 

(p>0.05, two-tailed paired t-test, n=3). 

 

Another possible cause for the increased sensitivity of the cavity electrodes is an 

increase in surface area at the microscopic level. Peak current in cyclic voltammetry is 
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described by the Randles-Sevcik equation (Equation 2.4), whereby peak current is proportional 

to sensing area of the electrode. 

 

𝑖𝑝 = 0.4463𝑛𝐹𝐴𝐶 (
𝑛𝐹𝜈𝐷

𝑅𝑇
)

1
2⁄

       (2.4) 

 

where 𝑖𝑝 is peak current, n is number of electrons transferred, F is the Faraday constant, A 

is sensing area of the electrode, C is concentration, ν is scan rate, D is diffusion coefficient, R 

is the gas constant, and T is temperature. 

  Assuming a circular geometry, a 7 µm carbon fiber should generate a geometric surface 

area of 38.5 µm2, while an electrode created from the same fiber beveled at 35º should have an 

elliptical surface area of 67.1 µm2. Slow-scan cyclic voltammetry (100 mV/s) was utilized to 

estimate the area of the active sensing surface of cavity and standard micro-disk electrodes. 

Steady-state cyclic voltammograms were collected for 1 mM Ru(NH3)6
3+. Through the steady 

state current, the geometric area of the electrode was found using the equation for steady state 

current at a microdisk electrode48:  

 

i=4nFDCr      (2.5) 

 

where i is the measured current, n is the number of electrons transferred, F is the Faraday 

constant, D is the diffusion coefficient, C is the concentration of the analyte species, and r is 

the radius of the electrode. The diffusion coefficient for Ru(NH3)6Cl3 used in calculations is 
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5.48 x 10-6 cm2/s.56 Once the radius of the electrode was found using Equation 2.5, the surface 

area was calculated as the area of a circle.  

Surface areas for disk electrodes, as well as cavity electrodes with a recessed length of 

5, 15 and 20 µm were calculated and are shown in Figure 2.7. The experimentally determined 

surface area is likely greater than the geometric surface area due to the increased surface 

roughness. Notably, there is no significant difference in the measured surface area between a 

disk electrode and cavity electrode, despite the fact that the cavity electrode should have a 

surface area only 70% of that of a disk. Determining surface area by the steady-state 

voltammetric limiting current relies on the assumption of a particular geometry, in this case a 

microdisk. When the actual geometry of the electrode deviates from the geometry assumed by 

Equation 2.5, this technique is not valid.57 The disk electrodes examined herein are beveled at 

a 35º angle, while the cavity electrodes have a glass shroud around the sensing surface, 

preventing visualization of the true geometry. Thus, increased surface area remains a possible 

contributor to the heightened sensitivity of the cavity electrodes over disk electrodes. 

Additionally, it is well-established that plasma-etching of carbon results in a higher oxygen-

functionalization on the surface,58-62 and this is likely a contributor to the heightened sensitivity 

of these electrodes.63 This is further supported by Chapter 6 of this work, which shows that a 

more oxidized surface results in enhanced sensitivity to dopamine. 
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Figure 2.7. Voltammetric estimation of surface area. (A) Representative voltammogram for 

Ru(NH3)6
3+ collected on an etched cavity electrode. (B) Surface area estimated using limiting 

current generated in the voltammetric detection of Ru(NH3)6
3+ for unetched disk electrode 

(black) and cavity electrodes (red) recessed 5, 15, and 20 µm. No significant difference was 

found (1-way ANOVA, p > 0.05, n = 5, 2, 2, and 3, respectively).  

 

2.3.4 Monitoring Neurotransmitter Release in Live Tissue 

To assess performance in tissue, a cavity electrode (~10 µm recessed) was placed into 

an acute rat brain slice encompassing the striatum, a region rich in dopaminergic terminals. A 

bipolar stimulating electrode was placed in the vicinity of the working electrode and five 

biphasic electrical pulses (500 µA applied at 60 Hz) were used to evoke dopamine release. A 

representative colorplot is shown in Figure 2.8A, in which time is plotted on the x-axis, the 

applied potential on the y-axis, and the change in current from the background is depicted in 

false color. The time of electrical stimulation is indicated by the red arrow, and the release of 

approximately 2 µM dopamine was detected with a pre-calibrated electrode. The inset shows 

a voltammogram extracted at the vertical white line (white trace), overlayed with a normalized 

voltammogram collected in the same preparation using a cylindrical carbon-fiber electrode 
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(black trace), typically used for this type of experiment. The reductive/oxidative peak ratio is 

greated at the cavity electrode, consistent with voltammograms collected in vitro. Figure 2.8B 

shows the normalized current vs. time trace extracted at the potential of dopamine oxidation, 

indicated by the horizontal white line in panel A. Much like the in vitro results, the current 

does not return to baseline after peak oxidation current is reached, demonstrating reduced mass 

transport of the evoked dopamine molecules in the cavity, relative to the trace collected using 

an unshielded cylindrical carbon-fiber electrode (also shown in Figure 2.8B). Importantly, 

these results show that the recessed electrodes can be used for studies in live brain tissue. 

 

 

Figure 2.8. Diminished mass transport away from the electrode in live tissue. (A) A 

representative colorplot showing electrically stimulated (red arrow) dopamine release in 

striatal region of an acute brain slice, collected using a cavity electrode. Inset: Normalized 

voltammograms comparing the data extracted at vertical white line to data collected on a 

cylindrical CFME in the same preparation. (B) Normalized current vs. time traces showing the 

different response times of electrode geometries in this preparation. The response time is 

reflected in the rising portion of the current vs. time trace, showing slowed mass transport to 

the cavity electrode compared to a cylinder electrode, as well as reduced mass transport away 

from the electrode surface. 
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2.3.5 Monitoring Individual Exocytotic Events at Single Cells 

Finally, cavity electrodes were utilized for amperometry experiments at single bovine 

chromaffin cells in culture, detecting individual exocytotic release events. These cells contain 

dense core vesicles that contain catecholamines, and as such they are a widely used model for 

studying neurotransmission. Exocytosis was stimulated by pressure-ejecting 100 mM K+ 

solution onto the cell, and individual vesicular exocytotic events were monitored by holding 

the electrode at +0.8 V. Representative traces collected at both the conventional disk electrode 

and the cavity electrode are shown in Figure 2.9, panels A and C. Spikes on the traces 

correspond to individual exocytotic release events, as the contents released from each vesicle 

are oxidized at the electrode surface.  

The specific geometry of the cavity electrode could be exerting an effect on the 

physiology of the cell itself, as the cavity could theoretically trap protons and alter the pH. 

Alternatively, the glass insulation could exert substantial pressure on the cell itself. To combat 

this, particular care was taken to ensure that the electrode (both cavity and disk) was lowered 

just to the point of deforming the cell membrane, and then raised back up slightly such that it 

was not touching the membrane. Additionally, traces were also collected with both the cavity 

and the disk electrodes raised 5 μm above the cell membrane, to completely eliminate the 

possibility of a physiological change in the membrane surface due to the immediate proximity 

of the electrode (panels B and D).  On the left side of each panel, a representative trace is 

shown for each experimental condition. The shape of amperometric spikes has been analyzed 

in depth by researchers such as Christian Amatore,64 with the hypothesis that the rising phase 

of the spike is largely related to opening and dilation of the fusion pore, while the falling phase 
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is mainly governed by diffusion of vesicular contents out from the tightly bound core of the 

vesicles. Thus, the shape of the rising and falling phases of the spikes can convey valuable 

information related to the biophysical properties of exocytotic release. We compared spike 

shapes for each condition, to test if the electrode geometry was altering biophysical properties 

of the membrane and the vesicular release mechanism. The middle of each panel shows 

averaged spikes for each file from which the representative traces were extracted (dotted black 

line), overlaid with four individual spikes selected from each trace (indicated by asterisks 

above the spikes). To directly compare the spike shape, each spike including the averaged spike 

was normalized to its maximum amplitude, as well as its half-width (width at half of maximum 

amplitude). These are shown on the right side of each panel, and overlay well with one another. 

Averaged spikes from each condition are compared in panel E, with raw spikes shown on the 

left and normalized spikes on the right. The overall shape of the amperometric spikes remains 

consistent regardless of electrode geometry or vicinity to the cell, indicating similar 

physiological conditions. These data are consistent with a prior report by Schroeder and 

Wightman, who modeled the diffusion of molecules to the electrode as it was lifted from the 

cell, and also observed that the spike shape remained consistent regardless of electrode height 

above the cell.65  
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Figure 2.9. Amperometric recordings of individual exocytotic events at single bovine 

chromaffin cells. Exocytosis is stimulated by pressure ejection of 100 mM K+, and recorded 

at disk (A, B) electrodes and cavity (C, D) electrodes, with the electrodes located immediately 

above the cell (A, C) as well as 5 µm above the cell (B, D). Representative traces are shown 

on the left side of each panel. In the middle is an overlay of four selected spikes from each 

trace (asterisks), as well as the average of all spikes for each experiment. Right: each of the 

spikes is normalized by dividing the y-axis by its maximum amplitude, and the x-axis by its 

half-width (peak width at half maximum height). (E) Averaged spikes for each experimental 

condition overlaid (left) and normalized then overlaid (right). 
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After establishing that both the cavity and the disk electrodes are detecting exocytotic 

release under similar physiological conditions, the exocytotic events were investigated in 

further detail. The number of molecules detected can be calculated using Faraday’s law, Q = 

nNF, where Q is the charge measured under the peak, n is number of electrons transferred per 

oxidation event, N is number of molecules, and F is Faraday’s constant. Average spike area, 

spike amplitude, and half-width were calculated for the events recorded at disk and cavity 

electrodes, and the data are plotted as histograms.  

When compared to the disk electrodes, cavity electrodes recorded exocytosis events 

with a larger area (Figure 2.10A) and higher amplitude (2.10B), and wider half-width (2.10C). 

Raising the cavity electrode 5 µm above the cell resulted in a 28.3 ± 8.3% decrease in peak 

area, a 43.6 ± 8.2% decrease in amplitude, and no change in half-width. Raising the disk 

electrode 5 µm resulted in a 35.2 ± 6.5% decrease in area, a 15.8 ± 7.4% decrease in amplitude, 

and no significant change in half-width. Our results are in accord with those modeled by 

Schroeder and Wightman65 for disk electrodes, as they showed the lifting the electrode 5  µm  

should result in detection of 36% fewer molecules.  
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Figure 2.10. Quantitative analysis of individual spikes measured at single cells. (A) Spikes 

measured at cavity electrodes have 111 ± 15% larger average area (604 ± 41 fC) compared to 

spikes measured at disk electrodes (287 ± 15 fC). When lifted 5 µm above the cell, there was 

a 28.3 ± 8.3% decrease in spike area for cavity electrodes (433 ± 29 fC), and a 35.2 ± 6.5% 

decrease for a disk electrode (186 ± 11 fC). Log transforms of spike area are shown on the 

right, fit with Gaussian regressions. (B)  Peak amplitude (pA) for spikes collected in each 

experimental condition. Cavity electrodes detect spikes with 133 ± 18% larger amplitude (24.2 

± 1.8 pA) than those measured at disk electrodes (10.43 ± 0.64 pA). When raised 5 µm, cavity 

electrodes recorded a 43.6 ± 8.2% decrease in amplitude (13.67 ± 0.85 pA), while raising the 

disk electrodes resulted in a 15.8 ± 7.4% decrease (8.78 ± 0.43 pA). Log transforms of spike 

amplitude are shown on the right, fit with Gaussian regressions. (C) Cavity electrodes detected 

spikes with a 28.4± 7.6% wider half-width (22.35 ± 0.90 msec) than disk electrodes (17.40 ± 

0.96 msec). Raising the cavity electrode resulted in no change in half-width (24.09 ± 1.35 

msec), as neither did raising the disk electrode (17.77 ± 0.92 msec). Log transforms of spike 

half-width are shown on the right, fit with Gaussian regressions. *p < 0.05; ** p < 0.01; ***p 

< 0.005; ****p < 0.001 
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Given the surprising nature of our findings, we sought to propose a reason why disk 

electrodes were not detecting as many molecules per event as cavity electrodes. Presumably, 

based on the traditional understanding of these types of experiments, all of the molecules that 

are released and encounter the electrode should be detected. We hypothesized two reasons why 

this may not be the case, and why the cavity electrodes seemingly detect more of the molecules 

being released than the disk electrodes. One likely reason for this result is that some molecules 

released by the cell simply diffuse out from under the disk electrode and go undetected, while 

the cavity electrode confines them and detects the vesicular contents more completely. Another 

possible reason is that the norepinephrine transporter (NET) may be binding and transporting 

some of the molecules immediately after release, prior to detection. The function of the NET, 

expressed on the chromaffin cell membrane,66 is to recycle neurotransmitter content released 

into the extracellular space by transporting it across the membrane back into the cell. As uptake 

is an incredibly fast process, it is possible that some neurotransmitters are subject to this 

process, or at least bind to NET on the membrane, prior to detection at the electrode surface. 

This would serve to decrease the measured quantal size. To test this hypothesis, cells were 

bathed in a cell buffer containing nomifensine, a potent NET blocker for 90 minutes prior to 

stimulation. A separate group of cells was incubated with cell buffer sans nomifensine for 90 

minutes. Exocytosis was stimulated with 100 mM K+ as with the previous experiments, and 

recorded at both cavity and disk electrodes. The analysis of spikes recorded in all four 

experiments is shown in Figure 2.11. Interestingly, in the presence of nomifensine, disk 

electrodes recorded amperometric spikes with a larger area compared to the control, while 

cavity electrodes did not record statistically larger events. Analysis of spike amplitude 
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followed the same trend, with disk electrodes measuring larger amplitudes upon application of 

nomifensine, where cavity electrodes measured no change in amplitude. Both cavity and disk 

electrodes recorded wider half-widths upon application of nomifensine. As half-width is 

dictated both by rise-time and decay time, these two parameters were also analyzed, with rise-

time defined as the time taken for the spike to rise from 10% to 90% of maximum amplitude, 

and decay time defined as time taken to decay from 90% to 10% of maximum amplitude. 

Spikes measured at cavity electrodes had no change in rise time, and an increase in decay time 

with nomifensine compared to control. Spikes measured at disk electrodes had longer rise 

times and decay times with application of nomifensine. 
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Figure 2.11. The norepinephrine transporter plays a fundamental role in the amperometric 

detection of vesicular fusion events at microelectrodes. (A) Addition of nomifensine to the cell 

bath did not change spike area recorded with cavity electrodes (649 ± 59 fC) compared to non-

nomifensine control (548 ± 30 fC). By contrast, nomifensine increased spike area at disk 

electrodes (Non-nomifensine: 307 ± 18 fC; Nomifensine: 604 ± 36 fC) (B) Nomifensine did 

not affect spike amplitude for spikes measured at cavity electrodes (Non-nomifensine: 10.56 

± 0.46 pA; Nomifensine: 11.12 ± 0.74 pA), but did increase the amplitude of spikes measured 

at disk electrodes (Non-nomifensine: 8.74 ± 0.44 pA; Nomifensine: 12.45 ± 0.63 pA). (C) 

Nomifensine increased spike half-width at both cavity (Non-nomifensine: 38.0 ± 1.7 msec; 

Nomifensine: 54.1 ± 4.9 msec) and disk (Non-nomifensine: 37.3 ± 1.6 msec; Nomifensine: 

47.3 ± 1.8) electrodes. (D) Nomifensine did not affect rise time (10% maximum amplitude to 

90% maximum amplitude) for events recorded at cavity electrodes (Non-nomifensine: 17.00 

± 0.58 msec; Nomifensine: 17.52 ± 0.98 msec), but did increase rise time for events recorded 

at disk electrodes (Non-nomifensine: 13.91 ± 0.80 msec; Nomifensine: 18.32 ± 0.66 msec). 

(E) Nomifensine increased decay times (90% maximum amplitude to 10% maximum 

amplitude) for events recorded at both cavity (Non-nomifensine: 27.5 ± 1.4 msec; 

Nomifensine: 37.8 ± 1.7 msec) and disk (Non-nomifensine: 44.6 ± 1.0 msec; Nomifensine: 

54.8 ± 1.7) electrodes. *p < 0.05; ** p < 0.01; ***p < 0.005; ****p < 0.001 
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2.4. Discussion  

One of the likely reasons that cavity electrodes are more sensitive to dopamine than 

disk electrodes, when using FSCV, is that they confine the analytes near the electrode surface, 

resulting in redox cycling. Thus, the same molecule is cycled between dopamine and 

dopamine-o-quinone, and detected multiple times, thus amplifying the signal. When using 

amperometry, redox cycling does not occur as the potential is held at a constant oxidizing 

potential. According to Faraday’s law, the larger average spike area for the cavity electrodes 

must be the result of detecting more molecules per individual event. We propose that when 

monitoring with a disk electrode, some of the molecules released in each event (particularly 

larger events) can go undetected for one of two reasons: diffusional losses or enhanced 

reuptake. The cavity electrode has at least two properties which allow it to detect the contents 

of each fusion event more completely than the disk electrode. One characteristic is the actual 

geometry of a cavity electrode, which affects both the concentration of released 

neurotransmitters in the vicinity of the electrode surface, as well as mass transport. This is 

illustrated in Figure 2.12. The concentration measured at a disk electrode for a single fusion 

event has been reported to be 40 µM,67 which creates a large concentration gradient between 

the artificial synapse (~ 200 nm68) and the bath solution. The cavity has a much larger volume 

into which vesicular content can be released. A cavity electrode recessed 6 μm has a volume 

of 0.231 pL, which adds to the volume in the artificial synapse to give a total volume of 0.244 

pL into which the contents of a vesicle can be released. The 40 μM concentration measured in 

the space between the cell and a disk electrode would effectively become 4.4 μM for the same 

number of molecules released into the space between the cavity sensing surface and the cell 
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membrane. This results in a substantially smaller concentration gradient, which relates to 

decreased diffusional flux out from under the electrode. Also, the glass insulation serves as a 

shroud to slow diffusional losses, which should result in more complete oxidation of the 

molecules being released from the cell. 

 

 

Figure 2.12. Schematic showing amperometric detection of exocytotic events at both 

a disk (left) and a cavity (right) electrode. There is less volume between a disk electrode and 

the cell, thus a single exocytotic event can result in concentrations as high as 40 μM. The 

cavity, on the other hand, has a larger volume for the same number of molecules to be released 

into, resulting in a 4.4 μM concentration for the same number of molecules. This results in a 

smaller diffusion gradient. 

 

 

The other consideration to keep in mind is the potential role that microscopic surface 

area may play in governing the electrochemical detection of neurotransmitters. As 

demonstrated by the voltammetric characterization, cavity electrodes are more sensitive to 

dopamine, which suggests an increased surface area. This results in more efficient oxidation 
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of molecules when the concentrations are sufficiently high to saturate the surface. To test the 

adsorption properties of the cavity and disk electrodes, a calibration curve was generated with 

high concentrations of dopamine outside the linear range (Figure 2.13). The concentration at a 

disk microelectrode surface during a fusion event can reach 40 µM,67 which is well outside the 

linear calibration range ranging from 0.25 µM to 5 µM, suggesting partial surface saturation. 

This linear range is consistent with the literature,69 and with the data shown in Figure 3.3.  

When the surface saturates with molecules, some of the vesicular contents may deflect off of 

the electrode without being oxidized and detected. Molecules are likely to diffuse out from 

under the electrode, given the large concentration gradient between the artificial synapse 

created by the disk electrode (40 µM), and the bath solution. The cavity electrode benefits are 

twofold here: the proposed increase in microscopic surface area shifts the saturation point to a 

higher concentration, resulting in more efficient oxidation. Furthermore, the volume added by 

the cavity effectively lowers the concentration to ~4.5 µM for the same number of molecules 

released, which heightens the improved ability for the cavity electrode to efficiently oxidize 

more of the molecules being released.  
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Figure 2.13. Calibration curve for dopamine at a cavity and disk ultramicroelectrode. The 

electrodes were calibrated to concentrations of dopamine ranging from 0.25 µM to 80 µM. (A) 

Calibration curves depart from linearity at ~5 µM, indicative of partial surface saturation. (B) 

Representative current vs. time traces and voltammograms (inset) for the higher concentrations 

measured at the cavity electrode. 

 

 

Together, these two proposed advantages to the cavity electrodes result in more 

efficient oxidation of the molecules being released, as well as confined mass transport and a 

decreased concentration gradient to effectively lengthen the amount of time that molecules are 

in the vicinity of the electrode for detection. 

 

2.5 Conclusions 

Recessed carbon-fiber microelectrodes were successfully and reproducibly fabricated 

by a plasma-etching procedure developed in-house. This approach allows standard carbon fiber 

microelectrodes to be made into cavity electrodes that are reliable and adaptable for use with 

FSCV and amperometry in various live-tissue preparations. The cavity electrodes are more 
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sensitive to dopamine when used with FSCV, and perform well in the brain slice preparation. 

Additionally, when used with amperometry at single cells, cavity electrodes detect more 

molecules per release event than traditional disk electrodes. Raman spectroscopy reveals that 

the character of the microcrystalline carbon domains at the electrode surface are altered by 

electrochemical conditioning, but not significantly altered by the plasma-etching process. 

Scanning electron microscopy demonstrates a roughened surface at the plasma-etched 

electrodes, which likely increases the sensing surface area. Voltammetric data acquisition gains 

the added benefit of redox cycling resulting in signal amplification, evident by the increased 

reductive/oxidative peak ratio for the cavity electrodes over disk electrodes. These electrodes 

have the potential to reveal new and important insights into cellular exocytosis, since they may 

detect individual exocytosis events more completely than conventional disk electrodes. In 

addition, these electrodes offer a more accurate estimation of the quantal size. An accurate 

estimation of quantal size is of the utmost importance with current research looking into fusion 

pore dynamics, and whether or not exocytosis results in full release of a vesicle’s contents. 

These cavity electrodes combine the strengths of cylinder electrodes and disk electrodes for 

use with FSCV in the brain, offering higher sensitivity than disk electrodes, with better spatial 

resolution than cylinder electrodes. The improved spatial resolution can prove beneficial for 

study of neurochemical release in discrete brain regions, where the 100 µm cylinder electrodes 

can span large terminal fields. These findings present a major step forward in creating more 

sensitive electrodes with a straight-forward plasma-etching strategy, outperforming traditional 

carbon-fiber microelectrodes in both amperometry and FSCV experiments. 
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CHAPTER 3 

 

Mu-Opioid Receptor Activation Induces Catecholamine Secretion in the Rat Adrenal 

Gland 

This work was completed in collaboration with: Dunaway, L.E., Meitzen, J.E., and Sombers, 

L.A., and is in preparation for submission to the Journal of Neuroscience. Supplemental 

information is found in Appendix F.  

 

3.1 Introduction 

The adrenal glands are responsible for secretion of catecholamines into the blood 

stream in response to threats, as part of the fight-or-flight response.1 The splanchnic nerve 

innervates the adrenal gland, and modulates the exocytotic release of catecholamines, namely 

norepinephrine, epinephrine, and dopamine, by way of acetylcholine that can act on ionotropic 

nicotinic and metabotropic muscarinic acetylcholine receptors.2-3 Once released, the 

catecholamines play a key role in regulating the physiological response to stress, including but 

not limited to cardiac, pulmonary, and metabolic function.4 Due to the exocytotic nature of 

neurotransmitter release from these cells, as well as similarities to neurons in terms of key 

molecular machinery, this system has been widely studied to reveal insights into fundamental 

aspects of catecholamine release.5-9 Much of the information learned by using chromaffin cells 

as a model system for exocytotic function extends beyond the adrenal gland, and applies to 

exocytotic events that occur throughout the nervous system in general.  
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Endogenous catecholamines released in the adrenal gland induce systemic sympathetic 

activation.10-12 While the mechanisms that underlie the secretion of catecholamines by 

chromaffin cells have been widely interrogated, the vesicular cargo also includes a variety of 

peptidergic signaling molecules.3, 13-14 Neuropeptides are a major class of signaling molecules 

that are involved in many nervous system functions, such as reward processing,15-19 

nociception,20 various neuropathologies,21-24 and the biochemical response to multiple drugs 

of abuse.25-30 Subsequently, these molecules influence a wide variety of complex physiological 

functions ranging from basic endocrine function to motivation.25, 30-33 Of the known 

neuropeptides, the enkephalins are one of the most abundant in the adrenal gland.4 The two 

principle enkephalins, met-enkephalin (M-ENK) and leu-enkephalin, are both derived from 

the precursor hormone proenkephalin. They are the smallest of the endogenous opioid 

peptides, having only five amino acids, and were originally identified in 1975 as potent opioid 

agonists in the brain.34 The enkephalins were discovered in the adrenal medulla with 

immunoassay in 1978.35-36 The mu- and delta- opioid receptors (MOR and DOR, respectively) 

are G-protein coupled receptors, generally thought to be inhibitory in nature.37 However, it is 

becoming increasingly clear that MOR function is complex and not fully understood.38 For 

instance, in a study in 2014,39 Margolis et. al. examined the functional roles of post-synaptic 

MORs on dopamine neurons in the ventral tegmental area (VTA) of the rat brain. The 

conventional understanding of the roles of MORs in this region was posited by Johnson and 

North in 1992,40 whereby MORs are present on GABAergic interneurons which project onto 

and inhibit the dopamine neurons. Inhibition of the GABA neurons by agonism of MOR results 

in a disinhibition of the dopamine neurons, thus having an indirect excitatory action. However, 
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Margolis found that even when subject to GABAA blockade, the MOR agonist DAMGO had 

a direct excitatory effect on 22 of 110 dopamine neurons tested, while inhibiting 45 of the 110 

dopamine neurons tested. In another study, Legorova et. al.41 found a direct excitatory 

mechanism for DAMGO in Purkinje neurons. Thus, it is becoming increasingly clear that 

MORs are not limited to the canonical inhibitory action, but may play other roles as well. In 

the adrenal gland, M-ENK and other peptides are secreted not only by the chromaffin cells, 

but also by the splanchnic nerve, which further complicates efforts to determine functional 

roles of opioid peptides and receptors in the adrenal glands.14, 42-45  Thus, the precise role that 

these peptides play in normal endocrine function is not yet clear.  

In this work, we sought to examine the modulatory role of M-ENK on dynamic 

catecholamine release in the adrenal medulla using fast-scan cyclic voltammetry (FSCV), an 

established electrochemical technique that is often used to monitor rapidly fluctuating 

catecholamine levels in living brain and adrenal tissue.46-56 This approach can simultaneously 

measure rapid fluctuations of multiple chemical species, and also provides excellent spatial 

resolution when coupled with carbon-fiber microelectrodes. FSCV was used to measure 

catecholamine release from chromaffin cells in an adrenal slice preparation in response to M-

ENK, as well as the selective MOR and DOR agonists, DAMGO and DPDPE. Additionally 

electrophysiological whole-cell recordings were used to observe changes in chromaffin cell 

membrane potential.  Taken together, the data demonstrate that activation of MORs elicits 

catecholamine secretion in the adrenal medulla by a mechanism that is dependent on activation 

of muscarinic acetylcholine receptors.  

  



73 

 

3.2 Experimental Section 

3.2.1 Chemicals  

M-ENK was obtained as an acetate salt from LKT Laboratories (St. Paul, MN). All 

other chemicals were purchased from Sigma-Aldrich (St. Louis, MO) and used as received, 

unless otherwise specified. All aqueous solutions were made from doubly deionized water >18 

MΩ∙cm (Millipore, Billerica, MA). 

 

3.2.2 Electrode Fabrication  

All electrochemical experiments were carried out with T-650 carbon-fiber 

microelectrodes (Cytec Industries, West Patterson, NJ), fabricated as described previously.57 

Briefly, a single 7 μm diameter fiber was aspirated into a borosilicate glass capillary (1.0 mm 

x 0.5 mm, A-M Systems, Carlsburg, WA). Using a micropipette puller (Narishige, Tokyo, 

Japan) the glass was tapered to form sealed microelectrodes which were then cut to 100 μm 

under a microscope. To establish an electrical connection with the carbon fiber, the glass 

capillary was backfilled with ionic solution (4 M potassium acetate, 150 mM KCl) and a 

stainless steel lead wire was inserted. All measurements were recorded against a Ag/AgCl 

reference electrode (World Precision Instruments, Inc., Sarasota, FL). 

 

3.2.3 Animal Care and Use  

Adult male Sprague-Dawley rats (Charles River Laboratories, Raleigh, NC) weighing 

275-300 g were housed on a 12:12 h light cycle with food and water available ad libitum. 

Animal care and all experimental procedures were in accordance with the North Carolina State 
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University’s institutional animal care and use committee and the Guide for the Care and Use 

of Laboratory Animals (National Research Council, 2011).  

 

3.2.4 Adrenal Slice Preparation   

Animals were deeply anesthetized with urethane (1.5 g/kg, i.p.) and quickly 

decapitated. The adrenal glands were rapidly removed, trimmed of fat tissue, and embedded in 

agarose gel containing 3% agarose in BBS. Gel blocks were placed in cold BBS while 400 

μm-thick slices were obtained with a vibratome (World Precision Instruments, Sarasota, FL). 

The slices were allowed to rest in BBS buffer for at least 1 hr. before the start of an experiment. 

Slices were subsequently placed in a recording chamber (Warner Instruments, Hamden, CT) 

and superfused with BBS buffer maintained at 29 °C for at least another 1 hr. Carbon-fiber 

microelectrodes were placed about 100 μm below the surface of the slice, and a micropipette 

was positioned approximately 1 mm from the recording electrode for the stimulation 

experiments. Working electrode and stimulating pipette placements were made with the aid of 

a microscope (Nikon Instruments, Inc., Melville, NY). The micropipette was backfilled with 

the drug of interest, and chemical stimulation made with short pressure bursts using a 

Picospritzer II (Parker Hannifin, Hollis, NH). 

 

3.2.5 Brain Slice Preparation  

Animals were deeply anesthetized with urethane (1.5 g/kg, i.p.) and quickly 

decapitated. The brain was rapidly removed, mounted, and placed in cold aCSF. Coronal slices 

with a thickness of 400 μm containing the striatum were obtained with a vibratome (World 
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Precision Instruments, Sarasota, FL). The slices were allowed to rest in the buffer for at least 

1 hr. before the start of an experiment. Brain slices were subsequently placed in a recording 

chamber (Warner Instruments, Hamden, CT) and superfused with aCSF buffer maintained at 

34 °C for at least another 1 hr. The working electrode and bipolar stimulating electrode 

placements were made in the nucleus accumbens with the aid of a microscope (Nikon 

Instruments, Inc., Melville, NY), and the microelectrodes were positioned about 100 μm below 

the surface of the slice. Electrical stimulation of nerve terminals consisted of five 500 μA 

pulses at 60 Hz using a pulse width of 4 msec. 

 

3.2.6 Electrochemical Data Acquisition  

A sawhorse waveform (Figure 3.1B) was applied at 10 Hz. The potential was held at -

0.4 V, then ramped to +1.3 V at 400 V/s. The potential was then held at +1.3 V for 2 msec 

before scanning back to the holding potential of -0.4 V at 400 V/s. A traditional triangular 

waveform was also used for comparison. The potential ranged from -0.4 V to +1.3 V and back 

at 400 V/s (Figure 3.1A). These electrochemical waveforms were output using a custom 

instrument for potential application and current transduction (University of North Carolina at 

Chapel Hill, Department of Chemistry, Electronics Facility). High Definition Cyclic 

Voltammetry software (HDCV, University of North Carolina at Chapel Hill, Department of 

Chemistry) was used to control waveform output. A 6363 PCIe bus card (National Instruments 

Corp., Austin, TX) was used for data collection and synchronization of the electrochemical 

experiment with the flow injection system used for in vitro characterization of electrode 

performance. Signal processing (background subtraction, signal averaging, and digital filtering 
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(2-pole Sallen-Key Filter, 2 KHz)) was software-controlled. Electrical stimulations were 

carried out with a DS-4 Biphasic Stimulus Isolator (Digitimer Ltd., Welwyn Garden City, 

England), controlled by software written in-house through aforementioned PCI bus card. 

In vitro characterization of electrode performance was carried out in phosphate buffered 

saline (0.1 M PBS) or Tris buffer (15 mM Tris, 3.25 mM KCl, 1.20 mM CaCl2, 1.2 mM MgCl2, 

2 mM Na2SO4, 1.25 mM NaH2PO4, 145 mM NaCl), at physiological pH 7.4. Data were 

collected in a custom-built flow injection apparatus housed within a Faraday cage. A syringe 

pump (New Era Pump Systems, Inc., Wantagh, NY) supplied a continuous buffer flow of 1.0 

mL/min across both the working and reference electrodes. The working electrode was lowered 

into the electrochemical cell via a micromanipulator (World Precision Instruments, Inc., 

Sarasota, FL). Two-second bolus injections of analyte were accomplished using a six-port 

HPLC valve and air actuator controlled by a digital valve interface (Valco Instruments Co., 

Inc., Houston, TX).  

Ex vivo adrenal slice voltammetry experiments used bicarbonate buffered saline (BBS) 

saturated with 95% O2 and 5% CO2, at pH 7.2.  BBS consisted of 125 mM NaCl, 26 mM 

NaHCO3, 2.5 mM KCl, 2.0 mM CaCl2, 1.0 mM MgCl2, 1.3 mM NaH2PO4, 10 mM HEPES, 

and 10 mM glucose. Brain slice voltammetry experiments were carried out in artificial cerebral 

spinal fluid (aCSF) saturated with 95% O2 and 5% CO2, at physiological pH 7.4.  aCSF 

consisted of 124 mM NaCl, 26 mM NaHCO3, 3.7 mM KCl, 2.4 mM CaCl2, 1.3 mM MgCl2, 

1.3 mM NaH2PO4, and 10 mM glucose.  
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3.2.7 Electrophysiology Experiments  

An Axon MultiClamp 700B amplifier (Molecular Devices, LLC., Sunnyvale, CA) was 

coupled to an Axon DigiData 1440A digitizer. Data were collected using Axon pCLAMP 10 

software.  Signals were filtered at 2 kHz and digitized at 10 kHz. Membrane potential was 

recorded in current-clamp mode. Tissue was visualized using a Zeiss Axioscope, equipped 

with IR-DIC optics for contrast, a DAGE IR-1000 camera, and 10x and 40x objective lenses 

with 1.5x optical zoom. Adrenal slices were placed in the recording chamber of the microscope 

and perfused with ringer flowing buffer saturated with 95% O2 and 5% CO2, at pH 7.2, heated 

to 29°C. Ringer consisted of 150 mM NaCl, 10 mM HEPES, 10 mM Glucose, 2.8 mM CaCl2, 

2.8 mM KCl, and 2 mM MgCl2, with osmolarity set to 320 mOsm with sucrose. Whole-cell 

patch-clamp recordings were made from cells in the medulla showing three-dimensional 

contour, without a well-defined nuclear envelope indicative of cell death. Recordings were 

made using glass electrodes (2-4 MΩ) pulled on a Sutter Instrument (Novato, CA) P-97 

Micropipette Puller. Electrodes were backfilled with internal pipette solution consisting of 145 

mM gluconate, 10 mM HEPES, 8 mM NaCl, 2 mM MgATP, 1 mM MgCl2, 0.1 mM EGTA, 

0.3 mM NaGTP, and 10 mM phosphocreatine, osmolarity set to 310 mOsm with sucrose. Air 

bubbles were removed from the pipette tips either with gentle perturbation, or positive 

pressure. Cells were patched by applying positive pressure to the pipette and lowering it onto 

the cell. Negative pressure was then applied until a gigaohm seal was formed, at which point 

short negative-pressure bursts were applied to break into the membrane. After gaining access 

to a cell, the membrane potential was allowed to stabilize 3-4 min. Quiescent cells were kept 

at resting potential with no holding current, while cells firing spontaneous action potentials 
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were suppressed using negative current (15-30 pA). Three hyperpolarizing current injections 

were applied in order to calculate input resistance, both before and after each experimental 

manipulation. When assessing cell response to particular drugs, membrane potential was 

allowed to rest for 5 minutes before the drug was applied. Drugs were applied via bath 

application for 8-10 min. before washout. Membrane potential was averaged in 30 sec. 

increments to assess the response to the drug of interest. 

 

3.2.8 Statistics and Data Analysis  

HDCV was used for multivariate calibration using principal component regression 

(PCR), a combination of principal component analysis and inverse least squares regression. 

Training sets collected in vitro were used to determine chemical contributors to data collected 

in the biological preparations. All data are shown as the mean ± standard error of the mean. 

Student’s t-tests were used to compare means. For data sets containing more than two 

observations, a one-way ANOVA was used, with Tukey’s post-hoc test for multiple 

comparisons. Repeated measures ANOVA was used for paired observations. When comparing 

calibration curves, non-linear fits with one-phase decay were generated, and K-values 

compared using a t-test. Significance was designated at p < 0.05. Statistical and graphical 

analyses were carried out using GraphPad Prism 5 (GraphPad Software, Inc., La Jolla, CA).   
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3.3 Results 

The adrenal glands regulate physiological responses to stressors, in part by secretion of 

the catecholamines norepinephrine, epinephrine and dopamine. A variety of peptides, 

including opioid peptides, are thought to be stored in dense core vesicles in adrenal cells.4, 14, 

58 The opioid system is strikingly complex, and the precise interaction between opioid peptides 

and catecholamines is not well understood. The adrenal medulla contains both mu- and delta- 

opioid receptors.10-12 Previous studies have examined the effects of MOR agonists and 

antagonists on the levels of catecholamine secreted by chromaffin cells in response to 

splanchnic nerve or nicotinic stimulation. The results have shown that both agonists12, 59 and 

antagonists60-61 can attenuate catecholamine secretion. However, it is important to note that 

these studies all measured catecholamine levels ex vivo, using an offline detection technique 

following sampling from the adrenal vein or from the cultured cell bath. Sampling techniques 

coupled to analytical measurements62-70 and radioimmunoassay28, 71-75 have proven invaluable 

to the study of neuropeptide function; however, utility is limited by poor temporal resolution 

on the order of tens of minutes. These measurements are sensitive to long-term dynamics in 

neurotransmitter content, however they lack the ability to monitor sub-second catecholamine 

release. In this work, we sought to understand the role of met-enkephalin (M-ENK), an 

endogenous opioid peptide found in the adrenal medulla that acts at both delta and mu opioid 

receptors,76 in regulating catecholamine secretion in the adrenal chromaffin cells on the sub-

second time scale. In order to do this, background-subtracted fast scan cyclic voltammetry 

(FSCV) was coupled to carbon-fiber ultramicroelectrodes to measure catecholamine 
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fluctuations in live tissue, in real time. FSCV has been used extensively for the detection of 

dopamine in the rodent brain, and is well-characterized for this purpose.77-78 

 

3.3.1 Modulatory Role of M-ENK in Response to Nicotine Stimulation 

To explore the modulatory role of M-ENK in an adrenal slice preparation, FSCV with 

was used to monitor nicotine-evoked catecholamine release in real time.  Catecholamine 

release was evoked by pressure ejecting 1 µM nicotine onto the slice at 5 min. intervals for 15 

min., and was recorded using a standard triangular waveform ranging from –0.4 V to +1.3 V, 

applied at a scan rate of 400 V/sec and a frequency of 10 Hz.  Addition of 1 µM M-ENK to 

the running buffer resulted in a 68% increase (Figure 3.1A, pre M-ENK: 1.00 ±0.12; + M-

ENK: 1.68 ± 0.26) in the catecholamine levels evoked by nicotine (black vs red). This effect 

was reversed upon washout of M-ENK (Washout: 0.90 ± 0.04), restoring catecholamine 

secretion to pre-M-ENK levels (Figure 3.1A, black vs. light gray) (F(2,24) = 4.78, p < 0.05). 

Importantly, electrodes were calibrated in both the presence and absence of 250 nM M-ENK.  

Electrode sensitivity to catecholamine was significantly decreased in the presence of  M-ENK  

(t(16) = 13.30, p < 0.0001, data not shown), consistent with a previous report.79 The modulatory 

role of M-ENK was also investigated in the region of the nucleus accumbens in an acute brain 

slice. Dopamine release was electrically evoked at 5-min. intervals for 25 min. (Figure 3.1B, 

pre-M-ENK in black). Addition of 250 nM M-ENK to the aCSF running buffer resulted in a 

16% increase (Pre M-ENK: 1.00 ± 0.01; + M-ENK: 1.16 ± 0.03) in dopamine release (Figure 

3.1B, red).  M-ENK is an agonist of both MOR and DOR, and both receptor subtypes are 

present in the rat ventral striatum.80  The increase was reversed (M-ENK + NX: 1.01 ± 0.01) 
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when 2.5 µM naltrexone (non-specific opioid receptor antagonist) was added to the running 

buffer (Figure 3.1B, F(2,14) = 5.23, p < 0.05). Addition of naltrexone to the buffer did not alter 

sensitivity to dopamine (t(16) = 0.96, p > 0.05, data not shown) 

 

 

Figure 3.1. M-ENK increases catecholamine secretion in adrenal and brain tissue slices. A) 

Catecholamine release evoked by 1 µM nicotine in adrenal slice preparation. Addition of 1 µM 

M-ENK to the running buffer increases the extracellular catecholamine concentrations 

detected, and this effect was reversed upon washout (ANOVA with Tukey’s post hoc, p = 

0.019, n = 4).  B) Electrically evoked dopamine release recorded in ventral striatum. Addition 

of 250 nM M-ENK to the running buffer significantly increased the concentration of dopamine 

released. This effect was reversed by addition of 2.5 µM naltrexone (ANOVA with Tukey’s 

post-hoc, p = 0.023, n =5).   
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3.3.2 A Sawhorse Waveform Facilitates Detection of Catecholamine Secretion in the Presence 

of M-ENK 

As described above, a carbon-fiber microelectrode is easily fouled when scanning to 

positive potentials in the presence of M-ENK, likely due to oxidation and subsequent 

polymerization of the tyrosine residue.81 Fouling can often be mitigated by briefly holding the 

potential of the electrode above ~1.0V in order to strip and oxidize the carbon surface.79, 82-83 

Thus, a sawhorse waveform was implemented for the remainder of the electrochemical 

experiments described herein. This waveform was similar to the triangular waveform 

commonly employed to detect dopamine – the potential was scanned to +1.3 V at 400 V/sec.; 

however, the potential was held at +1.3 V for 2 msec before scanning back to the -0.4 V holding 

potential.  Chemical dynamics recorded in an adrenal slice with both waveforms are compared 

in Figure 3.2. While 1 µM M-ENK is sufficient to elicit catecholamine release (shown in Figure 

3.5), a higher concentration (1 mM) was employed here in order to enable the simultaneous 

detection of M-ENK itself. Fouling is evident in the data collected using the triangular 

waveform, manifest as a prolonged shift in the background current and no evidence of 

catecholamines in the voltammograms (Figure 3.2A,C). When using the sawhorse waveform, 

oxidation of catecholamines is obvious in both the color plot and extracted voltammogram 

(3.2B,D).  
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Figure 3.2. A sawhorse waveform allows for detection of catecholamine release in adrenal 

slice elicited by M-ENK. A) Colorplot collected with a standard triangular waveform, with 

pressure ejection of 1 mM M-ENK at red arrow. B) Colorplot collected with sawhorse 

waveform showing catecholamine release elicited upon pressure ejection of 1 mM M-ENK at 

red arrow. C) Voltammogram extracted from the colorplot shown in 2A, with no evident 

catecholamine signal (black) overlaid with that for a norepinephrine standard (red) ejected onto 

the electrode in tissue. D) Voltammogram extracted from colorplot in 2B (black) overlaid with 

that for a norepinephrine standard (red) ejected onto the electrode in tissue. E) Catecholamine 

(red) and M-ENK (blue) concentration dynamics extracted from 2B using principal component 

regression.  
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Principle component regression (PCR) was employed to distinguish the contribution of 

the applied M-ENK bolus to the signal, and to discern it from that due to resultant 

catecholamine release.  Training sets were constructed with exogenous applications of 

norepinephrine and M-ENK onto an electrode implanted in dead adrenal issue.  Utilizing the 

exogenous training sets, PCR successfully accounted for the catecholamine and M-ENK 

signals in the data. Figure 3.2E shows the dynamic concentration profiles for catecholamine 

and M-ENK. As expected, M-ENK has a sharp rise corresponding to the pressure ejection, and 

a quick decay as mass transport carries it away (or possibly enzymatic digestion). The resultant 

catecholamine secretion follows the M-ENK bolus and has a broader peak. While 1 mM M-

ENK was pressure ejected onto the tissue, only 2 µM M-ENK was recorded at the electrode 

surface following calibration by PCR. This is unsurprising, given the tortuosity of adrenal 

tissue. These data show that the signals recorded using the sawhorse waveform are indeed 

resultant from catecholamine secretion in response to stimulation by M-ENK. 

While the shape of the signal recorded with the sawhorse waveform resembles that 

expected for catecholamines, the oxidation peak was shifted to an unusually high potential of 

+0.84 V. To determine why the oxidation peak was shifted to such a high potential, another 

experiment was performed where an electrode was lowered into adrenal tissue in 10 µm 

increments, until the electrode was fully inserted in the tissue. At each increment 10 µM 

norepinephrine was pressure ejected onto the electrode and the response recorded. The 

resulting voltammograms are shown in Figure F1A (Appendix F). As the electrode was 

lowered into the tissue, the magnitude of response decreased and the peak potential shifted to 

a higher potential. When the electrode was fully inserted into the tissue the peak oxidation 
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potential for exogenous norepinephrine was +0.84 V. The voltammogram for the bolus ejected 

onto tissue is overlaid with that for released catecholamine in Figure 3.2D. The shift in peak 

position matches between both voltammograms, verifying that the collected signal is resultant 

from oxidation of catecholamine.  

Figure F1B shows non-background subtracted voltammograms taken as the electrode 

was lowered into the tissue without ejecting norepinephrine.   As the electrode was lowered 

into tissue, a feature was observed that increased in magnitude and shifted to higher potential. 

This feature is the oxidation peak from background level of catecholamines in the adrenal 

tissues and the shift in peak potential is most likely due to the high impedance of adrenal 

tissue.77  

In order to calculate the change in concentration of catecholamines, the new sawhorse 

waveform’s response to epinephrine, norepinephrine and dopamine was characterized and 

compared that that of the traditional triangular waveform. Due to the high levels of 

catecholamines in the adrenal medulla, both waveforms were calibrated to concentrations 

ranging from 0.5 µM to 10 µM. The calibration plots are shown in Figure 3.3, along with 

representative voltammograms collected with the sawhorse waveform for all three analytes. 

While the calibration curves depart from linearity at between 2 and 5 µM, the calibration curves 

are similar for the waveforms in response to dopamine (3.3A) (t(48) = 0.05, p > 0.05), 

norepinephrine (3.3B) (t(48) = 1.01, p > 0.05), and epinephrine (3.3C) (t(48) = 0.07, p > 0.05). 

Representative voltammograms for all tested concentrations of these analytes are shown in 

panels D, E, and F. Since the sawhorse waveform allowed for the detection of catecholamines 
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in the presence of fouling agents, and had no decrease in sensitivity to catecholamines over the 

traditional triangular waveform, the sawhorse waveform was employed for the remaining 

experiments herein. 

 

 

Figure 3.3. Sawhorse waveform calibration. Calibration plots for dopamine (A), 

norepinephrine (B), and epinephrine (C) reveal no difference in sensitivity to dopamine using 

the triangular waveform (TWF; black) and the sawhorse waveform (SWF; red). Representative 

voltammograms are shown for dopamine (D), norepinephrine (E), and epinephrine (F) using 

the sawhorse waveform. Concentrations span from 0.5 µM to 10 µM, corresponding to the 

calibration plots. 

 

3.3.3 Pharmacological Validation of Signal 

To assess the role of the opioid receptors in facilitating the secretion of catecholamines, 

a pan-opioid receptor antagonist, naltrexone (NTX) was applied to test whether it would block 

the response. Catecholamine release was recorded in response to 1 µM M-ENK pressure 
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ejection in 5-minute intervals for 20 minutes, and then 10 µM NTX was added to the running 

buffer (Figure 3.4). M-ENK stimulations were continued at 5-minute intervals for 30 minutes. 

In the presence of NTX, there was a 66% decrease in catecholamine signal evoked by M-ENK 

(Pre-NTX: 1.00 ± 0.04; + NTX: 0.34 ± 0.06; t(4) = 9.27, p < 0.001). In a separate set of 

experiments, stimulation was performed over the same time course (total 50 minutes), with no 

NTX added to the bath, and the catecholamine release was stable over the course of the 

experiment (Pre-NTX: 1.00 ± 0.09; - NTX: 0.93 ± 0.12; t(4) = 0.41, p > 0.05). 

 

 

Figure 3.4. Naltrexone attenuates the secretion of catecholamine by M-ENK. Catecholamine 

release is stimulated by 1 µM M-ENK in 5-minute intervals. After 20 minutes, naltrexone is 

added to the bath, and recordings made for another 30 minutes at 5-minute intervals. Addition 

of naltrexone to the bath results in a 66% decrease in the concentration of catecholamine 

detected in response to M-ENK stimulation. The second set of bars shows experiments where 

release is stimulated by 1 µM M-ENK in 5 minute intervals for 50 minutes with no naltrexone 

added to the bath. There is no significant change in evoked catecholamine release between the 

first 20 minutes and the subsequent 30 minutes. *** p < 0.001  

 



88 

 

M-ENK binds to both mu opioid receptors (MOR) and delta opioid receptors (DOR),76 

and both of these receptors are expressed on chromaffin cells.10-12 In order to determine at which 

receptor M-ENK was acting to elicit the catecholamine release, selective agonists for these 

receptors DAMGO and DPDPE, respectively, were ejected onto the tissue. The data are shown 

in Figure 3.5. Pressure ejecting the perfusion buffer resulted in no catecholamine release 

(Figure 3.5A), validating that this was not merely a response to mechanical stimulation84 and 

that catecholamine secretion elicited by M-ENK (Figure 3.5B) is indeed a physiological 

response. The application of M-ENK, Figure 3.5B, and the selective MOR agonist DAMGO, 

Figure 3.5C, elicited catecholamine secretion. The DOR agonist DPDPE did not (Figure 3.5D). 

This demonstrates that M-ENK is likely evoking catecholamine secretion by way of agonism 

of MORs.  

 

Figure 3.5. Pharmacological verification of M-ENK evoked catecholamine signal. A) 

Colorplot showing no response to pressure-ejection of BBS buffer onto tissue at the red arrow, 

with accompanying voltammogram extracted at white dashed line. B) Colorplot showing 

catecholamine release elicited by pressure ejection of 1 µM M-ENK at red arrow. C) Colorplot 

showing catecholamine release elicited by pressure ejection of 1 µM DAMGO D) Colorplot 

showing no response to pressure-ejection of  µM DPDPE. 
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3.4 Observing Membrane Potential in Response to Stimulation 

The electrochemical data revealed a unique response whereby M-ENK elicits 

catecholamine secretion, likely by way of the mu-opioid receptor activation as this effect was 

seen with MOR agonism (via DAMGO), and attenuated by a non-selective opioid receptor 

antagonist (NTX). In order to propose a mechanism by which this happens, we performed 

whole-cell patch electrophysiology to monitor cell membrane potential in response to bath 

application of the selective MOR agonist, DAMGO. The adrenal slices were prepared in the 

same manner as those used for FSCV data collection. A single cell in the adrenal slice was 

targeted and patched in the whole-cell configuration, monitoring membrane potential in 

response to various drugs. The results are described in Figure 3.6. Initially, cell membrane 

potential was monitored in response to the nAChR agonist, nicotine. Since the splanchnic nerve 

secretes acetylcholine onto chromaffin cells in the adrenal gland in order to elicit 

catecholamine release into the blood stream, this served as a control to ensure that our 

preparation and methodology was responding as anticipated based on previous studies.85  As 

expected, bath application of 1 µM nicotine resulted in depolarization of chromaffin cells 

(Figure 3.6A), demonstrating that chromaffin cells can be patched and membrane potential can 

be successfully monitored in response to bath application of drugs (Pre Nicotine: -52.8 ± 10.4 

mV; + Nicotine: -54.1 ± 10.9 mV; t(2) = 7.35, p < 0.05).  
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Figure 3.6. DAMGO depolarizes chromaffin cells in a manner dependent on agonism of 

muscarinic acetylcholine receptors. Membrane potential is monitored in whole-cell patch 

configuration, with changes observed in response to various drugs. Membrane potential is 

averaged in 30 second increments and shown with respect to time, with bath-application of 

drug, designated by horizontal bar over the plot. A) Nicotine in the bath induces a prolonged 

depolarization from minutes 4 to 14, that washes out thereafter B) DAMGO in the bath induces 

a depolarization from minutes 5 to 8, which is reversed prior to washout. C) Addition of 0.5 

mM GDP-β-s to the internal patch pipette solution abolishes depolarization by DAMGO. D) 

With 10 µM scopolamine in the perfusion buffer, DAMGO fails to depolarize the cells. * p < 

0.05 
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In the next set of experiments, the effect of MOR agonism was investigated while 

monitoring the membrane potential of patched chromaffin cells. The electrochemical data 

revealed DAMGO-induced catecholamine secretion, thus our hypothesis was that this 

manipulation may depolarize the chromaffin cells, despite conventional dogma of opioid 

receptor activation being inhibitory.86-87 Indeed, as shown in Figure 3.6B, upon the addition of 

1 µM DAMGO to the running buffer, the patched cells depolarized (Pre DAMGO: -52.9 ± 4.1 

mV; + DAMGO: -48.6 ± 3.9 mV; t(2) = 7.96, p < 0.05).  This evidence lends strong support 

of the MOR-mediated catecholamine secretion monitored during the electrochemical 

experiments with FSCV. Next, we sought to determine whether depolarization by DAMGO 

was happening locally at the cell of interest, or if it was happening via an indirect mechanism 

involving neighboring cells or terminals. GDP-β-s was added to the internal solution in the 

patch pipette, allowing it to diffuse directly into the patched cell. By doing this, we blocked all 

signaling via G-protein coupled receptors (GPCRs) within the patched cell only. Theoretically, 

if DAMGO-induced cellular activity changes at splanchnic nerve inputs, this may promote the 

release of acetylcholine (ACh) and the patched cell could depolarize via the nAChR, which is 

an ionotropic receptor. However, with GDP-β-s on board, the patched cell failed to depolarize 

upon the addition of DAMGO to the running buffer (Figure 3.6C) (Pre DAMGO: -63.4 ± 0.5 

mV; + DAMGO: -64.5 ± 0.8 mV; t(2) = 0.89, p > 0.05). Thus, it is evident that chromaffin cell 

depolarization in the presence of 1 µM DAMGO occurs through a GPCR-mediated 

mechanism. FSCV experiments have determined that blockade of opioid receptors, which are 

GPCRs, with naltrexone attenuated this catecholamine secretion. Together with the 

electrophysiology results, it is likely that this could be due to MOR-activation by DAMGO, 
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directly on the chromaffin cell of interest, producing a depolarization, as this is not the case 

when GDP-β-s blocks signaling via the MOR.  

The last receptor examined in this response was the muscarinic acetylcholine receptor 

(mAChR), another GPCR located on the chromaffin cell. There are heavy stores of ACh in the 

splanchnic nerve, thus, it is likely that a basal level of ACh is present in the extracellular space 

in the slice preparation. It is possible that GDP-β-s results in a blockade of ACh signaling via 

mAChRs as well. In order to test this hypothesis, the mAChR antagonist scopolamine was 

added to the running buffer 5 minutes prior to the addition of DAMGO, without GDP-β-s in 

the internal solution. As shown in Figure 3.6D, in the presence of scopolamine in the buffer, 

DAMGO failed to depolarize the chromaffin cells (Pre DAMGO: -68.4 ± 4.2 mV; + DAMGO: 

-68.1 ± 3.6 mV; t(4) = 0.30, p > 0.05). Thus, it seems that the mAChR may be necessary for 

depolarization of the cells by DAMGO. Considering naltrexone blocked catecholamine release 

in the voltammetric experiments, it is clear that both MORs and mAChRs contribute to 

chromaffin cell depolarization following exposure to DAMGO. Importantly, this is in accord 

with a report by Samways and Henderson88 , in which activation of MORs resulted in increased 

intracellular calcium concentrations, but only when the mAChRs were occupied. 

Collectively, the results demonstrate that M-ENK, through MOR agonism, can elicit 

catecholamine release in the adrenal gland, which is mediated in part by ACh signaling via 

available mAChRs. Furthermore, this stimulatory influence is evident in the striatal region of 

the brain as well, as M-ENK augments electrically evoked dopamine release. These results 

appear contrary to the body of literature which suggests that M-ENK serves to attenuate 

catecholamine signaling by other mechanisms.12, 59 However, this traditional understanding has 
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been arrived at by study with long-term measurement techniques, such as measuring 

catecholamine content in the cell bath following stimulation. It appears, then, that while there 

may be a long-term attenuation in catecholamine signaling, there is a short-term potentiation 

which was previously hidden by the long-term timescale of the chemical measurements. 

 

3.4 Conclusion 

The opioid system is strikingly complex, and the precise interaction between opioid 

peptides and catecholamines in the adrenal gland is not well understood. We have shown that 

M-ENK serves to modulate catecholamine secretion through acetylcholine signaling in the 

adrenal medulla, as well as modulating dopamine release in the striatal region of the brain. 

Addition of M-ENK to the running buffer results in a 68% increase in catecholamine release 

in the adrenal medulla in response to stimulation by nicotine. Addition of M-ENK to the 

running buffer in an acute brain slice preparation results in a 16% increase in dopamine release 

in the striatum, in response to electrical stimulation.  

Additionally, catecholamine secretion can be elicited in the adrenal medulla by 

application of met-enkephalin (M-ENK). This response can be monitored with FSCV by 

implementing a sawhorse waveform, which remedies the problem of fouling encountered with 

a conventional triangular waveform. The secretion of catecholamines occurs in response to the 

MOR agonist DAMGO, while the DOR agonist DPDPE elicits no measurable secretion of 

catecholamine. The opioid receptor antagonist, naltrexone, attenuates the secretion of 
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catecholamines by met-enkephalin. Using electrophysiology to monitor cell membrane 

potential of patched chromaffin cells, we have observed the depolarization of the cells in 

response to bath application of DAMGO, which is blocked by GDP-β-s, a drug that blocks all 

GPCR signaling only in the recorded cell. Additionally, application of the muscarinic 

acetylcholine receptor (mAChR) antagonist, scopolamine, blocks the depolarization of the cell 

by DAMGO. The combined FSCV and electrophysiology results demonstrate that M-ENK 

elicits catecholamine secretion by depolarizing chromaffin cells through the mu-opioid 

receptor, and that this effect is dependent on acetylcholine signaling through the mAChR as 

well. 

The data presented herein provide valuable information into the role that M-ENK plays 

in eliciting and modulating short-term catecholamine release in the adrenal gland and in the 

brain. By using FSCV and electrophysiology, we have observed signaling that happens on a 

rapid time scale which seems opposite to the long term effect of M-ENK administration, which 

has been studied in depth by sampling techniques. This demonstrates how crucial it is to 

understand the limitations of each measurement methodology, and to study neurological 

phenomena with both long-term sampling techniques, and also rapid, real-time measurements 

such as FSCV. 
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3.6 Associated Content 

Supplemental Figure F1 is found in Appendix F.  
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CHAPTER 4 

 

Multiple Scan Rate Voltammetry for Selective Quantification of Real-Time Enkephalin 

Dynamics 

 

The following work was reprinted with permission from: Schmidt, A.C., Dunaway, L.E., 

Roberts, J.G., McCarty, G.S., and Sombers, L.A.  Anal. Chem., 2014, 86 (15), pp 7806-7812. 

Supplemental information is found in Appendix G. 

 

4.1 Introduction 

Determining how specific neurochemical fluctuations underlie neurological disorders 

is a key step in developing appropriate therapies; however, in most cases the neurochemistry 

is not well understood.  This is particularly true in the case of endogenous opioid neuropeptides 

- a class of signaling molecules that play a key role in modulating a wide variety of complex 

physiological functions, including reward processing,1-5 nociception,6 various 

neuropathologies,7-10 and the biochemical response to multiple drugs of abuse.11-16 However, 

our understanding of the mechanisms that underlie these functions remain limited, and there is 

a fundamental gap in our knowledge of when, where, and how these peptides are released.  The 

opioid system is tremendously complex. The mu, delta, and kappa receptors (MOR, DOR, and 

KOR, respectively) are differentially expressed throughout the brain,17, 18 and no endogenous 

opioid peptide family is exclusively associated with a specific receptor type.19 Gene expression 

has been used to identify neurons that produce the mRNA of the known precursor molecules 

for the endogenous opioids: pre-proenkephalin, pre-proopiomelanocortin, and pre-

prodynorphin. However, cleavage of neuropeptides, for example of proenkephalin, can yield a 
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variety of peptides including M-ENK, L-ENK, metorphamide, and peptides E and F.20 Even 

more critically, prodynorphin molecules can give rise to either the KOR-acting dynorphin or 

the MOR/DOR-acting L-ENK; yet KOR and MOR/DOR are generally believed to serve 

opposing functions in most brain circuits.19, 21 Therefore, even a thorough anatomical 

characterization of the opioid system is not sufficient to understand the dynamic contribution 

of individual opioid peptides to brain function.  

Although the potential importance of monitoring specific opioid peptides in living brain 

tissue is widely appreciated, the experimental tools that are available to date all have known 

caveats and limitations. Imaging the displacement of radiolabeled agonists is a powerful 

approach;13 however, it is expensive, largely static, and usually requires human subjects. 

Coupling microdialysis to analytical measurements22-30 or radioimmunoassay14, 31-35 has 

proven invaluable to the study of neuropeptide function; however, its utility is limited by poor 

temporal and spatial resolution. Furthermore, peptide fibers are widely dispersed in brain 

tissue.  If a probe is not contained directly in the field of the release sites, an underestimation 

in the magnitude of detected chemical changes results.23 This is a significant drawback when 

quantifying low abundance molecules, such as opioid neuropeptides.   

Fast-scan cyclic voltammetry is an established technique that is often used to monitor 

fluctuating dopamine levels in living brain tissue,36-44 and has recently been extended to other 

molecules such as adenosine,45, 46 hydrogen peroxide,47 serotonin,39, 48-51 local pH changes,40, 

52 and norepinephrine.53, 54 This electrochemical approach can not only simultaneously 

measure rapid fluctuations of multiple molecules, but also provides excellent spatial resolution 

when coupled to carbon-fiber microelectrodes. It boasts chemical selectivity that is not 
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available with other electrochemical techniques, such as chronoamperometry, by collecting 

individual data points over a wide range of potentials. However, the electrochemical detection 

of tyrosine-containing neuropeptides, like the ENKs, is challenging. These molecules are 

presumably present in the extracellular space for only short periods and tend to foul the 

electrode surface upon oxidation, making it difficult to obtain reproducible measurements. 

Furthermore, these peptides generally oxidize at higher potentials than catecholamines and 

other more abundant electroactive molecules, causing possible interferent problems.30 To 

overcome the limitations that have previously inhibited the application of this approach to the 

detection of peptides, we have designed and characterized a modified sawhorse waveform 

(MSW) that uses two distinct scan rates in each anodic sweep and a short holding period at the 

switching potential to eliminate electrode fouling and improve chemical resolution in the 

detection of tyrosine-containing peptides. The efficacy of this novel approach is demonstrated 

by simultaneously monitoring the real-time molecular dynamics of catecholamines and M-

ENK in living rat adrenal tissue. 

 

4.2 Experimental Section 

4.2.1 Chemicals 

All chemicals were purchased from Sigma-Aldrich (St. Louis, MO) and used as 

received, unless otherwise specified. M-ENK, L-ENK, and neurotensin were obtained as 

acetate salts from LKT Laboratories (St. Paul, MN). Electrochemical experiments were carried 

out in phosphate buffered saline (0.1 M PBS) or Tris buffer (15 mM Tris, 3.25 mM KCl, 1.20 
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mM CaCl2, 1.2 mM MgCl2, 2 mM Na2SO4, 1.25 mM NaH2PO4, 145 mM NaCl), both at 

physiological pH 7.4. Adrenal slice experiments used bicarbonate buffered saline (BBS) 

saturated with 95% O2 and 5% CO2, at physiological pH 7.4.  BBS consisted of 125 mM NaCl, 

26 mM NaHCO3, 2.5 mM KCl, 2.0 mM CaCl2, 1.0 mM MgCl2, 1.3 mM NaH2PO4, 10 mM 

HEPES, and 10 mM glucose. All aqueous solutions were made from doubly deionized water 

>18 MΩ∙cm (Millipore, Billerica, MA). 

 

4.2.2 Electrode Fabrication.  

All electrochemical experiments were carried out with T-650 carbon-fiber 

microelectrodes (Cytec Industries, West Patterson, NJ), fabricated as described previously.55 

Briefly, a single 7 μm diameter fiber was aspirated into a single borosilicate glass capillary 

(1.0 mm x 0.5 mm, A-M Systems, Carlsburg, WA). Using a micropipette puller (Narishige, 

Tokyo, Japan) the glass was tapered to form sealed microelectrodes which were then cut to 

300 μm for experiments involving calibration, reproducibility, and interferent studies. 

Electrodes cut to 100 μm were used for comparison with conventional waveforms, and 200 

µm for  the adrenal slice experiment. To establish an electrical connection with the carbon 

fiber, the glass capillary was backfilled with ionic solution (4 M potassium acetate, 150 mM 

KCl) and a lead wire was inserted. All measurements were recorded against a Ag/AgCl 

reference electrode (World Precision Instruments, Inc., Sarasota, FL). 
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4.2.3 Flow Injection. 

All data were collected in a custom-built flow injection apparatus housed within a 

Faraday cage. A syringe pump (New Era Pump Systems, Inc., Wantagh, NY) supplied a 

continuous buffer flow of 1 mL/min across both the working and reference electrodes. The 

working electrode was lowered into the electrochemical cell via a micromanipulator (World 

Precision Instruments, Inc., Sarasota, FL). Two-second bolus injections of analyte were 

accomplished using a six-port HPLC valve and air actuator controlled by a digital valve 

interface (Valco Instruments Co., Inc., Houston, TX).  

 

 

4.2.4 Electrochemical Waveforms and Data Acquisition. 

The novel MSW waveform (Figure 4.1B) was applied at 10 Hz for peptide detection. 

The potential was held at -0.2 V, then ramped to +0.6 V at 100 V/s, and then raised to +1.2 V 

at 400 V/s. The potential was then held at +1.2 V for 3 msec before scanning back to the 

holding potential of -0.2 V at 100 V/s. A more traditional triangular waveform was also used.  

The potential ranged from -0.2 V to +1.2 V and back at 400 V/s (Figure 4.1A). These 

waveforms were output using a custom instrument for potential application to the 

electrochemical cell and current transduction (University of North Carolina at Chapel Hill, 

Department of Chemistry, Electronics Facility). TH-1 software (ESA, Chelmsford, MA) 

controlled waveform output.  Two PCI bus cards (National Instruments Corp., Austin, TX) 

were used for collecting data and synchronization of the electrochemical experiment with the 

flow injection system. Signal processing (background subtraction, signal averaging, and digital 
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filtering (2-pole Sallen-Key Filter, 2 KHz)) was software-controlled. Electrical stimulations 

were carried out with a DS-4 Biphasic Stimulus Isolator (Digitimer Ltd., Welwyn Garden City, 

England), controlled by software written in-house through aforementioned PCI bus cards.  

 

4.2.5 Adrenal Slice Preparation  

Animal care and use was in complete accordance with NIH and NC State University 

institutional guidelines (IACUC). Male Sprague-Dawley rats (250-300 g, Charles River 

Laboratories, Raleigh, NC) were deeply anesthetized with urethane (1.5 g/kg, ip). The adrenal 

glands were rapidly removed, trimmed of fat tissue, and embedded in agarose gel containing 

3% agarose in BBS. The gel blocks containing the adrenal glands were placed in cold BBS 

while 400 μm thick slices were obtained with a vibratome (World Precision Instruments, 

Sarasota, FL). The slices were allowed to rest in the buffer for at least one hour before the start 

of an experiment. Adrenal slices were subsequently placed in a recording chamber (Warner 

Instruments, Hamden, CT) and superfused with BBS buffer maintained at 34 °C for at least 

another 1.5 hours. Carbon-fiber microelectrodes were placed about 100 μm below the surface 

of the slice, and a twin tungsten electrode was positioned in the tissue approximately 1 mm 

from the recording electrode for the stimulation experiments. Working electrode and 

stimulating electrode placements were made with the aid of a microscope (Nikon Instruments, 

Inc., Melville, NY). Electrical stimulations consisted of trains of 15 biphasic 500 µA pulses, 

at a frequency of 350 Hz with a pulse-width of 0.5 ms.  
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4.2.6 Statistics 

All data presented are shown as the mean ± standard deviation (stdev). One-tailed 

Student’s t tests were used to determine the significance of means. Significance was designated 

at p< 0.05. A Pearson correlation value was calculated for endogenous molecules vs. in vitro 

standards. Statistical and graphical analysis was carried out using GraphPad Prism 5 

(GraphPad Software, Inc., La Jolla, CA). 

 

4.3 Results and Discussion 

4.3.1 Met-Enkephalin Cyclic Voltammetry 

Cyclic voltammograms (CVs) were initially collected in vitro using a standard 

triangular waveform and a 100 μm long carbon-fiber microelectrode (Figure 4.1A).47 A scan 

rate of 400 V/s, ranging from -0.4 V to +1.4 V, was applied at 10 Hz.  Figure 4.1C shows a 

representative background-subtracted CV, as well as the colorplot56 for a two second bolus 

injection of 2 μM M-ENK, introduced to electrode surface at the time indicated by the red bar. 

Current was generated at numerous potentials, and the signal persists long after the end of the 

injection, indicative of surface fouling (white asterisk, Figure 4.1C). This lowers the sensitivity 

of the electrode, making reproducible measurements difficult. A modified sawhorse waveform 

(was developed to retain chemical selectivity and reproducibility, as well as adequate 

sensitivity and temporal resolution. Specifically, the potential was ramped from -0.2 V to +0.6 

V at 100 V/s, then to +1.2 V at 400 V/s and held for 3 msec at this potential. The potential was 

then ramped back to -0.2 V at 100 V/s (Figure 4.1B). This waveform takes 26.5 msec to apply, 
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thus allowing measurements to be made at 10 Hz. Since current scales with scan rate, the faster 

rate was applied only in the potential range of oxidation for our analyte of interest (~1.0 V). By 

using a slower scan rate in the remainder of the sweep, the faradaic contributions from other 

analytes were reduced. The potential was held at +1.2 V for 3 msec because research has shown 

that the adsorption of tyrosine onto the electrode surface weakens above +1.1 V.57 This 

waveform produces one resolved peak at about +1.0 V and another less intense peak during 

the holding time at +1.2 V (Figure 4.1D), suggesting the oxidation of two separate amino acids.   
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Figure 4.1. (A) Triangular waveform. (B) Modified sawhorse waveform (MSW). (C,D) 

Representative in vitro voltammetric data collected using the waveforms depicted in (A) and 

(B), respectively, where the ordinate is the potential applied to the carbon-fiber electrode, the 

abscissa is time in seconds, and the current (nA) is depicted in false color.56 2 μM M-ENK was 

introduced to the microelectrode at the time indicated by the red bar. Displayed 

voltammograms were extracted at the time indicated by the dashed line.  
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4.3.2 Electrochemical Moiety.  

It was important to isolate which moiety was responsible for the electrochemical 

response. M-ENK is a five amino-acid chain, as shown in Figure 4.2A (top). The redox 

activities of tyrosine and methionine have been demonstrated.58, 59 Conversely, glycine and 

phenylalanine are not expected to be redox active within the potential window. 

Voltammograms for tyrosine (left), M-ENK (middle), and methionine (right) are presented as 

color plots in Figure 4.2A.  In Figure 4.2B, the current collected in the hold portion of 

individual voltammograms for these species is plotted linearly versus waveform point number 

for the portion of the scan ranging from +0.6 V to +1.2 V and back to +1.0 V, as depicted at 

the top of the graphic and in Figure G1 (Appendix G). Plotting the data in this manner enables 

improved visual inspection of both oxidation peaks.  Tyrosine is responsible for the first peak 

in the voltammogram for M-ENK (~1.0V), and methionine contributes to the second peak 

(during the hold at 1.2V). The slight shift in oxidation potential is likely due to the effect of 

the additional amino acids on the formal potential of methionine. Tyrosine is the principal 

contributor to the voltammetry, and was accordingly chosen to be the peak used for 

quantification purposes. However, tyrosine is a classic example of a molecule that is likely to 

foul the electrode, thus electrode stability was quantitatively assessed.   
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Figure 4.2. M-ENK is a five amino-acid peptide with terminating tyrosine and methionine 

groups (top). (A) Representative colorplots for 2 μM tyrosine (left), 1 μM M-ENK (middle), 

and 30 μM methionine (right). (B) To better visualize the current collected during the potential 

hold period, it is plotted versus waveform point number converted into potential (see Figure 

G1). The displayed portion is indicated by the dashed box (top). The dagger and double-dagger 

indicate the first and second oxidation peaks of M-ENK, respectively. 

  

4.3.3 Reproducibility of Met-Enkephalin Electrochemistry 

The performance of the novel MSW was compared to a more traditional triangular 

waveform designed with a holding potential of -0.2 V and a switching potential of +1.2 V, 

scanned at 400 V/s and applied at 10 Hz. A 2 second bolus of 500 nM M-ENK was introduced 

to the carbon-fiber electrode for ten consecutive injections (Figure 4.3A). The results 

demonstrate no loss in measured current when using the MSW (Figure 4.3A), and no distortion 

in the electrochemical signal after the tenth injection (Figure 4.3A inset). Conversely, the TW 

showed a significant decrease in signal intensity from baseline (n = 5 electrodes, p < 0.001) 

after the sequence of injections (Figure 4.3A), making it impossible to create a linear 

calibration curve. The electrode fouling increased with higher concentrations of M-ENK when 
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using the TW waveform, whereas the performance of the MSW was not compromised (Figure 

G2). These data show that holding the potential at +1.2 V for 3 msec is sufficient to regenerate 

a clean electrode surface, thus eliminating signal loss due to surface fouling and enabling 

accurate calibrations for determining sensitivity to M-ENK. Interestingly, increasing the 

anodic holding potential beyond +1.2 V increased fouling of the electrode, thus constraining 

the potential to +1.2 V to obtain reproducible results (data not shown). 

 

 

Figure 4.3. Reproducibility.  (A) The electrochemical response to 500 nM M-ENK was stable 

over 10 consecutive injections when using the MSW, but not a more traditional triangular 

waveform with a potential range from -0.2 V to 1.2 V scanned at 400 V/s (n = 5, p < 0.001). 

The inset shows representative voltammograms corresponding to the first and tenth injection. 

(B) Calibration curve showing a linear relationship between peak current and M-ENK 

concentration. Representative voltammograms provided in inset. Data are mean ± stdev, n = 7. 

 

 

A calibration curve for M-ENK detection using the MSW was created by plotting the 

linear relationship between peak current (collected at +1.0 V) and analyte concentration 

(Figure 4.3B). Concentrations ranging from 250 - 1000 nM (n = 7 electrodes, 3 replicates per 

concentration, r2 = 0.99) were evaluated, affording a sensitivity of 13.8 ± 0.1 nA/μM. 
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Representative voltammograms are provided in the inset of Figure 4.3B for the various 

concentrations and show neither a change in peak shape nor a shift in the observed oxidation 

potential. With this approach, the limit of detection is 27.9 ± 3.5 nM (defined as three times 

the standard deviation of the noise). The results demonstrate that a reproducible calibration 

curve can be constructed for M-ENK.  However, this single component solution is not 

representative of the complex recording environment inherent to live tissue.  

 

4.3.4 Selectivity Against Common Interferents  

Many electroactive species could potentially interfere with the electrochemical 

detection of M-ENK in the brain. In the striatum, one of the most likely interferents is 

dopamine (DA), as it oxidizes more readily than M-ENK and fluctuates at concentrations 

significantly greater than those expected for M-ENK in tissue.60 When using a triangular 

waveform with a typical scan rate of 400 V/s, DA oxidation is evident at approximately +0.6 

V (Figure 4.4A, black).  The MSW utilizes a relatively slow scan rate (100 V/s) at potentials 

below 0.6 V, essentially providing two key benefits. Faradaic current scales with scan rate.61  

By slowing the scan rate in the potential region where most interferents oxidize, the current 

produced for oxidation of those interferents is also significantly reduced, as demonstrated for 

DA in Figure 4.4A (red).  Additionally, for non-Nernstian systems, peak separation increases 

as scan rate is increased.  Thus at a slower scan rate of 100 V/s, the oxidation peak for DA 

shifts to about +0.4 V (Figure 4.4A, red). Figures 4.4B and 4.4C present voltammograms 

collected for a mixture containing M-ENK, DA, ascorbic acid (AA), and a pH shift using either 

a conventional triangular waveform or the novel MSW, respectively. The interferents dominate 
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the voltammograms collected using the standard triangular waveform, making it difficult to 

distinguish the analytes. However, when using the MSW with two distinct scan rates in the 

forward sweep, the current contributed by the possible interferents is diminished, and the signal 

for M-ENK separates due to the distinct oxidation potentials of these species. (Figure 4.4C). 

The effects of using different scan rates for the second portion of the anodic scan are further 

detailed in Figure G3. These results demonstrate the potential of using multiple scan rates in a 

single sweep to create analyte-specific waveforms that enhance the voltammetric signal due to 

an analyte of interest by increasing the resolution of the peaks and reducing the contribution to 

the signal from interferents.  

 

 

 

Figure 4.4 (A) Representative voltammetric data for dopamine, and (B,C) a mixture of 0.5 µM 

M-ENK, 1 µM dopamine, 10 µM ascorbic acid, and a +0.1 pH shift collected using a standard 

triangular waveform (TW,black) versus the novel MSW (red). Most potential interferents, such 

as dopamine, oxidize at ~0.6 V. By exploiting scan rate, the MSW reduces the current 

contributed by potential interferents and shifts their oxidation peaks to a lower potential. This 

enables the current contributed by M-ENK to be readily distinguished (asterisk) in 

voltammograms for complex mixtures. 
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The influence of interfering species was also quantitatively assessed using principal 

component regression (PCR). PCR is a multivariate statistical analysis technique that first 

requires principal component analysis to identify the principle components that best describe 

the variance in the data and then uses linear regression on the selected components to 

deconvolute these components from the complex data.  PCR has been used to distinguish 

multiple contributors to the voltammetric signal in the past;62 however, in this case it is not 

appropriate when using the conventional triangular waveform as the approach requires a linear 

response to increasing concentrations of the electroactive components and the effects of 

electrode fouling preclude this.  Using the novel MSW, solutions containing varying 

concentrations of M-ENK in the presence of physiological concentrations of ascorbic acid 

(AA), dopamine (DA), and pH shifts were interrogated.63-66 These common biological 

interferents were selected because they have a known electrochemical response in the potential 

window used to voltammetrically quantify M-ENK (Figure 4.5A-C). Figure 4.5D shows PCR-

predicted concentration versus the actual concentration of M-ENK in mixed solutions that 

contained each of these analytes. The slope of the regression line for a perfect prediction is 

unity, and our approach yields a slope of 1.02 (±0.01) (r2 = 0.99, n = 3 electrodes), 

indicating that the combination of the novel waveform and PCR was able to 

appropriately identify and quantify M-ENK in these complex mixtures.  
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Figure 4.5. Selectivity against common interferents.  (A-C) Voltammograms for dopamine, 

ascorbic acid, and a pH shift collected using the MSW. (D) M-ENK concentrations predicted 

using PCR compared to known sample concentrations. The diagonal line represents unity for 

a perfect prediction. The slope of the regression line was 1.02 (±0.01) (r2 = 0.99, n = 3 

electrodes). 

 

4.3.5 Selectivity Against Other Tyrosine-Containing Peptides 

There are innumerable peptides present in the brain, and it would be impossible to 

electrochemically investigate all of them.  Having demonstrated that tyrosine was the principal 

electrochemical moiety, the electrochemical resolution against a few common neuropeptides 

that contain tyrosine was assessed. Leu-enkephalin (L-ENK) and M-ENK have identical amino 

acid backbones, but differ only at the C-terminus by either a leucine or a methionine group, 
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respectively. Neurotensin (NT) is a 13-amino acid neuropeptide containing two tyrosine 

groups. All three produced an electrochemical response with peak oxidation at ~1.0 V (Figure 

4.6A-C). The voltammetric detection of NT produced some electrode fouling, and the color 

plot is clearly different from those for the enkephalins.  Differences between the 

voltammograms are readily evident when the current is plotted versus point number in the 

applied waveform (Figure 4.6D). As expected, neither L-ENK nor NT exhibited the second 

peak inherent to the oxidation of M-ENK (double dagger), as this signal is due to the 

methionine group.  It provides a means of electrochemically distinguishing M-ENK from other 

peptides including L-ENK, which differs from M-ENK by only a single amino acid.  It is 

important to note that using this approach, any signaling peptides that contained BOTH 

tyrosine and methionine could not be unequivocally distinguished from M-ENK.  However, 

pharmacology should always be used to verify the electrochemical signal in a biological study, 

and this approach significantly reduces the number of peptides that could underlie an 

ambiguous signal.    
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Figure 4.6. Representative voltammetric data collected for 1 μM (A) M-ENK, (B) L-ENK, 

and (C) NT collected using the MSW. (D) Normalized current plotted versus point number in 

the applied waveform, focusing on the +0.6 V to +1.2 V to +1.0 V portion of the applied 

potential. All three analytes share the same first peak (†), but the second peak (‡) inherent to 

M-ENK allows it to be visually distinguished from the other neuropeptides.   

 

 

4.3.6 Detecting Met-Enkephalin in Living Adrenal Tissue 

Endogenous peptides contribute to the most basic biological systems promoting 

survival, including managing energy balance and stress responses.6, 67 To demonstrate the 

voltammetric detection of endogenous M-ENK in complex living tissue, the novel MSW was 

used to simultaneously detect electrically evoked catecholamine and M-ENK release in slices 

of rat adrenal tissue. Proenkephalin-produced peptides are highly concentrated in the adrenal 

medulla,67 and adrenal chromaffin cells secrete the ENKs in addition to the catecholamines in 
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mediating the biological response to stressors.68 The major catecholamines released are 

norepinephrine and epinephrine,69 and the voltammograms for these species are virtually 

indistinguishable from that for DA.   A carbon-fiber microelectrode was inserted at least 100 

μm into a section of rat adrenal tissue containing the medulla, and a stimulating electrode was 

positioned approximately 1 mm away. Representative data collected upon a mild stimulation 

are shown in Figure 4.7A, with the time of stimulation designated by the red arrow (n = 4).  A 

voltammogram was extracted from these data (white dashed line) and plotted in Figure 4.7B 

(red) with the voltammogram for a mixture of norepinephrine (NE) and M-ENK standards that 

were collected in vitro (black). The CVs correlate well (r = 0.81), with the first observed peak 

stemming from catecholamine release (~+0.6 V) and the following ‘double-peak’ attributed to 

the release of ~400 nM M-ENK.  

 

 

Figure 4.7. M-ENK detection in a rat adrenal slice.  (A) The color plot contains 300 

background-subtracted cyclic voltammograms recorded over 30 sec, and allows visualization 

of analytes and interfering species.  Electrical stimulation occurred at the time indicated by the 

red arrow. (B) A background-subtracted cyclic voltammogram (red) extracted from (A) at the 

time indicated by the dashed white line.  The signal corresponds to a voltammogram for a 

mixed sample of norepinephrine and M-ENK standards collected in the in vitro flow cell (r = 

0.81). 
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4.4 Conclusions 

The analyte-specific waveform described herein provides a foundation for directly 

measuring dynamic fluctuations of tyrosine-containing peptides in living tissue. Simply by 

using multiple scan rate in the anodic sweep, we have separated the signal for M-ENK from a 

complex mixture of electrochemically active interferents that are commonly encountered in 

biological preparations. The data demonstrate that this novel approach has sufficient temporal 

resolution, sensitivity, reproducibility, and selectivity to monitor real-time molecular dynamics 

of M-ENK. It is expected that this approach can be adapted for the detection of other tyrosine-

containing peptides, and that it can be used to provide functional information on where, when, 

and how specific neuropeptides are released in tissue.   
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CHAPTER 5 

 

Spectroelectrochemical Characterization of the Dynamic Carbon-Fiber Surface in 

Response to Electrochemical Conditioning 

 

The following work was reprinted with permission from: Mitchell, E.C., Dunaway, L.E., 

McCarty, G.M., and Sombers, L.A.  Langmuir, 2017, (In Press), DOI: 

10.1021/acs.langmuir.7b01443 Supplemental information is found in Appendix H.  

 

5.1 Introduction 

Fast-scan cyclic voltammetry (FSCV) continues to grow in popularity, especially for 

neuroscience research, because it offers considerable advantages over other electrochemical 

techniques.1 The cyclic voltammograms enable analyte identification, in contrast to data 

collected using competing electrochemical techniques.  FSCV also provides excellent 

sensitivity,2 and data can be collected with millisecond temporal resolution due to the fast scan 

rates employed. For these reasons, FSCV is well suited for measuring neurochemical release 

events that happen on the millisecond time scale in the complex chemical environment of the 

brain. Despite these benefits, the technique is only valuable if it is coupled to an equally 

powerful sensing platform. 

Carbon-fiber microelectrodes are fabricated from individual carbon fibers that are 

available in a range of sizes (most commonly 5-30 µm in diameter), insulated in glass or silica, 

and polished or cut to length.2  The small size of these sensors provides the spatial resolution 

needed for measurements in discrete brain regions.  They are inexpensive and easily fabricated, 

offer a wide potential window, and resist biofouling.3-4 Carbon-fiber microelectrodes have 
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even been shown to have a renewable surface when a sufficiently positive potential is applied.5-

6  These electrodes are effective at detecting a variety of common neurochemicals including 

dopamine,7 serotonin,8 histamine,9 norepinephrine,10 hydrogen peroxide,11 and even met-

enkephalin.12 The fiber surface has also proven amenable to various coatings such as Nafion,13-

14 a well-characterized cation-exchange polymer, or chitosan with entrapped glucose oxidase 

to enable detection of non-electroactive glucose.15-16  These properties have made carbon-fiber 

microelectrodes the preferred sensor for fast-scan voltammetric studies in live tissue. 

Most carbon fibers are derived either from polyacrylonitrile or a mesophase pitch-based 

source subjected to a series of heating processes that result in graphitization of the carbon.17  

The choice of precursor material and differences in the graphitization process give rise to 

structural variations that result in intrinsic differences in electrical conductivity, thermal 

conductivity, strength, and other properties across fiber types.17-18  Performance can be 

improved by electrochemically pretreating the carbon surface.19-21  For instance, repetitive 

excursions to potentials as high as +3.0 V enhances detection of dopamine (but can lead to 

instability).22  Indeed, the literature contains many demonstrations of improved performance 

in the adsorption-controlled detection of molecules after scanning a carbon electrode to a 

sufficiently positive potential (~1.3-1.5 V).5, 20-21, 23-26 This treatment alters the carbon structure 

and increases the population of oxygen-containing functional groups on the surface.  However, 

the chemical and physical effects of an applied potential on the carbon surface are generally 

not well understood. To gain insight into how potential-driven modifications to the carbon 

structure and surface chemistry affect electrode performance, this work characterizes the 

surface microstructure using Raman spectroscopy during application of static (single potential) 
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and dynamic (triangular) waveforms. Measured changes in the carbon structure are correlated 

with both electrochemical performance and physical changes evident in scanning electron 

micrographs. The results will inform the development of improved waveforms when 

electrochemically targeting complex molecules, or those that are present in low concentrations. 

 

5.2 Experimental 

5.2.1 Chemicals 

All chemicals were purchased from Sigma Aldrich Co. (St. Louis, MO) and were used 

without additional processing. Aqueous solutions were made using doubly deionized water 

(Barnstead Easy Pure II, Dubuque, IA).  Unless otherwise noted, all electrochemical 

experiments were carried out in Tris buffered electrolyte (15 mM Tris, 3.25 mM KCl, 1.20 

mM CaCl2, 1.2 mM MgCl2, 2 mM Na2SO4, 1.25 mM NaH2PO4, and 145 mM NaCl ) with a 

pH of 7.4. 

 

5.2.2 Electrode Fabrication 

Elliptical carbon-fiber microdisk electrodes were constructed using pitch based p-55 

fibers, as previously described.4  Briefly, a single carbon fiber was aspirated into a glass 

capillary (1.0 mm x 0.5 mm, A-M Systems, Carlsburg, WA) and a micropipette puller was 

used (Narishige, Tokyo, Japan) to form a tapered seal. The carbon fiber was then cut at the 

glass seal, dipped in epoxy (Epo-Tek 301, Epoxy Technology, Inc., Billerica, MA), and dried 

overnight at 105 ºC. Electrodes were subsequently polished at 30o using a Sutter Instruments 
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(Novato, CA) BV-10 micro-pipette beveler and 104D beveling wheel. An electrolyte solution 

(4 M potassium acetate, 150 mM KCl) was used to backfill the electrode and a lead was 

inserted to establish an electrical connection with the fiber.  

 

5.2.3 Flow Injection 

Electrochemical data were collected using a flow-injection apparatus housed in a 

custom Faraday cage to reduce interference from outside noise. The working electrode was 

positioned in the home-built electrochemical cell using a micromanipulator (World Precision 

Instruments, Inc., Sarasota, FL).  Buffered electrolyte was passed continuously over the 

working and reference electrode at 1 mL/min using a syringe pump (New Era Pump Systems, 

Inc., Wantagh, NY). A digital valve interface (Valco Instruments Co., Inc., Houston, TX) was 

used to control an air actuator connected to a six-port HPLC valve in order to make two-second 

bolus injections of analyte across the working electrode.  Electrode sensitivity was determined 

from calibrations of dopamine using at least three concentrations.   

 

5.2.4 Electrochemical Data Acquisition 

All potentials are reported versus a Ag/AgCl reference electrode.  Analyte detection 

was accomplished using triangular waveforms applied at 400 V/s with an application 

frequency of 10 Hz, a lower potential limit of -0.4 V, and upper potential limits ranging from 

+1.0 to +1.4 V. Triangular waveform potentials were applied and current transduction was 

accomplished using custom instrumentation (University of North Carolina at Chapel Hill, 

Department of Chemistry, Electronics Facility).  Waveforms were output using a DAC/ADC 
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card (NI 6251 M) with TH-1 software (ESA, Chelmsford, MA).  Static potentials were applied 

using a waveform generator (Agilent 33220A). After static conditioning, voltammetric data 

collection was done using the first potential sweep, with a holding potential of -0.4 V and a 

positive potential limit equal to the limit used for conditioning, at a scan rate of 400 V/sec.  

The flow injection system was coordinated with the electrochemical experiment using a second 

card (NI 6711).  Background subtraction and signal averaging was software controlled.  

Limiting currents generated in the reduction of hexaamineruthenium(III) chloride were 

measured with scan rates of 100 mV/s (WaveNano, Pine Instruments Company, Durham, NC). 

Analysis was done with Aftermath software (Version 1.4.7714, Pine Instruments Company). 

Solutions deoxygenated with argon prior to use.  Electrodes were conditioned with dynamic 

waveforms in phosphate-buffered saline (0.1 M PBS, pH 7.4) prior to limiting current analysis.   

 

5.2.5 Surface Analysis 

Raman spectra were collected for 30 seconds with a 60x objective using a custom 

spectrometer that has been described previously.27 Briefly, carbon surfaces were exposed to a 

12.0 mW, 632.8 nm HeNe laser (Thorlabs, Newton, NJ) through a 60x dry objective (Olympus 

Inc., Center Valley, PA) on an inverted microscope (Nikon Inc., Melville, NY). Detection of 

the Raman signal was performed with a liquid nitrogen cooled CCD camera (PI Acton, 

Trenton, NJ), and analyzed through an imaging spectrograph (PI Acton). All spectra were 

collected while the carbon fiber was immersed in Tris buffer (pH 7.4).  Scanning electron 

micrographs were collected using a scanning electron microscope (Hitachi S-3200N) with a 
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5kV accelerating voltage.  To enhance signal-to-noise, electrodes were sputtered with a 60/40 

gold/palladium alloy prior to analysis.   

 

5.2.6 Data Analysis and Statistics 

Data are shown as the mean + standard error of the mean, except when otherwise noted. 

All analysis of Raman spectra was done using Matlab (The Mathworks, Inc., Natick, MA).  

Background intensity was subtracted and spectra were lowered to the baseline using a spline 

fitting procedure. The D peak (~1330 cm-1), G peak (~1580 cm-1), and D’ peak (~1620 cm-1) 

were fit using a Lorentzian, Breit-Wigner-Fano, and Gaussian peak shape respectively.28-29 

Graphical and statistical analyses were performed with Graph Pad Prism 5 (GraphPad 

Software, Inc., La Jolla, CA).  Unpaired t-tests and one-way analysis of variance (ANOVA) 

with Tukey’s post-hoc tests were used to determine statistical differences with significance 

designated as p<0.05. 

 

5.3 Results and Discussion 

5.3.1 Microstructural Characterization with Raman Spectroscopy  

Carbon fibers are composed of graphitic sheets aligned along the length of the fiber.  

These can be oriented in a number of patterns including onion, radial, and random orientation.19  

Upon application of an electrochemical potential, the edge of the graphitic sheets can be 

oxidized to a state that includes hydroxyl, carbonyl, and carboxyl functionalities (Figure 5.1), 

as determined using Raman spectroscopy,23 X-ray photoelectron spectroscopy,5, 30-31 and 



138 
 

various microscopies32 (among other techniques).  Thus, the orientation of the graphite can 

substantially impact electrochemical performance.  For instance, it is generally considered that 

the edge plane of the fiber provides more adsorption sites than the basal plane33-34 (but also see 

investigations into enhanced electron transfer at basal planes35-36).  P-55 carbon fibers are 

pitch-based fibers with a high modulus strength that is thought to be due an alignment of the 

graphitic planes parallel to the fiber axis.37-38 For this reason they are particularly useful for 

electrochemical studies that benefit from a microdisc electrode geometry, such as 

investigations of single cells. The naïve p-55 carbon fiber surface (prior to application of any 

potential) was characterized with Raman spectroscopy to determine how the structural 

morphology varies at different positions on this fiber (Figure 5.1). An electrochemical cell was 

positioned above the objective so that the electrode could be immersed in buffered electrolyte 

during Raman data collection.  This in situ approach is advantageous in that it allows for 

collection of spectral data during application of an electrochemical waveform, so as to 

appropriately describe microstructural changes to the carbon fiber that occur over the course 

of an electrochemical experiment.   
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Figure 5.1. In situ Raman spectroscopy. Raman spectra were collected at the carbon fiber 

surface during electrochemical conditioning. A graphical representation of the edge and basal 

graphitic planes on the oxidized carbon surface is shown in the inset. 
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A representative Raman spectrum is shown in the bottom of Figure 5.1. Three peaks 

are clearly identifiable.  These comprise the characteristic Raman response for graphitic 

systems.19, 39-41  A peak positioned at around 1580 cm-1 arises from sp2 hybridized carbon 

stretches and is referred to as the ‘graphitic’ or G peak.  The peaks at approximately 1330 cm-

1 and 1610 cm-1, labeled D and D’, respectively, have been related to a breaking of the 

symmetry in the graphitic lattice. The ratio of the D and G peak amplitudes (ID/IG) is commonly 

used as a measure of graphitic disorder in the system.  In a graphitic sample that has long-range 

crystalline order, the D and D’ peaks are low or even undetected.  As the highly organized 

graphitic structure is disrupted, the D and D’ peaks grow in intensity, and ID/IG increases. This 

continues until a high level of amorphous carbon is present, at which point ID/IG decreases.42-

43  These well-characterized trends make ID/IG a common and convenient approach to 

quantifying relative changes in the carbon structure.  

Fibers were analyzed at a spot on the side or at the tip (freshly cut with a scalpel blade). 

The spectra were normalized to the G peak to highlight differences in ID/IG (Figure 5.2). ID/IG 

is significantly greater (p<0.01, n=4, two-tailed t-test) at the tip of the fiber (1.48 + 0.11) versus 

the side (1.22 + 0.07), which corresponds well with the ‘skin-core’ morphology that has been 

described elsewhere (more ordered and larger crystallites in the ‘skin’ region, and less ordered 

and smaller crystallites in the ‘core’).44  The surface of a freshly polished tip was likewise 

analyzed.  The spectra show a significant increase in ID/IG (2.02 + 0.11) over the values 

measured at the tip and the side of the freshly cut fiber (p<0.01, n=4 tip and side, n=6 polished, 

one-way ANOVA, Tukey post-hoc test).   
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Figure 5.2. Polishing increases disorder on carbon surface. Representative spectra collected at 

the side, tip (as cut), and polished carbon fiber surfaces. 

 

Previous studies have demonstrated that ID/IG is inversely related to the crystallite 

dimension along the a-axis (La), according to the following equation40  

𝐿𝑎(𝑛𝑚) = (2.4 𝑥 10−10)𝜆𝑙𝑎𝑠𝑒𝑟
4  (

𝐼𝐷

𝐼𝐺
)

−1

,        (1) 

where λlaser is the wavelength of the laser in nm. Using this equation, La was estimated for the 

side, tip, and polished surfaces of the carbon fiber (Table 5.1).  The La dimension at the 
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polished surface was approximately 7 and 12 nm shorter than La measured at the freshly cut 

tip and side, respectively. While it is possible that the laser itself might cause minor changes 

to the electrode surface, all three sampling sites would have been equally affected, and a 

previous study has shown that damage to the carbon surface begins at laser powers ~3 orders 

of magnitude greater than that used herein.45  These results indicate two important things: 1) 

Raman analysis is useful in distinguishing microstructural differences in our sample, and 2) 

polishing the electrode surface induces crystallite defects (disorder) to the carbon structure, 

consistent with previous work.46 

Table 5.1. Microcrystallite dimensions for different states of the P-55 carbon fiber 

 

Surface Type La (nm) 

Side 31.5 + 1.8 

Tip (as cut) 26.0 + 1.9 

Polished 19.1 + 1.1 

 

5.3.2 Electrochemical Conditioning Alters the Structure of the Carbon Surface 

Dynamic triangular waveforms commonly used in voltammetric experiments (holding 

potentials of -0.4 V and switching potentials ranging from +1.0 to +1.4 V) were applied for 20 

minutes at a frequency of 60 Hz to freshly polished electrodes immersed in Tris buffer.   In 

order to isolate the effect of positive potentials, another set of polished electrodes was subjected 

to static waveforms (ranging from +1.0 to +1.4 V) for 10 minutes. Representative spectra 
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collected after conditioning are presented in Figure 5.3A.  Each demonstrates the three bands 

characteristic of graphitic materials (vide supra); however, the intensity of the D and D’ bands 

decreases as the magnitude of the applied potential (dynamic or static) is increased.  Figure 

5.3B plots the magnitude of ID/IG and ID’/IG versus the highest potential applied to the electrode.  

In all cases, the ratios decrease as the applied potential is increased.  There is a significant 

difference in ID/IG between static and dynamic (triangular) waveforms when potentials of +1.1 

to +1.3 V are applied (p<0.05, n=4 dynamic, n=4 static). This difference becomes less evident 

as potentials increase, demonstrating a growing similarity in the surface characteristics of the 

carbon.  
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Figure 5.3. Electrochemical conditioning elicits structural changes to the polished carbon 

surface.  A) Representative spectra collected at the carbon fiber surface during application of 

dynamic (left) and static (right) potentials.  Spectra are offset for clarity. B) Plot of ID/IG (dots) 

and ID’/IG (triangles) vs. dynamic (black) and static (blue) potential limits. The ratios decrease 

as the applied potential is increased, demonstrating a growing similarity in the surface 

characteristics of the carbon (*p<0.05, two-tailed t-test comparing dynamic and static 

conditioning, n=4 static, n=4 dynamic). 
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At first glance, the decreasing trend in ID/IG that is observed as the applied potential is 

increased is surprising, but it is important to note that polishing the carbon surface at the start 

of the experiment generates a highly disordered state (Figure 5.2).  It has been shown that 

carbon fibers lose mass in what is hypothesized to be a Kolbe-like electrolysis (anodic 

oxidation of carboxylic acids or carboxylates followed by a decarboxylation step that generates 

carbon dioxide)27 when electrodes are conditioned with a dynamic waveform 5, 47, as follows:  

𝑅 − 𝐶𝑂𝑂− → 𝑅 − 𝐶𝑂𝑂. →  𝑅. + 𝐶𝑂2 

This idea is supported by the electron micrographs shown in Figure 5.4.  Immediately 

after polishing, the electrode surface does not exhibit distinguishing features indicative of 

short-range ordering (Figure 5.4A).  After application of +1.4 V for 10 minutes, a more ordered 

carbon microstructure is evident (Figure 5.4B).    Taken together, these data suggest that 

polishing disturbs the graphitic layers, leaving carbon flakes tightly packed in a disordered 

arrangement.  In contrast, electrochemical oxidation results in the formation of more ordered, 

distinguishing features at the surface.  
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Figure 5.4. Surface changes can be visualized using SEM. Scanning electron micrographs of 

A) freshly polished carbon fiber surface and B) polished carbon surface after conditioning with 

a static +1.4 V for 10 minutes.  
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In an effort to determine the rate at which the preconditioning process alters the surface 

properties of the carbon, Raman spectra were collected at several time points during the course 

of electrochemical preconditioning (Figure 5.5).  Microstructural changes occurred more 

gradually with dynamic conditioning (Figure 5.5A) than with static conditioning (Figure 5.5B).  

Indeed, the rate of decay, as determined from an exponential fit of the data, demonstrates that 

static conditioning using +1.3 V (*p<0.05, two-tailed t-test, n=5 static, n=9 dynamic) and +1.4 

V (*p<0.05, two-tailed t-test, n=7 static, n=7 dynamic) changes the surface significantly faster 

than dynamic conditioning with these potential limits (Figure 5.5C). It is worth noting that 

dynamic conditioning at +1.0 V and static conditioning at -0.4 V lead to no noticeable changes 

in the carbon microstructure, whereas static conditioning with +1.0 V generates structural 

changes similar to those observed in response to higher applied potentials.  Indeed, a dynamic 

triangular waveform only affords brief periods of time at potentials sufficient to etch the carbon 

surface. For instance, a cyclic sweep to 1.3 V at 400 V/sec affords approximately 1.5 msec 

above 1.0 V, and only 0.5 msec above 1.2 V. The spectral data are plotted as a function of the 

total time spent above 1.0 V (Figure 5.6A, C) or 1.2 V (Figure 5.6B, D), as the precise potential 

required to oxidatively etch the carbon surface is unknown. The data collected with the two 

conditioning methods do not significantly differ in either plot (A-B: p>0.05, two-tailed t-test, 

n=11 dynamic, n=7 static; C-D: p>0.05, two-tailed t-test, n=11 dynamic, n=7 static), 

suggesting that the time spent at a potential sufficient to break bonds and rearrange the surface 

is a critical factor in generating an ordered, oxidized carbon surface for electrochemical 

measurements.  
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Figure 5.5. Static conditioning rapidly changes the carbon surface. Plots of ID/IG as a function 

of electrochemical conditioning time using A) dynamic and B) static waveforms.  C) Rate 

constants determined by an exponential fit of the data in (A) and (B).  (+1.3 V: *p<0.05, two-

tailed t-test, n=5 static, n=9 dynamic; +1.4 V: *p<0.05, two-tailed t-test, n=7 static, n=7 

dynamic) 
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Figure 5.6.  Structural changes to the carbon surface are dependent on the amount of time 

spent above +1.0 V. ID/IG is plotted vs. time spent above +1.0 V (A and C) and +1.2 V (B and 

D) for dynamic (triangular) waveforms with potential limits of +1.3 V (A and B) and +1.4 V 

(C and D), and static application of these potentials. (A-B: p>0.05, two-tailed t-test, n=11 

dynamic, n=7 static; C-D: p>0.05, two-tailed t-test, n=11 dynamic, n=7 static) 

 

5.3.3 Microstructural Changes to the Electrode Surface Correlate with Electrochemical 

Performance 

Experiments were done to investigate how the structural changes described above 

correlate with electrochemical performance. Electrodes were conditioned with either a 

dynamic (60 Hz for 20 minutes) or static (1 minute) waveform, followed by voltammetric data 
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collection.  In the case of static conditioning, data were collected using the first potential sweep 

(400 V/sec) after the conditioning period, with a holding potential of -0.4 V and a positive 

potential limit equal to the limit used for conditioning (+1.0 to +1.4 V).  It has been shown 

previously that when using fast-scan cyclic voltammetry, the magnitude of the background 

current is predictive of electrode sensitivity.48  As expected, the background current increased 

as the switching potential was raised for both dynamic and static conditioning (Figure 5.7A).  

This could only be due to an increase in electrode area or to chemical and structural changes 

occurring at the electrode surface. It is unlikely that electrode area would be substantially 

increased by the potentials applied herein, but more severe voltammetric sweeps have indeed 

been shown to fracture carbon surfaces.22   To investigate if electrochemical conditioning was 

inducing substantial increases in electrode area, voltammograms for hexaamineruthenium(III) 

chloride were collected on freshly polished electrodes, and then again on the same electrodes 

after dynamic conditioning for 20 minutes at 60 Hz.  The equation for limiting current at a 

microdisc electrode is as follows: 

𝑖𝑙𝑖𝑚 =  4𝑛𝐹𝐷𝐶𝑟            (2) 

where n is the number of electrons transferred, F is Faradays constant, D is diffusion 

coefficient, C is the concentration of the redox species in the bulk solution, and r is the radius 

of the electrode.49  As shown in Equation 2, limiting current is directly related to the radius of 

the electrode. However, no significant difference was evident in the limiting currents collected 

at freshly polished vs dynamically conditioned electrodes (Figure H1 (Appendix H), p>0.05, 

paired t-test, n=3).   While it is possible that very small changes in area would not be detected 
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due to error associated with the measurement,50 it is more likely that the differences in 

electrochemical performance between these groups stem from chemical and structural changes 

at the surface of the carbon electrode, as hypothesized previously.21, 51  

The background current is largely comprised of non-faradaic capacitive current, but 

also contains some current generated in redox processes that strongly depend on the nature of 

the carbon surface and its environment.  For instance, oxygen-containing functional groups on 

the carbon surface (Figure 5.1) are critical in determining analyte adsorption, electrocatalysis, 

and capacitive behavior.19, 52-54 The faradaic portion of the background current exceeds that 

expected for application of a triangular voltage sweep to an ideal RC circuit,49 and is evident 

as peaks that develop at ~-0.3 V and +0.2 V (asterisks in Figure 5.7A).  The area under the 

peak at ~+0.2 V, which we term the ‘surface-dependent peak’, was integrated to roughly 

estimate the population of oxygen on the surface of the electrode. The data suggest that the 

statically conditioned electrodes were significantly more oxidized than those that were 

dynamically preconditioned (bottom, p<0.05, one-tailed t-test, n=6 dynamic, n=8 static), 

except for the +1.4 V switching potential. The ‘surface-dependent peak’ attributed to oxygen-

containing functionalities on dynamically preconditioned electrodes remained relatively low 

until potentials of +1.3 and +1.4 V were reached.  As described above, this likely results 

because a dynamic triangular waveform only affords brief periods of time at potentials 

sufficient to break bonds and induce structural changes to the carbon surface.  



152 
 

 

Figure 5.7. Conditioning affects electrochemical performance. Voltammetric data collected 

after dynamic (top) and static (middle) conditioning.  Holding potential was -0.4 V, and 

switching potentials ranged from +1.0 V to +1.4 V. A) Averaged background voltammograms 

(400 V/sec, 10 Hz), with surface-related contributions denoted by asterisks (~+0.2 V).  The 

charge for the portion of the background current that exceeds that expected for an ideal RC 

circuit is plotted verses the applied potential limit in the bottom panel.  B) Averaged 

background-subtracted voltammograms for 2 µM dopamine.  The bottom panel plots 

sensitivity to dopamine for these conditioning paradigms.  C) Averaged current vs. time traces.  

The bottom panel plots response time (10%-90% rise time).  Static and dynamic conditioning 

paradigms significantly affect background charge, sensitivity to dopamine, and responsivity.  

(*p<0.05, one-tailed t-test, n = 8 (static), n = 6 (dynamic)). 

 

The adsorption-controlled electrochemical response to dopamine was also examined 

(Figure 5.7 B and C).  As expected, sensitivity increased as the positive wavelimit increased, 
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consistent with the trend in the background current and with previous works.21, 24  Sensitivity 

to dopamine was significantly greater for electrodes that were statically versus dynamically 

conditioned (p<0.05, one-tailed t-test, n=6 dynamic, n=8 static). However, electrode response 

time is a particularly important parameter when monitoring molecular dynamics in real time, 

and it has been shown that response time slows as oxidation of the carbon surface is 

increased.24, 55  As expected, the electrode response is slowed as the positive limit is increased 

for both sets of conditioned electrodes (Figure 5.7C).  Interestingly, the response time for static 

preconditioning is slow even when the lower potentials of +1.0 and +1.1 V are used. This again 

highlights how spending extended time at potentials sufficient to induce structural 

modifications at the carbon surface can affect electrode performance, even at these relatively 

mild potentials. 

Electrochemically conditioning carbon electrodes has also been shown to increase the 

apparent electron transfer kinetics for a variety of molecules, including dopamine and ascorbic 

acid.21, 56 The data presented here (Figure 5.7, Table 5.2) show that the peak-to-peak separation 

for dopamine oxidation and reduction (ΔEp) decreases as the positive switching potential is 

increased. This indicates that the surface becomes better suited for electron transfer as the 

positive potential limit is extended. The detection of ascorbic acid was also characterized on 

the same set of electrodes (Figure 5.8).  When using dynamically preconditioned electrodes, 

the oxidation wave for ascorbic acid was not well defined until a potential limit of +1.4 V was 

applied.  However, statically conditioned electrodes exhibited a clear oxidation peak for 

ascorbic acid even with a positive wavelimit of only +1.0 V.  This interesting result 
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demonstrates that lower potentials (+1.0 V) are sufficient to facilitate oxidation of ascorbic 

acid when statically applied. 

 

Table 5.2. Peak-to-peak separation for the detection of 2 µM dopamine 

 p<0.05, one-way ANOVA, n=6 (dynamic), n=9 (static), Tukey post-hoc tests compared to +1.0 V  

 

 

Potential Limit 1.0 V 1.1 V 1.2 V 1.3 V 1.4 V 

Dynamic Conditioning 

ΔEp (V) 

0.77 + 0.05 0.78 + 0.04 0.73 + 0.03 0.67 + 0.04* 0.60 + 0.02* 

Static  Conditioning 

ΔEp (V) 

0.74 + 0.09 0.7 + 0.1 0.68 + 0.06 0.64 + 0.05* 0.62 + 0.05* 
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Figure 5.8. Conditioning alters the electrochemical response to ascorbic acid.  Averaged 

background-subtracted voltammograms for 200 µM ascorbic acid collected using electrodes 

conditioned with A) dynamic and B) static potentials.  Holding potential was -0.4 V and 

switching potentials varied: +1.0 V (black), +1.1 V (red), +1.2 V (gold), +1.3 V (green), and 

+1.4 V (blue).  
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5.3.4 The Dynamic Carbon Surface Quickly and Continually Undergoes Structural 

Reorganization in Response to Applied Potential 

The data presented herein clearly demonstrate that the structure of the carbon surface 

is altered by potentials ranging from -0.4 V to +1.4 V; potentials that are commonly used in 

voltammetry.  However, when performing voltammetric experiments, alternating negative and 

positive potentials are generally applied over the course of an experiment.  In order to 

investigate if the carbon surface repetitively responds to changes in applied potential, -0.4 V 

and +1.4 V were applied in an alternating pattern and spectra were collected over time (Figure 

5.9).  Both ID/IG and ID’/IG were found to oscillate in response to the applied potential. These 

interesting data demonstrate that the carbon surface undergoes rapid structural reorganization 

as potential is applied, repeatedly alternating between a relatively ordered state, and one that 

exhibits greater disorder in the carbon lattice.  This is likely a result of oxygen-containing 

surface species undergoing redox reactions in response to the applied potential. These data are 

consistent with a study by Stamford and coworkers that demonstrated that scanning to a 

positive wavelimit of +1.4 V increased adsorption and improved sensitivity to dopamine.21 

These benefits were attributed to a “semi-reversible” change to the electrode surface, and were 

lost when the positive wavelimit was subsequently decreased to +1.0 V. Importantly, the data 

presented herein directly demonstrate the dynamic nature of the graphitic layers in the carbon 

fiber. Rather than reaching a state of equilibrium, the carbon surface rapidly responds to 

potentials applied in repetitive voltammetric sweeps, allowing the voltammetric waveform to 

act as a continuous pretreatment.  
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Figure 5.9. The carbon surface is dynamic and continually responds to applied potential.  Plots 

of ID/IG (left y-axis) and ID’/IG  (right y-axis) as a function of time as static potentials of +1.4 

and -0.4 V were alternately applied to the electrode (top). 

 

5.4 Summary and Conclusions  

The electrochemical performance of carbon-fiber microelectrodes is highly dependent 

on the surface characteristics of the fiber. Using Raman spectroscopy, we have shown that the 

carbon surface rapidly responds to applied potentials and that positive potentials are more 

effective than negative potentials at eliciting a microstructural response (Figure 5.5).  In 
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addition, applying a static positive potential is more efficient than using a dynamic (triangular) 

waveform to elicit microstructural changes to the carbon surface that result in enhanced 

electrochemical performance (Figures 5.5, 5.7).  For example, conditioning with a static 

potential of +1.0 V is sufficient to enable the voltammetric detection of ascorbic acid; however, 

conditioning with a dynamic waveform with a positive potential limit of +1.0 V is not (Figure 

5.8).  Likewise, conditioning with a static +1.0 V leads to a surface structure resembling that 

attained after conditioning with dynamic waveforms with larger positive potential limits 

(Figure 5.3). Thus, the amount of time spent at a potential sufficient to break bonds and 

rearrange the surface is critical in generating an ordered and oxidized carbon surface (Figure 

5.6). Importantly, the carbon surface is a dynamic entity that continuously responds to applied 

potential (Figure 5.9). Overall these data provide valuable insight into 

deconstruction/reconstruction phenomena occurring at the carbon-fiber microelectrode surface 

in response to applied potential, addressing critical gaps in the fundamental understanding of 

electrochemical processes at carbon surfaces.  The information presented herein will serve as 

a foundation to inform researchers designing waveforms to target specific molecules using 

carbon-fiber electrodes. 
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5.6 Associated Content 

Supplemental Figure H1 is found in Appendix H. This material is available free of 

charge via the Internet at http://pubs.acs.org. 
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CHAPTER 6 

Extending Fast-Scan Cyclic Voltammetry to Intracellular Measurements Using 

Nanocone Electrodes 

This work was completed in collaboration with: Roberts, J.G., Mitchell, E.C., Dunaway, L.E., and 

Sombers, L.A., and is in preparation for submission to the Journal of Analytical Chemistry.  

 

6.1 Introduction 

Single cells from mammalian adrenal glands have been used extensively as models for 

studying exocytosis, the primary method by which cellular chemical communication occurs.1-

3 During exocytosis, vesicles containing chemical messengers fuse with the cell membrane 

where they subsequently release all or a portion of their contents into the synaptic cleft and/or 

extracellular space to propagate and regulate chemical communication.4-5 Electrochemical 

approaches are well suited to monitor this vesicular release of redox active molecules with 

excellent temporal resolution and chemical selectivity.   

Carbon-fiber microelectrodes are the most common electrode design when studying 

the dynamics of exocytosis, as the carbon substrate is sensitive to catecholamine release and 

the size is congruent with cell diameter. In general, 10 µm diameter, glass-insulated disk 

electrodes are placed directly on a cell to limit molecular diffusion and increase the likelihood 

of measuring individual release events.6 Although it is less common, attempts have been made 

at acquiring electrochemical measurements within the cytosol, since having the ability to 

measure the uptake and packaging of neurochemicals would allow researchers to answer yet 

unaddressed questions regarding dynamics of and conditions required for these functions on a 
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sub-second time scale. In one related study, 2 µm platinum disk electrodes were inserted into 

giant snail neurons and linear-sweep pulsed voltammetry was used to monitor transport of 

dopamine bathed onto the cell as it crossed the cell membrane.7 However, the slow scan rate 

and cleaning pulse phase significantly limited the temporal resolution and the electrochemical 

information obtained precluded qualitative analyte identification.   

The ability to make intracellular measurements greatly expands the dimensionality of 

chemical information about the release, uptake, and packaging of neurotransmitters, as well as 

allowing for quantitation of other electroactive molecules that are generated within the cell or 

that cross the membrane. This type of information has been largely inaccessible due to the 

challenges of developing a stable electrode with the proper geometry to facilitate placement 

inside a single cell without causing extensive damage, while selectively sampling the cytosol 

and excluding the extracellular environment. Since the carbon fibers typically used for 

electrochemical experiments at single cells have a diameter of approximately 10 µm, which is 

roughly the same scale of the cells being studied, it is necessary to reduce the size of the probe 

in order to insert it into the interior of the cell.  Ewing et. al. have recently implanted a flame 

etched carbon-fiber electrode within the cytosol of PC12 cells.8 Interestingly, when this 

electrode was implanted, amperometric current spikes that resembled individual vesicular 

exocytosis events were observed which originated from within the cell.  This perplexing 

finding was determined to be the result of individual vesicles lysing at the electrode and 

releasing their contents onto the surface.9-10 Furthermore, intracellular vesicular content was 

compared to that measured at an extracellular disk electrode during exocytotic events, lending 

the finding that only a portion of the vesicular content was released to the environment. 
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Electrochemical measurements made at single cells generally employ amperometric 

detection, where the potential is held constant to drive chemical reactions at the electrode 

surface. Amperometry provides excellent sensitivity for measuring low quantities of analyte, 

and is unmatched in its temporal response, which is needed for studying dynamics of fast 

exocytotic events. However, this electrochemical technique provides little qualitative 

information as to which analyte is being detected, which can be limiting in complex biological 

preparations where multiple interfering species are present. Voltammetry dynamically scans 

through a range of potentials to drive redox reactions, which can lead to multiple oxidation 

and/or reduction peaks at discrete voltages to be used for analyte identification and 

quantification. This inherent chemical selectivity is crucial to researchers looking to 

distinguish the actions and origins of various neurotransmitters from one another due to the 

vastly diverse chemical content within cells. For example, voltammetry has proven capable of 

distinguishing and quantifying both serotonin and histamine released from mast cells.11-12 

Similarly, chromaffin cells are known to contain both norepinephrine and epinephrine, which 

are electrochemically active neurotransmitters. These catecholamines are structurally similar, 

and the enzymatic conversion of norepinephrine to epinephrine takes place within the cell 

through phenylethanolamine N-methyltransferase. Chromaffin cells secrete norepinephrine 

and epinephrine, however the relative amounts of these catecholamines, and by which cells 

they are secreted, remains in question.13-14 Amperometric detection of exocytosis events at 

chromaffin cells allows for the quantification of the total catecholamine content being released; 

however, without chemical selectivity, the identity of the analytes being released cannot be 

determined. Fast scan cyclic voltammetry (FSCV) is able to provide sufficient selectivity 
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between norepinephrine and epinephrine and has been used to differentiate these molecules 

during exocytotic release events.14-16  The combination of FSCV with a carbon based probe 

that can access the cytosol would permit chemically selective measurements to yield further 

insight into the transport and functions of these chemicals. 

In this work, we developed carbon-fiber microelectrodes with a conical geometry, by 

way of a wet etching method and a phenolic-paraffin insulation. These innovative electrodes 

were used to penetrate the cell membrane to access the cytoplasm of chromaffin cells and 

subsequently identify and quantify intracellular vesicle content. Intracellular measurements 

using voltammetry with slow scan rates have been attempted before, but to our knowledge, 

FSCV has never been shown intracellularly.7, 17-18 Additionally, most probes intended for 

cytosolic recording are not able to differentiate intra- and extracellular environments, as they 

the sensing surface bridges both regions. We sought to advance this field by adding a 

voltammetry technique with chemical selectivity, and highlight the utility of FSCV for making 

measurements intracellularly. Additionally, we used an extended voltammetric waveform to 

successfully distinguish norepinephrine and epinephrine in individual vesicles, as they 

adsorbed and lysed onto the electrode surface. The capability to qualitatively and quantitatively 

identify cytosolic neurotransmitters in real time has never been shown before and this research 

will permit exciting new studies about the dynamics of the vesicular packaging of these 

molecules and the effects of pharmacology on single cells from a new perspective.  
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6.2 Experimental Section 

6.2.1 Chemicals 

All chemicals were purchased from Sigma Aldrich Co. (St. Louis, MO) and used 

without additional processing. Aqueous solutions were made using doubly deionized water 

(Barnstead Easy Pure II, Dubuque, IA). Experiments done in a flow injection apparatus were 

carried out in phosphate-buffered saline (0.1 M PBS) at pH 7.4. 

6.2.2 Electrode Fabrication 

Cylindrical carbon-fiber microelectrodes were constructed using t-650 carbon fibers as 

previously described.19 Briefly, a single carbon fiber was aspirated into a glass capillary (1.0 

mm x 0.5 mm, A-M Systems, Carlsburg, WA). A tapered seal was subsequently formed by 

using a micropipette puller (Narishige, Tokyo, Japan) and the exposed carbon fiber was 

trimmed to 500 µm. An electrical connection was made with the fiber by coating a lead in 

silver paint (Silver Print II, GC Electronics) and inserting it into the back of the capillary. The 

exposed carbon fiber was next etched into a conical geometry by rapidly dipping and extracting 

the electrode into 4 M KOH while applying a +7 V potential to the carbon electrode, versus a 

platinum wire. The carbon fiber was insulated with a phenolic mixture by 

electropolymerization.20 The tip (5 µm) of the conical electrode was masked, to prevent 

insulating this portion of the electrode intended to be inside the cell, by inserting it into a 

conductive silicon rubber (SSP1529 0.080, Specialty Silicone Products, Ballston Spa, NY, 

generous gift provided courtesy of Marian Inc., Salem, VA). All movements of the electrode 

were done with micromanipulators, including etching and insulation steps. The position of the 

electrode was monitored by measuring the impedance of the electrode/rubber interface with a 
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lock-in amplifier (7280, Ametek, Berwyn, PA). After the electrode was masked to the desired 

depth, the phenolic polymer insulation solution was electrodeposited onto the exposed carbon 

surface with +4 V applied to the carbon electrode, versus a platinum electrode, for 14 minutes.  

The electrode was removed from the mask and oven dried at 150 °C for 30 minutes. Electrode 

images were collected using scanning electron microscope (Hitachi S-3200N) with a 5 kV 

accelerating voltage, and electrodes were coated with a 60/40 gold/palladium alloy prior to 

imaging.   

 

6.2.3 Flow Injection 

Electrochemical data were collected using a flow injection apparatus that was housed 

within a custom built Faraday cage to reduce noise interference. The working electrode was 

positioned in the electrochemical cell using a micromanipulator (World Precision Instruments, 

Sarasota, FL). Buffered electrolyte was passed continuously over the working and reference 

electrode at 1 mL/min using a syringe pump (New Era Pump Systems, Wantagh, NY). A digital 

valve interface (Valco Instruments Company, Houston, TX) was used to control an air actuator 

connected to a six-port HPLC valve in order to introduce two-second bolus injections of 

analyte across the working electrode.   

 

6.2.4 Electrochemical Data Acquisition 

All potentials in voltammograms were reported versus a Ag/AgCl reference electrode 

(World Precision Instruments, Sarasota, FL). Analyte detection with FSCV was accomplished 

using triangular waveforms applied with an application frequency of 10 Hz. Waveform 
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application and current transduction was accomplished using open source software and custom 

instrumentation (HDCV, University of North Carolina at Chapel Hill, Department of 

Chemistry, Electronics Facility), along with a DAC/ADC card (NI 6363, National Instruments, 

Austin, TX). Current output was filtered with a four-pole low-pass Bessel filter. Background 

subtraction and signal averaging was software controlled. For amperometry experiments, 

electrodes were held at +850 mV with a patch-clamp amplifier (Axopatch 200B, Molecular 

Devices, Sunnyvale, CA) set to voltage-clamp mode in Whole Cell (ß = 1) configuration. The 

Axon Digidata 1440A (Molecular Devices, Sunnyvale, CA) was used to digitize data at 2 kHz. 

Axoscope software (Version 10.4.1.9, Molecular Devices) was used for amperometric data 

collection.   

 

6.2.5 Primary Bovine Chromaffin Cell Culture 

Bovine adrenal glands were obtained from a local slaughterhouse to establish primary 

culture.  Adrenal glands were swiftly removed from the carcass and immediately trimmed of 

excess fat, perfused with cold W3 buffer (145 mM NaCl, 5.4 mM KCl, 1 mM NaH2PO4, 11.2 

mM glucose, and 15 mM HEPES) through the adrenal vein, and submerged in ice-cold W3.  

Upon arrival in the lab, the glands were perfused with warm W3 and incubated at 37 ˚C for 10 

minutes. The warm perfusion and incubation step was repeated in triplicate. Glands were then 

perfused with a digestion mixture containing 0.035 mg/mL DNAase and 1.4 mg/mL 

collagenase in W3 and then incubated for 15 minutes.  Again, this digestion perfusion was 

repeated in triplicate.  Nystatin (5 mL/L) was added to W3 and used for all remaining steps 

involving W3. After incubation, the glands were sliced longitudinally and the medullae were 
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removed from all glands, finely minced, placed in 36 ˚C digestion mixture, and stirred for 30 

minutes.  The digested solution was filtered (250 µm) and centrifuged to pellet the cells.  After 

decanting, pellets were resuspended in a mixture of 90% Percoll and 10% 10x W3. The 

gradient was centrifuged to separate red blood cells, chromaffin cells, and cellular debris. The 

chromaffin cell layer, formed in the middle, was collected and filtered through a 40 µm sterile 

nylon filter. DMEM (Dulbecco’s Modified Eagle Medium) was added to the filtrate and 

pelleted. The supernatant was removed and the pellets were resuspended in DMEM containing 

10% FBS and 1% 100X Pen-strep. Cells were then plated on 35 mm culture dishes, and placed 

in the incubator. Cell media was changed every two days and initial testing occurred after three 

days of incubation. 

 

6.2.6 Single Cell Experiments  

Cell culture dishes were prepared for electrochemical measurements by replacing the DMEM 

with an isotonic buffer (150 mM NaCl, 5 mM KCl, 1.2 mM MgCl2, 5 mM glucose, 10 mM 

HEPES, and 2 mM CaCl2 at pH 7.4) and maintained at 37 ˚C using a culture dish incubator 

(DH-35iL, Warner Instruments, Camden, CT). To elicit exocytosis, a high potassium isotonic 

stimulating buffer (55 mM NaCl, 100 mM KCl, 1.2 mM MgCl2, 5 mM glucose, 10 mM 

HEPES, and 2 mM CaCl2) was loaded into a micropipette and puffed onto the cell with a 3 

second, 20 psi pulse (Picospritzer II; General Valve Corporation, Fairfield, NJ). Cells were 

imaged on an inverted microscope (Olympus IMT-2) equipped with Hoffman Modulation 

Contrast optics and a 40x objective. 
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6.2.7 Data Analysis 

Amperometric current peak areas were quantified using Mini Analysis software 

(Version 6.0.3, Synaptosoft). Custom Matlab scripts were used in voltammetric analysis 

(Matlab, MathWorks, Natick, MA). The limit of detection was defined as three times the 

standard deviation of the noise.  Data are reported as the mean + standard deviation. Graphical 

and statistical analysis was performed with Graph Pad Prism 5 (GraphPad Software, Inc., La 

Jolla, CA).  

 

6.3 Results and Discussion  

6.3.1 Electrode Development 

In order to successfully position a carbon-fiber electrode inside the chromaffin cell 

cytosol, it was necessary to both reduce the diameter of the carbon fiber and alter its geometry 

so that it could penetrate the cell membrane with minimal force, as to not destroy the cell. 

Single chromaffin cells have diameters of ~10-20 µm, whereas carbon fibers have a diameter 

of approximately 10 µm.21 Various techniques for reducing the dimensions of a carbon based 

electrode, such as flame etching, polishing, and wet etching, have been utilized for various 

aims.22-24 For this work the wet etching procedure was chosen, because in our hands, it was 

proven to be effective, reproducible, and easily implemented (Figure 6.1). Briefly, a carbon-

fiber electrode was lowered into a solution of 4 M potassium hydroxide, while a potential of 

+7 V was applied to the electrode versus a platinum reference wire, then removed from the 

solution. The process of dipping the electrode is essential to form a conical geometry, as the 
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tip of the electrode, being in contact with the solution for the longest, experiences more etching 

time than the remainder of the carbon surface. The applied potential was sufficient to rapidly 

etch the carbon, as the carbon fiber was exposed to the solution for about 1 to 1.5 seconds. The 

angle of the cone is dependent on the applied potential and the rate of movement, as a higher 

voltage and/or slower dipping rate will result in a more blunted point.  
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Figure 6.1. Fabrication of insulated conical nanoelectrodes.  A) Schematic depicting the wet 

etching process.  A carbon fiber cylinder electrode is positioned inside a solution of 4 M KOH.  

A potential of +7 V is applied to the carbon electrode, versus a coiled platinum wire.  The 

electrode is rapidly lowered further into solution, then raised completely out of solution.  B) 

Representative optical image of an etched electrode with a conical geometry. C) Diagram of 

the unit used to insulate the exposed carbon.  An impedance meter is used to indicate when the 

carbon is directly above the conductive silicon rubber.  Macro- and micro-positioners were 

used to vertically position the carbon fiber and the silicon rubber, respectively.  D) Magnified 

view of the carbon fiber inserted into the silicon rubber.  Once the fiber is masked to the desired 

length, a drop of polymer solution is placed and a platinum reference electrode is inserted, the 

insulation is electropolymerized around the fiber. E) Scanning electron micrograph of an 

insulated conical carbon fiber.  An 8 µm diameter carbon fiber is tapered to a sharp point for 

insertion into cells.  A ridge seen at ~5 µm from the tip indicates the formation of a thin layer 

of phenolic insulation. 



176 
 

An optical image of a representative electrode after the etching procedure is shown in 

Figure 6.1B, where the fiber tapers toward the tip of the electrode to form a sharp conical 

geometry. Even though the geometry of this design permitted cell penetration, a large portion 

of electroactive surface area remained outside of the cell. Having sections of the sensing 

surface both inside and outside of the cell would confound the origin of any electrochemical 

measurements. One means to address this potential shortfall without further modification of 

the sensor is to use a calcium free buffer.  Without extracellular calcium present, the cell would 

be unlikely to undergo exocytosis and any measured events would be assumed to result from 

vesicular lysing. However, exocytotic events generated in response to intracellular calcium 

stores could not be ruled out. Additionally, this would limit experiments seeking to evaluate 

intracellular dynamics during exocytotic events. Another approach to selectively monitor the 

cytosol, is to insulate any electroactive portion of the electrode that would be outside the cell, 

so that the entirety of the electroactive electrode area is positioned inside the cell, and recorded 

events could safely be assumed to have resulted from intracellular measurements. This would 

also allow for intracellular measurements during exocytotic events. 

Various attempts have been published for insulating carbon-fiber microelectrodes 

whereby the entire fiber is insulated and subsequently cut to expose carbon, or an extended 

length of exposed carbon protrudes from the insulation and is cut to length after the insulation 

process.19, 25 These traditional approaches are not appropriate for this work, as the conical tip 

is created prior to any insulation step. To address this problem, the etched electrode tip was 

positioned inside conductive silicone rubber, using a micropositioner, to mask the desired 

surface area and shield it from insulation. A lock-in amplifier was used to measure the 
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impedance across the carbon/silicone interface to assist in positioning and indicators on the 

manipulators were used to quantify depth (Figure 6.1C). After masking, the phenolic solution 

used for insulating was dropped onto the silicon surface to cover the exposed carbon, and a 

platinum reference wire was positioned in the solution adjacent to the carbon electrode. The 

polymeric insulation was electropolymerized onto the carbon fiber to form a uniform insulating 

layer along the length of the exposed carbon fiber (Figure 6.1D). Since most chromaffin cells 

are in the ballpark of 20 µm in diameter we surmised that a sensing length of 5 µm would serve 

well for intracellular studies. A representative etched and insulated electrode is shown in 

Figure 6.1E, where this electrode has a tapered diameter of ~300 nm and a slight ridge 5 µm 

from the tip indicating the insulation boundary, where the silicone mask ended.  

 

6.3.2 Electrochemical Characterization 

Once the methodology was established for fabrication of the desired geometry, the 

electrochemical performance of these new electrodes was characterized in vitro. Carbon fiber 

electrodes are often electrochemically conditioned by continuously applying the potential 

waveform which is used for analyte quantification, for 10 to 20 minutes. This procedure serves 

to both populate and stabilize chemical functionalities on the electrode surface that enhance 

analyte detection.26-27 As we conditioned these electrodes it was observed that the performance 

never stabilized, but instead the background voltammograms collected during the 

preconditioning phase gradually increased in magnitude. Steady state background current (ic) 

generated during a potential sweep (v) is directly proportional to capacitance (Cd), which is 

fundamentally dependent on electrode surface area (Equation 1).28 
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𝐸𝑞𝑢𝑎𝑡𝑖𝑜𝑛 1                    |𝑖𝑐| = 𝐶𝑑𝑣        

Thus we determined that the insulation was not stable, and slowly dissociated from the 

electrode surface as a result of extended electrochemical conditioning, exposing more carbon 

surface.  

Several strategies were evaluated to improve the stability of the insulation, including 

thicker insulations and altering the ratio of the components of the polymerization solution, all 

with limited success. The method that was ultimately successful in improving the insulation 

stability was a strategy whereby we reinforced the polymer insulation by adding a second 

insulator. Wax coatings have been shown to function as a sealant material for glass insulated 

carbon electrodes.29  As a means to reinforce the polymer coating and prevent degradation, we 

encased the electrode tip in paraffin wax. Doing so resulted in coating the bare carbon surface, 

which effectively insulated and prevented any electron transfer at the electrode surface. Figure 

6.2A is the background-subtracted voltammogram of 1 µM dopamine that was collected using 

an electrode with the additional wax coating. There were no identifiable redox features present 

in this voltammogram, indicating that the entire carbon surface was insulated. Subsequent 

electrochemical conditioning removed the wax at the sensor surface,29 to expose the small 

portion of carbon fiber without the phenolic insulation. Indeed, the same representative 

electrode used in Figure 6.2A was able to measure dopamine after conditioning for 

approximately 10 minutes (Figure 6.2B). In order to test the efficacy of the wax layer in 

protecting the polymeric later, insulation stability was assessed by monitoring dopamine 

oxidation current for a duration of three hours, at 15 min intervals. Failure of the insulation 
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would expose more surface area and oxidation current from a single concentration of dopamine 

would continue to increase, as peak current is proportional to surface area. After three hours 

of repeated electrochemical cycling, dopamine oxidation current remained stable (p<0.05, two-

tailed t-test, Figure 6.2C). This result indicated that the use of a bilayer insulation provides a 

stable electrode for continual usage, where the paraffin wax layer was able to preserve the 

integrity of the phenolic insulation and not impede the carbon surface.  

  

Figure 6.2. Wax coating to stabilize insulation.  A) Dopamine redox was not observed when 

the electrode was fully coated in wax.  B)  Electrochemical conditioning effectively removed 

the wax coating from the portion of the fiber without phenolic insulation and dopamine was 

quantitated. C) The normalized oxidation current in response to 1 µM dopamine is plotted 

against collection time (n=3 electrodes, standard deviation).  Data are normalized to the first 

response (time zero). 
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 Additional analysis of this sensor focused on means of increasing peak redox 

currents without further modification, with the intent to increase the signal for analyte 

detection. Fundamental electrochemistry principles dictate that peak redox current (ip) is 

proportional to the scan rate (𝜈) of the applied waveform for a surface adsorbed species 

(Equation 2),28 

                     𝐸𝑞𝑢𝑎𝑡𝑖𝑜𝑛 2          𝑖𝑝 =
𝑛2𝐹2

4𝑅𝑇
𝑣𝐴Γ   

where the number of electrons (n), Faraday’s constant (F), surface area (A), and surface 

concentration (Γ) are also proportional. Figure 6.3A highlights representative dopamine 

voltammograms collected using the same electrode at varying scan rates, and it was observed 

that peak current increased as the scan rate was raised from 400 to 2000 V/s. Additionally, a 

phenomenon observed with molecules that have quasi-reversible electron transfer kinetics, 

such as dopamine, is that the separation of the oxidation and reduction peaks increases as the 

scan rate is increased.  Figure 6.3B shows normalized dopamine voltammograms collected at 

multiple scan rates, to highlight this peak shifting and separation. These data confirmed that 

the electrodes behaved according to principle and that the bilayer insulation did not interfere 

with the detection of dopamine. 
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Figure 6.3. Electrochemical characterization of dopamine at conical electrodes.  A) 

Representative voltammograms of 2 µM dopamine at multiple scan rates (blue line = 2 kV/s, 

red = 1 kV/s, black = 400V/s).  B) Voltammograms from panel A that have been normalized 

to the magnitude of the oxidation peak. 
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6.3.3 Intracellular Characterization 

As stated in the introduction, amperometry with carbon fiber disk electrodes is the most 

commonly used electrochemical technique for measuring vesicular release at single cells. 

Therefore, we initially assessed the performance of the new electrode design compared to a 

disk electrode by performing amperometric measurements at single cells. With the conical 

electrode positioned on the surface of a cultured chromaffin cell and held at +650 mV, no 

electrochemical activity was recorded unless chemically stimulated. Pressure-ejecting 100 mM 

KCl buffer (isotonically balanced with NaCl) resulted in the detection of amperometric spikes 

(Figure 6.4) rising from exocytotic events. The successful detection of exocytotic events 

indicated that the electrode design had sufficient sensitivity to quantify extracellular vesicular 

catecholamine release with amperometry.  
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Figure 6.4. Individual exocytotic events recorded at conical electrodes. A) Amperometric trace 

recorded during potassium stimulation.  The red arrow indicates the time of stimulation.  B) 

Expanded view of the region highlighted by the blue bar in Panel A. 

 

After establishing that the electrode could monitor vesicular release, it was inserted into 

the cell cytoplasm to obtain intracellular chemical measurements, illustrated in Figure 6.5. In 
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Figure 6.5A, an electrode was positioned next to a cell using piezoelectric micromanipulators, 

showing the relative scale of the task. The tip of the electrode was then pressed against the 

membrane, causing an indentation in the cell membrane (Figure 6.5B). Cells were selected that 

were firmly attached to the culture dish and would accept the force of the electrode without 

becoming dislodged. Application of sufficient force allowed for the electrode to penetrate the 

cell membrane and access the cytoplasm, forming a seal around the electrode (Figure 6.5C). 

From this position it was possible make chemical measurements intracellularly.   

 

Figure 6.5. Intracellular recordings.   A) The electrode is placed near the cell, B) pressed 

against the cell membrane, and C) inserted into the cell cytoplasm. D) Amperometric trace 

recorded during cellular penetration.  The red arrow indicates the time point when the electrode 

gained access to the cytosol.  E) Expanded view of the region highlighted by the blue bar shown 

in Panel D. 
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Upon insertion of the nanoelectrode into the cell, amperometric spikes were recorded 

that correlate to the collision and lysing of individual vesicles onto the electrode surface, 

replicating a previous report.8  The amperometric trace shown in Figure 6.5D was collected as 

the electrode translated from outside the cell membrane to inside. The shifted baseline is the 

result of transporting the sensing surface from the buffered solution into the cytoplasm, where 

it encountered a different chemical environment and was further removed from the reference 

electrode (positioned in the extracellular buffer). Upon insertion of the nanoelectrode into the 

cytoplasm, amperometric spikes were recorded that correlate to the collision and lysing of 

individual vesicles onto the electrode surface, replicating a previous report.8 As shown in 

Figure 6.5E, these events have sharp rise and decay times, similar to exocytotic events 

observed with an electrode positioned extracellularly. While the report by Ewing validated 

their intracellular measurements by comparing to a control where an electrode placed outside 

the cell recorded no spontaneous spikes, our results further validate the origin of these spikes 

by insulating the portion of the electrode that was outside of the cell, and recording the same 

spontaneous events. 

 

6.3.4 Intracellular Voltammetry 

Although amperometry offers outstanding benefits for measuring vesicular contents, it 

does not provide information on chemical identity. By contrast voltammetry offers qualitative 

information that can be used for analyte identification.15 Thus, we sought to extend the utility 

of our electrodes by coupling them with FSCV to make both qualitative and quantitative 

chemical measurements. The Axopatch amplifier is commonly used to make electrochemical 
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measurements at single cells because of the low-noise electronics that it utilizes; therefore, for 

our initial investigation we used this system with the superior signal to noise ratio. 

Unfortunately, the desired waveform for catecholamine detection that results in greater 

sensitivity to catecholamines has a switching potential of +1.3 V,30 but the maximal potential 

output of the Axopatch is only +1.0 V. With this limitation, the applied waveform ranged from 

-0.4 to +1.0 V. Figure 6.6 shows representative data collected using FSCV as the cell 

membrane was penetrated using the conical electrode. Upon insertion into the cell, a shifted 

baseline is observed in the color plot, as well as discrete vesicular release events (Figure 6.6A). 

A trace of the current collected at +0.75 V, the potential where peak current for catecholamines 

is observed, is shown in Figure 6.6C. These peaks clearly resemble those seen with 

amperometric detection (Figures 6.4 and 6.5). Figure 6.6B shows a voltammogram that was 

taken during one of the vesicular events (vertical dashed line in Figure 6.6A). The oxidation 

and reduction peaks identify the analyte as a catecholamine; however, we cannot distinguish 

between the two primary catecholamines, norepinephrine and epinephrine, present in the 

chromaffin cell using this voltammetric waveform. These data highlight the capacity of FSCV 

to gain more chemical information about the intracellular environment and still observe the 

spontaneous events.   
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Figure 6.6: Intracellular voltammetry. A) Colorplot recorded during insertion of the electrode 

into the cell cytoplasm.  The red arrow indicates the time of membrane penetration.  B)  

Voltammogram taken from (A) indicated by the vertical white dashed line.  The 

voltammograms show a clear catecholamine signal.  C) Current verse time trace taken at the 

potentials shown by the horizontal white dashed line in (A).  The red arrow indicates insertion 

into the cell. 
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The structural similarities between norepinephrine and epinephrine give way to similar 

voltammograms for these analytes at the potential limits employed in the previous experiment. 

However, by changing the applied waveform, Wightman and coworkers demonstrated that a 

second oxidation peak for epinephrine can be observed if the potential limit is extended to 

approximately +1.425 V.15 In order to apply this capability in our own experiments, custom 

instrumentation was used to apply an extended cyclic waveform of +0.1 V to +1.45 V, as the 

Axopatch is limited to +1.0 V. This extended waveform was applied to the conical 

nanoelectrode in vitro and calibrated to both analytes. Figure 6.7 shows representative 

voltammograms demonstrating that the oxidation of norepinephrine results in a single peak, 

but the oxidation of epinephrine generates two distinct peaks.  The first peak at approximately 

+0.65 V originates from oxidation of the hydroxyl groups to an ortho-quinone (Scheme 1.1),  

and the second peak at +1.45 V arises from the oxidation of the secondary amine (Scheme 1.2). 

Thus, the presence of the secondary peak provides a marker to distinguish norepinephrine from 

epinephrine.   
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Scheme 1: Electrochemical reactions for norepinephrine and epinephrine. 

 

 

 

Figure 6.7. Norepinephrine and epinephrine voltammetry. A) 10 µM norepinephrine.  B) 10 

µM epinephrine. 

 

Using this extended waveform, intracellular voltammetric data were collected using 

FSCV at conical electrodes. Spontaneous electrochemical events were observed, in Figure 6.8, 

while recording in the cytosol. To investigate the relationship between norepinephrine and 

epinephrine, current versus time traces were extracted from these data at two different 
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potentials (+0.65 and +1.425 V), and current was then converted to concentration using 

electrode sensitivity. For the data shown, the calibration factors were 0.29 nA/µM for 

norepinephrine, and 0.20 nA/µM for epinephrine’s first peak and 0.08 nA/µM for the second. 

By comparing the peaks generated at these potentials it was possible to discern the two 

catecholamine species. Events that generated current at both potentials indicated the presence 

of epinephrine, whereas events that generated current only at +0.65 V corresponded to 

norepinephrine containing vesicles. The concentration versus time traces show that many of 

the vesicular lysing events indicated the presence of mostly epinephrine-containing vesicles. 

For example, the event marked by the red square had a corresponding peak in both traces. The 

extracted voltammogram in Figure 6.8C shows two oxidation peaks indicative of epinephrine. 

By contrast, the event marked by the blue square has no associated peak at +1.425 V. The 

voltammogram taken from this time point (Figure 6.8B) revealed that the event was generated 

from norepinephrine and had no discernable epinephrine. Interestingly, adrenal cells are 

thought to convert most of the norepinephrine to epinephrine, but these data show that there 

remains a store of intracellular norepinephrine. 
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Figure 6.8. Chemical identification and quantification of intracellular vesicle content. A) 

Representative colorplot collected intracellularly with the extended waveform limits.  

Concentration vs. time traces are shown above the color plot, top: extracted at +1.45 V, bottom: 

extracted at +0.65 V.  Voltammograms extracted from the color plot are shown for B) 

norepinephrine and C) epinephrine, collected at the time points marked by the blue and red 

squares, respectively. D) Histogram of log(Q) distribution for epinephrine (N=71 events) and 

norepinephrine (N=122 events) containing vesicles. 
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To further evaluate the chemical heterogeneity of each vesicle, the peak area of each 

spontaneous lysing event was calculated to determine the charge associated with the detection 

of norepinephrine and epinephrine, where the charge is proportional to the total number of 

molecules revealed. In Figure 6.8D, plotting a histogram of each event showed the distribution 

of epinephrine and norepinephrine containing vesicles. A single Gaussian fit for 

norepinephrine determined a mean of 2.24 + 0.04 pC and epinephrine was 2.05 + 0.06 pC. 

Based on these averages, norepinephrine accounted for approximately 61% of the released 

content and these data are in agreement with a previous finding that reported both 

norepinephrine and epinephrine are released from a random sample of chromaffin cells.14 It is 

unclear at this point if individual vesicles lacking the enzyme phenylethanolamine N-

methyltransferase were the source of norepinephrine, however, this will be the subject of future 

work.   

 

6.4 Conclusions 

Conical carbon-fiber microelectrodes with a bilayer insulation were developed and 

utilized for intracellular measurements to both identify and quantify vesicular content. By 

employing a wet etching technique, traditional cylinder carbon fibers were sharpened into a 

conical geometry with nanometer dimensions. This reduced dimensionality allowed the 

electrode to penetrate the cell membrane and enter the cytoplasm.  The length of exposed 

surface area was regulated with an elegant masking procedure, and a bilayer insulation 

provided stable performance. By coupling these electrodes with FSCV, intracellular vesicle 
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content was measured with chemical selectivity and it was determined that approximately 61% 

of the vesicle neurotransmitter content corresponded to norepinephrine, over epinephrine. This 

technique has the potential to provide spatially resolved information on vesicular content 

within the cell, and to measure chemical transport across the cell membrane. Additionally, the 

intracellular chemical dynamics associated with manipulation using a variety of 

pharmacological agents can be revealed. This research provides a new tool that will resolve 

problematic questions that haven’t been challenged due to technological hurdles.   
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CHAPTER 7 

Summary and Outlook 

7.1 Research Summary 

 Background-subtracted fast scan cyclic voltammetry (FSCV) has made a tremendous 

impact in the field of neuroscience, allowing researchers to monitor neurotransmitter and 

neuromodulator dynamics in live tissue, in real time. Prior to the introduction of FSCV in 

1984,1 chemical measurement techniques in neuroscience were largely limited to those which 

require tissue sampling followed by offline analysis2 or immunoassay,3 which provide 

chemical data only at one time point, most often post-mortem. By contrast, FSCV has been 

used extensively to study catecholamine release in the brain4-5 and periphery,6 and the 

dysregulation of dopamine neurotransmission resulting from certain disease states.5, 7 The 

ability to monitor neurotransmitter release from cells in real time has allowed neuroscientists 

to better understand the links between certain behaviors and the chemical mechanisms that 

dictate them. For instance, many researchers have investigated the effects of cocaine on 

spontaneous dopamine transient release events in the nucleus accumbens of rats, and found 

that intravenous infusions of cocaine result in an increase in both amplitude and frequency of 

these dopamine transients.8-9  

One health issue of particular importance to the United States today is the current 

nationwide drug epidemic – this is a health crisis that stands to gain a lot from the type of 

information provided by FSCV. As of 2014, over 7 million adults in America struggle with a 

drug abuse disorder.10 An estimated 4.3 million Americans use prescription opiate pain killers 
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for nonmedical purposes.10  Opiates are commonly prescribed for pain, but they are also 

commonly abused drugs which bind to opioid receptors. These opioid receptors are found 

throughout the nervous system alongside endogenous opioids, and are particularly prevalent 

in adrenal chromaffin cells. It has been established that both the catecholamines and 

endogenous opioids contribute to motivated behavior and reward processing;11-13 however, the 

precise mechanisms by which these two neurochemicals modulate the reward circuitry are 

poorly understood. With improved analytical techniques such as FSCV, the intertwined roles 

of opioid and catecholamine signaling could be better investigated and understood, lending 

valuable insight into improved therapeutic strategies for pain with an end goal of dissociating 

the pain-relieving properties of these drugs from the effects on motivated behavior. The 

research outlined in this document describes steps taken to advance chemical measurements 

made with FSCV.  The work has enabled the first direct detection of opioid peptide dynamics 

in adrenal tissue, and has discovered that endogenous opioids can evoke catecholamine 

secretion in chromaffin cells. Additionally, the type of sensor used for studying sub-second 

dynamics of exocytotic release events from single chromaffin cells in culture by amperometry 

has been improved upon, allowing for the more complete detection of neurotransmitters 

released into the extracellular space. 

 Chapter 2 describes the design and fabrication of a novel cavity ultramicroelectrode for 

improved sensitivity in monitoring exocytotic release from individual cells in culture. This 

electrode was fabricated using a plasma-etching strategy to recess the carbon back from the tip 

of the glass insulation. Compared to the disc microelectrode geometry typically employed in 

single cell work, cavity electrodes displayed an increased sensitivity to dopamine, as well as 
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evidence of confined mass transport. When used to monitor subsecond dynamics of exocytotic 

release from chromaffin cells, the cavity electrodes detected larger overall quantal sizes 

compared to disk electrodes. This interesting and unexpected result upends a major assumption 

in the field - that disk electrodes detect all of the neurotransmitters released from cells. With 

improved electrodes such as the cavity electrode described in this chapter, the field can better 

monitor vesicular release events, and draw more accurate conclusions from the data collected 

in these studies. A more complete picture of the biophysical aspects of vesicular fusion is 

crucial when a large number of pharmacological therapies rely on modulating neurotransmitter 

dynamics in the extracellular space. 

 Chapter 3 describes the investigation of a mechanism by which an endogenous opioid 

peptide, met-enkephalin (M-ENK), elicits catecholamine release in the adrenal glands. In order 

to investigate this phenomenon using FSCV, a sawhorse waveform was developed which 

allows for catecholamines to be detected in the presence of M-ENK, a fouling agent, by 

incorporating a holding step into the waveform at +1.3 V to clean the electrode surface. By 

performing pharmacological manipulations, it was discovered that M-ENK can elicit 

catecholamine secretion from chromaffin cells by way of the mu-opioid receptor (MOR), and 

that this response is sensitive to blockade by the opioid receptor antagonist naltrexone. This 

phenomenon was further studied using patch-clamp electrophysiology in a collaborative effort 

with Dr. John Meitzen’s lab in Biological Sciences. By monitoring chromaffin cell membrane 

potential in response to bath infusion of various drugs, it was found that activation of MOR by 

the selective MOR agonist, DAMGO, depolarizes the cell.  Further experiments determined 

that this response is dependent on activation of the muscarinic acetylcholine receptor, as 
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application of its antagonist, scopolamine, abolishes the depolarization by DAMGO. Together, 

these results provide a previously unknown mechanism by which M-ENK can act to elicit 

catecholamine release in the adrenal glands. This represents a major step forward in 

understanding the dependence of catecholamine release on opioid signaling, as opioids can 

excite post-synaptic cells.  

 Chapter 4 is a paper published in Analytical Chemistry in collaboration with a former 

Sombers Lab graduate student, Dr. Andreas Schmidt, who is the first author.14 In this work, 

we developed a multiple scan-rate waveform which allows for the reliable detection of M-ENK 

with FSCV (described above). This new waveform was developed in order to decrease the 

electrochemical signal from interferents such as catecholamines, while mitigating the fouling 

of the electrode surface by M-ENK. I contributed to this work by using the waveform in a rat 

adrenal slice preparation to perform the first direct, real-time detection of M-ENK in live tissue 

using FSCV. This work introduces an exciting new method which allows researchers to detect 

M-ENK in real-time, providing a first look at opioid neuropeptide dynamics in live tissue. This 

is tremendously significant to the field of neuroscience, as many scientists are interested in 

opioid signaling. The development of this waveform also sets the stage for the detection of 

other peptides using FSCV, which could provide an entirely new avenue into which FSCV can 

be used in neuroscience. 

 Chapter 5 is a paper recently published in Langmuir in collaboration with another 

former Sombers Lab graduate student, Dr. Edwin Mitchell, who is the first author.15 This work 

outlines the role that preconditioning with a positive potential plays in modifying the surface 

of carbon electrodes to improve electrochemical performance. Electrodes were conditioned 
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either statically or dynamically, with voltammetric waveforms that had upper limits ranging 

from +1.0 V to +1.4 V, or by holding at static potentials ranging from +1.0 V to +1.4 V. 

Electrode performance was then assessed with FSCV, and surface characterization was 

simultaneously performed with Raman spectroscopy and slow scan cyclic voltammetry. It was 

found that conditioning with higher potentials yielded improved electrochemical performance, 

and that static conditioning was more efficient than dynamic conditioning in eliciting the 

structural changes that underlie improved performance. I contributed by performing the slow 

scan voltammetric measurements, as well as lending major contributions to the development 

of the project and the overall manuscript preparation. This work provides valuable insight into 

how carbon surfaces change in response to application of positive potentials, which will aid 

researchers in improving sensors and in developing customized waveforms for better 

electrochemical performance when studying chemical signaling in the nervous system. 

 Chapter 6 describes another novel carbon-fiber sensor developed in the Sombers Lab, 

a nanoelectrode with a conical tip on the order of 200 nm in diameter. The nanoelectrode was 

implanted inside single chromaffin cells to monitor intracellular catecholamines as the vesicles 

containing them lysed onto the electrode. This work was also a collaborative effort with data 

collection performed by Edwin Mitchell, Sombers Lab post-doctoral fellow Dr. James Roberts, 

and myself. My contribution included aiding with establishing chromaffin cell culture 

according to the protocol that I wrote, as well as helping to collect the FSCV data on the single 

cell experimental setup that I built. We report the first implementation of FSCV inside 

individual cells, and successfully distinguished epinephrine from norepinephrine 

intracellularly. This work has exciting future outlooks, as performing intracellular FSCV will 



202 
 

allow neuroscientists to quantitatively investigate intracellular vesicular content and compare 

it to measurements of neurotransmitters released and detected outside of the cell. This will 

allow for insights into different populations of vesicles inside the cell, conditions required for 

differential release of these pools of vesicles, the partial vs full fusion debate, and many more 

questions. 

 Overall, the work presented herein represents a major step forward in advancing 

electroanalytical approaches to monitoring chemical communication between cells, while also 

providing fundamental insights into opioid and catecholamine signaling. Thus, it serves to 

advance two separate fields, analytical electrochemistry and neuroscience.  For instance, 

Chapter 2 outlines the fabrication and characterization of a new cavity microelectrode which, 

when used to detect exocytotic neurotransmitter release from individual cells, revealed that 

traditionally used sensors in this preparation likely yield incomplete information into quantal 

size of the vesicles. Chapter 3 describes a previously unknown mechanism by which activation 

of mu-opioid receptors can elicit exocytotic release of catecholamines, and provides evidence 

for the presence of excitatory opioid receptors on chromaffin cells. Chapter 4 describes a new 

voltammetric approach that allows for the first detection of the dynamics of met-enkephalin in 

tissue, while Chapter 5 investigates the effect that the applied waveform has on the electrode 

performance. Chapter 6 describes another novel sensor, a nanoelectrode, which can be 

implanted into individual cells to monitor intracellular content. Together, this work provides 

researchers with exciting new tools to address crucial questions in neuroscience which were 

inaccessible with the methods previously available, and will undoubtedly lead to many more 
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advances in understanding opioid signaling in the nervous system to facilitate the development 

of improved opioid therapeutics. 
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APPENDIX A 

Primary Bovine Adrenal Chromaffin Cell Culture 

A.1 Sombers Lab BACC Protocol 

A.1.1 Materials 

Chemicals 

 Benzalkonium Chloride 

 W3 Buffer (NaCl, KCl, NaH2PO4, glucose, HEPES) 

 Penicillin-Streptomycin 

 Gentamicin 

 Nystatin 

 Collagenase 

 DNAase 

 Percoll 

 Dulbecco's Modified Eagle's medium (DMEM) 

Hardware/Instruments 

 Autoclave 

 Incubator 

 15, 50 mL centrifuge tubes 

 Centrifuge (room temp, 260 to 13,000 rpm) 

 Centrifuge tube rack 

 Stirring hotplate  

 Scalpel 

 Scissors 

 Insulated container 

 Hemocytometer 

 Microscope 

 Automatic pipetter 

 1000 µL Eppendorf pipet 

 5, 10 and 20 mL serological pipettes 

 Parafilm 

Glassware/Disposables 

 500+ mL beaker to transport glands 

 250 mL beaker (x2) 
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 150 mL beaker (x7) 

 100 mL beaker 

 250 mL graduated cylinder 

 15 cm petri dish 

 50 mL centrifuge tubes 

 Glass rod 

 Aluminum foil 

 250 µm nylon mesh 

 40 µm cell strainer (Corning Falcon, blue) 

 Cell culture dishes 

 5 mL syringes 

 

A.1.2 Procedures 

A) Day before cell culture 

1. Set CO2 level on incubator to 7.0 % (12 psi) and temperature to 37˚ C 

2. Fill water bath up with 50 mL/L of 1% benzalkonium chloride 

3. Reserve vehicle to transport glands 

4. Confirm appointment with slaughterhouse (Chaudhry Halal Meat, 919-742-9292) 

5. Autoclave all glassware and surgical tools 

6. Place the following in the hood (all sterile) 

 Eppendorf pipette tips 

 50 mL centrifuge tubes 

 1, 5, and 20 mL serological pipettes 

 Centrifuge tube rack 

 Automatic pipette 

 Cell culture dishes 

7. Make 10X W3 stock solution with autoclaved water (store at 4˚ C) 

 1450 mM NaCl 84.75 g/L 

 54 mM KCl 4.03 

 10 mM NaH2PO4 1.38 

 112 mM glucose 20.00 

 150 mM HEPES 35.75  

8. Make 1 L of W3 solution with autoclaved water from 10X stock solution and 

divide into to 500 mL aliquots and adjust W3 to pH 7.4 with NaOH 

9. Add antibiotics to all aliquots 

 Pen-strep 30 mL/L (of 100x to dilute to 3x final) 

 Gentamicin 2 mL/L (of 50 mg/mL) 

 Nystatin 5 mL/L (only add to one aliquot) 

B) At the Slaughterhouse  
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1. Bring large transport beaker, W3 without nystatin, 1 mL syringe, Parafilm, and 

insulated container 

2. Obtain ~6 undamaged adrenal glands (no cuts or perforations) and trim off large 

pieces of excess fat 

3. Repeatedly wash glands by perfusion through adrenal vein with cold W3 (sans 

nystatin) in syringe, until buffer comes out from gland clear and free of blood 

(~10 mL/gland) 

4. Submerge glands in beaker under W3, cover with parafilm and store in ice 

C) In the lab, Under Laminar Flow Hood 

1. Warm leftover W3 to RT in water bath on hotplate 

2. Carefully, trim glands of all remaining fat 

3. Use syringe to flush W3 through adrenal veins to make glands swell (~4 mL) 

4. Place each gland in sterile 150 mL beaker, cover, and incubate for 10 min at 37˚ C 

5. While incubating, prepare 37˚ C water bath on stir plate (observe step 7 and 8) 

6. Repeat steps 3 and 4 two additional times, emptying beaker after each flush 

7. During incubation, prepare digestion mixture 

 Dissolve 200 mg collagenase in 140 mL W3  

 Add 5 mg DNAase  

8. During incubation, prepare Percoll gradient 

 For 6 adrenal glands, mix 4 mL 10X W3 and 36 mL Percoll 

9. After last W3 flush, rinse each beaker with W3. Then, syringe 4 mL 

collagenase/DNAase solution into each gland, cover, and incubate for 15 minutes 

10. Repeat digestion mixture flush and incubation step, two additional times 

11. One at a time, cut open glands using a scalpel or scissors along longitudinal axis, 

and place external side down. Remove medulla by scraping with scalpel and place 

into 15 cm petri dish.  

12. Pool medullae in one dish, add a few mL’s of collagen/DNAase solution, and 

mince with scalpel (finer mincing will yield higher cell count, ~1mm pieces) 

13. Add W3 to remaining collagen/DNAase solution to double its volume.  

14. Pour mince into sterile 150 mL beaker with stir bar and add remaining digestion 

mixture.  Place beaker in warm water bath and stir at a moderate rate (a few 

revs/second) for 30 minutes 

15. Filter digestion mixture through 250 µm nylon mesh, into sterile glass beaker. 

Facilitate with glass rod and rinse filtrate with W3 

16. Evenly divide mixture into four 50 mL centrifuge tubes and dilute to 50 mL with 

W3 

17. Centrifuge at 1500 rpm (300-400 G) for ~15 minutes to pellet cells 

18. Carefully, discard supernatant. Resuspend pellets in 2 batches of 20 mL W3 and 

carefully mix each batch with 20 mL Percoll gradient by gently upending capped 

tube.  

19. Centrifuge both tubes are about 10,000 RPM (3,400-20,000 Gs) at RT for 20 

minutes 
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20. Red blood cells collect at bottom of gradient, chromaffin cells band in the middle, 

and cellular debris at the top. Remove the cellular debris from the top with a 

pipette (roughly 1/10 of gradient) 

21. Collect the middle chromaffin cell containing layer, 50-60% of gradient volume, 

with a 10 mL pipette.  

22. Filter this layer through a 40 µm sterile nylon filter. 

23. Put filtrate into a 500 mL sterile bottle and add 200 mL sterile DMEM medium.  

24. Aliquot 400 mL into four or five 50 mL centrifuge tubes and centrifuge at ~800 

rpm (~400 G) for 10 min at RT to pellet cells 

25. Remove supernatant and resuspend cell pellets into 40 mL DMEM with 10% FBS 

and 1% 100x pen-strep.  

26. Use hemocytometer to dilute to density of 3 x 105 cells/mL and pipette 2 mL in 

each culture dish.  

27. On 3rd, 5th and 7th days of culture, remove old medium and replace with fresh 

growth medium, without FBS. Cells are typically viable for about a week. 

 

A.2 Protocol Considerations  

 Sterile technique is crucial to the establishment of a healthy primary cell culture. While 

obtaining the glands from the slaughterhouse is not sterile, all other aspects of this preparation 

should be carefully performed. A laminar flow hood with UV sterilization should be used for 

all chemical preparations, as well as all steps involving glands following return from the 

slaughterhouse. Everything placed into the flow hood, aside from live tissue, should be 

sterilized with 70% ethanol. Chemicals and supplies that are stable upon exposure to UV light 

should be placed in hood prior to UV sterilization. Chemicals with proteins that denature upon 

exposure to UV light should be added to the sterile environment afterwards. Glassware and 

instruments should be autoclaved before placement into the hood. Benzalkonium chloride 

solution for the incubator can be autoclaved after mixing, and poured directly into the 

incubator. Allow it to cool down prior to pouring into the tray; otherwise it will substantially 
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raise the temperature of the incubator. In order to avoid contamination, it is beneficial to have 

an incubator dedicated solely to the chromaffin cells. 

 At the slaughterhouse, the adrenal glands are often damaged when cutting the carcass 

sagittal. In our experience, damaged glands do not produce healthy cell cultures. Additionally, 

there are smaller kidney bean-shaped glands in the same general area; avoid these and obtain 

the larger glands that appear heart-shaped or L-shaped. They are easily distinguished by the 

presence of adrenal arteries and veins.  

 

APPENDIX B 

Instrumentation for Single Cell Analysis 

B.1 Instrumentation 

 The Axon Instruments Axopatch 200B was used for amperometry experiments, 

because it is capable of detecting sub-picoampere current with extremely low noise (~0.5 pA 

RMS in voltage-clamp, whole cell configuration). The Axon Instruments CV 203B headstage 

has a built in peltier cooler, which helps lower the electrical noise. The Axopatch is coupled to 

an Axon Instruments Digidata 1440A digitizer, for an uncomplicated USB interface with the 

computer. While homemade breakout boxes are substantially cheaper, they typically introduce 

more electrical noise relative to the Digidata connection. For instrumentation setup, grounding, 

and troubleshooting, consult The Axon Guide that is available from Molecular Devices, LLC. 
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B.2 Components 

 After considering instrumentation, many other components are required to image the 

cells, maintain viability, manipulate electrode placement, and stimulate the cells. The 

experimental rig is built around a research-grade inverted microscope. Inverted microscopes 

allow for placement of the electrode and injector without interference from the optics, as well 

as visualizing the cells without the electrode obstructing the view. The Olympus IMT-2 

platform was used for all experiments. Contrast optics are necessary in order to visualize and 

distinguish cells from one another, as well as to assess the health and overall shape of a cell. 

Hoffman Modulation Contrast was selected, as it is superior to phase contrast and comparable 

to differential interference contrast (DIC). 

 The entire experimental rig must be isolated from building vibrations in order to 

minimize electrical noise from the electrode responding to the environment. While anti-

vibration tables are an effective way to do this, benchtop vibration isolators (Newport 

Instruments) are equally effective, and can be placed inside a Faraday cage. 

 Micromanipulators are required in order to position electrodes and injectors adjacent 

to the cell of interest. Companies including Siskiyou, Narishige, and Sutter offer motorized 

manipulators that allow for very precise electrode positioning. The Burleigh PCS-5000 Series 

has piezoelectric control, which offer exceptionally low electrical noise, and minimal electrode 

drift over time.  

 Finally, the cell plate holder used for mounting the cell dish onto the rig must allow for 

constant temperature control, as this preparation leaves the cells in a bath, without need for 

perfusion of a buffered saline solution. The Warner Instruments chamber with heated base was 
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selected to allow for constant temperature control. The heated base was controlled by a Warner 

Instruments TC-324B temperature controller. The cell chamber was mounted on a Siskiyou 

three-axis micromanipulator to allow for movement of the cell dish with respect to the optics 

of the microscope. This allows for the microscope to be fixed on the table, rather than fixing 

the cell dish and moving the microscope with respect to the cells. A custom stage was designed 

in order to mount the cell chamber onto the manipulator. 

 

B.3 Experimental Considerations  

 Grounding all of the components to one another is essential for minimizing electrical 

noise. At the same time, avoid creating ground loops that tend to amplify the noise. Consult 

the Axon Guide for information on this topic. Electrode length is also a factor in dealing with 

electrical noise. Longer electrodes tend to vibrate more and act as larger antenna to pick up 

more electrical noise.  The electrode should also have a proper seal with the glass insulation.  

Additionally, the electrode may need to be held at a static potential of +1.0 V vs. Ag/AgCl for 

up to an hour before being sensitivity to catecholamines is optimal. 
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APPENDIX C 

Patch-Clamp Electrophysiology Experiments on Chromaffin Cells in Rat Adrenal Slice 

C.1 Materials and Solutions 

Adrenal Slicing Solution- bicarbonate buffered saline (BBS) (low calcium version) 

NaCl (125 mM), NaHCO3 (26 mM), KCl (2.5 mM), NaH2PO4 • H2O (1.25 mM), Glucose 

(10 mM), HEPES (10 mM), CaCl2 • H2O (0.1 mM), MgCl2 • 6H20 (3 mM), pH set to 7.2 

with NaOH, osmolarity set to 320 mOsm with sucrose 

Adrenal Incubation Solution- BBS 

NaCl (125 mM), NaHCO3 (26 mM), KCl (2.5 mM), NaH2PO4 • H2O (1.25 mM), Glucose 

(10 mM), HEPES (10 mM), CaCl2 • H2O (2 mM), MgCl2 • 6H20 (1 mM), pH set to 7.2 with 

NaOH, osmolarity set to 320 mOsm with sucrose 

HEPES-Buffered Ringer Solution 

NaCl (150 mM), HEPES (10 mM), Glucose (10 mM), CaCl2 • H2O (2.8 mM), KCl (2.8 

mM), MgCl2 • 6H20 (2 mM), pH set to 7.2 with NaOH, osmolarity set to 320 mOsm with 

sucrose 

Internal Pipette Solution 

Gluconate (145 mM), HEPES (10 mM), NaCl (8 mM), MgATP (2 mM), MgCl2 (1 mM), 

EGTA (0.1 mM), NaGTP (0.3 mM), phosphocreatine (10 mM) pH set to 7.2 with NaOH, 

osmolarity set to 310 mOsm with sucrose 

 

C.2 Instrumentation 

For patch clamp experiments, Axon instruments’ (Molecular Devices, LLC., 

Sunnyvale, CA) MultiClamp 700B amplifier, DigiData 1440A digitizer, and pCLAMP 10 

software were used to collect electrophysiological data.  Tissue was visualized using a Zeiss 

Axioscope, equipped with IR-DIC optics for contrast, a DAGE IR-1000 camera for images, 

10x and 40x objective lenses, and optical zoom.  
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C.3 Experimental Procedures and Considerations 

C.3.1 Acute Adrenal Slice Preparation 

Animal care and use was in complete accordance with NIH and NC State University 

institutional guidelines (IACUC). Male Sprague-Dawley rats (250−550 g, Charles River 

Laboratories, Raleigh, NC) were deeply anesthetized with isofluorane, and euthanized by 

decapitation. The adrenal glands were rapidly removed, trimmed of fat tissue, and embedded 

in agarose gel (3% agarose in low calcium BBS). The gel blocks containing the adrenal glands 

were placed in cold low calcium BBS while 300 μm thick slices were obtained with a 

vibroslicer (World Precision Instruments, Sarasota, FL). The slices were allowed to rest in the 

buffer for at least 1 hour before the start of an experiment.  

 

C.3.2 Electrophysiological Recording 

After resting for at least one hour, slices were placed in the recording chamber of the 

microscope and perfused with oxygenated ringer solution heated to 27° C. Whole-cell patch-

clamp recordings were made from healthy cells in the medulla.  Ideal cells have a defined 

three-dimensional contour without a well-defined nuclear envelope, which is indicative of cell 

death. Recordings were made using glass electrodes (2-4 MΩ) pulled on a Sutter Instrument 

(Novato, CA) P-97 Micropipette Puller. Electrodes were backfilled with internal pipette 

solution, and air bubbles removed from the pipette tips either with gentle perturbation, or 

positive pressure. Signals were filtered at 2 kHz and digitized at 10 kHz. Membrane potential 

was recorded in current-clamp mode. 
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C.4 Data Analysis 

Electrophysiological properties were characterized using pCLAMP 10 software. After 

gaining access, the membrane potential was allowed to stabilize three to four minutes. 

Quiescent cells were kept at resting potential with no holding current, while cells firing 

spontaneous action potentials were suppressed using negative current (15-30 pA). Three 

hyperpolarizing current injections were applied in order to calculate input resistance, both 

before and after each experimental manipulation.  

When assessing cell response to particular drugs, membrane potential was allowed to rest for 

5 minutes before the drug was applied. Drugs were applied via bath application for 10-15 

minutes before washing out. Membrane potential was averaged in thirty second increments to 

assess its response to the applied drug. 

Statistics 

Data were analyzed using two-tailed t tests, linear regressions, and ANCOVAs (Prism 

version 5.0, GraphPad Software). Significance was determined by p values <0.05. Data are 

presented as the mean ± SEM. 
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APPENDIX D 

Considerations for Adrenal Slice Experiments 

D.1 Procedural Notes 

Removing the adrenal glands from an animal and slicing them is a delicate procedure, 

and the utmost care must to taken in order to yield healthy cells in this preparation. This section 

will add to the methods, and note considerations as to what works well and what does not.  

The first consideration is the weight of the animal. With the Sprague-Dawley rat, we have used 

animals ranging from 250 grams to 550 grams. While repurposing animals that have already 

been used for other experiments results in better stewardship of our resources, older rats tend 

to gain weight and present some problems in these experiments. After extracting the glands, 

there is far more fat surrounding the tissue, which increases the time to locate and remove the 

glands.  Additionally, the cortex could become damaged while trimming the excessive fat. 

Thus, it is desirable to use younger animals for ease of access to the glands without causing 

damage in the extraction process. Also, younger glands have less connective tissue in the 

medulla and permit easier access to the chromaffin cells themselves. In this work, rats ranging 

from 250 to 350 grams have produced the best results. 

It is important to extract the glands and place them in oxygenated, ice cold BBS as 

quickly as possible following decapitation, without damaging the cortex. When in doubt, cut 

out a bigger piece of tissue with more fat around the gland. Once glands are in cold BBS, more 

care can be taken to trim the gland of remaining fat. Any fat remaining on the gland tends to 

get caught in the blade during slicing and pulls the gland out of agarose, resulting in unusable 
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slices. However, the researcher must be careful not to cut into the cortex, as this damages the 

gland and results in less healthy cells within the medulla. Once trimmed of all fat, the agarose 

solution is prepared. 3% agarose in BBS is roughly the same density as the adrenal gland, so 

that the glands don’t immediately sink to the bottom of the container. If they do sink, the 

agarose was probably not all dissolved in solution, resulting in a less dense gel. Heating and 

stirring the agarose mixture at a high rate helps to disperse all of the powdered gel into solution. 

Even if some chunks remain at first, the solution can stay on the hot plate until all powder is 

dissolved. Once the agarose solution is created, it must be cooled to 33-34 C˚ before embedding 

the glands. For low-gelling agarose, this temperature is slightly above the gelling point, so 

temperature control is key.  However, adding the glands to the gel at a temperature higher than 

34 C˚ can damage the cells. 

Once the gel solidifies, it is important to immediately return the embedded glands into 

ice cold BBS. Once the cooled block of agarose is trimmed and glued to the stage, it is ready 

to be sliced. The ideal slice thickness seems to be around 300 μm. Thicker slices result in 

difficulty visualizing the cells with DIC optics. Slicing less than 300 μm results in marginally 

better visualization, but less healthy tissue. A sharp blade must be used with slicing; double 

sided platinum-edged blades tend to work . Slicing the gland must be done at a constant, slow 

rate; ideally each pass of the blade through the gland will take 60-75 seconds. The obtained 

slices are added to an incubation chamber and bubbled with 95% O2/5% CO2. Direct contact 

with rigorous bubbling can damage the cells, so the pressure must be low enough that the 

bubbles don’t perturb the glands. At the same time, it must be sufficiently high to keep the 
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solution saturated and the pH stable. A careful preparation yields slices that are viable for 6-8 

hours. 

 

 

APPENDIX E 

Implementing Optogenetics for FSCV Experiments 

E.1 Expression of Channelrhodopsin 

Optogenetics was implemented to gain neuron-specific excitation in the rat brain, to 

address selectivity issues for measuring neurotransmitter release. For proof of concept, the 

dopamine projection from the ventral tegmental area (VTA) to the nucleus accumbens was 

targeted for expression of channelrhodopsin. Viral vectors were purchased from the UNC 

Vector Core (Chapel Hill, NC) and kept frozen until infused into the rats. The neural activator 

vector AAV-CAG-ChR2-GFP was chosen, with GFP for verification of infection and ChR2 

for activation of expressed neurons.  2 µL of the viral vector was microinfused via a cannula 

guide into the VTA. Infection was verified after 8 weeks for maximum expression, utilizing 

fluorescence microscopy on coronal tissue slices.  

 

E.2 Hardware  

In order to stimulate release, a 470 nm LED (Thor Labs, Newton, NJ) was coupled to 

the epi-illuminator port on the microscope, to direct light through the optics to the sample. The 
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LED was powered by a Thor Labs LED driver with a maximum output of 1.2A. Stimulation 

trains were generated using the “stim” feature built into HDCV.  

 

E.3 Optically Stimulated Dopamine Release in the Striatium 

After allowing eight weeks for maximum expression of ChR2, an acute brain slice 

experiment was performed, targeting the nucleus accumbens. The recording electrode was 

placed in the caudal portion of the nucleus accumbens, where GFP expression was most 

prevalent. A variety of experiments were performed, with various stimulation parameters. 

Dopamine release was detected multiple times, with 10 Hz stimulation frequency proving most 

effective for pulsatile stimulation (Figure E1A), while a constant five seconds stimulation 

elicited substantially more release (Figure E1B).  
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Figure E1. Optically stimulated dopamine release in the nucleus accumbens. A) 20 pulses at 

10 Hz. B) 1 pulse for 5 seconds. 

 

 

E.4 Optically Stimulated Met-Enkephalin Release in the VTA 

Data were collected in collaboration with Howard Fields’ lab at UCSF, where a rat was 

microinfused with a viral vector containing the AAV2/1-CAG-ChR2-tdtomato sequence in the 

ventral pallidum (VP) 6 weeks prior to the experiment. Infection with the virus leads to 

membrane-localized expression of ChR2 in ENK neurons projecting from the VP to the ventral 

tegmental area (VTA), so terminals in the VTA that originate from the VP should then express 
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this sequence. Infection was verified by fluorescence microscopy with a tdtomato filter cube 

(data not shown). 

Data collected utilizing this method are shown in Figure E2. Optical stimulation in the VTA 

occurs at the red arrow in Figure E2A, and voltammetric data is extracted (dashed white line) 

and shown in Figure E2B. The peaks collected in the tissue align well with the tyrosine and 

methionine peaks of a voltammogram collected in vitro.  

 

 

Figure E2. Optically evoked M-ENK release in the VTA of a rat brain slice. A) Color plot 

with optical stimulation at the red arrow. Optical stimulation consists of a single 5 msec pulse 

of 470 nm light. B) Normalized voltammetric data extracted from the color plot in Figure E2A 

(red line), overlaid with a voltammogram collected in vitro (blue dashed line). Green squares 

highlight oxidation peaks for tyrosine and methionine, respectively.  

 

 

 

 

 

 



222 
 

APPENDIX F 

Supplemental Information to Chapter 3 

F.1 Supporting Information 

 

Figure F1. Shifting peak oxidation potential. A) Voltammograms collected by pressure 

ejecting 10 µM norepinephrine onto electrode as it is lowered into adrenal tissue. Electrode 

begins outside of tissue, and is lowered into tissue 10 µm at a time. As electrode is lowered, 

magnitude of the signal is decreased, and the impedance shift pushes peaks to a higher 

potential. B) Non background-subtracted voltammograms collected as electrode is lowered 

into adrenal tissue. Basal catecholamine signal in the background increases in magnitude as 

electrode is lowered, accompanied by similar response to impedance pushing peaks to higher 

potentials. 
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APPENDIX G 

Supplemental Information to Chapter 4 

G.1 Supporting Information 

 

 

Figure G1.  Cyclic voltammograms are typically plotted as current (y-axis) vs. potential (x-

axis). Typically, two separate y values are plotted for each x value, one corresponding to the 

current measured during the forward scan (anodic current) and one from the reverse scan 

(cathodic current).  However, when the potential is held constant, as is the case with the MSW, 

there will be multiple y-values collected at a single potential (x-value), making it difficult to 

visualize the electrochemical response at that potential. Each cycle of the MSW consists of 

1000 individual data points. Data collected using the MSW are easily visualized when 

displayed in a linear fashion with current (y-value) plotted versus data point number (in time) 

of the applied waveform. The benefits of this approach are highlighted by the red ellipses; the 

second peak is only visible when the data is plotted linearly (vs. time or data point number 

converted to potential).  
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Figure G2.  (A) 10 consecutive injections of 1 µM M-ENK. The MSW retained sensitivity, 

but the performance of the triangular waveform (TW) rapidly declined. (B, C) Representative 

voltammograms from 1st and 10th injections using the MSW (top) and TW (bottom).  The 

effects of electrode surface fouling are evident when using a conventional TW. 
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Figure G3.  Incrementally increasing the scan rate from 100 V/s to 400 V/s in the second 

portion of the anodic scan (0.6-1.2V) increases the (A) current and (B) oxidation potential 

inherent to the first (tyrosine-derived) peak in the voltammetric detection of 1 μM M-ENK. A 

scan rate of 400 V/s was chosen for the second portion of the anodic scan, as it provides the 

best option for sensitivity and peak resolution. 
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APPENDIX H 

Supplemental Information to Chapter 5 

H.1 Supporting Information 

 

Figure H1. Electrochemical conditioning does not significantly alter electrode surface area.  

A) Representative voltammogram from a freshly polished electrode.  B) Limiting current 

generated in the reduction of hexamineruthenium(III) chloride collected after polishing (grey) 

and after conditioning the polished electrodes with dynamic waveforms (black).  No significant 

difference was detected (p>0.05, paired t-test, n=3 for both conditioning methods).   
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