
Abstract 

Thomas III, Melvin Edward. The Role of Phosphorylation in Allosteric Modulation of 

Caspase-3. (Under the direction of Dr. Robert Rose). 

Caspases are cysteine-dependentaspartate-specific proteases that responsible for control 

cellular homeostasis. Caspases control homeostasis by carrying out programmed cell death 

via apoptosis. Caspase-3 is one of the main executioner caspases that is activated and 

commits the cell to death. Caspase-3 cleavage of substrates like ROCK 1, acinus, nuclear 

lamin proteins, CAD, and many others leads to the morphological features of apoptosis: cell 

membrane blebbing, nuclear condensation, and DNA fragmentation. Because the caspase 

family of proteases are enzymatically efficient, their expression and activation are under tight 

cellular regulation. Caspase-3 exist as a stable inactive dimer and its activation requires 

upstream caspase cleavage. This activation mechanism is controlled by FLIP and XIAP 

binding and inhibition of initiator caspases, heat shock protein 27 binding to the prodomain 

of caspase-3 and phosphorylation of the intersubunit linker of caspase-3 all of which block 

caspase-3 activation. Once activated caspase-3’s activity is regulated by active site inhibitors 

such as p35 from the baculovirus and XIAP, as well as allosteric inhibitors such as phosphorylation 

and S-Nitrosylation. 

These regulatory events control the phenotype of the cell. When caspase-3 is activated during non-

apoptotic phenotypes, it is hypothesized that the total caspase activity is below the apoptotic 

threshold. Subthreshold levels of caspase-3 activity are required for the regulation of cell proliferation 

of many different cell types such as forebrain cells, lymphoid cells, and B-cells. Regulated caspase-3 

activity is also required for differentiation of erythroblasts, keratinocytes, neuronal cells, and many 

others. Understanding how the cell regulates caspase-3 activity to control the apoptotic threshold is an 



important area of cancer research. Dysregulation of caspase activity can lead to diseases such as 

cancer and Alzheimer’s. 

Here we study how caspase-3 activity is regulated by phosphorylation at an allosteric site. Caspase-3 

is phosphorylated at Ser150 and Thr152, but the biophysical and structural characterization hasn’t 

been defined. We show that this region of the enzyme, C-terminal loop of helix-3 (H3CL), is an apart 

of an interaction network that connects this site to the active site of both protomers. Phosphorylation 

of Ser150 destabilizes the enzyme, making it more sensitive to cellular pH changes and decreases 

enzymatic efficiency for whole protein substrates. Thr152 phosphorylation is an enzymatic kill-

switch, which disrupts a highly conserved hydrophobic pocket between H3Cl and the loop bundle of 

the active site of the second protomer. These data for the first time demonstrate how the caspase 

family of enzymes are regulated by phosphorylation. This allosteric regulation potentially allows the 

cell to bring the total caspase activity in the cell below the apoptotic threshold, which promotes 

developmental phenotypes such as erythroid differentiation that require caspase-3 activity at sub-

apoptotic levels. 
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Chapter 1: Caspase Activation and Function 

 

Introduction 

In order for multicellular organisms to survive, they must maintain an organized system to 

produce healthy tissue, while equally removing damaged or dying cells. The process of 

killing cells, or programmed cell death, is a complex system that requires many molecular 

pathways to converge leading to cell death, which maintains cellular homeostasis. Apoptosis 

is the most energetically efficient and safest cell death pathway. Apoptosis is activated either 

by external or internal signals. Both of these signals lead to the activation of caspases, a 

cysteinyl aspartate-specific protease family responsible for controlling the fate of the cell. 

These enzymes have hundreds of substrates both nuclear and cytosolic. These tightly 

regulated enzymes are ubiquitously expressed and found in every species that utilizes 

programmed cell death via apoptosis. Because of the phenotypic importance of these 

enzymes, they are an essential protein to study due to their implications in cell death related 

diseases such as cancer. 

A. Programmed Cell death- Apoptosis 

One of the most important biological processes that regulate multicellular organisms is 

programmed cell death (PCD)(Elmore 2007; Cohen et al. 1992). Due to the requirement for 

multicellular organisms to have cellular homeostasis; that is, a constant balance of cells being 

made and being removed, this process is extremely important in keeping the organism alive 

(Fuchs and Steller 2015; McIlwain, Berger, and Mak 2013). There are three major pathways 

that govern PCD; apoptosis, macroautophagy, and necrosis (Fuchs and Steller 2015). Though 

autophagy hasn’t been confirmed to be the cause of cell death, it is the process in which 
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cellular components are degraded through the formation of the autophagosome and 

autolysosomes (autophagy) (Fuchs and Steller 2015; Tsujimoto and Shimizu 2005). 

Autophagy has been shown to be induced by starvation in Drosophilaand yeast, in order to 

promote survival of the organism by recycling the degraded molecular components, 

(Tsujimoto and Shimizu 2005; Denton et al. 2009; Lum et al. 2005; Klionsky 2000). 

Autophagic cell death can also be induced by intracellular damage signals (Klionsky 2000; 

Lum et al. 2005). Regulated necrosis, known as necroptosis, is another cell death mechanism 

organisms use to control bacterial and viral infections, and can also be induced by reactive 

oxygen species (Fuchs and Steller 2015; Cho et al. 2009; Galluzzi et al. 2008). The 

physiological hallmarks of necroptosis include cell and organelle swelling, which leads to 

plasma membrane rupturing and loss of intracellular components (Feoktistova and Leverkus 

2015; Kaczmarek, Vandenabeele, and Krysko 2013). This pathway has been shown to be an 

important network between PCD and the innate immune system (Feoktistova and Leverkus 

2015; Fuchs and Steller 2015). The most well-studied pathway of PCD, and the main topic of 

the chapter, is apoptosis. Programmed cell death via apoptosis is a complex biological 

process that evolved over 600 million years ago and some of the apoptotic domains can be 

found in the earliest eukaryotic ancestors (Zmasek and Godzik 2013). The process of 

apoptosis from start to finish can be broadly broken down into 3 major phases; Activation, 

morphological changes, and removal of dead cells and these are described below. 

Apoptosis Activation Pathways – Apoptosis is an energy-dependent program that has a 

complex network of pathways that have to be activated in order to commit the cell to death 

(Fuchs and Steller 2015; Elmore 2007). There are 2 major pathways of apoptosis that lead to 

cell death; the extrinsic pathways and the intrinsic pathway (Elmore 2007). On the surface of 
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the cell, there is a superfamily of death receptors called the tumor necrosis factor (TNF) 

receptors (Locksley, Killeen, and Lenardo 2001). The extrinsic pathway is externally 

activated by death receptor ligand binding of this superfamily such as FasL/FasR and 

TNFα/TNFR1 (ligand/receptor)(Cheng et al. 1994). The activation of these cysteine-rich 

death receptors induces oligomerization and structural reorganization that leads to their 

activation (Locksley, Killeen, and Lenardo 2001). After activation, the death receptors form 

complexes with adaptor proteins like Fas-associated death domain protein (FADD) (Lawton 

2016). The formation of this complex is known as the death-inducing signaling complex 

(DISC) (Kim, Choi, and Joe 2000). This complex recruits and activates caspase-8 and -10, 

which triggers the activation of the caspase cascade (discussed below) and commitment to 

cell death (Kim, Choi, and Joe 2000). The intrinsic pathway is activated in response to an 

internal signal and doesn’t require the death receptors (Tait and Green 2010). These death 

inducing signals include DNA damage, hypoxia, viral infections, and many others (Elmore 

2007). These signals cause the deregulation of the BCL-2 family of proteins. This family has 

three classes that regulate each other and thus apoptosis. The first class is the anti-apoptotic 

members BCL-2 and BCL-XL, which inhibits the second class pro-apoptotic members BAX 

and BAK, and third class, BH3-only proteins which inhibit the antiapoptotic members (Youle 

and Strasser 2008; Hockenbery et al. 1990). The internal death signals activate the BH3-only 

proteins, and through the sequestering of the antiapoptotic members, activate BAX and BAK 

(Youle and Strasser 2008). Though the mechanism is disputed, activated BAX and BAK go 

on to bind to the mitochondrial membrane and cause mitochondrial outer membrane 

permeabilization (MOMP)(Chipuk et al. 2010). This permeabilization causes the release of 

cytochrome-c, Smac/DIABLO, and HtrA2/Omi into the cytoplasm (Lawton 2016). 
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Smac/DIABLO and HtrA2/Omi induce apoptosis by inhibiting X-linked inhibitor of 

apoptosis (XIAP), a protein that can bind to the active site of caspase-3 and -7 (Tait and 

Green 2010). When cytochrome-c is released into the cytoplasm it forms an ATP dependent, 

multimeric complex with apoptosis protease-activating factor 1 (APAF-1) to form the 

apoptosome (Riedl and Salvesen 2007; Chandra et al. 2006). The apoptosome then can 

recruit and activate caspase-9, which activates the caspase cascade (discussed below)and 

commitment to cell death(Lawton 2016; Joza et al. 2001). 

While each of these pathways can commit the cell to death individually, there can be 

crosstalk between the extrinsic and intrinsic pathways that lead to an enhanced apoptotic 

signal (Lawton 2016). This crosstalk is mediated through the extrinsic activation of caspase-8 

which cleaves the BH3-only protein BID to form the active tBID (Korsmeyer et al. 2000). 

tBID then both inhibits the anti-apoptosis function of BCL-2 and is translocated the 

mitochondria where it promotes intrinsic apoptosis via outer membrane permeabilization and 

cytochrome-c release (Youle and Strasser 2008; Korsmeyer et al. 2000).  

Morphological changes and Apoptotic Cleanup – Once the cell is committed to death via 

apoptosis, the downstream signals elicit very specific morphologies based upon the inducer 

to cell death (Häcker 2000). There are three common morphological features of apoptosis 

after commitment to cell death: cell membrane blebbing, nuclear condensation, and DNA 

fragmentation (Häcker 2000). Membrane blebbing is the protrusions of the cell membrane in 

an actin/myosin dependent manner (Charras 2008). The activation of caspases leads to the 

activation of Rho effector protein ROCK 1, which is a kinase that phosphorylates and 

activates myosin light chain kinase (MLCK) (Coleman et al. 2001). These are both regulators 

of the actin/myosin cytoskeleton along with p38-MAPK (Barros et al. 2003). MLCK then 
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goes on to phosphorylate myosin light chain (MLC) which drives the membrane blebbing 

(Mills et al. 1998). Nuclear condensation and DNA fragmentation can occur simultaneously 

(Toné et al. 2007). Nuclear condensation is the tight packing of chromosomal DNA and other 

nuclear proteins in an ATP dependent manner (Kass et al. 1996; Häcker 2000; Toné et al. 

2007). This process is mediated through apoptosis controlled caspase activation of proteins 

such as acinus (apoptotic chromatin condensation inducer in the nucleus) and inactivation of 

the nuclear lamin proteins (Sahara et al. 1999). DNA fragmentation is the process by which 

nucleases cleave chromosomal DNA into smaller oligonucleosomal fragments and this 

fragmentation is required for tight nuclear condensation (ZHANG and XU 2000). DNA 

fragmentation is largely mediated through caspase activation of caspase-activated DNase 

(CAD) (Nagata 2000; ZHANG and XU 2000). Completion of DNA fragmentation and 

nuclear condensation in the cell leads to the formation of small, organized, membrane-bound 

vesicles that contain cytoplasmic and nuclear materials called apoptotic bodies (Elmore 

2007). To promote survival of the organism, apoptotic bodies must be cleared quickly 

because they can turn necrotic and release their intracellular materials which can have 

damaging effects on the surrounding healthy tissue by causing unwanted inflammation 

(Cohen et al. 1992). In order to quickly remove these dying cells, the apoptotic pathway has 

evolved to utilize the process of phagocytosis (Hochreiter-hufford and Ravichandran 2013). 

During phagocytosis, apoptotic cells are engulfed by larger phagocytes such as macrophages, 

dendritic cells, and neutrophils, and the apoptotic bodies are then degraded (Hochreiter-

hufford and Ravichandran 2013). This process, however, is done in a very organized fashion 

and requires proper up-regulation of specific apoptotic signaling (Platt, Da Silva, and Gordon 

1998). First, in order for phagocytes the successfully find and migrate to apoptotic cells, the 
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dying cells release four known signals; fractalkine, caspase-dependent 

lysophosphatidylcholine (LPC), sphingosine-1-phosphate (SIP), ATP, and UTP, all which 

bind to specific receptors on the surface of the phagocyte cell (CX3CR1, G2A, SIP-R1/5, and 

P2Y2, respectively) (Hochreiter-hufford and Ravichandran 2013). The release of these 

signals creates a chemical gradient that the phagocytes can follow like a trail of breadcrumbs 

directly to the apoptotic cell (Peter et al. 2008). Once the phagocytes have successfully 

migrated to the dying cell it needs to be able to recognize the specific cell without engulfing 

healthy cells. In order to specifically target the dying cell, the process of apoptotic signaling 

causes the release of specific cell surface markers such as phosphatidylserine (PS), the most 

common and studied apoptotic signal, which flipped from the inner leaflet of the cell to the 

outer leaflet  (Lauber et al. 2004). Though under-studied, other apoptotic surface markers 

include oxidized low-density lipoprotein particles (oxLDL), thrombospondin1-(TSP-1) 

binding sites, cell surface glycosylation, and mannose binding lectin (MBL)(Ravichandran 

2011; Lauber et al. 2004). These markers are bound by phagocyte receptors such as TIM-4, 

BAI1, CD68, CD36, CD14, integrins, and many others and all lead to the uptake and 

engulfment of the apoptotic cell (Hochreiter-hufford and Ravichandran 2013; Maderna and 

Godson 2003; Lauber et al. 2004).  

Morphological changes to the apoptotic cell efficiently and evolutionarily lead to a rapid 

removal of dying cells. Because the process of apoptosis is tightly regulated, removal of dead 

cells allows for the protection of the surrounding normal cells, and thus survival of the host 

organism (Platt, Da Silva, and Gordon 1998; Häcker 2000). 

B. Caspase Cascade, Activation, and Structure 
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Caspase Cascade - Caspases are cysteinyl aspartate-specific proteases that are required for 

programmed cell death. In humans, there are 13 caspases that are either activated in response 

to inflammation, apoptosis, or an “apoptosis-like” process (Clark 2016). The inflammatory 

response caspases include caspase-1, -4, -5, -11, and -12, while the apoptotic caspases 

include caspase-2, -3, -6, -7, -8, -9, and -10) with caspase-14 being exclusively for 

keratinocyte differentiation (Figure 1) (Lamkanfi and Fernández 2015; Martinon and Rg 

Tschopp 2004). The apoptotic class of protease can be subdivided into two classes; initiator 

caspases (-2, -8, -9, and -10) and executioner caspases (-3, -6, and -7) (Clark 2016). The 

caspase cascade can be activated by the 2 major pathways of apoptosis that lead to cell death; 

the extrinsic pathways and the intrinsic pathway (Elmore 2007). Caspase-8 and -10 are 

activated during extrinsic pathway activation when death receptor ligand binding of the 

tumor necrosis factor receptor/ligand FasL/FasR, which then recruits FADD to form the 

DISC (Locksley, Killeen, and Lenardo 2001; Kim, Choi, and Joe 2000). Caspase-8 and -10 

binds to the DISC to become active and then goes on to cleave and activate caspase-3, -6, 

and -7 (McIlwain, Berger, and Mak 2013). Caspase-9 is activated during intrinsic pathway 

activation in response to an internal apoptotic signal, which, as mentioned above, leads to the 

formation of the apoptosome (Riedl and Salvesen 2007; Chandra et al. 2006). Caspase-9 

binds to the apoptosome to become active and then goes on to cleave and activate caspase-3, 

-6, and -7 (Lawton 2016; Joza et al. 2001). Activation of the executioner caspases leads to 

massive downstream substrate cleavage that either lead to inactivation of antiapoptotic 

factors or activation of proapoptotic proteins all of which commit the cell to death (Slee, 

Adrain, and Martin 2001; Fischer, Jänicke, and Schulze-Osthoff 2003).  
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Activation and Structure - All caspases have a similar structural organization. Each has a 

short or long N-terminal region call the prodomain that can contain a death effector domain 

(DED) or a caspase recruitment domain (CARD), and a protease domain that contain a large 

subunit and a small subunit that are separated by an intersubunit linker (IL) (Figure 2) (Clark 

2016). This structural arrangement of caspases is known as the caspase-hemoglobinase fold 

(Aravind and Koonin 2002). All caspases exist as a stable inactive form (zymogen) called 

procaspase until cleaved and activated (Salvesen 2002). Caspases with long prodomains that 

contain either a DED (caspase-8 and -10) or a CARD (caspase-1,-2, -4, -5, and -9) exist as 

inactive monomers, while short prodomain caspases (caspase-3, -6, and-7) exist as stable 

inactive dimers (MacKenzie and Clark 2012; Clark 2016; Bose and Clark 2001). As 

mentioned above, caspases that contain long prodomains with DED and CARD recruitment 

regions are recruited to the DISC and apoptosome respectively (Riedl and Salvesen 2007; 

Chandra et al. 2006; McIlwain, Berger, and Mak 2013; Locksley, Killeen, and Lenardo 2001; 

Kim, Choi, and Joe 2000). This recruitment leads to an increase in the local monomeric 

concentration of procaspases and proximity induced dimerization and self-proteolytic 

cleavage and activation (Pop et al. 2006; Muzio et al. 2017). Proteolytic cleavage of each 

caspase zymogen requires 2 major cleavage events; removal of the prodomain and cleavage 

of the intersubunit linker which leads to a mature homo/heterodimer (Mcluskey and Mottram 

2015). The structure of mature caspases contains 6 core β-sheets (β1-β6), 5 α-helices (α1-α5), 

and 5 loops (L1-L4 and L2’) in each protomer (Mcluskey and Mottram 2015). Loop L2’ is 

formed during cleavage activation of the IL which removes it from the dimer interface to the 

L2 and L4 of the opposite protomer and provides an increase in the stability of the active 

enzyme (Feeney et al. 2006; Witkowski and Hardy 2009). This leads to massive structural 
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rearrangement of the active site loops (L1-L4 and L2’) to form the active site (Chai et al. 

2001; Thomsen, Koerber, and Wells 2013). 

For each of the mature caspases, rearrangement of their respective active site loops yields an 

active site with a substrate binding pocket that can be put into 3 groups based on the 

recognition of the tetrapeptide sequence (P4-P1); group 1 (caspase-1, -4, -5, -14 which 

recognize (W/L)EHD), group 2 (caspase-2, -3, -7 which recognize DXXD, and group 3 

(caspase-6, -8, -9, and -10 which recognize (L/V)EXD) (Figure 2) (Talanian et al. 1997; Pop 

and Salvesen 2009). All caspases are required to have an aspartate at the P1 position and 

have evolved an S1 pocket for it, but the remaining positions are what allows for each 

caspase to have a diverse group of substrates (Seaman et al. 2016; Fischer, Jänicke, and 

Schulze-Osthoff 2003; McStay, Salvesen, and Green 2008). One caveat to this mechanism is 

due to the structural similarities that exist in the substrate binding pocket amongst the entire 

caspase family of protein. This leads to redundancies in substrate specificity, such as 

caspase-3 having the ability to cleave the substrates of every other caspase with varying 

processivity (Poreba et al. 2013). This makes designing drugs that have specificity for the 

active site of individual caspases extremely difficult.   

Conclusions 

The cell has evolved an energy efficient yet complex mechanism to control programmed cell 

death. Programmed cell death is an extremely important tool that multicellular organisms had 

to evolve in order to survive. The balance of cell growth and cell death (homeostasis) keeps 

the organism alive by preventing proliferative diseases such as cancer or neurodegenerative 

disease such as type-2 diabetes. The evolution of redundancies to commit the cell to death 

can be seen by the three major pathways that govern programmed cell death (apoptosis, 
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macroautophagy, and necrosis). Apoptosis, however, is the safest and most energy efficient 

mechanism the organism has to control cell fate. The 2 major pathways of apoptosis that lead 

to cell death (extrinsic and intrinsic pathway) both converge to activate the caspase family of 

proteins, whose activity is required for nearly all forms of apoptosis. The crosstalk that exists 

between these pathways also provides another level of feedback regulation. Discussed in 

chapter 2, the regulation of caspases are mandatory in the cell’s commitment to apoptosis, 

thus demonstrating why the study of caspase structure and function is important for the 

advancement of human health.  

 

 

 

Figure 1: Caspase Activation Cascade (MacKenzie and Clark 2012). 
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Figure 2:Caspase Domain Organization (MacKenzie and Clark 2012). 
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Chapter 2: Regulation of Caspase Activity 

 

Introduction 

Caspases cleave hundreds of different substrates in the cell and have evolved to be very efficient 

enzymes. Their main enzymatic purposes are to carry out programmed cell death via apoptosis. 

Because the balance of cells being created and destroyed is required for survival of multicellular 

organisms, caspases are a family of proteases that are tightly regulated. Caspases are regulated at 

every point in the cellular mechanisms a cell uses to make a protein. The first regulatory point of 

regulation is gene expression. Because caspases are expressed as inactive proteins enzyme activation 

is another regulatory mechanism. After activation caspase functions are regulated by active site and 

allosteric inhibition as well as proteasomal degradation. Each of these regulatory checkpoints gives 

the organism precise control over the phenotype of the cell and dictates whether a population of cells 

lives or dies. Studying these regulatory checkpoints of caspases is important to the field of cancer 

biology, as the disruption of caspase regulation often leads to cancer and other neurodegenerative 

diseases.  

A. Zymogen maturation and Expression 

Caspase regulation starts with how well the cell expresses the enzyme itself. While the majority of 

caspase regulation takes place after expression, studies have shown that in certain diseases, caspase 

expression levels are altered (Yang et al. 2007). Caspase-3, the executioner protein, has been shown 

to downregulated in various forms of cancer (Devarajan et al. 2002; Yang et al. 2007). In breast 

cancer, caspase-3 expression has been shown to be reduced in about 75% of tumors (Yang et al. 

2007). MCF-7 cells, a breast cancer cell line, lacks the caspase-3 gene and is much more resistant to 

chemotherapies than cells transfected with the active enzyme (Yang et al. 2001). Caspase-1 and 

caspase-3 expression are both dramatically reduced in about 80% of malignant prostate cancers when 
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compared to healthy prostate tissue (Winter et al. 2001). In highly malignant neuroblastoma cells of 

children, caspase-8, a key initiator caspase in the extrinsic pathway, is downregulated due to 

hypermethylation of its promoter. This makes these cells very resistant therapeutics that activate 

apoptosis (Hopkins-Donaldson et al. 2000). The same mechanism of hypermethylation in the CpG 

islands of caspase-8’s promoter is also seen in small cell lung cancer, leading to a loss in caspase-8 

expression and poor prognosis (Hopkins-Donaldson et al. 2003). This loss of expression at the DNA 

or mRNA level is a common occurrence in many forms of cancer but has been best characterized in 

breast cancer lines. These data reveal that caspase-2, -8, and -10 also are downregulated in many 

types of breast cancers (Yang et al. 2007). Knowledge of how caspases are transcriptionally and 

epigenetically regulated in cancers will provide novel tools to help the advancement of cancer 

therapeutics. 

Another mechanism of caspase regulation just downstream of gene expression is the cells ability to 

control caspase maturation. As mentioned in Chapter 1 all caspases exist as a stable inactive 

zymogen until cleaved and activated (Salvesen 2002). Initiator caspases with long 

prodomains (caspase-1, -2, -4, -5, -8 and -10 exist as inactive monomers and have two 

critical steps that lead to their maturation; proximity induced dimerization with the death-

inducing signaling complex (DISC) or the apoptosome and intersubunit linker (IL) cleavage 

by autoactivation after dimerization (MacKenzie & Clark 2012; Clark 2016; Bose & Clark 

2001; Kim et al. 2000; Riedl & Salvesen 2007; Chandra et al. 2006). Executioner caspases 

with short prodomain (caspase-3, -6, and-7) exist as stable inactive dimers and have one step 

that leads to their maturation; IL cleavage by initiation caspases (Lawton 2016; Joza et al. 

2001). There are checkpoints at each of these points, that is, inhibitors of initiator caspase 

dimerization, and inhibitors of IL cleavage activation. One mechanism that has evolved to 

inhibit initiator caspase dimerization is through the use of afamily of proteins call FLICE 
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(Fas-associated death-domain-like IL-1beta-converting enzyme)-inhibitory proteins (FLIPs) 

(Tschopp et al. 1998). This family of proteins contains death-inducing domains which is the 

same domain initiator caspase-8 and -10 use to be recruited to the DISC (Micheau et al. 

2002). Because of this domain, the cell can overexpress this protein to quench the DISC of 

all death receptors which promotes survival by preventing caspase-8 and -10 from proximity 

induced dimerization at the DISC (Krueger et al. 2001). Though there are conflicting reports, 

certain variants of FLIPs contain caspase-like domains that can dimerize to caspase-8 at the 

DISC, leading to an inactive caspase-8/FLIP dimer (Krueger et al. 2001). Caspase-9’s, the 

other initiator caspase, zymogen maturation also has evolved an inhibitory mechanism with 

X-linkedinhibitor of apoptosis (XIAP). The BIR3 domain of XIAP is able to form a heterodimer 

with caspase-9 which blocks homodimerization with a second caspase-9 monomer (Shi 2004). 

Because of the loss of the L2’, which would be donated by the second caspase-9 monomer during 

homodimerization, the caspase-9/XIAP dimer is catalytically inactive (Shiozaki et al. 2003). During 

the mitotic (M) phase of the cell cycle, suppression of apoptosis in mediated through zymogen 

maturation inhibition of caspase-2, -8, and -9. The cells do this by using cdk1/cyclin B to 

phosphorylate caspase-8 at Ser387, caspase-2 at Ser340, and caspase-9 at the highly conserved 

Thr125 (Andersen et al. 2009; Allan & Clarke 2007; Matthess et al. 2010). 

Because caspase-3 is the most important executioner caspase, there are two known 

mechanism cells have evolved to block zymogen maturation. The first mechanism to block 

zymogen maturation is mediated through the prodomain of caspase-3. Heat shock protein 27 

(Hsp27) has been shown to have anti-apoptotic functions, and in monocytes, increases in 

Hsp27 promoted survival and macrophage differentiation (Bruey et al. 2000; Voss et al. 

2007). Though the exact structural mechanism is unknown, during this process it was 

revealed that Hsp27 binds to the prodomain of caspase-3 which blocks initiator caspases 
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from processing the zymogen to its mature form (Voss et al. 2007). The second mechanism 

that evolved to block zymogen maturation is through a posttranslational modification in the 

IL of caspase-3. Protein kinase CK2 was shown to phosphorylation caspase-3 at Thr174 and 

Ser176, which is in the intersubunit linker (Duncan et al. 2011). These modifications prevent 

initiator caspases from being able to bind to the IL and cleave Asp175 leading to zymogen 

maturation (Duncan et al. 2011). 

Protein expression is the first “line of defense” in the regulation of caspases. While caspases 

are normally basely expressed in nearly all normal cells, the expression of caspases is 

abrogated in cancer cells (Devarajan et al. 2002; Yang et al. 2007). With gene-editing tools at the 

forefront of modern medicine, understanding gene expression patterns of the caspase cascade will 

play a significant role in gene therapy. In healthy cells, caspase zymogens are expressed well and 

waiting for the activation signals that lead to their maturation. This is the second step in the “line of 

defense” to regulate caspase activity. Understanding how the overexpression of antiapoptotic proteins 

such as Hsp27 and protein kinase CK2 has provided a deeper knowledge of the networks that interact 

to regulate cell fate (Voss et al. 2007; Duncan et al. 2011). These data can provide novel therapeutic 

targets to diseases that lead to overexpression of these targets. 

B. Active Site Inhibitors 

After caspases have been processed into their mature active form there are still several levels of 

regulation that can reduce or inhibit caspases activity to promote survival. One of these evolutionarily 

conserved regulatory mechanisms is competitive inhibition of the substrate binding pocket. There are 

two host sources that have evolved caspase active site inhibitors; mammals and viruses (Callus & 

Vaux 2007). The Cowpox virus was the first virus that was discovered to house a gene that can inhibit 

caspase-1 (Ekert et al. 1999). This protein is called Cytokine Response Modifier A (CrmA) and it has 

ahigh affinity for caspase-1 active site as well as caspase-8 and -10, which blocks enzymatic activity 
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and allows for survival of the infected cells (Miura et al. 1995). Another viral protein with as nearly 

identical inhibitory mechanism is p35 from the baculovirus, which can inhibit caspase-1, -3, -6, -7, -8, 

and -10 (Ekert et al. 1999). The first mammalian caspase inhibitor discovered was the from the 

inhibitor of apoptosis (IAP) family of proteins called X-linked IAP (XIAP) (Eckelman et al. 2006). 

XIAP has 3 baculoviral IAP repeat (BIR) domains and a RING domain and has a unique 2-step 

mechanism to inhibit caspase-3 and -7 (Silke & Meier 2013). When caspase-3 and -7 zymogens are 

processed to their mature form, the formation of the small subunit contains an IAP-binding motif 

(IBM) that is able to bind to the BIR2 domain of XIAP (Deveraux et al. 1997). High-resolution NMR 

structures show that XIAP residues 140-156 are able to reach and bind to the opening of the active 

site, which blocks substrates from docking to the caspase (Sun et al. 1999).  

The next class of active site inhibitors are synthetic inhibitors. Since the discovery of caspases’ role in 

cell death, therapeutic modulation of their activity has been under study for a variety of disease states. 

The range of substrate specificity range from broad, like the cysteine protease inhibitor 

iodoacetamide, to specific (Ekert et al. 1999). One of the most widely used methods to make synthetic 

inhibitors that are specific to each caspase is to develop peptides that contain each caspase’s substrate 

recognition sequence (McStay & Green 2014). As mentioned in the previous chapter, the caspase 

substrate binding pocket has 3 groups with a specific recognition of a tetrapeptide sequence 

(P4-P1); group 1 (caspase-1, -4, -5, -14 which recognize (W/L)EHD), group 2 (caspase-2, -3, 

-7 which recognizes DXXD, and group 3 (caspase-6, -8, -9, and -10 which recognize 

(L/V)EXD) (Talanian et al. 1997; Pop & Salvesen 2009). The majority of these peptides have 

a “warhead” on the P1 position, which is where the catalytic cysteine-histidine dyad would 

normally cleave (Poreba et al. 2013). There are two different classes of warheads, reversible 

or irreversible. Irreversible caspase inhibitors use an electrophilic warhead such as Asp-Glu-

Val-Asp-fluoromethylketone (DEVD-FMK) or Asp-Glu-Val-Asp-chloromethylketone 

(DEVD-CMK), which forms a covalent thiomethyl ketone 2 with the catalytic cysteine, 
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permanently inhibiting the enzyme (Thornberry et al. 1994; Powers et al. 2002). Reversible 

inhibitors use an aldehyde (DEVD-CHO) warhead (Ekert et al. 1999).  

Active site inhibition of caspases is an efficient mechanism to reduce the amount of active 

caspase in the cell to promote survival. The cell has evolved some very efficient mechanism 

to keep caspases in check and man-made therapeutics have come a very long way. Because 

the structure of the active site in each caspase are nearly identical and all require an aspartate 

at the P1 position, there are no known active site inhibitors of caspases that can target one 

caspase within the same substrate specificity group without having anaffinity for the others 

(Garcia-Calvo et al. 1998). This structural similarity has made finding therapeutics very 

difficult for the caspase family. 

C. Allosteric Regulation 

Allosteric regulation of proteins has been studied extensively over the last century. The term allostery 

is defined as thesecondary site of a protein, different from the substrate binding pocket, that a 

regulatory ligand can bind to affect the activity on the protein (Changeux 2011). Originally, two 

models of allostery existed, the sequential model of Koshland, Nemethy, and Filmer (KNF), and the 

concerted model of Monod, Wyman, and Changeux (MWC). Both models state that allosteric protein 

has two conformational states, a high and low affinity state, which are selected upon ligand binding. 

They differ in that the KNF model proposes that an allosteric proteins’ conformational change is due 

to a ligand concentration dependent induced-fit, where ligand binding alters the binding site for a 

higher affinity, while the MWC model proposes that allosteric proteins exist in an equilibrium of high 

and low states in which ligand binding affects the equilibrium by favoring one state (MONOD et al. 

1965; Koshland et al. 1966). One of the latest models of protein allostery is the ensemble allosteric 

model (EAM), which takes a novel structure-based allostery with the general allosteric models of 

KNF and MWC, to determine how ligand binding alters both the thermodynamic landscape of the 
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enzyme as well as the equilibrium of states in the enzyme pre and post ligand binding (Hilser et al. 

2012). This conformational selection model of allostery has biological importance, in that the 

thermodynamic landscape on an allosteric protein has high energy states (unstable) as well as low 

energy states (stable). For a two-state enzyme, while the low energy state, A, are mostly populated, 

when in equilibrium the low abundant high energy state, B’, population can be selected upon specific 

ligand binding to shift the population to this new more stable ground state, B (Clark 2016). In terms 

of allosteric inhibition, an allosteric inhibitor with specificity for a low abundance, high energy, 

inactive conformation of an enzyme within the conformational ensemble which is mostly populated 

by active states, can stabilize and shift the ensemble to the inactive conformation given a large 

abundance of ligand (Clark 2016). The study of theallosteric modulation of enzymes have presented 

novel approaches to both study protein regulation and therapeutically modulate protein function. 

Caspase regulation has been studied extensively and have been determined to be allosteric enzymes. 

Allosteric regulation of caspases have both evolved naturally in biological organisms as well as have 

been chemically engineered to develop novel therapeutics. There are two mechanism the cell has 

evolved to allosterically control caspases; protein-protein interactions, and phosphorylation. The 

protein-protein allosteric mechanism involves the previously mentioned XIAP. As stated above, the 

IAP-binding motif within the small subunit of caspase-3 and -7 that is exposed during maturation and 

is able to bind to the BIR2 domain of XIAP is an allosteric binding event. This is anallostericbinding 

event, through a yet to be determined mechanism, leads to a shift in the ensemble of caspase-3 and -7 

from active to inactive, even without to binding of XIAP binding to the active site (Fuentes-Prior & 

Salvesen 2004). 

It is well known that the caspase cascade and the kinome are intricately intertwined and that caspases 

are regulated by phosphorylation. Some of the mechanisms have been mentioned above; zymogen 

maturation, but the most understudied mechanism is how phosphorylation allosterically regulates 

caspases. There are, however, a few examples discussed here. One of the phosphorylation events that 
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lead to an allosteric change in caspase-3 and -8 is mediated by p38-MAPK (mitogen-activated protein 

kinase) (Kurokawa & Kornbluth 2009b; Alvarado-Kristensson et al. 2004). p38-MAPK 

phosphorylates caspase-3 and -8 at the base of helix-3, and has been shown to promote survival in 

human neutrophils, while the removal of this modification by protein phosphatase 2A (PP2A) leads to 

caspase dependent apoptosis (Alvarado-Kristensson et al. 2004; Alvarado-Kristensson & Andersson 

2005). Though the allosteric mechanism that causes a loss of enzymatic function at this site is 

unknown, it has been proposed that phosphorylation at Ser150 causes the destabilization of both 

helix-2 and helix-3 which propagates o the active site (Cade et al. 2014). This serine in the loop at the 

C-terminus of caspases is highly conserved in all human caspases, with the exception of caspase-10 

and -14. Another type of posttranslational modifications that allosterically affect caspase activity is 

the binding of heavy metals. Though this type of modification isn’t a covalent attachment to the 

enzyme, it has been shown that zinc can bind and inhibit caspase-6 (Velázquez-Delgado & Hardy 

2012b). Zinc binds to an exosite that is made up of 3 amino acids (Lys36, Glu244, and His287) and a 

water molecule. This binding event causes a conformational change in the enzyme that traps it in an 

inactive conformation that contains an extended helix-3 which disrupts the active site (Velázquez-

Delgado & Hardy 2012b). Other caspases, such as caspase-9, can bind zinc to inhibit the enzyme, but 

this is due to active site binding, while caspase-6 contains a novel allosteric site distal from the active 

site (Huber & Hardy 2012). 

Another important allosteric site that is common in all caspases is in the dimer interface. While there 

isn’t a mechanism that has evolved to target this common site, there are a few synthetic molecules 

that have been developed to target this site. The first two molecules discovered that can target this 

allosteric site is FICA (5-Fluoro-1H-indole-2- carboxylic acid (2-mercapto-ethyl)-amide) and DICA 

(2-(2,4-Dichloro- phenoxy)-N-(2-mercapto-ethyl)-acetamide) (Hardy et al. 2004). In caspase-7, when 

these molecules bind to the allosteric cavity in the dimer interface, they cause three major allosteric 

structural changes that lead to the inactivation of the enzyme; disruption of the proper orientation of 



 

24 

 

the catalytic dyad, flipping of Try223 and Arg187 which excludes substrate binding by steric clashes, 

and disordering of the active site loops (Hardy et al. 2004). These allosteric inhibitors essentially trap 

the active enzyme in a conformation that is structurally similar to the zymogen. Another dimer 

interface allosteric inhibitor with a similar mechanism is compound 34 (Scheer et al. 2006). This 

molecule binds to a cysteine in the dimer interface of caspase-1. This binding event traps Arg286 in 

an inactive conformation that prevents the catalytic cysteine from being in its proper orientation for 

activity (Scheer et al. 2006). Though not in the dimer interface, there is a small peptide that was 

discovered using phage-display to allosterically inhibit caspase-6 function (Stanger et al. 2012). This 

small peptide, Pep419, binds to His126, which is distal to the active site and induces tetramerization 

of the enzyme trapping it in an inactive conformation using a noncompetitive mechanism. It was also 

shown that this inhibitor can inhibit caspase-6 in neuronal cells, which makes it a potentially good 

therapeutic for neurodegenerative diseases such as Alzheimer’s (Stanger et al. 2012). 

There are also small molecule activators of caspases, which elicit their function allosterically. One of 

the first allosteric activators of caspases discovered was procaspase-activating compound (PAC-1) 

(Putt et al. 2006). Though the mechanism is under debate, this compound was discovered using a drug 

screen against procaspase-3 and was determined to cause an enhanced autoactivation of the enzyme, 

which slowed tumor growth and induced apoptosis in cancer cell lines (Porter 2006). Another 

allosteric activator that was discovered using a high throughput drug screen was compound 1541 

(Wolan et al. 2009). This compound also bound to the zymogen form of both caspase-3 and -6 but not 

caspase-7, and lead to their enhanced activation and induction of apoptosis in many different cancer 

cell lines (Wolan et al. 2009). Targeting the procaspase enzyme for activation without proteolytic 

activation is an important and novel therapeutic approach because the zymogen form of caspases are 

poorly inhibited by endogenous XIAP which is overexpressed in many cancers (MacKenzie et al. 

2013). 
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Understanding how the cell evolved to allosterically regulate caspases is a very young field. Further 

studies have a high potential to discover novel therapeutics that have enhanced specificity for 

individual caspases with very little crossover. 

D. Posttranslational Modifications 

Posttranslational modifications are defined as the covalent attachment a molecule to the amino acid of 

a translated protein (Prabakaran et al. 2012). This biologically evolved tool allows the cells to give 

any particular protein multiple functions, essentially enhancing the functional space of the genome. It 

is widely known that caspases are highly regulated at many steps of their enzymatic life-span. One of 

the most efficient ways to regulate caspase function is via posttranslational modifications. Though 

many of the structural characterization of these modifications are unknown, there are many known 

posttranslational modifications of caspases and how each elicits a specific biological response. 

Though some of these have been described above, here we will discuss the various posttranslational 

modifications of caspases, and how they affect the function of the enzyme. 

One of the most well-known posttranslational modifications of caspases is phosphorylation. 

Phosphorylation is the covalent attachment of a phosphate group to any serine, threonine, or, tyrosine. 

Caspases have been shown to be phosphorylated at all three of these amino acids by serine/threonine 

kinases as well as tyrosine kinases, and these modifications are removed by protein phosphatases 

(Kurokawa & Kornbluth 2009b). Phosphorylation of caspases either enhance the activity of the 

enzyme, or has an inhibitory effect, but the majority of the literature points to phosphorylation mainly 

as an inhibitory mechanism. This is likely due to the fact that caspases have already evolved to be a 

very catalytically efficient enzyme. One of the mechanisms that have been shown to activate caspases 

is the phosphorylation of caspase-2 (Shi et al. 2009). DNA-PK phosphorylates caspase-2 in the 

prodomain at Ser122 which leads to its enhanced binding to the death domain of p53-induced protein 

with a death domain (PIDD) which leads to its enhanced activation. This mechanism was shown to be 

involved in the G2/M phase DNA damage checkpoint of the cell cycle and the NHEJ repair pathway 
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(Shi et al. 2009). Caspase-1, a key enzyme in the inflammatory response, is phosphorylated by PAK-1 

at Ser376. This modification, through an unknown mechanism, leads to caspase-1’s activation, and 

this activation mechanism is halted in Helicobacter pylori infection (Basak et al. 2005). Another 

example of caspase activation by phosphorylation is activation of caspase-9 (Raina et al. 2005). 

Caspase-9 is phosphorylated by the tyrosine kinase c-Abl at Tyr153 in response to apoptosis caused 

by genotoxic stress. This modification leads to the cleavage and autoactivation of caspase-9, which 

later goes on to activate caspase-3 (Raina et al. 2005). While the majority of caspase activity 

enhancement by phosphorylation seems to only effect initiator caspases, there is evidence that 

phosphorylation can also enhance executioner caspases as well. Although the site of phosphorylation 

hasn’t been determined, caspase-3 is phosphorylated by protein kinase Cδ (PKCδ) during 

spontaneous apoptosis in monocytes (Voss et al. 2005). This phosphorylation event was shown to 

lead to an enhancement of caspase-3’s enzymatic efficiency both in vitro and in monocyte cells (Voss 

et al. 2005). The remainder of the known caspase phosphorylation events led to the inactivation of the 

enzyme.  

The following are a list of every known caspase phosphorylation event and function with some 

redundancies from above: 

Caspase-1 is phosphorylated by PAK-1 at Ser376 whichleads to its activation, and this activation 

leads to interleukin-1β release during a Helicobacter pylori infection (Basak et al. 2005). 

Caspase-2 has been shown to be phosphorylated by CaMKII, Cdk1/B1, and PKCK2 (Zamaraev et al. 

2017; Kurokawa & Kornbluth 2009b). Calcium/calmodulin-dependent protein kinase II (CaMKII) 

was first shown to phosphorylate caspase-2 in the prodomain in Xenopus at Ser164 (human caspase-2 

numbering). This phosphorylation event prevents caspase-2 from being able to bind to adapter protein 

complexes such asRIP-associated ICH-1 homologous protein with a death domain (RAIDD) and 

PIDD, therefore blocking the activation of caspase-2 (Nutt et al. 2005). This inhibitory mechanism is 

important in the survival of Xenopus oocytes (Nutt et al. 2009). As mentioned above, caspase-2 is 



 

27 

 

phosphorylated by Cdk1/B1 in the intersubunit linker, which prevents zymogen maturation by 

blocking cleavage in the IL (Andersen et al. 2009). In a similar mechanism to CaMKII, caspase-2 is 

also phosphorylated by protein kinase CK2 (PKCK2) at Ser157 in the prodomain, which promotes 

survival by blocking caspase-2 from binding PIDD, inhibiting TRAIL-dependent apoptosis in cancer 

cells (Shin et al. 2005). 

Caspase-3 has been shown to be phosphorylated by p38-MAPK, PKCK2, and PKCδ (Duncan et al. 

2011; Voss et al. 2005; Alvarado-Kristensson et al. 2004). As mentioned above, caspase-3 was first 

shown to be phosphorylated by p38-MAPK at Ser150 in human neutrophils to reduce apoptosis and 

promote survival (Alvarado-Kristensson et al. 2004). Zymogen maturation of caspase-3 is inhibited 

via phosphorylation of Thr174 and Ser176 by PKCK2, which protect Asp175 cleavage by caspase-8 

and -9 (Duncan et al. 2011). Although the specific site(s) are of debate, caspase-3 has been shown to 

be phosphorylated by PKCδ. In human monocytes, caspase-3 is phosphorylated by PKCδ which, 

through an unknown mechanism, increases caspase-3 activation and leads to an increase in apoptosis 

(Voss et al. 2005). 

Caspase-6 was first shown to be phosphorylated by Ark5 kinase at Ser257 (Suzuki et al. 2004). 

Phosphorylation of Ser257 causes a steric clash with L2’ of the active site loops (Wang et al. 2010). 

This steric clash between helix-5 and the loop bundle causes the catalytic dyad to shift away from its 

active orientation, therefore inhibiting the enzyme (Velázquez-Delgado & Hardy 2012a). 

Caspase-7 is phosphorylated by p21-activated protein kinase 2 (PAK2) at Ser30, Thr176, and Ser239. 

Phosphorylation at the prodomain of caspase-7 (Ser30) was shown to inhibit the enzyme by blocking 

initiator caspases from binding to cleave and activate the enzyme. While Thr176 phosphorylation 

alone has no inhibitory function, phosphorylation of Ser239 inhibits the enzyme by blocking the 

substrate from binding to the active site (Eron et al. 2017). PAK2 inhibition of caspase-7 is amplified 

inchemotherapeutic resistant breast cancer (Li et al. 2011). 
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Caspase-8 is phosphorylated by Src, Fyn, Lyn, Plk1, Cdk1/B1, ERK, RSK2, and p38-MAPK. The Src 

family of tyrosine kinases (Src, Fyn, and Lyn) phosphorylate caspase-8 at Tyr397 and Tyr465 (Jia et 

al. 2008). Phosphorylation at these residues inhibits zymogen maturation by blocking the cleavage 

residues Asp384 and Asp374, which traps caspase-8 on the DISC leading to its degradation (Cursi et 

al. 2006; Powley et al. 2016). This mechanism reduces apoptosis in cancer cells such as colon cancer 

and is a survival mechanism in human neutrophils. This phosphorylation event also has been shown 

to recruit caspase-8 to the lamella in migrating cells, and blocking this modification abolishes 

localization and decreases migration in neuroblastoma cells (Barbero et al. 2008). A similar inhibitory 

mechanism is mediated through caspase-8 phosphorylation by Cdk1/B1. This kinase phosphorylates 

the zymogen form of caspase-8 at Ser387, which blocks zymogen maturation, allowing for survival of 

breast tissue and lymphocytes and contributes to tumorigenesis (Matthess et al. 2010). In cells 

undergoing mitosis, after Cdk1/B1 phosphorylation, polo-like kinase 1 (Plk1) can phosphorylate 

caspase-8 at Ser305 to further prevent zymogen maturation (Matthess et al. 2014). Caspase-8 is also 

phosphorylated by extracellular signal-regulated kinases 1 and 2 (ERK1/2) at Ser387, which inhibits 

zymogen maturation by block dimerization and autocleavage activation (Li et al. 2015). This 

mechanism places caspase-8 as a critical target in the growth factor receptor pathway in cancer cells 

since ERK1/2 are both over-activated in many cancer types (Mandal et al. 2014). In a similar 

mechanism as caspase-3, caspase-8 is phosphorylated by p38-MAPK at the highly conserved Ser347 

(Alvarado-Kristensson et al. 2004; Alvarado-Kristensson & Andersson 2005). Through an unknown 

allosteric mechanism, this modification leads to inhibition of the enzyme and survival of human 

neutrophils. One of the last known kinases that phosphorylate caspase-8 is ribosomal S6 kinase 2 

(RSK2). RSK2 phosphorylates caspase-8 at Thr263, which destabilizes the enzyme (Peng et al. 

2011). This modification blocks Fas-induced apoptosis by increasing the rate that caspase-8 is 

ubiquitinated and degraded.  
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Caspase-9 is phosphorylated by Akt, PKA, ERK1/2, p38-MAPK, DYRK1A, CDK1/B1, PKC, cAbl, 

and CK2. The first kinase discovered to phosphorylated caspase-9 was Akt (Cardone 1998). Akt 

phosphorylated caspase-9 at Ser196 in humans, but not in dog or mouse. This modification has been 

predicted to inhibit the enzyme by blocking dimerization, which promotes survival in primary 

effusion lymphoma (PEL), an aggressive form of non-Hodgkin’s B-cell lymphoma(Watanabe et al. 

2014). Protein kinase A (PKA) has been shown to phosphorylate caspase-9 at Ser99, Ser183, and 

Ser195 (Martin et al. 2005). While these modificationsdoesn't directly inhibit the enzyme, they are 

predicted to block the complete formation of the apoptosome alongside Apaf-1 phosphorylation, 

therefore blocking intrinsic apoptosis (Allan & Clarke 2009). Hyperosmotic stress activates protein 

kinase C isoform zeta (PKCζ), which suppresses intrinsic apoptosis by phosphorylating caspase-9 at 

Ser144 (Brady et al. 2005). Though the structural mechanism is unknown, it is likely that 

phosphorylation of this site inhibits zymogen maturation. Murine caspase-9 has been shown to be 

phosphorylated by casein kinase 2 (CK2) at Ser348 (Ser310 in humans) (McDonnell et al. 2008). This 

modification blocks caspase-8 from cleaving and activating caspase-9 but does not block 

autoprocessing. There is anindication that CK2 can phosphorylate human caspase-9 at Ser302, 

Ser307, and Ser310 but the biophysical and phenotypic mechanism has yet to be studied (Li et al. 

2017). One interesting phosphorylation event of caspase-9 is the phosphorylation of Tyr153 by c-Abl 

tyrosine kinase (Raina et al. 2005). This modification takes place during DNA-damage leads to the 

enhancement of caspase-9 processing, which amplifies the apoptotic response. Lastly, one of the most 

well studied sites of phosphorylation of caspase-9 is Thr125 which is in the prodomain. Depending on 

the cell and cell phenotype this site is phosphorylated by ERK1/2, p38-MAPK, DYRK1A, and 

CDK1/B1, all leading to the inhibition of activation by blocking caspase-9 recruitment to the 

apoptosome (Zamaraev et al. 2017; Kurokawa & Kornbluth 2009a). In response to growth factors or 

mitogenic stimuli, ERK1/2 binds to the prodomain of caspase-9 at Arg10 in order to phosphorylate 

Thr125 during G1/S of the cell cycle (Martin et al. 2008). p38-MAPK has been shown to 

phosphorylate this site in response to hyperosmotic stress to promote survival (Seifert & Clarke 
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2009). During retinal development, DYRK1A phosphorylates Thr125 to fine-tune apoptosis as 

dysregulation of this process can lead to neurological diseases such as Down’s syndrome (Laguna et 

al. 2008). DYRK1A phosphorylation of caspase-9 also leads to its nuclear localization, which affects 

thetotal amount of caspase available for activation (Seifert et al. 2008). During mitosis, apoptosis is 

kept in check by CDK1/B1 phosphorylation of caspase-9, which decreases the cells sensitivity to 

antimitotic drugs (Allan & Clarke 2007). 

There are no know phosphorylation events for caspase-4, -5, -10, -11, -12, and -14. 

There are other posttranslational modifications that the cell uses to regulate the activity of caspases, 

such as ubiquitination, SUMOylation, S-Nitrosylation, S-Glutathionylation, and metal binding. 

Ubiquitin is a 76-amino acid protein that is covalently attached to Lysine residues of the target 

substrate (Swatek & Komander 2016). This modifier can then be further modified by other ubiquitin 

molecules at 8 different places as well as phosphorylation, and acetylation, all of which code for a 

very diverse set of biological functions such as proteasomal degradation or subcellular localization 

(Komander & Rape 2012). Ubiquitination of caspases have been implicated in a variety of diseases 

and have been shown to both enhance and downregulate the activity of caspases. The majority of the 

E3 ligases that ubiquitinate caspases have been studied in the regulation of caspase-8. HECTD3 

(homologous to E6-APCOOH terminus domain-containing E3s) is an E3 ligase that was discovered 

to be overexpressed in many breast cancers and was shown to induce Lys63-linked polyubiquitination 

of caspase-8 at Lys215 which is in the DED domain (Li et al. 2013). This modification blocks 

caspase-8 from being recruited to the DISC for activation, thus hindering the progression of apoptosis 

and survival of cancer. Another down-regulator of caspase-8 activity is tumor necrosis factor 

receptor-associated factor 2 (TRAF2) E3 ligase. TRAF2 ubiquitinatesthe active form of caspase-8 at 

Lys224, Lys229, and Lys231 in the large subunit using K48-linked polyubiquitination, which leads to 

its proteasomal degradation causing a decrease in the apoptotic response (Gonzalvez et al. 2012). 

Mentioned above, initiator caspases such as caspase-8 are recruited to death receptors to become 
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activated due to a local increase in the concentration of caspase-8 monomers (proximity induced 

dimerization) (MacKenzie & Clark 2012; Clark 2016; Bose & Clark 2001; Kim et al. 2000; 

Riedl & Salvesen 2007; Chandra et al. 2006). This activation has also been shown to require 

ubiquitination of caspase-8. Dimerization of the death receptors and recruitment of caspase-8 

to the DISC leads to cullin3 (CUL3)-based E3 ligase/RING box protein RBX1K63-linked 

ubiquitination of caspase-8 at Lys461(Jin et al. 2009). This modification causes the ubiquitin-

binding protein p62 to bind to caspase-8 leading to its aggregation and full activation of 

caspase-8, thus amplifying apoptosis. Outside of the normal extrinsic apoptosis, caspase-8 is 

also involved in ER stress induced apoptosis and this is mediated through it ubiquitination. 

During ER stress induced apoptosis, tripartite motif 13 (TRIM13) E3 ligase induces the K-63 

linked poly-ubiquitination of caspase-8 which stabilizes the enzyme (Tomar et al. 2013). This 

leads to caspase-8 translocation to the autophagolysosome and activation to commit the cell 

to death during ER stress.  

There are a few studies that have revealed that executioner caspases are also regulated by 

ubiquitination. SAG/ROC1 (sensitive to apoptosis gene/regulator of cullin-1)of the Skp1–

cullin–F-box protein (SCF) E3 ubiquitin (Ub) ligase complex bind to the prodomain of the 

caspase-3 zymogen to induce ubiquitination of caspase-3 (Tan et al. 2006). This modification 

reduces the cellular half-life of caspase-3 leading to its 26S proteasome–mediated 

degradation and promotes survival of the cell. Cellular inhibitor of apoptosis 1 (cIAP1) is 

another ubiquitin-protein isopeptide ligase that can bind to the AKPD binding domain on the 

N-terminus of caspase-7 in the prodomain and to caspase-3 with the prodomain still attached 

but cleaved at Asp175 (Choi et al. 2009). After binding cIAP1 ubiquitinates caspase-3 and -7 

which targets them for proteasome-mediated degradation and promotes survival of the cell. 
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Similarly to ubiquitination, caspases are also modified by SUMOylation. SUMO1 (small 

ubiquitin-related modifier1), is a 11kDa protein and like ubiquitin, is covalently attached to lysine 

residues (Jürgen Dohmen 2004). Unlike ubiquitin, SUMOylation typically leads to translocation of 

the targeted protein and therefore blocks ubiquitin related degradation (Jürgen Dohmen 2004). 

Caspase-2 was one of the first studied targets of SUMOylation. The N-terminal recruitment domain 

of caspase-2 is SUMOylated by ubiquitin-conjugating enzyme 9(Ubc9) at Lys60 (Shirakura et al. 

2005). This leads to the upregulation of caspase-2’s nuclear localization to the promyelocytic 

leukemia bodies and its zymogen maturation. In neuronal cells, the same mechanism of nuclear 

localization of caspase-7 is mediated through Ubc9 binding to the prodomain of caspase-7 and 

inducing SUMOylation (Hayashi et al. 2006). Lastly, caspase-8 was shown to be SUMOylated by 

protein inhibitor of activated STAT 1 (PIAS-1) E3 ligase, which also leads to caspase-8’s nuclear 

localization (Besnault-Mascard et al. 2005).  

S-Nitrosylation is another known posttranslational modification of caspases. S-Nitrosylation is the 

covalent attachment of nitric oxide (NO) to the thiol group of cysteine residues and this modification 

is reversible with the proper reducing agent (Hess et al. 2005). S-Nitrosylation has been shown to 

inhibit caspase-1, -2, -3, -4, -6, -7, and -8 by binding to the catalytic cysteine (Li et al. 1997). This 

modification, however, has only been studied in caspase-3’s regulation of the cell. When caspase-3 is 

S-Nitrosylated at Cys163, it inhibits the enzyme and promotes survival in cardiomyocytes and 

adhesion fibroblasts by blocking caspase mediated apoptosis (Jiang et al. 2009; Maejima et al. 2005). 

S-Glutathionylation is a posttranslational modification of caspases that is very similar to nitrosylation. 

Glutathionylation is the covalent attachment of glutathione to the thiol group of cysteine residues 

(Hill & Bhatnagar 2007). One of the only caspases shown to be glutathionylated is caspase-3. 

Caspase-3 is glutathionylated at Cys163, Cys184, and Cys220 by glutaredoxin during Tumor 

Necrosis Factorα induced apoptosis (Pan & Berk 2007). This modification both inhibits the catalytic 
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function of the histidine-cysteine dyad and blocks zymogen maturation of caspase-3 by preventing 

initiator caspases from binding and cleaving it (Sykes et al. 2007; Huang et al. 2008).  

Metal binding of caspases has recently been shown to regulate their activity. Although the binding of 

metals isn’t a covalent modification, its regulatory effectshere will be classified as a posttranslational 

modification. There are two examples of metal binding to caspases and they both involve Zinc. Zinc 

was first shown to bind caspase-9 at 2 distinct regions; the active site, which is coordinated by the 

catalytic dyad His237 and Cys287 as well as Cys239, and a novel exosite coordinated by Cys272 

(Huber & Hardy 2012). This binding event inhibits the enzyme due to the loss of the catalytic dyad. 

Caspase-6 was also shown to be bound by zinc, but at a novel allosteric site coordinated by Lys36, 

Glu244, His287, and a water molecule (Velázquez-Delgado & Hardy 2012b). This binding event 

traps caspase-6 in an extended helix-5 conformation, which distorts the active site, inhibiting the 

enzyme. Zinc regulation of caspases has important implications in many neurodegenerative disorders.  

Conclusions 

The role of caspases are key in maintaining proper homeostasis. Because caspases are the regulators 

of cell death, they have to be tightly regulated to avoid unwarranted apoptosis, therefore regulation of 

caspases are key to the survival of the organism. Because of this, organisms that use the apoptotic 

pathway to regulate cell death have evolved multiple checkpoints to control the activity of caspases. 

They can efficiently control how much caspases are expressed before and during apoptosis (Yang et 

al. 2007). There are many regulatory mechanisms the cell uses to control and prevent excess zymogen 

maturation of caspases to prevent endogenously expressed caspases from tipping the scales towards 

apoptosis (Salvesen 2002). Active site inhibitors of caspases promote the survival of the cell 

by directly preventing substrate binding (Ekert et al. 1999). Allosteric inhibitors and 

posttranslational modifications both provide a broad range of caspase activity enhancement or 

suppression to tightly control the apoptotic threshold (Clark 2016). It is the dysregulation of each of 
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these regulatory mechanisms that lead to a wide variety of diseases from cancer to neurodegenerative 

disorders. Understanding how these regulatory mechanisms work will provide insights into how to 

therapeutically treat diseases where these pathways are disrupted. 
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Chapter 3: Non-Apoptotic Function of Caspases 

A. Proliferation 

Cell proliferation is defined as being the growth of a population of cells, that is, mother cells growing 

then dividing to produce two daughter cells. This type of growth is exponential, doubling each cycle, 

but not every cell survives. Cell proliferation takes place in every multicellular organism and is a 

process that is tightly regulated by the cell cycle. Because of mutations that occur during this process, 

diseases such as cancer arise, which are cells that are immortal and undergo uncontrolled and rapid 

proliferation (Evan & Vousden 2001). Caspases are well known for their regulatory roles in 

programmed cell death, but over the past decade, there have been numerous studies that show that 

caspase activity is required in many other non-apoptotic processes (Kuranaga & Miura 2007). One of 

the non-apoptotic cell phenotypes that caspases regulate is proliferation. Cell growth has been 

demonstrated to be controlled by both initiator and executioner caspases in a variety of cell types 

Initiator Caspases in Proliferation 

The most well studied initiator caspase with regulatory roles in proliferation is caspase-8. Caspase-8 

activity has been shown to be important in the proliferation of immune cells. In T-cells, when 

caspase-8 was mutated or knocked down in mice, researchers found that the cell growth of T-cells 

was markedly slowed and showed a decrease in interleukin-2 (IL-2) expression (Salmena et al. 2003; 

Chun et al. 2002). The mechanism behind how caspase-8 elucidates this phenotypic response, 

however, is not known, nor is there evidence that there are any redundancies with caspase-10 in this 

pathway. It is also important to note that this phenotype is independent of the mitochondrial pathway, 

excluding caspase-9 as a regulatory factor. Caspase-8 was also shown to be impotent the proliferation 

of B-cells when stimulated with specific growth signals. When B-cells lacking caspase-8 were treated 

with LPs and/or dsRNA, proliferation was significantly slowed down and there was an increase in 

apoptosis compared to controls (Beisner et al. 2005). This specificity of signaling demonstrates that 
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the caspase cascade is activated in response to specific immune responses. In this same system, 

caspase-8 is also a regulator of natural killer (NK) cell proliferation (Chun et al. 2002; Lamkanfi et al. 

2007). All these data demonstrate the regulatory roles that initiator caspases have on proliferating 

cells 

Executioner Caspases in Proliferation 

Executioner caspases also play a regulatory role in theproliferation of various cell types. In rats, 

during the first 2 weeks after birth, caspase-3 activity was shown to be elevated in the proliferative 

regions of the forebrain (Yan et al. 2001). Active caspase-3 was found to be localized within the 

nuclei of cells undergoing division without any apoptosis. Caspase-3 has been shown to regulate 

lymphoid cell proliferation by cleaving cell cycle regulators (Victoria Frost et al. 2001). During 

lymphoid proliferation cyclin-dependent kinase (CDK) inhibitor p27 stops cell cycle in G1 by 

inhibiting CDK-A and CDK-E (V Frost et al. 2001). Caspase-3 has been shown to cleave p27 to 

allow progression through the cell cycle, thus mediating proliferation (Kuranaga & Miura 2007; V 

Frost et al. 2001). Caspase-3 also has anti-proliferative roles in B-cells, facilitated in a non-apoptotic 

manner. When caspase-3 is knocked down in B-cells of mice, they begin to undergo 

hyperproliferation(Woo et al. 2003). This is due to p21 cyclin-dependent protein kinase (a normal 

inhibitor of proliferation) binding to PCNA (proliferating cell nuclear antigen) which forms a 

complex with DNA-polymerase-δ to promote proliferation (Waga et al. 1994). Caspase-3 cleaves p21 

which disrupt the interaction with PCNA to inhibit hyperproliferation. Another executioner caspase 

that has been shown to regulate proliferation by controlling the cell cycle is caspase-6 (Launay et al. 

2005). When B-cells are in a quiescent state, caspase-6 selectively cleaves the transcriptional 

suppressor special AT-rich sequence-binding protein 1 (SATB1) (Olson et al. 2003). This leads to B-

cell expression of genes that allow them to enter G1 of the cell cycle. All these data demonstrate the 

important regulatory roles that executioner caspases have on proliferating cells. 

Compensatory Cell Proliferation 
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While caspases have been shown to be directly involved in the proliferation of the cell in which they 

are activated, they also have the ability to induce proliferation in neighboring cells. This process is 

called compensatory proliferation. Compensatory proliferation is the process by which multicellular 

organisms maintain homeostasis when a neighboring cell is undergoing apoptosis during 

development (Fan & Bergmann 2008a). When a cell is undergoing apoptosis, it can send out a host of 

extracellular signals to communicate to surrounding cells to start dividing to maintain homeostasis, 

and this process is referred to as apoptosis-induced proliferation (Fogarty & Bergmann 2017). The 

signals that are sent out are the direct result of caspase activity, making apoptosis-induced 

proliferation another non-apoptotic function of caspase activity. Caspase-induced compensatory 

proliferation was first discovered in Drosophila-larval-imaginal tissues(Portela & Richardson 2013). 

These tissues maintain homeostasis by having increased regenerative and proliferative abilities to 

combat tissue damage and loss of cells (Shalini et al. 2015). In the proliferating eye and wing tissues 

of Drosophilathe caspase-9 ortholog Dronc is required for compensatory proliferation (Kondo et al. 

2006). In these cells when an apoptotic signal induces cell death signaling via the Jun kinase (JNK) 

pathway, Dronc cleaves and activates JNK which induces expression of mitogens such as 

Decapentaplegic (Dpp; TGF-β family orthologue), Hedgehog (Hh), and Wingless (Wg; Wnt 

orthologue). This phenotype however requires the p35 induced inhibition of Drice and Dcp-1, which 

are caspase-3 and -7 orthologs, and Dronc activation of p53, which creates a positive feedback loop to 

enhance the apoptotic signaling (Wells et al. 2006; Huh et al. 2004). The Drosophilaexecutioner 

caspases Drice and Dcp-1 have also been shown to be required for apoptosis-induced compensatory 

proliferation in differentiating eye tissue (Yi & Yuan 2009). The executioner caspase activity was 

shown to activate hedgehog signaling which induces compensatory proliferation in neighboring cells 

by triggering cell-cycle reentry of cells that had previously exited the cell cycle of the developing eye 

(Fan & Bergmann 2008b).  
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Caspases in other metazoans have also been shown to be required for apoptosis-induced 

compensatory proliferation. In hydra of the phylum Cnidaria, caspase-3 activity is required for 

apoptosis-induced compensatory proliferation (Chera et al. 2009). Caspase-3 elicits this phenotype 

through the activation and secretion of Proto-oncogene protein Wnt3. Although mammals don’t have 

a high level of regenerative tissue, the liver and skin, as well as some others do, and this type of 

compensatory proliferation is mediated through caspase dependent apoptosis. It was demonstrated 

that mice lacking both caspase-3 and caspases-7 had defects in their ability to regenerate skin and 

liver cells after damage induced apoptosis was stimulated (Adams et al. 2010). It was determined that 

this phenotype was mediated through caspase cleavage of calcium-independent phospholipase A2 

(iPLA2) which leads to its activation (Atsumi et al. 1998). Caspase-3 and -7 activation of iPLA2 

leads to the production and secretion of prostaglandin E2 (PGE2), which is a signal for stem and 

progenitor cells to proliferate and regenerate. Caspase-3 cleavage of iPLA2 also leads to the release 

of lysophosphatidylcholine on the dying cell which is an “eat me” for phagocytes(Lauber et al. 2003). 

This same mechanism is used by cancerous tumor cell undergoing irradiation induced apoptosis, 

which decreases the survival of the patient (Huang et al. 2011). In pancreatic cancer cells, it was 

found that apoptosis-induced compensatory proliferation was induced by caspase-3 and -7 cleavage 

and activation of protein kinase Cδ (PKCδ), which plays an important regulatory role in proliferation, 

by phosphorylating Akt, p38-MAPK, and JNK1/2 leading to mitogen production and enhanced tumor 

proliferation (Cheng et al. 2015; Nakajima 2006). 

B. Differentiation 

Of all of the non-apoptotic functions of caspases, cell differentiation is perhaps the most well studied 

pathways. Differentiation is the process by which an unspecialized precursor cell (stem cell) changes 

into a more specialized cell that makes up all tissue of multi-cellular organisms (Keller 2005). Human 

embryonic stem cells (hESC), for example, are pluripotent stem cell that can proliferate for an 

indefinite period of time as well as be able to differentiate into every cell type (Bhattacharya et al. 
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2009). The signaling behind how these cells get from a multipotential cell to a finalized cell type is 

currently unknown, but there are important factors that have been discovered. The caspase family of 

proteases has been shown to be required for a variety of cell differentiation pathways, and each 

differentiation type and caspase function will be discussed here (Feinstein-Rotkopf & Arama 2009). 

Because of caspases regulatory role in development, it is believed that the process of apoptosis and 

cell differentiation have evolved together in multicellular organisms. In many different types of 

differentiation, it has been demonstrated that the phenotype and cell signaling of differentiation and 

apoptosis are very similar (Bell & Megeney 2017). Though there are a lot of proteomic studies that 

are underway, the question of whether caspases regulate differentiation via cleavage of novel 

substrates or are its substrates the same as apoptosis but below the apoptotic threshold, is largely 

unknown (Julien & Wells 2017).  

Caspase-1 differentiation  

Caspase-1 has been shown to be required for a variety of cell development such as myoblast 

differentiation, neuronal differentiation, adipocyte differentiation, fibroblast differentiation and 

monocyte to macrophage differentiation. Caspase-1 activity was shown to be important in fibroblast 

differentiation to myofibroblast cells (Artlett et al. 2011). This process is upregulated in a chronic 

connective tissue disease called systemic sclerosis (SSc). Caspase-1 mediates myofibroblast 

differentiation by cleaving and activating pro-inflammatory cytokines IL-1β and IL-18 leading to 

their secretion, which increase the production of collagen and α-smooth muscle actin, causing the 

phenotype of the disease. Knocking down or inhibiting the enzyme alleviates the disease phenotype. 

Because of caspase-1’s role in immunity, it is no surprise that its activity is required for the 

differentiation of peripheral immune monocyte cells to white blood cells called macrophages. 

Caspase-1 promotes macrophage differentiation by downregulating the expression and activity of 

nuclear receptor peroxisome proliferator-activated receptor γ (PPARγ) during the late stage of this 

adaptive response (Niu et al. 2017). The mechanism of caspase-1’s regulatory control of PPARγ 
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however, is still unknown but suspected to be due to direct cleavage by caspase-1 and proteasomal 

degradation. Caspase-1 activity has also been shown to be required during neuronal differentiation. In 

PC12 cells, derived from rat pheochromocytoma, it was shown that specifically inhibiting caspase-1 

using peptide inhibitors trapped the cells at an intermediate stage of differentiation and prevented 

neurite outgrowth(Vaisid et al. 2005). Neuronal differentiation was shown to be due to caspase-1's 

cleavage and down regulation of calpastatin (calpain endogenous specific inhibitor) and fodrin, a 

filamentous scaffolding protein. Blocking these cleavage events also blocks differentiation in PC12 

cells. Using a similar mechanism, caspase-1 was shown to be a key regulator in myoblast 

differentiation and fusion. In rat L8 myoblasts, during stimulated differentiation, caspase-1 activity, 

which is responsible for fusion-associated membrane protein degradation, increased and directly 

contributed to the cleavage and degradation of calpastatin (Barnoy & Kosower 2003). Lastly, 

caspase-1 was demonstrated to play a significant role in insulin sensitivity and the differentiation of 

adipocyte in obese mice. In these cells, caspase-1 was shown to cleave and activate cytokines IL-1β 

and IL-18, which increased adipocyte differentiation(Stienstra et al. 2010). When caspase-1 was 

inhibited or knocked down it made the mice more insulin sensitive, the fat cells were more 

metabolically active, and had higher fat oxidation rates. 

Caspase-2 differentiation 

The role of caspase-2 in cell differentiation is a very understudied field. Currently, there is no direct 

evidence that caspase-2 activity is a direct regulator of any type of differentiation. There is one study, 

however, that shows when caspase-2 is knocked down in aged mice, stem cell differentiation is 

shifted towards the production of short-term haematopoietic stem cells and enhanced granulocyte-

macrophage and erythroid progenitors(Dawar et al. 2016). Another study showed that caspase-2 was 

transiently activated during osteoblast differentiation, but because other caspases were activated to a 

higher degree, the mechanism of caspase-2’s activity requirement is still unclear (Mogi & Togari 



 

47 

 

2003). More studies focusing on how caspase-2 can regulate progenitor distribution of stem cells are 

required to understand this mechanism. 

Caspase-3 differentiation 

Caspase-3, well known for its regulatory role in apoptosis, has also been demonstrated to be a key 

non-apoptotic factor in numerous types of cell differentiation. Caspase-3 is required for the 

differentiation of erythroblasts, keratinocytes, neuronal cells, macrophages, lens epithelial cells, 

embryonic stem cells, sperm cells, Bergmann glia cells, skeletal muscle cells, megakaryocytes, 

osteoblasts, and placental trophoblast(Yi & Yuan 2009). Perhaps, one of the most well characterized 

non-apoptotic function of caspase-3 is during erythroid differentiation, which is the process used to 

create red blood cells. Mature erythrocytes are biconcave disks that have the morphological features 

of decreased cells size, condensed and excluded nuclei and organelles, cytoplasmic acidification, and 

increased hemoglobin production to transport O2 throughout the body (Ingley et al. 2004; Tsiftsoglou 

et al. 2009; ALTER 1994; Bank 2006). Because nuclear and chromatin condensation are phenotypes 

seen during erythropoiesis, and these phenotypes are also seen during apoptosis, erythroid 

differentiation has been coined “incomplete apoptosis” (Fischer et al. 2003; Testa 2004). The first 

committed erythroid precursor cells are burst forming unit-erythroids (BFU-E) then colony forming 

unit-erythroids (CFU-E), then proerythroblasts, then basophilic erythroblasts, polychromatic 

erythroblasts, orthochromatic erythroblasts, reticulocytes, and finally mature erythrocytes (Ingley et 

al. 2004; Tsiftsoglou et al. 2009).  During erythropoiesis, caspase-3 activation was upregulated 

without causing the cells to undergo apoptosis (Lui & Kong 2006). Caspase-3 activity can be seen as 

early as mature BFU-E cells to CFU-E cells, but its activity is required for terminal differentiation, 

which when knocked down blocks the transition from pronormoblasts to basophilic normoblasts 

(Carlile et al. 2004; Zermati et al. 2001; Boehm et al. 2013). Inhibition or knockout (KO) of caspase-3 

causes a decrease in proliferation due to halted cell cycle progression through the G2/M phase and 

prevention of terminal erythroid maturation. There are several known substrates of caspase-3 during 
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erythroid differentiation that dictate the progression of development. Caspase-3 has been shown to 

cleave and inactivate some of its apoptotic substrates such as PARP-1 (Poly (ADP-ribose) 

polymerase) and lamin-b which prevents DNA repair and promotes nucleus condensation via nuclear 

openings, respectively (Sztiller-Sikorska et al. 2009; Zhao et al. 2016). Another substrate that 

caspase-3 cleaves and inactivates is heterogeneous nuclear ribonucleoprotein K (hnRNP K), an 

inhibitor of terminal differentiation in reticulocytes (Naarmann-de Vries et al. 2013). Another 

developmental phenotype that undergoes enucleation which required caspase-3 activity is 

keratinocyte differentiation. During keratinocyte differentiation, caspase-3 expression and activation 

are increased in a Notch1 dependent manner (Okuyama et al. 2004). Activated caspase-3 goes on to 

cleave and activate protein kinase C-δ (PKCδ) which is required for commitment. Another type of 

differentiation that undergoes enucleation is the development of lens epithelial cells. Lens cell 

differentiation is another apoptotic-like process that activates caspase-3 to cleave its apoptotic 

substrates but doesn’t die (Weber & Menko 2005; Wride 2011). When caspase-3 was knocked-out, 

the lens developed cataracts at the anterior lens pole (Zandy et al. 2005). 

Caspase-3 activity was demonstrated to be upregulated and required for monocyte differentiation into 

macrophages (Sordet et al. 2002). Though the mechanism and specific substrates of caspase-3 are 

unknown, it was determined that during macrophage development, known caspase substrates PAK-2, 

β-actin, nucleophosmin, and heterogeneous nuclear ribonucleoprotein (hnRNP) are cleaved (Cathelin 

et al. 2006). Similarly, caspase-3 activity was shown to be important in megakaryocyte differentiation 

into pro-platelet cells. Caspase-3 is activated via the intrinsic pathway and cleaves PARP and is 

localized in the cytoplasm (De Botton et al. 2002b). While caspase-3 activity has been shown to be 

involved in neuronal proliferation, it has also been demonstrated to be involved in neuronal 

differentiation (Rohn et al. 2004; D’Amelio et al. 2010). During neuronal stem cell differentiation, 

caspase-3 activity leads to a decrease in nestin, a type VI intermediate filament (IF) protein, and an 

increase in GFAP (glial fibrillary acidic protein), MBP (myelin basic protein), and β-III tubulin via 



 

49 

 

their cleavage (Fernando et al. 2005). Inhibition of caspase-3 activity, which is mostly found in the 

nucleus, blocks differentiation progression, as well as halts neurite extension and cell migration (Yan 

et al. 2001; Fernando et al. 2005). Another type of brain development that requires caspase-3 activity 

is the differentiation of the Bergmann glia of the postnatal cerebellum. It was shown that inhibiting 

caspase-3 leads to an increase in cell proliferation and a decrease in differentiation because of its 

regulatory roles with the cell cycle (Oomman et al. 2005; Oomman et al. 2006). Caspase-3 like 

activity in Drosophila has been shown to be required for the terminal differentiation of sperm cells 

(Baehrecke 2003). It was demonstrated that in Drosophila, effector caspase DRICE, which is the 

homolog of human caspase-3, is activated in the final stage of sperm cell development. When DRICE 

was inhibited, the removal of the cytoplasm was halted, which caused male sterility (Arama et al. 

2003). Caspase-3 activity plays a role in the apoptotic-like developmental process of skeletal muscle 

differentiation (Dee et al. 2002; Bell et al. 2016). When caspase-3 activity is inhibited, 

myotube/myofiber formation is inhibited. One of the key substrates of caspase-3 during skeletal 

muscle differentiation is Mammalian Sterile Twenty-like kinase (MST1) of the myogenic signaling 

cascade, which is activated when cleaved (Fernando et al. 2002). The process of bone marrow 

production requires caspase-3 activity. During osteoblast differentiation, caspase-3 regulates the cell 

cycle as previously described (Mogi & Togari 2003). Mice lacking caspase-3 showed accelerated 

bone loss and an increase in over activated TGF-β/Smad2 signaling, which halted osteogenic 

differentiation of bone marrow stromal stem cells (BMSSCs) (Miura et al. 2004). Although there is 

limited evidence, caspase-3 activity was shown to be present during placental trophoblast 

differentiation (Yusuf et al. 2002). Finally, and perhaps the most important is caspase-3’s role in 

embryonic stem cell (ESC) differentiation. This importance is because these cells can give rise to all 

somatic cell types (Bhattacharya et al. 2009). When caspase-3 is knocked down in ESCs, the ability to 

differentiation is severely reduced, and instead, continues to self-renew (Fujita et al. 2008). This is 

partially due to the loss of caspase-3 cleavage of Nanog, a transcription factor that stimulates the 

expression of genes controlling self-renewal.  
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Caspase-6 differentiation 

Caspase-6 is another executioner caspase that has non-apoptotic functions. However, caspase-6’s role 

in differentiation is very much understudied. There is one report that demonstrates the activity of 

caspase-6 playing a regulatory role in B cell differentiation into plasma cells (Watanabe et al. 2008). 

Here, they show that the activity of caspase-6 controls the cell cycle leading to proliferation, while 

caspase-6 KO mice display an increase in differentiated syndecan-1+ plasmacells. Though not directly 

studied, caspase-6 has also been implicated in myeloid differentiation. While studying an inhibitor of 

active caspase-6, nucleoli-bound protein nucleophosmin (NPM), researchers discovered that 

inhibiting caspase-6 lead to a decrease in myeloid differentiation (Leong et al. 2010).  

Caspase-7 differentiation 

The execution caspase-7 also has some non-apoptotic functions. Though it hasn’t been well studied, 

because of caspase-7’s redundancies with caspase-3 activity, it is possible that it is involved in many 

differentiation programs as caspase-3. One notable developmental process that requires only caspase-

7 activity is the differentiation of odontoblasts and ameloblasts to form dental hard tissues (Matalova 

et al. 2013).  

Caspase-8 differentiation 

Caspase-8 is an initiator caspase that also has regulatory roles in differentiation. Because it is an 

initiator caspase of the extrinsic pathway, it is likely that any activation of executioner caspases 

during differentiation is due to the activation of caspase-8. Caspase-8 has been shown to have 

regulatory roles in monocyte differentiation, cytotrophoblast differentiation, epithelial differentiation, 

hemopoietic progenitor differentiation, and osteoblastdifferentiation. Caspase-8 was shown to be 

activated during differentiation of monocytes to macrophages (Sordet et al. 2002). The requirement 

for caspase-8 activity is used to block NF-κB activation by cleaving and activating the 

serine/threonine kinase receptor-interacting protein 1 (RIP1), which goes on the inhibitNF-κB (Rebe 
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et al. 2007). During this developmental step, caspase-8 also binds to FLIP-L. Caspase-8 activity has 

also been shown to be involved in the production of bone marrow. During induced 

osteoblastdifferentiation, caspase-8 was one of three caspases that were activated (Mogi & Togari 

2003). Inhibiting caspase-8 blocked both differentiation markers, alkaline phosphatase (ALP) 

activation and parathyroid hormone (PTH)-induced production of cAMP. The same activation was 

seen in the differentiation of a human osteosarcoma cell line, which required the upstream activation 

of caspase-8 to cleave Bid in order to induce cytochrome-c release (Ito et al. 2001). The production of 

hematopoietic progenitors requires the activity of caspase-8. In Caspase-8F/- Mx1-Cre mice, because 

Caspase-8 -/- mice are embryonically lethal, when induced, the progenitor cells that were produced 

have functional defects but did not decrease in their production (Kang et al. 2004). This demonstrates 

caspase-8 as a master regulator of hematopoietic stem cell differentiation. Activation of caspase-8 is 

also a key regulatory step for epithelial cell development (Lee et al. 2009). When caspase-8 was 

knocked out in K14Cre/C8flox/flox animals, researchers found that terminal differentiation was halted 

(Mielgo et al. 2009). This deficiency in keratinocyte differentiation plays a significant role in 

inflammatory skin disease(Kovalenko et al. 2009). Human trophoblast differentiation requires the 

activity of caspase-8 (Rote et al. 2010). When caspase-8 was inhibited or knocked down, villous 

trophoblast differentiation was inhibited along with the fusion of cytotrophoblast with the 

syncytiotrophoblast in human placentas (Black et al. 2004). 

Caspase-9 differentiation 

Caspase-9 is another initiator caspase that also has regulatory roles in differentiation. Caspase-9 is 

activated via the intrinsic (mitochondrial) pathway, which in turn activates the executioner caspases 

(Elmore 2007). Because of this, it has been demonstrated that caspase-9’s regulatory role in 

differentiation is mostly to activate caspase-3, and not any specific substrate cleavage (Launay et al. 

2005). Caspase-9 activates caspase-3 during the differentiation of megakaryocytes into platelets, 

embryonic stem cells, skeletal myoblasts into myotubes, osteoblast into bone marrow, monocytes into 
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macrophages, and neuronal cells (Zermati et al. 2001; De Botton et al. 2002a; Fujita et al. 2008; 

Murray et al. 2008; Mogi & Togari 2003; Sordet et al. 2002; Mogi & Kondo 2015). In neuronal 

differentiation, however, caspase-9 does have a specific substrate that leads to the phenotype of the 

cell independent of caspase-3. In treated human Ntera2/cl.D1 (NT2) cells, caspase-9 was shown to 

cleave the class III histone deacetylase Sirt1, which allows for the expression of the proneural bHLH 

MASH1 gene(Pistritto et al. 2012). It is likely that there are other caspase-9 substrates in the 

differentiation of various cell types, but to date, this is unknown. 

Caspase-14 differentiation 

Caspase-14 is a unique caspase that is only expressed in the epithelium and isn’t involved in 

apoptosis (Denecker et al. 2008). Caspase-14 activity was found to be associated with keratinocyte 

differentiation (Eckhart et al. 2000). The process and active form of caspase-14 can also be seen in 

retinoid induced terminal differentiation in fetal mouse epidermis as well as human hair follicles 

(Alibardi et al. 2005; Fischer et al. 2005; Rendl et al. 2002). The mechanism or exact substrates that 

caspase-14 cleaves to promote keratinocyte differentiation, however, is currently unknown. 

There are currently no known regulatory roles of caspase-4, -5, -11, and -12 and cell differentiation. 

Conclusions 

The caspase family of proteins has a broad array of substrates as well as a broad list of developmental 

processes. While caspases have been extensively studied under the scope of apoptosis, that last 

decade of caspase research has revealed that the cysteine proteases have evolved to be master 

regulators of cell fate. Their ability to control the proliferation of cells without inducing apoptosis has 

vast implications in cancer therapy. Differentiation therapies is also a novel approach to treating 

cancer, and because caspase activity is required for many different cell progenitors to develop, 

targeting their activity could lead to an increase in successful treatments (Nowak et al. 2009; Sell 

2004). There are, however, a plethora of gaps in our understanding of the fundamental mechanisms 
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that regulate caspases during these adaptive responses. Our understanding of the pathways that 

activate the caspase cascade without inducing apoptosis is unknown. The complete list of caspase 

substrates during these developmental processes and how they differ from apoptosis also needs 

further study. Taken together, because caspases have a regulatory role in nearly all aspects of 

development, there continued study will drive the field of disease and development forward.  
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Abstract 

Caspase-3 activation and function have been well defined during programmed cell death, but 

caspase activity, at low levels, is also required for developmental processes such as lymphoid 

proliferation and erythroid differentiation. Post-translational modification of caspase-3 is one 

method used by cells to fine-tune activity below the threshold required for apoptosis, but the 

allosteric mechanism that reduces activity is unknown. Phosphorylation of caspase-3 at a 

conserved allosteric site promotes survival in human neutrophils, and the modification by 

p38-MAPK is thought to be a key regulator in many developmental processes. We utilized 

phylogenetic, structural, and biophysical studies to define the interaction networks that 

facilitate the allosteric mechanism in caspase-3. We show that, within the modified loop, 

S150 evolved with the apoptotic caspases, while T152 is a more recent evolutionary event in 

mammalian caspase-3. Substitutions at S150 result in a pH-dependent conformational change 

where localized changes in the modified loop propagate to the active site of the same 

protomer through a connecting surface helix. Likewise, a cluster of hydrophobic amino acids 

connects the conserved loop to the active site of the second protomer. Phosphorylation of 

T152 introduces a “kill-switch” in mammalian caspase-3 while the more ancient S150 

reduces without abolishing enzyme activity. These data reveal how evolutionary changes in a 

conserved allosteric site result in a common pathway for lowering activity during 

development as well as developing a more recent cluster-specific switch to abolish activity.  
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Introduction 

Caspases (cysteinyl-aspartate specific proteases) are an ancient class of cysteinyl 

proteases that maintain cellular homeostasis by controlling the cell death program, apoptosis 

when activated at high levels, and they are critical to cell development when activated at low 

levels (1, 2). Caspases most likely evolved in metazoans from ancestral functions used in 

immune responses, and due to gene duplication events followed by neofunctionalization, 

human cells contain eleven caspases that are critical to the immune response or to apoptosis 

(3, 4). Within the apoptotic caspases, two subclasses are further described based on entry into 

the apoptotic cascade. Initiator caspases-8, -9, and -10 are responsive to external or internal 

signals and initiate apoptosis by activating the downstream effector caspases-3, -6, -7, where 

caspase-3 is the primary executioner of the cell death program (Figure 1A) (2, 5–7). 

Activation of the pre-synthesized zymogen results in an overwhelming response to stimuli, 

leading to the dismantling of the cell without eliciting an immune response. Although the 

caspase degradome is a current topic of study, the role of caspases in apoptosis is reasonably 

well understood (3, 8). Hallmarks of apoptosis are largely observed through the caspase-3 

cleavage of Rho effector protein (ROCK 1), apoptotic chromatin condensation inducer in the 

nucleus (acinus), nuclear lamin proteins, and caspase-activated DNase (CAD) as well as 

many others, which leads to membrane blebbing, nuclear condensation, and DNA 

fragmentation (9–13).  

While caspase-3 is a well-known executioner of apoptosis, it is also a key protease in 

many non-apoptotic processes (14). For example, caspase-3 activity is important for 

remodeling the cytoplasm and in the development of eye lens and inner ear (15–17). 

Caspase-3 is also involved in differentiation of many cell types, such as erythroblasts, 
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keratinocytes, macrophages, lens epithelial cells, sperm cells, skeletal muscles, embryonic 

stem cells (ESCs), osteoblasts, and placental trophoblasts (14, 18–21). Importantly, caspase-3 

is required for terminal erythroid differentiation, starting from the mature BFU-E stage 

onward, and either inhibition or knockout (KO) of caspase-3 causes a decrease in 

proliferation due to halted cell cycle progression through the G2/M phase and prevention of 

terminal erythroid maturation (22, 23). Substrate cleavage data suggest that cells contain 

regulatory mechanisms to direct caspase-3 activity, although, at present, it is not clear how 

cells control caspases in order to obtain sufficient activity for developmental responses yet 

maintain activity levels below the threshold required for apoptosis (14).  

There are three general post-translational mechanisms that affect the population of active 

caspase-3 in cells: changes in zymogen maturation, active site-directed inhibitors, and 

allosteric inhibition through post-translational modifications or metal binding (Figure 1A). 

Maturation of the caspase-3 zymogen, for example, is inhibited by protein kinase CK2, 

which phosphorylates T174 and S176 in the intersubunit-linker (IL). Phosphorylation of the 

IL prevents initiator caspases from cleaving caspase-3 at D175, thus inhibiting maturation 

(24). In the mature caspase-3, X-linked inhibitor of apoptosis (XIAP) competitively inhibits 

the enzyme by binding to the active site and targeting the caspase for proteasomal 

degradation (25). In addition, the catalytic cysteine is sensitive to nitrosylation, although the 

modification may affect only a subset of caspase-3 localized to the mitochondria (26).  

Caspase-3 is also allosterically regulated through post-translational modifications, 

including glutathionylation and phosphorylation (27, 28). While systematic global studies of 

caspase phosphorylation have not been done, several phosphorylation sites have been 

mapped on individual caspases (27, 29). Based on the current data, phosphorylation sites of 
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mature caspases can be characterized in two categories: those located near the active site that 

likely prevent substrate binding, and those located some distance away from the active site 

that affects caspase activity allosterically. One particular allosteric site of interest, S150, is 

located in a loop at the C-terminal end of helix-3 near the dimer interface, and this serine 

residue (or threonine in caspase-7) is conserved in all human caspases except caspases-10 

and -14 (Figure 1B). Helix-3 is an important regulator of effector caspase activity because 

fluctuations in the N-terminal region of the helix disrupt conserved water networks in 

caspase-3 and reposition the catalytic cysteine and histidine (30, 31). In addition, the same 

region of helix-3 and the adjoining -strands undergo a coil-to-helix transition in caspase-6, 

which also disrupts the catalytic residues by extending helix-3 (32).  

Phosphorylation of S150 by p38-MAPK was reported to promote survival in human 

neutrophils (33). Introducing a phospho-null mutant, S150A, into cells rendered Fas-induced 

apoptosis in neutrophils insensitive to p38-MAPK inhibition, suggesting that S150 

phosphorylation inhibits catalytic activity (33). In addition to effector caspases, the initiator 

caspase-8 is phosphorylated by p38-MAPK at the same site (S347), suggesting a common 

mechanism for controlling caspases by allosterically inhibiting the enzyme. The S150 

allosteric loop is approximately 33 Å from either active site of the caspase-3 dimer (intra-

protomer or inter-protomer) (Figure 1B), so it is not clear how the signal from 

phosphorylation of S150 would propagate to either active site. Although the prevailing view 

is that phosphorylation of the loop containing S150 is a common mechanism for inhibiting 

caspase activity, the previous in cellulo data for caspase-3 also suggested that 

phosphorylation at S150 may decrease caspase stability, resulting in anincreased turnover in 

the cell (33). 
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We investigated the allosteric mechanism conferred by modifying the loop containing S150 

in caspase-3, and we show that both phospho-mimetic and phospho-null mutants have similar 

effects. While there is no change in activity against small peptide substrates, the substitutions 

affect catalytic efficiency against protein substrates. The effect is due to a pH-dependent 

conformational shift in dimer stability. Structural studies and molecular dynamics 

simulations show that localized changes in the site of the mutation propagate through helix-3 

and affect the connected -strand containing the catalytic histidine. Likewise, the 

modifications disrupt the nearby “loop bundle” that stabilizes the active site of the second 

protomer, so modifications of the loop affect both active sites. Phylogenetic and biochemical 

studies show that evolutionary changes within the loop of mammalian caspase-3 resulted in 

the introduction of a “kill switch” in the enzyme where loop modifications abolish, rather 

than diminish, activity. The evolutionary changes add an additional level of control to the 

allosteric mechanism in mammalian caspase-3 such that modifications in the common 

phosphorylation network propagate to both active sites. Varying the amino acids in the 

interaction network of the conserved loop results in individual responses within the caspase 

family.   

Methods 

Cloning, protein expression, and purification 

All mutants were generated by PCR site-directed mutagenesis using primers containing the 

mutation (see Supplemental Data) and pET21b expression plasmid that contained either 

wild-type caspase-3, caspase-3 (D9A,D29A: called D2A), or caspase-3 (D9A,D29A,D175A: 

called D3A) with a C-terminal 6X-His-tag (34, 35). Mutants of caspase-6 and caspase-7 were 

generated by PCR site-directed mutagenesis using primers containing mutant of interest (see 
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Supplemental Data) in pET21b and pET23b expression plasmid that contained wild-type 

caspase-6 or caspase-7 with a C-terminal 6X-His-tag (36, 37). Mutations were confirmed by 

sequencing both DNA strands. Plasmids were transformed into E. coli BL21(DE3) pLysS, 

and proteins were expressed as described(34, 38).  

Phylogenetic analysis 

A fasta file for each caspase family member was compiled, and a preliminary alignment of 

the sequences was performed with MUSCLE (39). Sequences that opened gaps or had large 

deletions were removed from the analysis to avoid noise or bias. The total number of 

sequences used for the analysis can be found on the left-most column of Supplementary 

Table 1. A multiple sequence alignment (MSA) was generated for each family member with 

PROMALS3D (40). The data in Supplementary Table 1 was generated by analyzing the 

amino acid frequency at each position with ProtParam on the ExPASy server (41). The 

phylogenetic tree for each caspase family member was created by using the Maximum 

Likelihood method in MEGA 7 (42, 43). One hundred bootstraps were performed as a test of 

confidence for the tree topology (44). Each MSA was analyzed on the ProtTest3 server, and 

the Jones-Taylor Thornton (JTT) substitution model of protein evolution plus gamma (+G) 

distribution was selected to construct the trees (45, 46). The trees are drawn to scale, with the 

branch lengths measured in the number of substitutions per site. Positions in the MSA with 

less than 80% site coverage were eliminated. Fewer than 20% alignment gaps, missing data, 

and ambiguous bases were allowed at any position. In each figure, the tree with the highest 

log likelihood from each family member is shown. The positions corresponding to S150 and 

T152 in caspase-3 are displayed on the branches of currently existing species, and the most 

likely ancestors (MLA) are displayed at the nodes for each caspase family member. The 
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bootstrap results are shown next to the branches and represent the percentage of trees in 

which the associated taxa are clustered together. 

Enzyme activity assays 

Enzyme activity was determined in a buffer of 150 mMTris-HCl, pH 7.5, 50 mM NaCl, 10 

mM DTT, 1% sucrose, 0.1% CHAPS (assay buffer) at 25 oC, as previously described (47). 

The total reaction volume was 200 L and the final enzyme concentration was 10 nM. 

Following the addition of substrate, the samples were excited at 400 nm and emission was 

monitored at 505 nm for 60 seconds. The steady-state parameters, KM and kcat, were 

determined from plots of initial velocity versus substrate concentration and are presented in 

Table 1. 

Crystallization and data collection 

Caspase-3 variants were crystallized as described previously for wild-type caspase-3 (6). 

Briefly, each protein was dialyzed in a buffer of 10 mM Tris-HCl, pH 8.5, and 1 mM DTT, 

and concentrated to ~7 mg/mL. Inhibitor, Ac-DEVD-CMK (reconstituted in DMSO), was 

added at a 5:1 (w/w) inhibitor/protein ratio, and DTT and NaN3 were added to final 

concentrations of 10 mM and 100 mM, respectively. Samples were incubated for one hour in 

the dark on ice. Crystals were obtained at 18 °C by the hanging drop vapor diffusion method 

using 4 L drops that contained equal volumes of protein and reservoir solutions over a 0.5 

mL solution of 100 mM sodium citrate, pH 4.9-5.2, 8-18 % PEG 6000 (w/v), 10 mM DTT, 

and 3 mM NaN3. Crystals appeared within 3-5 days and were briefly immersed in a 

cryogenic solution containing 10 % MPD (2-methylpentane-2,4-diol) and 90 % reservoir 

solution. Crystals were stored in liquid nitrogen. Data sets were collected at 100 K at the 

SER-CAT synchrotron beamline (Advance Photon Source, Argonne National Laboratory, 
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Argonne, IL, U.S.A.). Each dataset contained 180 frames at 1o rotation. The proteins 

crystallized in either the monoclinic space group C2 or the orthorhombic space group I222 

and were phased with a previously published human CASP3 structure (PDB entry 2J30). 

Structures were solved using HKL2000, COOT, and Phenix, and a summary of the data 

collection and refinement statistics is shown in Supplemental Table 2 (48–50). 

Molecular dynamics simulations 

Molecular dynamics (MD) simulations were performed as described previously with 

GROMACS 2016, using the Amber99 force field and the TIP3P water model (51–55). All 

simulations started with the structure obtained by X-ray crystallography, as described above, 

and the inhibitor was removed from the structure file. As described previously for human 

caspase-3, the proteins were solvated in a periodic box of 62 Å x 48 Å x 66 Å, with 

approximately 13,500 water molecules (55). Sodium or chloride ions were added as required 

to neutralize the charge on the system. The system was first minimized using steepest 

descent, and then the waters were relaxed during a 20 ps MD simulation with positional 

restraints on the protein. Simulations of 50 ns were then run for each protein under constant 

pressure and temperature (300 K). A time step of 2 fs was used, and coordinates were saved 

every 5 ps. In each simulation, the protein was equilibrated within 500 ps. 

pH studies and fluorescence emission 

Proteins were incubated in a buffer of 10 mM Tris-HCl pH 8.0, 100 mM NaCl, 1mM DTT or 

in 8 M urea-containing buffer. Samples (1 M) were excited either at 280 nm or at 295 nm, 

and emission scans were collected between 300 and 400 nm (PTI C61 spectrofluorometer). 

The average emission wavelength (AEW or <λ>)was determined for each protein (56).To 
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examine pH-induced dimer dissociation and reassembly,proteins were incubated for 4h at 25o 

at a pH range of 3-7.5 using either 50 mM citrate buffer (pH 3-6) or 50 mM Tris-HCl, pH 

7.5, containing 2 mM DTT, as described previously, (57, 58). Following the initial 

incubation, samples were then dialyzed in a buffer of 50 mM Tris-HCl, pH 7.5, 2mM DTT 

for 14h at 25oC. Reassembly of the heterotetramer was monitored by measuring enzyme 

activity after incubation at pH 7.5. The data were compared to samples that were incubated at 

pH 7.5 for 18 hours (25oC). In similar studies, after incubation at pH 3-7.5, samples were 

excited at 280 nm or 295 nm, and fluorescence emission was measured from 300 to 400 nm. 

All data were corrected for background signal, and the average emission wavelength was 

calculated as described (56).  

Whole protein digest 

Proteins were diluted into assay buffer, either at pH 7.5 or pH 6, to a final concentration of 

10 M. The caspase-7 (C186S) inactive variant was used as a substrate for caspase-3 

cleavage assays, and the substrate was diluted into activity buffer (pH 7.5 or pH 6) to a final 

concentration of 75 M. Caspase-3 was then added (10 M), and the samples were 

incubated for 20 minutes at 37 oC. The cleavage reaction was stopped by adding 6X SDS (1X 

final) followed by boiling. Cleavage products were analyzed by 12.5% SDS-PAGE gel. 

Size exclusion chromatography 

Protein oligomeric state was examined using a Superdex75 Increase 10/300GL column 

(AKTA-FPLC). Proteins were dialyzed in a buffer of 10 mM phosphate buffer, pH 7.5, and 

the column was equilibrated with the same buffer. Protein (100 L) at a concentration of 1-

5mg/mL was loaded onto the column at a flow rate of 0.8 mL/min. The column was 
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calibrated using the gel filtration LMW calibration kit (GE Health Sciences-28-4038-41) 

following the manufacturer instructions. 

Accession numbers 

Protein data bank accession number for caspase-3 variants:  

 

Results 

Evolutionary Conservation of Helix-3 C-Terminal Loop 

While it is true that S150 is conserved in human caspases, the level of conservation of the 

loop containing S150, herein called the helix-3 C-terminal loop (H3CL), is not known. Since 

current models suggest that modification of S150 represents a common mechanism for 

inhibiting caspases, we first examined the conservation of the H3CL in order to discern 

whether the studies of human caspases are representative of other species. To this end, we 

conducted a comprehensive phylogenetic analysis to probe the level of conservation and 

functional importance of the H3CL. Our analysis uses the majority of the available caspase 

sequences in the NCBI Protein Databank; including caspases-1, -2, -3, -4, -6, -7, -8, -9, -10, 

and -14. The incorporated species range from fish to mammals and span ~500 million years 

of evolution (59). We calculated the amino acids usage frequency for residues 149-153, 

which contains S150 and T152 (caspase-3 numbering) (Figure 2C) (Supplemental Table 1). 

For position 150, the data show that a Ser/Thr was observed >92% of the time in executioner 

caspases (-3, -6, and -7) and in initiator caspases-8 and -9. In contrast, a lower frequency of 

Ser/Thr was observed in inflammatory caspases - caspase-4 (63.3%), caspases-1 and -2 (40-



 

70 

 

43%, respectively). Very low frequencies (<5%) were observed in caspases-10 and -14, 

demonstrating that Ser/Thr is not conserved in the H3CL of those caspases (Supplemental 

Table 1). We also examined the neighboring T152 because of its proximity to S150 and from 

previous reports, T152 may also be phosphorylated along with S150 (60). For position 152, 

the data show that hydrophobic amino acids (Ala, Val, Ile, Leu, Gly) are present in >90% of 

caspases-3, -6, -7, -8, and -10, while lower frequencies are observed in caspase-9 (51%), and 

charged amino acids are common in caspases-1, -2, -4, and -14 (Figure 2C). Together, the 

data suggest that position 150 likely evolved as a phosphorylation site after the apoptotic 

caspases diverged from the inflammatory caspases. The data also show that position 152 is 

evolutionarily constrained to require a hydrophobic group in the apoptotic caspases.  

The analysis of amino acid frequency for the H3CL does not reveal when in evolutionary 

time the extant residues arose, so we generated a phylogenetic tree for each family member 

using the maximum likelihood method (42). Neofunctionalization is associated with site-

specific rate variation over time and is more readily observed when a phylogenetic tree is 

parsed into clusters, as shown in Figure 2 (43). For residue 150, the phylogenetic trees 

support the amino acid frequency data and show that the Ser/Thr residue evolved early in 

apoptotic caspases and only later in mammals of the inflammatory caspases (caspases-1 and -

2 in particular) (Figure 2A). Overall, the phylogenetic data show that S150 is conserved in 

apoptotic caspases, but is less well-conserved in inflammatory caspases. Likewise, T152 

evolved in early mammals, while prior evolutionary species utilized alanine or valine 

(~98%). (Supplemental Table 1). We note that mammalian caspase-3 is the only caspase to 

utilize a residue at this position with the potential to be phosphorylated while maintaining 

hydrophobicity in the native state, due to the presence of both the hydroxyl and methyl 
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groups in the side chain. Together, the data suggest that phosphorylation of S150 is an 

evolutionarily conserved mechanism in apoptotic caspases, while modification of T152 may 

represent an allosteric control mechanism that only recently evolved in mammals. 

 

Phosphorylation of S150 modulates activity while modification of T152 abolishes 

activity 

 In order to examine the effects of phosphorylating the H3CL, we made several point 

mutations to mimic phosphorylation at S150 and T152 (Table 1). We introduced phospho-

mimetics (Asp and Glu) or phospho-null side-chains (Ala). In addition, we introduced a large 

polar side-chain (Tyr) at position 150, and we increased hydrophobicity at position 152 by 

introducing valine. For each of the variants, we determined the steady-state parameters, kcat 

and KM as well as the specificity constant, kcat/KM, and the results are shown in Table 1. 

Unlike the previous suggestions, our data show that modifications of S150 (Asp, Glu, Ala, or 

Tyr) have no effect on enzyme activity, even when a large amino acid (Tyr) was introduced 

at the site (Table 1) (33). In all cases, the specificity constant was within about three-fold that 

of wild-type caspase-3. We note, however, that in contrast to previous reports, our data were 

measured against tetra-peptide substrates using in vitro enzymatic assays rather than in 

cellulo apoptosis assays  (33). 

In contrast to S150 variants, the T152D substitution abolished activity (Table 1). To 

determine if the decreased activity was due to the loss of the hydrophobic pocket or to the 

loss of H-bonds, we made two point mutants (T152A and T152V) to restore local 

hydrophobicity. In these mutants, the substitution of T152 with alanine removes the 
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hydrogen bonds observed with the T152 hydroxyl group and decreases the number of 

hydrophobic groups in the side-chain, while the isosteric valine simply replaces the hydroxyl 

group with a methyl group. The results show that both variants (T152A and T152V) retain 

wild-type levels of activity (Table 1). 

In addition to the modification of the mature caspase-3, phosphorylation of S150 was 

shown to occur in the zymogen prior to maturation (33). Because of the covalent connection 

between L2 and L2’ (the intersubunit linker) in the zymogen, procaspase-3 is not fully active, 

so we wanted to determine if the phosphorylation of the H3CL affected theactivity of the 

zymogen. To this aim, we introduced the same mutations within the background of the full-

length uncleavable zymogen (D9A,D28A,D275A, called D3A) and determined changes in 

enzymatic activity. As with the mature caspase-3, only the substitution of T152 with 

aspartate abolished activity (Table 1), so the effects on the zymogen appear to be the same as 

those on the mature caspase-3. 

We showed previously that the pro-domain increases the stability of caspase-3 (57). 

Amino acids 1-29 of the pro-domain are intrinsically disordered, but they bind to the protease 

domain in an extended conformation (34). In order to determine whether the pro-domain 

affects the activity due to phosphorylation of S150 or T152, we introduced each of the 

mutations into the background of mature caspase-3 (cleaved at D175) with an uncleavable 

pro-domain (D9A,D28A, called D2A) (57). The data show that the presence of the pro-

domain does not change the effects of phosphorylation at either S150 or T152. Like the fully 

mature enzyme, only the substitution of T152 with aspartate resulted in a decrease in activity 

(Table 1). Overall, the activity data show that phosphorylation of S150 has no effect on 

caspase-3 activity when measured against peptide substrates. In contrast, the phosphorylation 
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of T152 is sufficient to abolish activity. The results were not dependent on whether the 

intersubunit linker was uncleaved (zymogen) or cleaved (mature) or whether the pro-domain 

was present.  

Our phylogenetic analysis, described above, revealed that the hydrophobic pocket of the 

H3CL is highly conserved and that T152 is a more recent evolutionary event in mammalian 

caspase-3 (Figure 2). Based on the consensus sequences generated from the phylogenetic 

analysis, one observes that the executioner caspases contain a polar group at position 149, 

which, in caspases-3, -6, and -7, H-bonds with the backbone of active site loop 2 across the 

dimer interface (Figure 1A). All caspases contain leucine at position 151, and the 

hydrophobic side-chain anchors the loop to the protein core (Figure 1C). Caspase-7 contains 

a charged group at position 153 and is more similar to the inflammatory caspases than to the 

effector or initiator caspases, which contain glycine at that position. In caspase-7, E176 

(equivalent to G153 in caspase-3) forms a salt bridge with R271’ (equivalent to T245 in 

caspase-3), which is located at the C-terminus of helix 5 and at the base of theactive site loop 

4 (Figure 1D). Thus, in caspase-7, the E176-R271’ interaction provides a direct connection 

between the H3CL of one protomer and the active site of the second protomer.  

Because S150 is conserved in caspases-6 and -7, we made point mutations in caspase-6 

(S150D) and caspase-7 (T173D) to determine the effects, if any, of phospho-mimetics on 

enzyme activity. The data reveal that, like caspase-3, phosphorylation at this conserved site 

in caspases-6 and -7 also had no significant effect on the activity of these enzymes (Table 1). 

In addition, we removed the salt-bridge between E176 and R271’ in caspase-7 by replacing 

E176 with glycine, either individually or in combination with the T173D phospho-mimetic. 

Both variants showed specificity constants similar to wild-type caspase-7 (Table 1), so 
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removing the salt-bridge connecting the two protomers had no effect on activity. Overall, the 

results for caspases-3, -6, and -7 show that phosphorylation of Ser/Thr150, as assessed 

through phospho-mimetic substitutions, had no effect on enzyme activity in our in vitro 

assays. Likewise, variations of the consensus sequence for the H3CL observed in caspase-7, 

which contains an additional salt-bridge across the dimer interface, does not affect activity. 

Therefore, phosphorylation of the highly conserved Ser/Thr150 in the H3CL does not 

decrease activity in vitro, but disrupting the hydrophobic cluster of the H3CL with the loop 

bundle abolishes activity. 

Finally, we hypothesized that the allosteric mechanism that regulates the H3CL is part of 

an interaction network that propagates from the site of the modification to one or both active 

sites. In order to identify potential novel phosphorylation sites that may be part of the H3CL 

interaction network, we used NetPhos 3.1 and identified two possible sites within this 

network: T245, which is located at the C-terminus of helix-5; and S249, which is located in 

active site loop 4 (61). This region is also part of the loop bundle, on the side opposite from 

the H3CL (Figure 1A). Interestingly, T245 is in the same position as R271’ in caspase-7, but 

the side-chain, while solvent-exposed, is too short to interact across the dimer interface with 

the H3CL. In contrast, S249 is located in active site loop 4 and forms several H-bonds with 

the C-terminal end of L4 to stabilize the loop conformation. The N-terminal region of L4, 

specifically the amide nitrogen of F250, H-bonds with the P4 side-chain of the substrate, and 

the C-terminal end of L4 forms part of the hydrophobic S2 binding pocket (Supplemental 

Figure 5A). In order to examine the effects of phosphorylation of either site, we substituted 

each amino acid with aspartate (Table 1). Consistent with the loss of the salt-bridge in 

caspase-7, the substitution of T245 with aspartate had no effect on enzymatic activity, while 
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substitution of S249 with aspartate abolished activity. This was true also for the double 

mutant, T245D,S249D (Table 1).  Overall, the data show that phosphorylation of sites that 

flank the loop bundle (T152 or Ser249) abolish activity and suggest that changes in the 

H3CL propagate across the dimer interface, through the loop bundle to active site loops of 

the second protomer.  

Modifications of the H3CL result in a conformational change in the dimer 

In order to examine whether modifications of the H3CL affect activity for a larger 

substrate, we examined the removal of the pro-domain of caspase-7 by the caspase-3 

variants. The pro-domain is removed by caspase-3 at 20DSVD23, as part of the maturation 

process for caspase-7, so cleavage of larger protein substrates can distinguish effects that 

may not be observed with small peptides that bind only to the active site (62, 63). We also 

examined cleavage at two pHs (7.5 and 6) because the pH of the cytoplasm is known to 

decrease during apoptosis (64). The data show that the pro-peptide of caspase-7 is efficiently 

removed by wild-type caspase-3 at pH 7.5 and pH 6 (Figure 4K, lanes 4-5). In contrast, the 

S150A variant showed normal cleavage at pH 7.5 but reduced cleavage at pH 6 (Figure 4K, 

lanes 6-7), and the S150D variant showed reduced cleavage at both pHs (Figure 4K, lanes 

8-9). Consistent with the activity assays described above for small peptides, the T152V 

variant efficiently cleaved the pro-peptide of caspase-7 (Figure 4K, lanes 10-11), while the 

T152D variant showed greatly diminished activity (Figure 4K, lanes 12-13).  

Previous studies in cellulo suggested that phosphorylation of S150 either reduced enzyme 

activity or decreased protein stability, and either mechanism could result in lower apoptosis 

(33). Our data show that changes in activity are observed in large protein substrates but not in 

tetra-peptide substrates, when S150 is modified. In order to further examine the differential 
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effects of pH on the variants, we measured the pH-dependent assembly of the caspase dimer. 

Our previous studies showed that the caspase dimer dissociates to the two protomers below 

pH ~5.5, and the dimer reversibly assembles above pH~4 (Figure 4A) (57, 65). At lower pH, 

however, the subunits within the protomer dissociate, resulting in irreversible unfolding.  

In order to examine changes in protein conformation in the H3CL variants, we first 

characterized the fluorescence emission of each protein. Caspase-3 has two tryptophan 

residues, and both are located in the active site near the surface of the substrate-binding loop 

(L3). The results show that the average emission wavelength (AEW) of wild-type caspase-3 

is ~350 nm, as expected for tryptophans that are exposed to solvent (Figure 4C&D). There 

was no significant difference in the AEW for the S150A, S150D, or S150E variants, all of 

which showed AEW of ~350 nm (Figure 4C). Similar results were observed for the T152A 

and T152V variants. In contrast, the T152D variant demonstrated a significant blue-shift in 

AEW to 346 nm (Figure 4C). When unfolded in 8 M urea-containing buffer, the AEW of all 

proteins was ~350 nm, so the blue-shift observed for the T152D variant shows that the 

active-site tryptophans are in a more hydrophobic environment (Figure 4D). 

The activity observed for a caspase is dependent on dimerization because loops from 

each protomer comprise the loop bundle (described above), and one measure of dimer 

stability in caspases is the pH-dependent dissociation of the protomers (Figure 4A)  (57, 65). 

In order to examine the effects of mutations in the H3CL, we incubated the phospho-mutants 

over the pH range of 3-7.5, as described previously, and monitored enzyme activity after 

returning the protein to pH 7.5 (Figure 4B) (57). Relative to controls for each protein, which 

were incubated for equivalent times at pH 7.5, the major loss of activity occurred when 

protein was incubated between pH 6 and pH 4 prior to returning the protein to pH 7.5. From 
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the transition midpoints, we estimate the pKa for the transition to be ~4.8 for wild-type 

caspase-3, T150A, and T150D (Figure 4B). Furthermore, the wild-type caspase-3 dimer 

reassembled reversibly when incubated at pH 6, as shown by the complete recovery of 

activity upon return to pH 7.5 buffer. However, in the S150A and S150D variants, only 65-

70% activity was recovered in protein incubated at pH 6.  

To further examine dissociation of the dimer and changes resulting from mutations in the 

H3CL, we determined the AEW for each protein over the pH range of 3 to 7.5. For wild-type 

caspase-3 (Figure 4F), the data show one primary transition where the AEW decreases 

between pH 6 and 4.5, with a mid-point for the transition of ~5.4. As we showed previously, 

the fluorescence emission of the protomer is blue-shifted compared to the dimer, so the major 

transition observed in the activity data results from dimer dissociation (57). The results were 

independent of whether we monitored only the tryptophans (Figure 4F-J) or all aromatic 

residues (Supplemental Figure 6). The variants (T152V, S150A, and S150D) demonstrated 

transition mid-points comparable to that of wild-type caspase-3, pH~5.4. However, the 

mutants also showed a decrease in AEW at pH 6, comparable to that of the T152D variant, 

suggesting that the dimer undergoes a conformational change between pH 7 and pH 6 prior 

to dissociating at pH<6. Below pH 4.5, the protomers dissociate to the large and small 

subunits, which is accompanied by an increase in AEW due to exposure of the tryptophan 

residues (Figure 4F-J). Finally, we note that all proteins were dimers at pH 7.5, as 

determined by size exclusion chromatography (Supplemental Figure 7A&B), so the blue-

shift in fluorescence emission observed for the T152D variant was not due to dimer 

dissociation. 
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Together with the activity data (Table 1), the pH studies suggest that mutations at S150 

do not affect dimer dissociation, but that the dimer undergoes a pH-dependent transition 

between pH 7.5 and 6. The loss of serine in S150A demonstrates that the electrostatic 

interactions between helix-2 and -3 contribute to pH dependent dimer stability, while S150D 

in the native state disrupts the substrate binding pocket enough to affect whole protein 

cleavage. Furthermore, the data suggest that the active dimer is not fully recovered after 

formation of the alternate conformation (see themodel in Figure 4A). The T152 to aspartate 

mutation results in a transition to the alternate dimer conformation at higher pH, and the 

activity data show that the alternate dimer is enzymatically inactive. 

 

High-resolution structures of H3CL variants reveal localized changes in hydrogen 

bonding and hydrophobic interactions. 

We examined changes in the H3CL due to mutations at S150 or T152 by X-ray 

crystallography, and each mutant was solved at 2.1 Å or higher resolution (Supplemental 

Table 2). We note that the presence of the pro-domain (in the D2A variants) did not affect the 

changes caused by mutations at S150 or T152. As expected, the pro-domain was disordered 

in the crystal. In general, the presence of the pro-domain appeared to increase the flexibility 

of the N-terminus because several residues were disordered in the D2A variants that were 

ordered in the fully mature variants, namely residues 29-34. As N34 is the first residue to 

contact the dimer, the effects of the pro-domain are considered inconsequential to the 

conclusions described below. 
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The data show no gross structural changes in the protein resulting from the mutations at 

S150 or T152, as the RMSD compared to wild-type caspase-3 was generally <0.3 Å (Figure 

3A-G). Not surprisingly, the two H-bonds contributed by the S150 side-chain were lost in the 

S150 variants (Figure 3A-D). Although the hydroxyl of S150 is partially buried, replacement 

with larger side-chains (aspartate, glutamate, tyrosine) is accommodated by rotation of the 

side-chain toward solvent. The S150D variant shows a net increase in H-bonds with helices-2 

and -3, while S150A has a net loss of three H-bonds (Figure 3A&B). In addition, the larger 

side-chains caused a displacement of 1-1.5 Å between the H3CL and the neighboring loop 

connecting helix-2 to the protein core (Figure 3C&D). In some cases, S150E for example, 

the displacement is observed to propagate along helices-2 and -3 to the short surface -

strand, called 3. The short surface strands ( 1- 3) not only contain the catalytic histidine 

(H121), but they also contribute to the oxyanion hole as well as stabilize active site residues 

(27). The propagation may be explained by the presence of two new through-water H-bonds 

with Ser104 and Glu106 at the base of helix-2. 

In the T152 variants, a similar displacement of helices-2, -3, and 1 is observed in the 

T152D mutant. Removal of the hydroxyl group of T152 and replacement of the side-chain 

with alanine or valine results in disruption of the H-bond between R149 and E173’ in the 

loop bundle as well as loss of the H-bond with the amide nitrogen of G145 (Figure 3E&F). 

In the case of R149, the side-chain is observed in two rotamers, where one rotamer is rotated 

toward solvent. In addition, the shorter alanine side-chain results in changes to the 

hydrophobic cluster of A152, I172’ and I87’, where the distance of the A152 methyl group to 

that of I187 increases by ~ 2 Å compared to that of T152. The changes in the hydrophobic 

cluster result in a partially disordered side-chain for I172’ in the loop bundle. The 
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hydrophobic pocket is restored in the T152V mutant, although as noted above, the H-bonds 

from the T152 hydroxyl are lost. Notably, L2’ of the loop bundle is disordered beyond H185. 

In wild-type caspase-3, residues 179-184 of one protomer interact with active site loop L4 

and the S4 substrate-binding pocket of the second protomer (6). Thus, changes at T152 affect 

both the hydrophobic interactions and the H-bonding in the loop bundle as well as affect 

theflexibility of the termini of loops L2 and L2’.  

We next characterized the structures of variants in the two sites that are thought to be part 

of the H3CL interaction network: T245 and S249 near active site loop L4. The T245D 

variant, as well as the D2A variant (D2A,T245D), had no significant structural changes. 

Indeed, the H3CL contacts were the same as for wild-type caspase-3 at S150 and T152. 

Closer to the mutation site, the D245 side-chain forms a new salt-bridge with R241 in helix 

5, causing the R241 side-chain to adopt another rotamer in order to form the interaction 

(Supplemental Figure 5B). In wild-type caspase-3, R241 H-bonds with the backbone 

carbonyl of T270’ and with the side-chain of N35’ across the dimer interface, so these 

interactions are lost in the mutant, but the repositioned R241 forms new interactions with the 

side-chain of D34’.   

We were unable to crystallize the S249D single mutant, but we were able to determine 

the structure of the double mutant, T245D,S249D. In this case, the changes noted above for 

S249D were also observed in the double mutant. Contrary to our expectation that active site 

loop L4 would be disordered in the variant, the D249 residue forms new H-bonds near the 

active site (Supplemental Figure 5A&B). For example, the D249 carbonyl H-bonds to the 

amide backbone of L157 of active site loop L2, and the side-chain H-bonds with K259 

backbone amide. Thus, based on our structural studies, it is not clear why the S249D variant 
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is not active unless the new H-bonds with loop L2 affect the catalytic efficiency of Cys163 or 

the dynamics of L4.  

 

Molecular dynamics simulations show increased fluctuations in active site loops 

We conducted MD simulations for 50 ns on each variant to determine whether changes to 

the H3CL affected fluctuations in the active site loops. In order to set a baseline with which 

to compare the H3CL variants, we performed three independent MD simulations on wild-

type caspase-3 (dimer of PDB entry 2J30) and used the average data in further analyses. A 

comparison of the average structure from each MD simulation to that of the crystal structure 

is shown in Supplemental Figure 1-4. When compared to the crystal structure, the MD 

simulations show very little change in the substrate-binding pocket (active site loop L3) or in 

L2. In contrast, active site loops L1 and L4 show the most flexibility, with RMSF for each 

loop of ~3 Å (Supplemental Figure 1-4). In the crystal structure, L2’ is bound near the S4 

binding pocket and forms through-water H-bonds with L4 and the substrate. The simulations, 

however, show that the loop does not remain bound near the S4 site, but rather it rotates 

toward the H3CL and L2. As expected, the N-terminus is flexible from S29-D34 but has 

lower fluctuations at N35, where the N-terminus contacts the protein core. In protomer B, the 

elbow loop and turn above (called the 124-loop) are displaced compared to the crystal 

structure and show fluctuations of ~1.5-2 Å (Supplemental Figure 1-4). Together, the 

simulations show that there are little to no changes in the H3CL over the course of the 

simulations. In the 3 simulations of wild-type caspase-3, the protein core shows very similar 

fluctuations, and the largest variations among the three simulations occur at the chain 

termini.  
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The data for the H3CL variants are shown in Supplemental Figure 1-4 as the average 

structures compared to that of wild-type caspase-3. The root mean square fluctuation 

(RMSF) for each amino acid is presented in Supplemental Figure 1-4. In addition, the 

RMSF data are shown as the difference between the mutant and wild-type caspase-3 

( RMSF). In this case, values above zero indicate increased fluctuations in the mutant, while 

values below zero indicate decreased fluctuations in the mutant compared to wild-type 

caspase-3. The average structures for the variants were similar overall to that of wild-type 

caspase-3 in that the active site loops L1 and L4 showed the largest fluctuations, as did the 

terminus of L2’. There were small fluctuations in the H3CL, but the mutations resulted in 

repositioning helix-3 as well as the loop connecting the surface strands 1 and 2 (the 124-

loop), which showed increased fluctuations of ~2 Å in some cases. The increased motion in 

the surface loop was also observed in the RMSF analysis (Supplemental Figure 1-4). In 

the S150 and T152 variants, there were little additional fluctuations in active site loops L1 or 

L4 compared to wild-type caspase-3. That is, the RMSF for those regions were generally 

<1 Å. The loop 4 mutants (T245D; T245D,S249D) showed increased fluctuations in the 

loop, similar to the H3CL variants, but the double mutant also resulted in increased 

fluctuations in active site loop 4 compared to wild-type caspase-3.  Together, results from the 

MD simulations are consistent with the structural data, which show mutations in the H3CL 

affect helix-3 and the connected surface -strand. Changes to the hydrophobic cluster of the 

H3CL and active site loop 2 were not observed in the MD simulations, but the chain termini 

of L2 and L2’ are among the most mobile in the protein, so it is difficult to determine 

whether the mutations further increased mobility of the termini. 
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DISCUSSION 

Regulation of caspase activity is a crucial part in determining the survival of the cell. 

Caspase regulation in the cell includes three primary post-translational mechanisms: 

zymogen maturation, active-site directed inhibition, and allosteric inhibition (7, 27, 38, 66, 

67). In the case of allosteric inhibition, post-translational modifications provide reversible 

mechanisms to control caspase activity for developmental responses below the threshold of 

activity required for cell death (68, 69). Phosphorylation of caspase-3 in the C-terminal loop 

of helix-3 is of particular interest because S150 is conserved in nearly all human caspases; it 

is approximately equidistant from both active sites; it is close to the N-terminus, which is 

phosphorylated in some caspases; and it is thought to represent a common allosteric 

mechanism in all caspases (31, 33). In addition, on the other side of the loop, T152 is part of 

a hydrophobic cluster of amino acids that stabilize the loop bundle of active site loops across 

the dimer interface. Our data show that there are two allosteric networks in caspase-3 that are 

controlled by phosphorylation of the H3CL. On one side of the loop, we find that S150 is 

conserved in most species and that the residue evolved after the apoptotic caspases split from 

inflammatory caspases. The phylogenetic data support the hypothesis that phosphorylation at 

S150 represents an allosteric mechanism that has been conserved from fish to mammals. For 

T152, however, small hydrophobic residues are common, which likely stabilize the 

hydrophobic cluster. The use of threonine at position 152 arose in mammalian caspase-3, and 

as our results show, T152 provides a unique mechanism to abolish activity of the enzyme. 

The H3CL makes multiple hydrogen bonds with the C-terminal loop of helix-2 and with 

active site loops L2 and L2’ of the loop bundle (Figure 1A). The hydroxyl group of S150 

faces helix-2 and hydrogen-bonds (H-bonds) with the backbone of H108 as well as several 
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through-water H-bonds in helix-2 and helix-3, facilitated by K154. In addition, the backbone 

nitrogen of S150 H-bonds with the side-chain of K154, which forms several polar 

interactions with helix-2 (Figure 1A). The H3CL also forms extensive H-bonding 

interactions with the N- and C-terminal regions of the protein, and we have shown that the 

water network that facilitates the interactions is highly conserved (30). In order for S150 to 

be phosphorylated by p38-MAPK, the β-carbon would need to rotate about 45o toward 

solvent in order to expose the hydroxyl group.  

Closer to the loop bundle, the hydroxyl group of T152 makes three polar contacts with 

the backbone of the H3CL (G145, C148, R149) and one H-bond with NH1 within the side-

chain of Arg149 (Figure 3E-G). The H-bond of T152 to Arg149 positions the NH2 to form a 

H-bond across the dimer interface with the backbone of E173’ in L2’ (the prime indicates 

residues in the second protomer). In addition, the γ-C2 of T152 is located in a hydrophobic 

pocket across the dimer interface along with I187, in active site loop 2, T174’ and I172’, both 

of which are in L2’ (Figure 3H-K). The backbone carbonyl of T152 also makes through-

water H-bonds with the N-terminus of the protein, so the H3CL not only bridges the dimer 

interface, but it also bridges the N- and C-termini of the protein. Importantly, this region of 

the N-terminus has been shown to be phosphorylated in other caspases (60). Thus, 

interactions in the H3CL form extensive H-bonding and hydrophobic contacts that contribute 

to the stability of helix-2, helix-3, the loop bundle of L2 and L2’, and possibly the N- and C-

termini of the protein. Consequently, phosphorylation of either S150 or T152 may disrupt the 

stabilizing effects. 

Our data show that the allosteric mechanism is propagated through both intra- and inter-

protomer contacts. Modification of S150 does not affect activity on small peptide substrates, 
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but we observed reduced activity for the S150D phospho-mimetic variant at lower pH using a 

larger protein substrate. Structural studies showed that larger amino acids are tolerated in the 

loop because the side-chains rotate toward solvent. In the case of T152, the introduction of 

hydrophobic amino acids had little effect on the enzyme activity, but the phospho-mimetic 

T152D abolished activity. In the intra-protomer allosteric network, small changes in 

positioning the neighboring loop near helix-3 propagate along helix-3 and affect the 

adjoining surface -sheet of 1- 3. The surface -sheet not only contains the catalytic 

H121 but it also forms stabilizing interactions with active site loop L2 in the dimer interface 

(27). Molecular dynamics simulations demonstrated a repositioning of helix-3 and increased 

fluctuations in the 1- 3 sheet. Interestingly, the surface -sheet undergoes a coil-to-helix 

transition in caspase-6, so fluctuations in helix-3: 1- 3 may reflect an ancient allosteric 

mechanism coupled to S150 (32). The allosteric network in caspase-6 may have further 

evolved to allow the additional coil-to-helix transition, providing a unique control 

mechanism from the common allosteric network.  

The inclusion of T152 is a more recent evolutionary event in mammalian caspase-3 and 

provides an added control mechanism by engaging an inter-protomer allosteric network that 

connects the H3CL to the second active site via the loop bundle. We and others have shown 

that disrupting the loop bundle is sufficient to abolish activity (6, 32). The loss of activity due 

to modifications of the H3CL may be due to the increased flexibility of active site loop L4, 

which is stabilized through interactions with loops L2 and L2’. Our results identify T152 as 

an allosteric kill-switch that evolved in mammalian caspase-3. While phosphorylation of 

S150 decreases enzyme activity, the phosphorylation of T152 is sufficient to abolish activity. 

Our biophysical data show that the T152D mutation causes a conformational change in the 
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dimer to an inactive state. In the wild-type caspase-3, thetransition to the inactive state is pH-

dependent, and the S150 variants appear to affect the pKa of the transition, resulting in 

atransition to the inactive state at higher pH. The pH of the cell decreases during early 

apoptosis from ~7.4 to ~6.8, and the changes in the pH-dependent conformational change of 

H3CL modifications are consistent with pH changes in the cell during apoptosis (64). The 

data also show that the transition is not fully reversible in the variants. Targeting the 

dimerization of caspase-3 via phosphorylation is a novel allosteric mechanism that hasn't 

been studied in caspase-3, but it has been suggested that phosphorylation of S150 may 

destabilize the enzyme which leads to survival of the cell (33). H3CL makes many molecular 

contacts across the dimer interface and therefore contributes to dimerization (Figure 1A). 

Cleavage of whole proteins showed that phosphorylation of H3CL decreases caspase-3 

efficiency and provides a functional mechanism of how phosphorylation promotes survival in 

human cells (33). Because apoptotic cells initially undergo an acidification process, the 

H3CL modification might help cells maintain a level of activity that allows for continued 

progression to cell death or toward “incomplete apoptosis” for processes such as erythroid or 

monocyte differentiation (70, 71). Phosphorylation of the H3CL may couple the caspase-3 

conformational landscape to changing conditions in the cell. Taken together, our results 

reveal the structural interaction network of allostery that connects evolutionarily conserved 

and novel phosphorylation sites directly to the active site.  
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Figure 1: A, Right panel, structural model of the hemoglobinase fold of the caspase-3 

homodimer. Arrows point to intra/inter protomer interaction network from H3CL to the 

active site. Top panel, Inter-protomer distance to the active site loops that form the substrate 

binding pocket (loop bundle). Bottom panel, S249 stabilization of loop 4 binding of position 

P4 of the substrate. B, Model of caspase-3 activation, regulation by XIAP binding, 

phosphorylation, and degradation. 
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Figure 2: A-B, collapsed trees of 175 caspase-3 sequences, bootstrapped one hundred times, 

with Chondrichthyes (cartilaginous fish) as the outgroup. Groups are labeled according to 

their phylogenetic class or subclass. A, The most probable ancestor of position S150 at the 

nodes, and shows that S150 is highly conserved from Chondrichthyes to human. B, The most 

probable ancestor of position T152. Metatherian mammals are not collapsed to show that 

threonine at position 152 evolved early in the mammalian lineage; between Ornithorhynchus 

anatinus (platypus) and Monodelphis domestica (opossum).  C, Multiple sequence alignment 

for each caspase using every known caspase sequence from NCBI using WebLogo (89). D, 

Salt-bridge between E176 and R271 in caspase-7 that spans across the dimer interface.  
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Figure 3: A-G, Electrostatic interactions in the H3CL of WT (white) superimposed to each 

mutation (green) and 93-100% conserved waters (37). A= S150A, B= S150D, C= S150E, 

D= S150Y, E= T152V, F= T152A, G= T152D. H-K, Spherical representation of the 

hydrophobic pocket between H3CL and the hydrophobic amino acids of L2 and L2’. H= WT, 

I= T152D, J= T152V, K= T152A.  
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Figure 4: A, Model of caspase-3’s pH dependent oligomeric states from homodimer to 

monomers. B, pH gradient vs relative activity for WT and S150.T152 mutations. C-D, 

Average emission wavelength at 295nm in the native state (C) and unfolded in 8M urea (D). 

E-I, Average emission wavelength at 295nm vs pH gradient for WT and S150.T152 

mutations. J, Whole protein digest, Lane1=Protein MW standards, Lane2=10uM WT 

caspase-3 control, Lane3=75uM caspase-7(C186S) control, Lane4=WT+CP7 @pH7.5, 
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Lane5=WT+CP7 @pH6, Lane6=S150A+CP7 @pH7.5, Lane7=S150A+CP7 @pH6, 

Lane8=S150D+CP7 @pH7.5, Lane9=S150D+CP7 @pH6, Lane10=T152V+CP7 @pH7.5, 

Lane11=T152V+CP7 @pH6, Lane12=T152D+CP7 @pH7.5, Lane 13=T152D+CP7 

@pH6, Lane14= Protein MW standards. 

 

Table 1: Catalytic Parameters for caspase-3, -6, and -7 and H3CL phosphorylation mutants 

in triplicate. 
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Supplemental Figures 

Supplemental Table 1: Helix-3 C-terminal loop (H3CL) positional frequencies among 

caspase paralogs. Column one shows the total number of sequences used in the analysis. 

Residue frequency is calculated as the fraction of the number of occurrences divided by the 

total number of sequences analyzed. 
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Supplemental Table 2: Crystallographic parameters for caspase-3 H3CL variants. 

Crystallography data WT from previously published structure (2J30) (6). 

 

S150A S150D S150E T152A T152D T152V S150Y S150D,D2A S150E,D2A T152D,D2A T245A T245D T245D,D2A T245D+S249D

Space Group I222 C121 I222 C121 C121 I222 I222 C121 I222 C121 C122 I222 I222 I222

a (Å) 67.75 108.47 68.21 108.36 109.21 68.68 68.65 108.87 68.43 128.05 128.72 68.26 68.31 69.23

b (Å) 84.41 96.21 84.45 96.08 96.69 84.52 84.32 96.50 84.48 69.13 69.00 84.28 84.78 84.34

c (Å) 96.28 68.33 96.53 68.21 68.63 96.52 96.22 68.91 96.42 84.64 85.38 96.00 96.22 95.97

α 90 90 90 90 90 90 90 90 90 90 90 90 90 90

β 90 129.0 90 129.0 126.8 90 90 126.7 90 131.4 131.2 90 90 90

γ 90 90 90 90 90 90 90 90 90 90 90 90 90 90

Temperature 100K 100K 100K 100K 100K 100K 100K 100 100K 100K 100K 100K 100K 100K

Resolution 1.94Å 1.97Å 2.16Å 1.94Å 1.87Å 1.60Å 1.60Å 2.13Å 1.88Å 1.87Å 1.75Å 1.54Å 1.77Å 1.54Å

Number of Reflections 20780 38201 15158 40012 46945 36946 37192 32061 23086 44845 56311 41341 27242 41556

Completeness (%) 99.5 99.0 98.8 99.5 99.0 99.3 99.9 99.6 99.3 97.4 99.5 99.9 99.4 99.8

Redundancy 4.7 3.6 4.8 2.9 3.8 7.3 7.4 3.6 7.1 3.0 3.2 6.4 6.7 3.0

Average I/σ 11(2.4) 10.1(2.1) 4.5(2.1) 21.3(3.4) 19.9(3.5) 71.7(11.2) 7.4(4.1) 8.9(3.3) 9.3 (2.7) 17.3 (3.1) 4.6(2.3) 12.5(3.3) 4.0(2.5) 20.6(7.1)

Total Average I/σ 114.6(25.5) 52.4(10.5) 33.0(17.4) 89.6(14.0) 139.8(22.7) 1098.2(50.4) 57.2(27.2) 42.6(15.2) 68.0(20.6) 86.9(16.4) 71.4(21) 112.1(26.7) 35.8(18.8) 153.8(29.6)

Rmerge (%) 0.162 0.189 0.177 0.148 0.169 0.174 0.167 0.165 0.163 0.163 0.169 0.154 0.157 0.156

Rwork (%) 0.158 0.186 0.170 0.146 0.168 0.198 0.166 0.163 0.160 0.161 0.169 0.152 0.154 0.156

Rfree (%) 0.198 0.231 0.235 0.192 0.204 0.173 0.187 0.203 0.193 0.213 0.193 0.180 0.190 0.169

rmsd for bond lengths (Å) 0.007 0.007 0.009 0.007 0.007 0.006 0.005 0.008 0.006 0.007 0.008 0.006 0.007 0.006

rmsd for bond angles (deg) 1.04 1.20 1.17 1.06 1.15 0.90 0.81 1.20 1.02 1.02 1.06 1.12 1.08 0.93

No. of protein atoms 1935 3930 1926 3870 3768 2137 1976 3803 2060 3976 3977 2061 2077 1961

No. of water molecules 184 251 134 399 289 133 180 279 193 507 264 265 227 218

Unit Cell
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Supplemental Figure 1: ΔRMSF of each residue from 50ns molecular dynamic simulations of 

phospho-mutants 
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Supplemental Figure 2: ΔRMSF of each residue from 50ns molecular dynamic simulations of 

phospho-mutants 
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Supplemental Figure 3: ΔRMSF of each residue from 50ns molecular dynamic simulations of 

phospho-mutants 
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Supplemental Figure 4: ΔRMSF of each residue from 50ns molecular dynamic simulations of 

phospho-mutants 
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Supplemental Figure 5:Structural superimposition of WT (white) and T245D,S249D (green) 

of loop 4 and helix-5. A,Electrostatic interaction of S249 stabilize loop 4 is partly disrupted 

when mutated to aspartate. B, Electrostatic interactions that connect helix-5 across the dimer 

interface to the second protomer, that is disrupted when mutated to aspartate 
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Supplemental Figure 6: Average emission wavelength at 280nm vs pH gradient for WT and 

S150 and T152 mutations (measured in triplicate). 
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Supplemental Figure 7: Chromatogram (A280) of WT (A), S150A B), S150D (C), T152V (D), 

and T152D (E), elution volume after FPLC analysis of the native oligomeric state on a 

Superdex 75 Increase 10/300 GL with 10mM Tris/HCl pH 7.5 as the mobile phase. 
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Supplemental Information: 

 

Caspase-3 primers: 

Caspase-3 Primers: (S150A:5’-GGGGATCGTTGTAGAGCTCTAACTGGAAAACCC-3’) 

(S150D:5’-GGGGATCGTTGTAGAGACCTAACTGGAAAACCC-3’) (S150E:5’-

GGGGATCGTTGTAGAGAGCTAACTGGAAAACCC-3’) (T152A:5’-

CGTTGTAGAAGTCTAGCTGGAAAACCCAAAC-3’) (T152D:5’-

CGTTGTAGAAGTCTAGACGGAAAACCCAAAC-3’) (T152V:5’-

CGTTGTAGAAGTCTAGTTGGAAAACCCAAAC-3’) (Thr245Ala:5’-AACCGAAAGTG 

GCAGCAGAATTTGAGTCCTTT-3’) (Thr245Asp: 5’-

AACCGAAAGGTGGCAGACGAA TTTGAGTCCTTT-3’) (Ser249Asp: 5`-

GAATTTGAGGACTTTTCCTTTGACGCTACT-3`). 

 

Caspase-7Primers: (E176G: 5’-GCAAAACCCTTTTAGGGAAACCCAAACTCTTC-

3’).Caspase-6 Primers: (S150A: 5’-ACAAATGCCATGCCCTGGTCGGCAAAC-3’) 

(S150D: 5’-GCGACAAATGCCATGACCTGGTCGGCAAACCG-3’). 
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Abstract 

The conformational ensemble of procaspase 3, the primary executioner in apoptosis, contains 

two major forms, inactive and active, with the inactive state favored in the native ensemble. 

A region of the protein known as the intersubunit linker (IL) is cleaved during maturation, 

resulting in movement of the IL out of the dimer interface and subsequent active site 

formation (activation-by-cleavage mechanism). We examined two models for the role of the 

IL in maintaining the inactive conformer, an IL-extension model versus a hydrophobic 

cluster model, and we show that increasing the length of the IL by introducing 3–5 alanines 

results in constitutively active procaspases. Active site labeling and subsequent analysis by 

mass spectrometry show that the full-length zymogen is enzymatically active. We also show 

that minor populations of alternately cleaved procaspase result from processing at D169 

when the normal cleavage site, D175, is unavailable. Importantly, the alternately cleaved 

proteins have little to no activity, but increased flexibility of the linker increases the exposure 

of D169. The data show that releasing the strain of the short IL, in and of itself, is not 

sufficient to populate the active conformer of the native ensemble. The IL must also allow for 

interactions that stabilize the active site, possibly from a combination of optimal length, 

flexibility in the IL, and specific contacts between the IL and interface. The results provide 

further evidence that substantial energy is required to shift the protein to the active 

conformer. As a result, the activation-by-cleavage mechanism dominates in the cell. 
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Introduction 

Caspases are a family of proteolytic enzymes that play a critical role in programmed cell 

death or apoptosis. Defects in the regulatory mechanisms that control caspase activation have 

been observed in numerous diseases, ranging from neurodegenerative disorders such as 

Alzheimer’s disease, in cases of too much cell death, to cancer, where cells may have 

reduced ability to carry out caspase-mediated apoptosis.(1) Apoptotic caspases are divided 

into two main groups: the initiators, which are initially activated through either intrinsic or 

extrinsic cell death signals, and the effectors, which are activated by the initiator caspases 

and are ultimately responsible for dismantling the cell. Caspase 3 is the key effector caspase, 

and its activation is the commitment step for apoptosis. These enzymes are initially expressed 

as inactive zymogens (procaspases) containing an N-terminal prodomain followed by large 

and small subunits that are connected by an intersubunit linker (IL). The zymogens form 

dimers, and during the process of activation the IL is proteolyzed at one or more sites and the 

prodomain is removed.(2) Although largely similar in structure, an important difference 

exists in the mechanism for enzyme activation between the initiator and effector caspases. In 

the case of initiator caspases (namely, caspases 8, 9, and 10), the zymogen exists as a stable 

monomer, and upstream cell death signals lead to its localization to activation scaffolds. The 

increase in local concentration on the scaffold drives dimerization, where the initiator 

procaspase becomes enzymatically active.(3) It is believed that, for the initiator caspases, the 

proteolytic processing of the IL that follows dimerization acts mainly to stabilize the dimer. 

In contrast, the zymogens of effector caspases (caspases 3, 6, and 7) are stable dimers, 

although they exhibit very little enzymatic activity, and cleavage of the IL by the initiator 

caspases results in full enzyme activation. As a result of cleavage, the IL is released from the 
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dimer interface (DI), which allows active site loop 3 to form the base of the substrate-binding 

pocket (Figure 1A). In caspase 3, the side-chain of R164, which is immediately adjacent to 

the catalytic cysteine, intercalates between P201 on loop 3 and Y197 in the DI; these 

interactions are required for formation of the active site and are unable to form in the inactive 

zymogen (for a complete description, see refs 4−6). The regulation of apoptotic signals is 

understandably important to the survival of an organism, and the difference in activation 

mechanisms allows for both the prevention of accidental initiation of apoptosis and the 

ability to initiate a very robust apoptotic cascade when needed. 

As caspases are increasingly targeted for the treatment of disease, a better understanding of 

procaspase conformational equilibria is important, in particular, why IL cleavage is required 

to fully activate the effector procaspases but not the initiators. In the strategy of activating 

caspase 3 to induce apoptosis in cancer cells,(-5, 7-9) current methods are greatly limited by 

the fact that these cells often overexpress caspase inhibitors, such as XIAP. Transfection of 

wild-type caspase 3 into various cell lines often has little or no effect on cell death, probably 

because the procaspase 3 does not self-activate efficiently. Overexpression generally does not 

lead to activation unless the protein concentrations are very high. We have shown, however, 

that it is indeed possible to activate procaspase 3 in vitro without cleavage of the IL, and 

transfection of the constitutively active mutant into cancer cells results in robust cell 

death.(10) The mutation of V266 to glutamate in the DI is thought to displace the IL and thus 

allow the substrate-binding pocket to form. In addition, the constitutively active variant is 

poorly inhibited by XIAP, which binds to the IL only when it is cleaved. Together, the data 

suggest that directly activating procaspase 3 through manipulating its conformational 

equilibria may provide novel strategies to kill cancer cells. Small molecule activators of 
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procaspase 3 have been described,(11-13) although their mechanisms of activation are not 

entirely clear.(14, 15) 

Effector procaspases exist in equilibrium between active and inactive conformations,(10) and 

IL cleavage shifts the population toward the active form due to stabilizing the active site 

loops.(5, 6)Structural studies of procaspase 7 showed that IL binding in the DI blocks 

theformation of the active form due to steric constraints between regions of the IL and the 

substrate-binding loop.(16, 17) It is thought that the ILs of caspases 3 and 7 are too short to 

allow efficient active site formation, suggesting that the active site can form only upon IL 

cleavage and removal from the DI. However, models of procaspase 3 indicate that the IL is 

sufficiently long to allow critical contacts in the active site loops if it were released from 

binding in the DI, thus explaining the constitutively active procaspase 3 variant.(10) The 

structural data suggested that lengthening the IL should result in an active caspase 3 (or 7) 

zymogen by relaxing the strain induced by a short IL. A recent study by Denault and 

colleagues(18) seemed to confirm this hypothesis. Although insertions of three Gly-Ser 

sequences (six residues) into the IL of procaspase 7 did not activate the zymogen, removal of 

several amino acids from the IL of procaspase 8 resulted in a zymogen that required cleavage 

for activation. Together, the structural, biochemical, and modeling data led to the prevailing 

view of an effector caspase zymogen that is sterically constrained, due to the short IL, which 

could form the fully active conformer only upon cleavage of the IL and its removal from the 

DI. 

In addition to the IL-lengthening model (Figure 1A), our data for the constitutively active 

procaspase 3(10) also suggested that a cluster of hydrophobic interactions in the DI, centered 

on V266, make specific contacts with residues in the IL (Figure 1C-D). The interactions may 
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stabilize the inactive conformer by anchoring the IL in the interface. In the constitutively 

active variant, the mutation of V266 to Glu presumably disrupts the hydrophobic cluster. 

In order to further examine the role of the IL in maintaining the inactive procaspase, we 

tested the two putative mechanisms for IL-mediated procaspase activation (Figure 1). For the 

active conformation (Figure 1A), we(19) and others(20, 21) have shown that an important set 

of interactions occurs among active site loops 2, 2′, and 4, described as the loop bundle 

(Figure 1D). Disruption of these interactions dramatically reduces the activity of mature 

caspase 3. Although it was structurally feasible for the procaspase to adopt an active 

conformation with the intact IL, the IL was only just long enough to allow for the formation 

of the loop bundle at both ends of the dimer interface. According to this first model, 

therefore, increasing the length of the IL could lead to an increase in procaspase 3 activity by 

allowing the sampling of more conformational states that stabilize the loop bundle. To test 

this model, we increased the length of the IL of procaspase 3 through the insertion of up to 

eight alanine or glycine residues (Figure 1B). In the second model (Figure 1C), several 

hydrophobic residues in the IL stabilize its position in the DI, thereby favoring the inactive 

conformation. To test this model, we created mutants of procaspase 3 where one or more of 

the hydrophobic amino acids were replaced. We note that all variants described here were 

created in the background of the uncleavable procaspase 3, called D3A, in which the three 

cleavage sites (D9, D28, D175) were mutated to alanine.(22) This strategy simplifies the 

interpretation since we are examining only the conformational equilibria of the procaspase 

and not the complete conformational states of cleaved/uncleaved protein. Results from 

activity assays and molecular dynamics (MD) simulations show a correlation between 

http://pubs.acs.org/doi/full/10.1021/bi400793s#fig1
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increasing the length of the IL and an increase in procaspase activity, while mutations in the 

hydrophobic cluster were less effective in activating the procaspase. 

 Materials and Methods 

Cloning, Protein Expression,and Purification, Western Blots 

Mutagenesis was performed as described previously(22) on the uncleavable procaspase 3 

(D3A) to obtain the single, double, and triple mutants described in this study. The single point 

mutants, as well as the IL-lengthening mutants, were first created using plasmid 

pHC33209(22) as a template. Subsequent mutants used those plasmids as a template. Primers 

and plasmid templates for each mutant are described in Supporting Information (SI) Table 1. 

The mutations were confirmed by sequencing both DNA strands. 

E. coli BL21(DE3) pLysS cells were transformed with each plasmid, and the C-terminal His-

tagged proteins were expressed and purified according to established protocols.(22, 23) For 

cell culture experiments, the gene was cloned into pcDNA3.1(-) modified to contain a FLAG 

tag sequence at the C-terminus of the protein. 

Western blots were carried out as described,(10) with the following modifications. Equal 

amounts of each sample (6.5 μg purified protein) were subjected to SDS-PAGE (12.5%) and 

transferred to a nitrocellulose membrane. The membrane was blocked using 5% milk powder 

in 1X TBS with 0.1% Tween 20 for 20 min at 4 °C. The membrane was probed using 

purified mouse anti-human caspase 3 (1:1000) (BD Biosciences) overnight at 4 °C in 

blocking buffer. Visualization of caspase 3 mutants was performed using ECL horseradish 

peroxidase (HRP)-conjugated sheep antimouse IgG (1:4000) in blocking buffer and enhanced 

chemiluminescence blotting reagents (GE Healthcare). 
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Enzyme Activity Assays 

The initial velocity of substrate cleavage was measured at 25 °C in the presence of varying 

concentrations of substrate (Ac-DEVD-AFC), as described previously.(22, 24) The final 

protein concentration for the active mutants was 10 nM, whereas a protein concentration of 

100 nM or 400 nM was used for the largely inactive mutants. The total reaction volume was 

200 μL. Briefly, substrate was added to the sample that contained protein in activity assay 

buffer (150 mM Tris–HCl, pH 7.5, 100 mM DTT, 0.1% CHAPS, 50 mM NaCl, 10% 

sucrose), and samples were immediately excited at 400 nm while the fluorescence emission 

was measured at 505 nm for 60 s. Plots of the initial velocity versus substrate concentration 

were fit to the Michaelis–Menten equation to obtain the steady-state parameters, KM and kcat. 

Inhibition studies were carried out using the following protocols. Working stocks of 

inhibitors (Z-VAD-fmk or Ac-DEVD-cmk) were made by dilution in activity assay buffer, 

and the stock solution (20 μL) was added to protein solution (180 μL) for a final protein 

concentration of 100 nM. The final inhibitor concentration varied from 2 nM to 800 nM, as 

shown in the figures, and samples were incubated at 25 °C for 1 h. Following incubation, 

thesubstrate was added (0 and 100 μM for data in Figure 4A; 20 μM for active site titrations), 

and samples were immediately excited at 400 nm while fluorescence emission was measured 

at 505 nm for 60 s. Plots of initial velocity versus substrate cleavage at each inhibitor 

concentration (Figure 4A) or initial velocity versus inhibitor concentration (active-site 

titrations) were either fit to the Michaelis–Menten equation to obtain Vmax or linear 

extrapolation to obtain the concentration of active sites. 

Identification of Cleavage Sites by Mass Spectrometry 

javascript:void(0);
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Proteins were dialyzed in a buffer of 20 mM KH2PO4/K2HPO4, pH 7.2, 1 mM DTT and were 

used to prepare samples in 0.1% formic acid at a protein concentration of 0.5 μM. Samples 

were stored at −20 °C until analyzed. 

For intact protein molecular weight measurements (top down analysis), samples were 

analyzed by liquid chromatographymass–spectrometry (LC/MS) using a NanoAcquity ultra-

pressure liquid chromatography (UPLC) system (Waters Corporation) coupled to a Q-Tof 

Premier quadrupole time-of-flight mass spectrometer (Waters Corporation). Protein 

components were separated using a column (75 μm i.d. × 25 cm) packed with BEH C18 

particles (1.7 μm, Waters Corporation) by running a gradient of water and acetonitrile 

containing formic acid. The outlet of the UPLC column was connected directly to the 

nanoelectrospray source of the Q-Tof. Positive ion mass spectra were acquired over the range 

of either 400–2000 m/z or 800–3500 m/z at a rate of 1 scan/s. Raw LC/MS data were 

reviewed manually for evidence of protein charge state envelopes and observed charge state 

envelopes were deconvoluted using the MaxEnt 1 module contained in the MassLynx 4.0 

acquisition software to convert m/z scale mass spectra to molecular weight scale data. The 

Biolynx module within MassLynx was used for comparison of observed molecular weights 

against various mutant caspase sequences. 

For analysis of inhibited protein by mass spectrometry, the protein sample (25 μM) was 

incubated with inhibitors (Ac-DEVD-cmk (550.94 Da) or Z-VAD-fmk (453.46 kDa); 200 

μM final concentration) for 1 h at 25 °C in a buffer of 20 mM phosphate, pH 7.2, 1 mM 

DTT. For LC/MS analysis, a 1:50 dilution of the incubation was made using the same buffer, 

yielding a final protein concentration of 0.5 μM. Samples were analyzed using the top down 

procedure described above. 
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Generation of Structural Models and Molecular Dynamics Simulations 

Model structures for the insertion mutants were generated using the online tool Swiss-

Model(25-27) in the automated mode, using either the active or inactive procaspase 3 

homology model as the template.(10) Modeling was performed for each monomer separately, 

and the resulting files were merged to create the structure for the dimer. For the hydrophobic 

mutants, the models of inactive and active procaspase 3 were mutated in silico using Pymol. 

Molecular dynamics simulations were performed as described previously(28) with 

GROMACS 4.5,(29) using the Amber99 force field(30) and the tip3p water model.(31) The 

models generated using the method described above were used as the initial structures for the 

simulations, which were performed for each mutant in both the active and inactive 

conformations. Energy minimization was performed for each structure using steepest 

descent. Simulations of 50 ns were run with a time step of 2 fs and coordinates were saved 

every 5 ps. 

Results 

A Longer IL Leads to Increased Enzyme Activity in the Zymogen 

According to the first model (Figure 1A), in the absence of other factors that stabilize the 

inactive form, increasing the length of the IL of procaspase 3 should allow the enzyme to 

sample more states in the active conformation. A longer IL would presumably stabilize the 

loop bundle (Figure 1D), despite the lack of IL cleavage, similar to what may occur for 

initiator procaspases upon dimerization. To test this model, we inserted up to eight alanine or 

glycine amino acids (called +1A to +8A, and +1G to +8G) into the IL of the uncleavable 

procaspase 3(D3A). We placed the insertions at a site in the IL that contains several 
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additional residues in procaspase 8 (between V178 and D179), as indicated by sequence 

alignment, and N-terminal to the proposed hydrophobic cluster (Figure 1B and D). In 

addition, H185 and residues C-terminal to H185 are important in stabilizing the loop bundle, 

so the insertions were placed N-terminal to these residues. 

Activity assays show that insertion of one or two alanines had little effect on enzyme activity 

compared to the background of procaspase 3(D3A) (Figure 2, SI Table 2). There was a large 

increase, however, upon insertion of three or more alanines, where the kcat/KM values were 

>104M–1 s–1 for the +3A variant. The activity can be compared to a value of 1.8 × 105 M–1 s–

1 for wild-type, cleaved, caspase 3,(24) 5.7 × 104 M–1 s–1 for the D9A,D28A variant,(32) and 

3.7 × 104 M–1s–1 for the constitutively active procaspase 3 (D3A,V266E) variant 

(33) (Figure 2A). The D9A,D28A double mutant, described previously,(32) results in a 

caspase that is cleaved at D175 in the IL but that retains the pro-domain. The +3A, +4A, and 

+5A variants were approximately 100-fold more active than procaspase 3(D3A). We also 

note that activity decreased with >5 alanine insertions, where the +8A variant exhibited 

activity close to that of the background procaspase 3 (D3A). This feature is discussed more 

fully below. 

For the glycine insertions, introduction of one to five glycines had little effect on activity 

(Figure 2), as the data show that the mutants have activities similar to that of procaspase 3 

(D3A). With insertions of five or more glycines, however, the activity increased 

systematically. The addition of seven or eight glycines resulted in activity >103 M–1 s–1, 

approximately equivalent to the +6A and +7A variants. 

Disrupting the Hydrophobic Cluster Has Little Effect on the Activity of Procaspase 3 

http://pubs.acs.org/doi/full/10.1021/bi400793s#fig1
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According to the second model (Figure 1C), the position of the IL in the DI is favored 

through hydrophobic interactions (Figure 1D), which act to stabilize the inactive 

conformation. If the model is correct, then replacing these residues would destabilize the 

inactive conformation and shift the procaspase 3 equilibrium toward the active conformer. To 

test this model, we mutated each of the three hydrophobic residues, namely, M182, I187, and 

V189 (Figure 1D), to either alanine or glycine, either singly or in combination (see SI Table 

1). 

As shown in Figure 2B, single mutations to either alanine or glycine had little effect on 

activity. We observed an approximate 2-fold change for some mutants and little or no change 

for others. For the double mutants, there was an increase in activity of approximately 3-fold, 

and the triple mutation, where the three residues were replaced with alanine, resulted in an 

increase in activity of about 6-fold. For most of the mutants, the changes were independent of 

whether the residue was replaced with glycine or alanine. We note that the I187G,V189G 

double mutant and the M182G,I187G,V189G triple mutant had very high KM values, so we 

were unable to measure the kcat or kcat/KM values of those variants (Figure 2B). At present, it 

is unclear why the two mutants have low activity. Overall, the activities for the hydrophobic 

cluster variants are well below that of the V266E constitutively active procaspase 3. The data 

show that disrupting the interactions does not result in a significant increase in enzyme 

activity for the procaspase, so the hydrophobic cluster is not important for maintaining the 

inactive conformation of procaspase 3. 

IL Mutations Result in Minor Populations of Alternately Cleaved Inactive Protein 

Although procaspase 3 is not a good substrate for self-cleavage, the enzyme is known to self-

process when expressed in E. coli at high protein concentrations. Because the three 

http://pubs.acs.org/doi/full/10.1021/bi400793s#fig1
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processing sites, D9, D28, and D175, were mutated to alanine in our mutants, we did not 

expect self-processing of the recombinant proteins at those sites. We could not, however, rule 

out minor cleavage reactions at alternative sites. In order to assess alternate cleavage of the 

IL mutants, we examined concentrated protein samples by SDS-PAGE. The results show that 

procaspase 3(D3A) has a minor cleavage product of ∼19 kDa (lane 2 in Figure 3A-D, left 

panels). All mutants, with the exception of the +2A variant (Figure 3A, lane 3), demonstrated 

the same band at ∼19 kDa, with more of the product present (Figure 3B-D). In addition, a 

less prevalent product of ∼23 kDa was present in several of the mutants. Western analyses of 

the proteins showed that the ∼19–23 kDa species correspond to alternate cleavages in the 

large subunit of procaspase 3 (Figure 3A-D, right panels). 

We investigated the possibility that the increase in enzyme activity observed for the variants 

(Figure 2) was due to the presence of the alternately cleaved procaspase by performing 

inhibition studies with the pan-caspase inhibitor Z-VAD-fmk. We examined the +4A mutant 

because it demonstrated high activity (Figure 2A) and increased cleavage compared to the 

control of procaspase 3(D3A) (Figure 3A, lane 6 versus lane 2). The IL variant was incubated 

with various concentrations of inhibitor, and then enzyme activity was determined at several 

substrate concentrations (Figure 4A). Each activity profile was fit to the Michaelis–Menten 

equation, and Vmax was plotted versus inhibitor (Figure 4B, closed symbols). We also 

performed active site titration studies of procaspase 3(D3A) and the +4A variant with Z-

VAD-fmk (Figure 4B, open squares and circles, respectively). Together, the data show that 

the inhibitor binds to each protein in a 1:1 stoichiometry with the total number of active sites. 

In addition to the pan-caspase inhibitor, we performed active site titrations of the two 

proteins with Ac-DEVD-cmk inhibitor, which contains the consensus cleavage site for 
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caspase 3. As shown in Figure 4C, the data were nearly identical for the two proteins even 

though the activity of the +4A variant is much higher than that of the control. The titrations 

show that the inhibitor binds with a stoichiometry of ∼0.5:1 (inhibitor:active sites), 

suggesting that the two active sites in the dimer may not be equivalent. This feature was not 

observed with the shorter sequence, Z-VAD-fmk. 

If the increase in enzyme activity, described above (Figure 2), were due only to the 

alternately cleaved protein, then one would observe a binding stoichiometry much less than 

1:1 or 0.5:1 (inhibitor to total active sites). That is, the active site titrations would reflect only 

the active protein, and the data in Figure 3 show that the alternately cleaved protein is present 

at low levels compared to the full-length protein. One cannot explain the observed binding 

stoichiometry unless the inhibitors bind to the full-length proteins, so we conclude that the 

activity observed for each protein reflects the intrinsic activity of the full-length procaspase. 

Finally, the trends in the activity profiles do not correlate with the levels of the minor 

cleavage products. For example, the +5A variant (Figure 3A, lane 7) has higher activity but 

less alternately cleaved large subunit than does +7A (Figure 3A, lane 9). Likewise, the 

V189G single mutant has similar activity to that of the M182A,I187A double mutant 

(Figure 2B) but significantly more cleavage (compare Figure 3C, lane 8, to Figure 3D, lane 

4). 

We determined the alternate cleavage sites that produced the ∼19 kDa product using liquid 

chromatography-tandem mass spectrometry (LC/MS/MS) on intact protein samples 

(Table 1). In these studies we examined procaspase 3(D3A) (Figure 3A-E, lane 2), the +1A to 

+8A variants (Figure 3A, lanes 2–10), and the V189G variant (Figure 3C, lane 8). The data 

were consistent for all proteins examined and showed that the large subunit is cleaved at 
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D169 (TELD) to produce a fragment of 19 023 Da. The calculated size of the large subunit 

cleaved at D169, while retaining the pro-domain, is 19 024 Da, and this fragment was 

observed for all of the proteins with the exception of the +1A variant (Table 1). The ∼23 kDa 

fragment was not observed by mass spectrometry, but the data in Figure 3 are consistent with 

cleavage at D211 (NSKD), which produces a fragment of 23.8 kDa. Overall, the data shown 

in Figure 2 and summarized in Table 1are consistent with a self-cleavage at two alternate 

sites: D169 and D211. 

Although D169 is upstream of the normal cleavage site (D175) in the IL of procaspase 3, the 

side-chain has been shown to be important for stabilizing the “loop bundle”, and hence the 

active site, in the mature, cleaved, caspase.(19, 20) In addition, we have suggested that D169 

is important in stabilizing the active conformation of the constitutively active procaspase 3 

(Figure 1D and ref 10). In contrast, D211 is located in loop 3, which forms the base of the 

substrate-binding pocket (Figure 1). We replaced each of the two residues individually with 

alanine (D169A and D211A) in the context of procaspase 3(D3A), the +4A variant 

(Figure 3A, lane 6), and the +8G variant (Figure 3B, lane 10), and we examined the enzyme 

activity as well as the presence of alternately cleaved protein by SDS-PAGE and Western 

blots. The results show that mutation of D169 to alanine in the uncleavable procaspase(D3A) 

or the +4A variant abolished enzyme activity (Figure 2A). The +8G,D169A variant did not 

express in our E. coli expression system, so we could not examine the activity of this protein 

(Figure 2A). In contrast, the D211A mutation had less effect on the activity, where the 

activities of the variants were similar to that of procaspase 3(D3A) (Figure 2A). 

Examination of the variants by SDS-PAGE showed that the levels of alternately cleaved 

protein were substantially decreased when either D169 or D211 was replaced with alanine 
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(Figure 3E, left panel). Western analysis confirmed that there were significantly lower 

amounts of the alternately cleaved protein (Figure 3E, right panel). In the +8G,D211A 

variant (Figure 3E, lanes 8–9), cleavage at D169 appears to be the primary site of alternate 

cleavage since the cleavage observed remains significant. Overall, the collective data show 

that D169 and D211 represent alternate cleavage sites when the primary site for activation, 

D175, is not available. The data suggest that D169 is the major site of alternate cleavage, 

whereas D211 is a minor site. 

Taken together, the results presented here provide strong evidence that the increase in 

activity observed for the procaspase 3 variants is due to changes in the IL rather than to the 

minor cleavage products. This conclusion is consistent with our previous studies of the 

constitutively active V266E variant of procaspase 3(10) using an active site label. In those 

studies, the probe labeled the active site of the full-length procaspase, demonstrating the 

observed activity was due to the uncleaved procaspase. In addition, little or no cleavage was 

observed for that protein by Western analysis. We also note that we previously examined the 

single mutant procaspase 3(D169A)(19) and showed that the mutant was inactive and 

unprocessed, even though the three cleavage sites were intact (D9, D28, D175). Likewise, the 

caspase 3(D169A) variant also demonstrated little to no activity.(19) The side chain of D169 

forms hydrogen bonds with backbone amides of V189′ and E190′ from the second monomer, 

and the interactions are critical for stabilizing the loop bundle of the active enzyme (see 

Figure 1D). Our current and previous results show that the alternate cleavage at D169 (and 

probably D211) occurs by a self-cleavage event, but the product is likely to be enzymatically 

inactive due to disruption of contacts in the loop bundle. 

http://pubs.acs.org/doi/full/10.1021/bi400793s#fig3
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Molecular Dynamics Simulations Show Increased Flexibility in the IL of Insertion 

Mutants 

In order to further understand why the +3A to +5A insertions resulted in robust increases in 

activity while other insertions did not, we performed molecular dynamics simulations for 

each of the insertion mutants, as well as for the uncleavable procaspase 3, for a total length of 

50 ns. We used the models for active as well as inactive procaspase 3 (with and without the 

insertions) (see Figure 1A,B) as starting structures for the simulations because previous 

results showed that the two structures do not interconvert within the time scale of the 

simulation.(28) Thus, we wished to examine interactions in each structure that may stabilize 

the active or inactive ensembles, respectively, and how those interactions changed as a result 

of the insertion. Over the course of the simulations, overall structures were largely similar to 

that of the crystal structure for mature caspase 3 (less than 7 Å RSMD for the backbone, or 

within 5 Å RMSD of the starting models). Simulations utilizing the model for inactive 

procaspase 3 (uncleavable D3A and insertion mutants) demonstrated that the IL remained 

bound to the dimer interface over the time course of the simulation (data not shown), so these 

results are not discussed further. Rather, we focus here on results for the active conformers. 

We consider changes in the interactions between D169 (side chain δO) and the backbone 

amide of V189′, as well as interactions between E190 (side chain εO) and K137 (side chain 

ζN), to monitor stability of the loop bundle and flexibility in the IL and helix 3 (Figure 5A). 

In the case of uncleavable procaspase 3(D3A) (without insertions), results show a rapid loss 

of key interactions known to be important for active site stabilization. The same interactions 

were shown previously to be maintained in mature caspase 3.(28) For example, distances 

between D169 and V189′ increased from ∼4 Å to ∼18 Å (chain B or monomer B) or ∼9 Å 

http://pubs.acs.org/doi/full/10.1021/bi400793s#fig1
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(chain A or monomer A) (Figure 5B and Figure 6A). Distances between these two atoms of 

∼4 Å represent a correctly formed active site and stable loop 4 (see Figure 5A), while the 

longer distances represent a very flexible IL. At the end of the 50 ns simulation, the side 

chain of D169 from one IL (monomer B) was completely exposed to solvent (Figure 5B, 

right panel). The distance between K137 and E190 also increased to ∼18 Å for chain B (SI 

Figure 1A). These results suggest that the loop bundle interactions are not stable in the active 

procaspase-3 conformer and are consistent with our previous data that show the inactive 

ensemble of procaspase 3 is favored.(13, 28) The low activity of wild-type procaspase 3 is 

likely a reflection of the relative population of inactive (favored) and active (disfavored) 

conformers within the ensemble of native protein. Overall, the results of the MD simulations 

of active procaspase 3 show that the protein undergoes numerous structural changes that 

impact active site formation, particularly in formation of the loop bundle and stabilization of 

helix 3. In contrast, mature (cleaved) caspase 3 remains largely in the active 

conformation.(28) 

Several differences were observed in simulations of the IL mutants. For clarity, data are 

presented in Figures 5 and 6 (and SI Figure 1) for the +3A, +5A, +8A, +8G, and 

M182G,V189G variants for the following reasons. The +3A and +5A variants demonstrated 

robust increases in enzyme activity, while the activity of the +8A mutant was similar to that 

of procaspase 3 (Figure 2). The activity of the +8G variant was ∼10-fold higher than that of 

+8A, and the M182G,V189G double mutant demonstrated the highest activity of the 

hydrophobic cluster series, although the activity was significantly lower than most of the IL 

insertion mutants. 

http://pubs.acs.org/doi/full/10.1021/bi400793s#fig5
http://pubs.acs.org/doi/full/10.1021/bi400793s#fig6
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For the +3A and +5A variants, the loop bundle remained largely intact, as observed by the 

distances between D169 and V189′ and between K137 and E190. For +3A, D169 and V189′ 

were within ∼4 Å for at least half of the simulation, and the side chains were between ∼4 Å 

(chain B) or ∼10 Å (chain A) throughout the simulation (Figure 5C, Figure 6B, SI Figure 

1B). In the case of the +5A variant, the D169-V189′ pair remained within 7 Å of each other 

throughout the simulation (Figure 5D and Figure 6C), while the K137-E190 pair were within 

5 Å (SI Figure 1C). Together, the data suggest that the two proteins are active because the 

insertion of three to five alanine residues stabilizes the loop bundle as well as helix 3, in both 

monomers, thus shifting the ensemble to the active conformer. In contrast, the data for the 

+8A variant more closely resemble those of procaspase 3(D3A). One IL appears to be very 

flexible (Figure 5E, also compare Figures 6A and D and SI Figures 1A and 1D), although in 

general the distances for the second monomer are shorter in this mutant compared to those of 

the control. 

The data for the +8G variant are similar to those of the +3A and +5A variants except that one 

active site appears to be stabilized while the second active site is not. In this protein, the 

distance between D169 and V189′ in monomer A remains constant at ∼4 Å, while the 

distance increases to ∼15 Å in monomer B (Figure 5F and Figure 6E). Likewise, the distance 

between K137 and E190 (∼4 Å in monomer Å and ∼13 Å in monomer B) shows that the IL 

is stabilized in one monomer but not the other (SI Figure 1E). Thus, the intermediate level of 

enzyme activity for this variant (Figure 2) may be due to stabilization of only one active site 

in the dimer. 

The double mutant, M182G,V189G, is intermediate between procaspase3(D3A) and the +5A 

variant (Figure 5G, Figure 6F, and SI Figure 1F). In this mutant, the D169-V189′ pair 
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remains close for one monomer, within ∼4 Å, but the pair demonstrates large flexibility in 

the second monomer, where the distance is ∼15 Å (Figure 6F). In addition, the K137-E190 

pair has increased flexibility for both monomers, where distances increase to ∼11 Å (SI 

Figure 1F). The data suggest that the activity of this mutant may be lower because of 

increased flexibility in the IL compared to the +3A or +5A insertion mutants. 

Overall, results from the MD simulations are consistent with a flexible IL in the uncleavable 

procaspase 3(D3A) that results in a destabilized loop bundle and active site. Lengthening the 

IL by 3–5 alanine residues stabilizes the loop bundle in one or both active sites, and the new 

contacts that form in the loop bundle (that is, the active conformer) likely decreases 

flexibility overall in the IL. Longer insertions appear to affect one active site while the 

second active site remains flexible. For the +6A to +8A variants, flexibility in the IL may 

also be affected by formation of 1–2 turns of helix in the longer IL (see Figure 5E, right 

panel), which overall shortens the IL and moves D169 away from V189′. In addition, 

formation of secondary structure in the IL may be important for positioning D169 close to 

V189′, since the more flexible glycine insertions show much lower activities than the 

equivalent alanine insertions. 

Discussion 

Our previous data showed that the procaspase 3 native state ensemble contains at least two 

conformations, one of which is enzymatically active while the other is inactive.(10, 13) As 

with other effector procaspases, the inactive conformer of procaspase 3 is favored, as 

evidenced by the low endogenous activity. Previous mutational studies in the DI have shown 

that the active conformer is populated when the IL is expelled from its binding in the DI, and 

the constitutively active procaspase 3 supports robust cell death in cancer cells.(10) This 

http://pubs.acs.org/doi/full/10.1021/bi400793s#fig6
http://pubs.acs.org/doi/full/10.1021/bi400793s#notes-2
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view of the procaspase 3 conformational ensemble is in contrast to the prevailing view in 

which cleavage of the IL is required for the structural rearrangements needed for active site 

formation,(15) although the activation-by-cleavage mechanism certainly is the case in vivo as 

it affords tight control of apoptosis. The work we present here shows that, while cleavage of 

the IL results in full activation of procaspase 3, it is not required to activate the zymogen. 

Rather, stabilizing the active conformer of the procaspase, in the absence of chain cleavage, 

also generates an active procaspase, albeit at lower activity than the cleaved form. 

Based on our previous work on procaspase 3 (ref 10) and structural data for procaspase 7 

(refs 16,17), we proposed two models to explain how the IL is involved in maintaining the 

inactive conformation (Figure 1). The first model (IL-extension) states that lengthening the 

IL to more closely resemble initiator procaspases, such as procaspase 8, should increase the 

population of active conformer within the native ensemble by allowing the zymogen to 

sample more conformational states. In essence, the shorter IL in effector caspases constrains 

the native ensemble and limits the ability of the protein to maintain certain interactions 

known to play a role in the activity of the mature caspase (the loop bundle, for example). 

Indeed, Denault and co-workers recently showed that a procaspase 8 variant with a truncated 

IL requires cleavage for activation.(18) Ordinarily, procaspase 8 activation occurs upon 

dimerization on death scaffolds and does not require chain cleavage,(3) so their data imply 

that the shorter IL in the procaspase 8 variant mimics that of an effector procaspase. In 

contrast to the first model, the second model we proposed for maintaining the inactive 

procaspase 3 states that the inactive conformation is stabilized through hydrophobic 

interactions between the IL and the DI. The second model predicts that weakening the 
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binding of the IL in the interface by disrupting the hydrophobic cluster should favor 

formation of the active conformer. 

To test the IL-extension model, we made insertions of up to eight alanine or glycine residues 

in the IL of uncleavable procaspase 3(D3A), and to test the hydrophobic cluster model, we 

mutated three sites in the IL that are predicted to interact with the DI. The data show that the 

IL maintains the inactive conformation by constraining the protein in a way to prevent key 

interactions that stabilize the active site. Removing interactions in the hydrophobic cluster 

(M182, I187, V189; see Figure 1D) had little effect on activity of the procaspase (Figure 2). 

In contrast, increasing the length of the IL by inserting 3–5 alanine residues resulted in a 

robust increase in enzyme activity. Molecular dynamics simulations of the mutants suggest 

that the modest increase in length allows interactions to form in the loop bundle, thus 

stabilizing the active conformer. Longer insertions, as with the +6A to +8A variants, resulted 

in ILs with increased flexibility and secondary structure formation, leading to suboptimal 

interactions in the loop bundle. At present, it is not clear why the +G insertions differ from 

the +A series, as the increase in activity was not observed until >6 glycines were added. 

Overall, however, the data show that releasing the strain of the short IL in procaspase 3, in 

and of itself, is not sufficient to populate the active conformer of the native ensemble. The IL 

must also allow for stabilizing interactions in the loop bundle, possibly from a combination 

of optimal length, secondary structure and/or flexibility in the IL, and specific contacts 

between the IL and DI. Our results may explain why no increase in activity was observed for 

procaspase 7 upon insertion of six residues in the IL (three GS pairs).(18) In that case, the 

inserted residues likely do not provide an optimal length. 

http://pubs.acs.org/doi/full/10.1021/bi400793s#fig1
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Based on results from active site inhibition measurements with Ac-DEVD-cmk and from 

mass spectrometry, Wells and co-workers concluded that the activity observed in procaspase 

3 arises from small amounts of cleaved protein in the sample.(15) In those studies, the 

authors primarily examined the wild-type procaspase 3, where the protein is most likely 

cleaved at D175. In that case, the contaminating cleaved product would be expected to 

exhibit much higher activity than the zymogen, equivalent to the procaspase 3(D9A,D28A) 

variant, which has been shown to have high enzyme activity.(32) In the work presented here, 

we examined the uncleavable procaspase 3(D3A) variant, which removes the cleavage site at 

D175. We show that when D175 is not available for processing, the zymogen is cleaved at an 

alternate cleavage site (D169), but the minor cleavage product is enzymatically inactive 

because D169 is important for maintaining the loop bundle contacts in the active protein (see 

Figure 1D). The alternate cleavage site at D169 becomes more exposed in several of the IL 

mutants, so more of the alternatively cleaved protein is observed in those mutants. Active site 

titrations with Z-VAD-fmk and Ac-DEVD-cmk inhibitors show that the full-length protein is 

active, and we observed by mass spectrometry that the inhibitor labels the full-length protein. 

Together, our data show that the protein cleaved at D169 has little to no enzyme activity and 

that the intrinsic activity of the uncleavable procaspase 3(D3A) variant represents the relative 

population of inactive and active conformers. 

As described previously by Wells,(15) the KM of the procaspase 3 zymogen for the peptide 

substrate is similar to that of the mature enzyme, ∼12 μM, suggesting that the contaminating 

cleaved product of the zymogen is the solely active form in the sample. We also observe that 

the KM values of the uncleavable procaspase 3 and of the IL variants are similar to the 

cleaved, mature caspase 3, but we also show that the full-length protein is enzymatically 
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active. Overall, our data suggest that the active sites of the zymogen are mostly intact and are 

capable of binding substrate similarly to the wild-type, cleaved, protein, while the catalytic 

Cys163 and His121 residues are not positioned for proper catalysis. We note that this 

interpretation is inconsistent with the structural data for procaspase 7 (refs 16,17), which 

show that the substrate-binding loop (L3) is exposed to solvent (see Figure 1C, active site 2). 

For procaspase 3, an exposed L3 would result in Trp206 being completely exposed to solvent 

in the inactive conformer while moving to a buried position in the active conformer, where 

the tryptophan stacks on Trp214. The projected movement of this tryptophan is inconsistent 

with the blue-shifted fluorescence emission profile observed for the native protein, where the 

tryptophans are observed in a less solvent-exposed environment in the native protein and are 

exposed to solvent upon unfolding.(23, 33-36) Furthermore, the catalytic cysteine is highly 

protected against zinc ions in the zymogen compared to the mature caspase 3 (ref 32). 

Collectively, our data show that, although there may be adjustments in the substrate-binding 

loop, L3, the switch from the inactive to active conformer of the uncleavable procaspase 

3(D3A) primarily affects positioning of the catalytic cysteine, C163, into the active 

configuration. Moreover, our data suggest that either the crystal structures of procaspase 7 

are not good models for the conformation of procaspase 3 in solution, or the uncleavable 

variant, procaspase 3(D3A), is not a good model for the wild-type procaspase 3. Our 

biophysical studies of the catalytically inactive procaspase 3(C163S) yield similar 

spectroscopic properties as those of the uncleavable procaspase 3(D3A), so the active site 

loops appear to be in similar conformations.(22, 34) This interpretation is consistent with 

other groups that have shown catalytic competency in the zymogen using active site labels 

that require enzyme turnover.(37) 
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Wells and co-workers very clearly show activity in the minor population of cleaved protein 

for wild-type procaspase 3, and this activity appears to be important for processing the 

zymogen when it is immobilized on fibrils.(15) When taken together with the data presented 

here, the combined results suggest that the fibrils bind the inactive conformer of procaspase 

3, which is prevalent in solution. In that case, activation must then occur via cleavage of the 

IL and subsequent active site formation (binding-then-cleavage mechanism) rather than a 

redistribution of the conformational ensemble to favor the active conformer. In some ways 

the question of “how poor an enzyme is procaspase 3?” is an argument of semantics, but it 

raises an important point in considering how one might target the zymogen in cancer cells. 

The direct activation of procaspase 3 may represent a novel method for the treatment of 

cancer for several reasons. We have shown that a constitutively active procaspase 3 is 

resistant to inhibition by endogenous apoptotic inhibitors, such as XIAP,(10) which are often 

overexpressed in cancer cells. Because the activation of caspase 3 is the commitment step for 

apoptosis, this strategy would likely be useful for the treatment of numerous cancer cell types 

while avoiding reduced efficacy due to drug resistance. So, how does one target procaspase 3 

for activation? Wells and co-workers elegantly demonstrate that formation of fibrils either 

with small drug compounds or natural proteins(38) result in activation of the zymogen 

through a binding-then-cleavage mechanism.(15) Our data suggest that one can directly 

target the procaspase 3 conformational ensemble to stabilize the active conformer, possibly 

using small drug compounds.(13) Unfortunately, no small drug compounds have been found 

thus far that result in an efficient shift to the active conformer. The conformational free 

energy required to shift from the inactive to active conformer appears to be greater than the 

binding free energy for putative activators, so the reaction has been inefficient thus far. 
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Indeed, there have been no natural activators identified in vivo that bind to the procaspase 

and shift the conformation to the active state, aside from cleavage by initiator caspases. In 

contrast, several mechanisms exist in cells to inactivate the protein, either through post-

translational modifications of caspase 3 (refs 39−41) or by sequestering the procaspase from 

the initiator caspases.(-42-44)In this regard, it may be necessary to explore compounds that 

promote the binding-then-cleavage mechanism of activation rather than compounds that 

promote a shift in the conformational ensemble if the binding free energy for small drug 

compounds is insufficient to stabilize the active conformer. A clearer picture of the 

conformational ensemble in the zymogen will be helpful in designing compounds directed at 

the active conformer. The data presented here show that such compounds will have to 

promote the expulsion of the IL from the interface as well as stabilize the loop bundle in the 

active conformation. 
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Figure 1:Proposed models for procaspase 3 activation. (A) Model of the active conformation 

of procaspase 3. Lengthening the intersubunit linker (IL) may allow the proenzyme to sample 

more conformations with a fully formed active site, mimicking initiator caspases (like 

caspase 8), which have longer ILs than the effector caspases. (B) Sequence alignment 

comparing a section of the IL of caspase 3 and caspase 8. The red box indicates the site of 

cleavage (D175 in caspase 3). Location of inserted residues is indicated by red arrows (panel 

A) or red oval (panel B), and hydrophobic amino acids discussed in the text are shown in red 

(see also panel D). (C) Model of the inactive conformation of procaspase 3. Hydrophobic 

residues in the IL may interact withV266 in the dimer interface, stabilizing the inactive 

conformation. For A and C, the backbone atoms of the IL are represented as spheres. (D) 

Comparison of position of the IL in the inactive or active conformation relative to the dimer 

interface (represented by V266). Hydrophobic groups in the IL (M182, I187, V189) are 

predicted to interact with V266. Loop bundle contacts between D169 and V189′ (from the 

second monomer) occur only in the active conformation. In panels A, C, and D, the cleavage 

site (D175) is represented by the change in color from red to cyan. 
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Figure 2:Enzyme activity assays. (A) Activity of IL insertion mutants +1A to +8A and +1G 

to +8G. (B) Activity of hydrophobic cluster mutants. For panels A and B, procaspase 3(D3A) 

is the uncleavable variant (D9A,D28A,D175A) and represents background activity of the 

procaspase (dashed lines). Procaspase 3(D3A,V266E) is an uncleavable constitutively active 

variant described previously,(10, 33) and procaspase 3(D9A,D28A) represents a cleavable 

procaspase that retains the pro-peptide.(32) 
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Figure 3: SDS-PAGE (left panels) and Western analyses (right panels) of IL mutants. (A) 

+A series. Lane 1: molecular weight markers; lane 2: procaspase 3(D3A); lane 3: +1A; lane 

4: +2A; lane 5: +3A; lane 6: +4A; lane 7: +5A; lane 8: +6A; lane 9: +7A; lane 10: +8A. (B) 

+G series. Lane 1: molecular weight markers; lane 2: procaspase 3(D3A); lane 3: +1G; lane 

4: +2G; lane 5: +3G; lane 6: +4G; lane 7: +5G; lane 8: +6G; lane 9: +7G; lane 10: +8G. (C) 

Hydrophobic cluster mutants, single. Lane 1: molecular weight markers; lane 2: procaspase 

3(D3A); lane 3: M182A; lane 4: M182G; lane 5: I187A; lane 6: I187G; lane 7: V189A; lane 

8: V189G. (D) Hydrophobic cluster mutants, multiple. Lane 1: molecular weight markers; 

lane 2: procaspase 3(D3A); lane 3: M182G,I187G; lane 4: M182A,I187A; lane 5: 

M182G,V189G; lane 6: M182A,V189A; lane 7: I187G,V189G; lane 8: I187A,V189A; lane 

9: M182G,I187G,V189G; lane 10: M182A,I187A,V189A. (E) Alternate cleavage site 

variants. Lane 1: molecular weight markers; lane 2: procaspase 3(D3A); lane 3: D3A,D169A; 

lane 4: D3A,D211A; lane 5: +4A; lane 6: +4A,D169A; lane 7: D3A,D211A; lane 8: +8G; 

lane 9: +8G,D211A. All mutations are in the background of procaspase 3(D3A). 
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Figure 4:Enzyme inhibition and active site titrations. (A) Initial rates of procaspase 

3(D3A,+4A) were determined following incubation with Z-VAD-fmk (0–100 nM) at a 

substrate concentration of 20 μM. Data were fit to the Michaelis–Menten equation (solid 

lines) to determine Vmax. (B) Active site titration of procaspase 3(D3A) (○) and procaspase 

3(D3A,+4A) (□) in the presence of Z-VAD-fmk inhibitor. Vmax values for procaspase 

3(D3A,+4A) (■) were from panel A. Dashed lines do not represent fits to the data but rather 

show maximum inhibition occurs at an inhibitor to protein ratio of ∼1:1. (C) Active site 

titration of procaspase 3(D3A) (○) and procaspase 3(D3A,+4A) (●) in the presence of Ac-

DEVD-cmk inhibitor. For A–C, protein concentrations were 100 nM. 
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Figure 5:Molecular dynamics simulations of the active conformer of procaspase 3. (A) 

Model for the active (starting) conformation of procaspase 3. The two active sites and 

intersubunit linkers are labeled. Amino acids V189, D169, K137, and E190 are shown in 

yellow sticks for each monomer. The prime (′) indicates amino acids from the second 

monomer. (B–G) IL conformations for starting (left) and ending (50 ns, right) structures for 

(B) procaspase 3(D3A) (AKA, wild-type or WT), (C) +3A, (D) +5A, (E) +8A, (F) +8G, and 

(G) M182G,V189G. In panels B–G, loop bundle interactions are indicated by the V189-

D169′ pair. Changes in distances between the side chains are shown in Figure 6. 
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Figure 6:Distance calculations from molecular dynamics simulations. Distances between 

D169 (side chain δO) and the backbone amide of V189′ for monomer A (chain A, solid line) 

or monomer B (chain B, dashed line) in the procaspase 3 dimer. (A) procaspase 3(D3A), (B) 

+3A, (C) +5A, (D) +8A, (E) +8G, (F) M182G,V189G. Simulations were performed for 50 ns 

as described in the text. All mutations are in the background of procaspase 3(D3A). 
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Table 1: Alternate Cleavage Site Determined by Mass Spectrometry 
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Supplemental Figure 1: Distance calculations from molecular dynamics simulations. 

Distances between E190 (side chain εO) and K137 (side chain ζN) for monomer A (chain 

A, solid line) or monomer B (chain B, dashed line) in the procaspase 3 dimer. (A) 

procaspase 3(D3A), (B) +3A, (C) +5A, (D) +8A, (E) +8G, (F) M182G,V189G. 

Simulations were performed for 50 ns as described in the text. All mutations are in the 

background of procaspase 3(D3A). 
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Supplemental Table 1:Primersandtemplatesforprocaspase3mutants 
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Supplemental Table 2: Activity of procaspase 3 variants.NE = No expression in E. coli; ND 

= Not determined. Errors in kcat and KM are <10% for each value 
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Appendix: Caspase Preparation and Characterization 

A. Caspase-3/Mutant Protein Purification 

Day 1: Caspase-3 with a C-terminal 6X His-tag containing vector (pET21b+) is stored in 

transformed BL21 pLysS E. coli cells with 20% glycerol at -80ᵒC. From this stock a LB/agar 

plate (1% NaCl, 1% Tryptone, .5% Bacto-Yeast Extract, 1.5% Agar w/v and 50μg/mL 

Ampicillin) is T-streaked using a flame-sterilized metal loop. The plate is then incubated at 

37ᵒC for 12-16 hours. 

Day 2: From the LB plate, a single colony was sterilely selected and added to 100mL of 

sterile LB (1% NaCl, 1% Tryptone, .5% Bacto-Yeast Extract, and 50μg/mL Ampicillin). LB 

flask was then incubated at 37ᵒC while shaking a 220RPMs for 12-16 hours. 6L of LB is also 

prepared in 1L aliquots in fernbach flasks sterilize in an autoclave. 

Day 3: After 12-16 hour incubation the OD600 of the (overnight) O/N culture is normally 3.0. 

This is measured using a spectrophotometer and the samples are diluted (1:10) with blank 

sterile LB to fit within the range of the spectrophotometer. 50μg/mL ampicillin is added to 

each liter. Each liter is then inoculated with O/N culture so that the final OD600 concentration 

is 0.03. Each liter is then incubatedat 37ᵒC while shaking a 220RPMs for 3.5-4 hours until 

the OD600 reaches 1.2. At this point, protein expression is induced by adding IPTG (Isopropyl 

β-D-1-thiogalactopyranoside) to a final concentration of 0.8mM and incubate at 25ᵒC while 

shaking a 220RPMs for 4 hours. After 4 hour incubation, cells are harvested by 

centrifugation at 5,000rpm for 12 minutes at 4ᵒC. The supernatant is then removed and the 

pellet is resuspended in 50mL of lysis buffer (50 mM NaCl, 50 mM Tris-HCl, 50 mM 

Imidazole pH 7.9) O/N at 4ᵒC. Histidine column resin is then charged and equilibrated all at 
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4ᵒC. One column volume of 100 mM Ethylenediaminetetraacetic acid (EDTA) pH 8.0 is run 

through the gravity flow column to chelate the resin. Then 1L of diH2O is run through the 

column. The resin is then charged by running ¾ column volume of 100 mM Nickel Sulfate 

with a 15-20 minute incubation. The column is then equilibrated by running 1 column 

volume of lysis buffer through. 

Day 4: Cells are then lysed using a high-pressure french press at 1,100psi. Cell lysate 

supernatant is harvested by centrifugation at 14,000rpm for 30mins at 4ᵒC. The supernatant is 

then run through the equilibrated His-column and incubated for 15mins at 4ᵒC (flow-

through). To remove any nonspecific binding 500mL of lysis buffer is run through the 

column (wash). After washing step, protein is eluted using 50mL of elution buffer (500 mM 

Imidazole, 50 mM NaCl, 50 mM Tris-HCl pH 7.9). Protein elution is then dialyzed in 1L of 

1X 50/50 (50 mM NaCl, 50 mM Tris-HCl pH 7.9, and 1mM DTT) using dialysis tubing with 

a MW cutoff of 6-8KDa, overnight at 4ᵒC. Q-sepharose column is then cleaned and 

equilibrated. To clean Q-sepharose resin, run 1 column volume of 1M NaOH through the 

gravity flow column. To equilibrate, run 1L of 1X 50/50 through the column. Samples of the 

flow-through, wash, and elution are analyzed using 12.5% SDS-PAGE analysis (Figure 1) 
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Figure 1: Gel 

Day 5: Overnight dialysis is flowed through the Q-sepharose column without disturbing the 

resin (flow-through). The column is then washed with 75mL of the dialysis buffer (wash). 

During these steps, a salt gradient is prepared. 500mL of 50 mM NaCl, 50 mM Tris-HCl pH 

7.9, and 1mM DTT is the low salt side of the aspirator and 350 mM NaCl, 50 mM Tris-HCl 

pH 7.9, and 1mM DTT is the high-salt side. The column is then connected to the gradient and 

as the salt concentration steadily increases, caspase-3 will elute from the column free of other 

contaminating proteins. Eluting proteins are collected using a fraction collector and the 

presence of protein are determined using Bradford assay. Protein positive fractions are 

analyzed using 12.5% SDS-PAGE analysis (Figure 2). After SDS-PAGE analysis has 

determined caspase-3 is pure, fractions are concentrated to 25mL and then dialyzed in 10 

mM Tris, 100 mM NaCl, and 1mM DTT pH 8.0 at 4ᵒC 
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Figure 3: Gel 

Day 6: Overnight dialysis is further concentrated to crystallography concentrations (5-

8mg/mL) and stored at -80ᵒC. To determine the concentration using Beer’s Law (A=εcl), the 

Absorbance at 280nm is measured using a Nanodrop (1cm pathlength). The extinction 

coefficient (ε) of caspase-3 is 26,500L*cm-1m-1 and the MW of active caspase-3 is 

29,500g/mol. Final concentration is then analyzed using 12.5% SDS-PAGE analysis (Figure 

3). 
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Figure 3: Gel 

B. Crystal Trials 

The first part of setting up a hanging drop vapor diffusion crystal screen for caspase-3 is to 

bind it with a substrate inhibitor. The inhibitor used for caspase-3 and all subsequent mutants 

is AC-DEVD-CMK, which covalently binds to the active site cysteine. The ratio of inhibitor 

to protein is 5:1. 7mg/mL of protein is incubated with 5X AC-DEVD-CMK, 10mM DTT, 

and 100mM Sodium Azide (NaN3) on ice, in the dark for 1hour. During this incubation, the 

24 well plates are prepared with varying pH (4.8-5.2) and PEG6000 percent (2-24%). Each 

well contains the following example: 50uL Sodium Citrate (pH 4.8-5.2), 5uL 1M DTT, 5uL 

100mM NaN3, 100uL 50%w/vPEG6000 (10%), and 340uL crystallography grade diH2O, for 

a total volume of 500uL. After inhibitor incubation, 2uL of inhibited protein is added to the 

coverslip and 2uL of the well buffer is added to the drop for a total volume of 4uL. The 

coverslip is then sealed on the well using petroleum jelly. Each plate is incubated for 3-5 
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days until the appearance of crystals. Using a microscope crystals are picked from the droplet 

using a .1-.2 mm crystallography loop. The picked crystal is then dipped in a cryoprotectant 

that is 20% 2-Methyl-2,4-Pentanediol (MPD) and 80% well solution. The crystal containing 

loop is then transferred to a cryovial and flash frozen in liquid nitrogen. Crystals are stored in 

liquid nitrogen until shipped to the SER-CAT synchrotron beamline (Advanced Photon 

Source, Argonne National Laboratory, Argonne, IL). 

 

C. Activity Assays 

To prepare protein for enzymatic activity measurements, the protein working stock 

concentration is 1uM (for low activity enzymes) or 0.1mM (for high activity enzyme) and is 

diluted using activity buffer150mMTris-HCl, pH 7.5, 50 mM NaCl, 10mM DTT, 1% 

sucrose, 0.1% CHAPS. The caspase-3 substrate (AC-DEVD-AFC) working stock 

concentration is 200uM in activity buffer. AFC standards are needed to make a standard 

curve for data analysis and its preparation can be found in Table 1.  

Table 1 

Final [AFC] 10mMAFC added (uL) Activity Buffer added (uL) 

1 20 180 

2 40 160 

3 60 140 

4 80 120 
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Each assay tube with a substrate concentration gradient from 0-100uM is made as described 

in Table 2. 

Table 2 

[Substrate] uM 100 75 60 50 30 25 20 15 10 0 

Substrate (uL) 100 75 60 50 30 25 20 15 10 0 

1uM Prt. 20 20 20 20 20 20 20 20 20 20 

Activity Buffer 80 105 120 130 150 155 160 165 170 180 

 

The total reaction volume was 200 L and the final enzyme concentration was 10 nM. 

Following the addition of substrate, the samples were excited at 400 nm and emission was 

monitored at 505 nm for 60 seconds in triplicate. The steady-state parameters, KM, and kcat 

were determined from plots of initial velocity versus substrate concentration Figure 4. 
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Figure 4 

 

D. Half-Life 

Half-life activity assays are enzymatic efficiency measurements of a particular enzyme over 

time. Protein and substrate preparation are as described in activity assay section. Each assay 

tube is made as described in Table 3 with a single substrate concentration above the KM of 

caspase-3 

Table 3 

 High Activity Caspase Low Activity Caspase 

Protein (uL) 2 20 

10mM DTT (uL) 2 2 
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10% CHAPS (uL) 2 2 

200uM Substrate (uL) 30 30 

Activity Buffer 164 144 

 

Protein samples were then incubated at 25ᵒC at the following time points; 0, 1, 3, 5, 8, 12, 16, 

24, 30, 48, 54, 72(hrs). Following the addition of substrate, the samples were excited at 400 

nm and emission was monitored at 505 nm for 60 seconds in triplicate. The slope from each 

time point was averaged and normalized using the following formula: 

c(x)=((low signal – c(x-1))/(-high signal + low signal))*100. Were high signal = time point 0 

and low signal is the respective time point. 

Plots were analyzed in KaleidaGraph, and data was fitting to a single (m1*exp(-

m2*m0)+m3;m1=100;m2=(1/2.5e5);m3=5) or double (m1*exp(-m2*m0)+m3*exp(-

m4*m0)+m5;m1=100;m2=(1/.24e4);m3=900;m4=(1/1.5e5);m5=70) exponential function to 

calculate half-life Figure 5. m1= amplitude1 (+ when decreasing signal, - when increasing 

signal), m2= rate1(1/sec), m3 = amplitude2, m4 = rate2, m5 = endpoint, m0 = time (guess). 

Half-life is then calculated using the half-life equation t1/2 = ln(2)/k, where k = rate(s-1) 
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Figure 5 

 

E. In-Gel Trypsin Digest and Peptide Mapping Analysis by Mass-Spec 

The in-gel digest was done based on previously described procedures using Promega 

sequencing grade modified trypsin (porcine) are as follows (Wilm et al. 1996). 

1. Mince gel band with razor blade to about 0.5-1 mm cubes without crushing 

2. Wash gel pieces with acetonitrile/50mM ammonium bicarbonate pH 8.0 (1:1). Use 

200-500uL depending on the volume of the gel pieces; wash 15min. on a rotator. 

Remove supernatant and repeat. 

3. Discard wash and shrink pieces with neat acetonitrile (pieces will turn white and stick 

together). Add enoughacetonitrile to cover the gel pieces. He acetonitrile causes the 

gel to shrink and has the effect of wringing out a sponge. 

4. Discard acetonitrile 
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5. Reduction and alkylation: Add 100uL of 10mM  DTT (dissolved in 50mM 

ammonium bicarbonate pH 8). Incubate 10 minutes at 37ᵒC. add 100uL of 55 mM 

iodoacetamide and incubated 10 minutes at room temperature in the dark. 

6. Remove excess reduction and alkylation mix, wash gel pieces 2 times with 500uL 

of50mM ammonium bicarbonate pH 8.0 

7. Shrink gel pieces the 200uL of neat acetonitrile until they turn white and stick 

together. Remove acetonitrile and swell in 200uL of 50mM ammonium bicarbonate 

pH 8. (repeat 1X) 

8. Shrink gel pieces the 200uL of neat acetonitrile, then remove 

9. Swell gel pieces in 50mM ammonium bicarbonate pH 8 containing 10ng/uL of 

sequencing grade trypsin (Promega). The solution should just be enough to cover the 

gel pieces but not in large excess ~25-35uL. 

10. Digest overnight for 16-18 hours at 37ᵒC 

11. Following digestion, remove the supernatant (which contains most of the peptides) 

surrounding the gel pieces and transfer to another tube. Next, add extraction solution 

of 0.1% formic acid/0.5% acetonitrile just enough to cover gel pieces 25-35uL. 

Vortex and place in a sonicator bath for 5min. Let gel pieces sit in extraction solution 

for 30min vortexing occasionally. Remove solution and combine with an initial 

solution. 

12. Samples are then concentrated to 20-25uL using a speed vacuum. Without going to 

dryness. 

13. Samples are then filtered using a 7µm pore sized Porex filter and loaded into LC 

vials. 



 

158 

 

14. Samples are stored at -20ᵒC until MS analysis. 

Aliquots of each in-gel digested bands were analyzed by liquid chromatography-tandem 

mass spectrometry (LC/MS/MS) using an Easy-nanoLC 1000 UPLC (Thermo Fisher 

Scientific) coupled to an Orbitrap Elite mass spectrometry system (Thermo Fisher Scientific).  

Peptides were separated using a water/acetonitrile/formic acid gradient and an in-house 

packed 75 μm id x 25 cm column packed with 3 μm Magic C18 particles (Michrom 

Bioresources) and were eluted directly into the nano-electrospray source of the Orbitrap.  

Positive ion LC/MS/MS data were acquired using a top-5 data-dependent acquisition (DDA) 

method.  Survey spectra were acquired at a resolution of 60,000, and collision-induced 

dissociation (CID) spectra were acquired using the linear ion trap.  Following acquisition, 

raw LC/MS/MS files were processed using Proteome Discoverer 3.0 (Thermo Fisher 

Scientific) and the resulting files searched against an E. coli protein database containing all 

mutant caspase and putative cleavage product sequences using the Mascot search algorithm 

(Matrix Science)(Cottrell 2011; Dauly et al. 2008).  Database search results were manually 

reviewed in Mascot and were loaded into Scaffold (Proteome Software) for further analysis 

and visualization of match results. 

 

F. P32 ATP incorporation (Phosphorylation of caspase-3 by p38-MAPKα) 

Materials needed: 

0.952mg/ml p38 MAPK (Millipore 14-251) 

dH2O 
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.5mg/ml Casp-3 (~10mL) 

1g ATP 

EGTA 

MgCl 

γ32PATP (0.16mCi/uL) 

Buffer concentration protocols for assay (10mL assay): 

0.1M ATP (4mL) 0.221g in 2.5mL dH2O, 0.1M NaOH to pH 7 to fully dissolve, bring to 

4mL volume, make 100uL aliquots, store at -20°C or -70°C 

0.1M MgCl2 (50mL) 1.02g in 50mL dH2O, filter 

250mM EGTA (50mL) 4,75g in 30mL dH2O, use 10N NaOH to dissolve and pH 7.5, bring 

to 50mL volume, filter 

0.5M Tris.HCl (50mL) 3.03g in 30mL dH2O, use HCl for pH 7.5, bring to 50mL volume, 

filter 

10X reaction buffer (10mL) 5mL of 0.5M Tris/HCl, 8uL of 250mM EGTA, 4.992mL dH2O 

Kinase Assay (200uL): 

10X buffer 20uL (1X final) 

0.1M MgCl2 2uL (10mM final) 

0.1M ATP .34 uL (169.5uM final) 

γ32PATP 1uL(0.8mCi/uL final) 
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0.952mg/ml 0.5uL (4.76ug final) 

X uM casp-3 X uL (0.5mg/mL final) 

diH2O  X uL  

 

 Run assay for 1hr at 30°C water bath 

 Take out 20uL aliquots for gel at time points 0, 10, 20, 30, 40, 50, 60, 75, 90min and 

stop reaction using 6X SDS-Stain buffer (1X final). 

 Run 10uL on 12.5 SDS-PAGe gel at 155V for 65 minutes (Figure 6) 

 After washing, staining, and destaining the gel, exposes to autoradiogram for 24 

hours (Figure 7&8). 

 

Figure 6: Gel 
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Figure 7: Gel with γ32P exposure 

 

Figure 8: Volume of gel with γ32P exposure 

These data indicate that purified active-p38-MAPK does not efficiently phosphorylate 

caspase-3 in vitro. 

G. Cell Culture 
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Materials: RPMI-1640 complete (RPMI-1640 and 10% FBS). DMEM complete (DMEM and 

10% FBS). Sterile PBS. Cell culture grade trypsin. 6-24 well plates, T10, and T25 Flasks. 

70% Ethanol 

K562 cells Day 1: Sterilize everything with 70% ethanol spray before placing into the 

biosafety cabinet. K562 cells (ATCC CCL243, LOT 60814607) cell are thawed (~1mL) in a 

vial in 37ᵒC for 1-2 min immediately after receiving the shipment. Transfer cells to a 15mL 

conical and centrifuge for 5-clicks (~1000RPM) for 1 min. Aspirate off cryo-media gently. 

Add 4mL of heated RPMI-1640 and resuspend the pellet. Transfer cells to 1 well in a 6-well 

plate and label P1 = passage 1. Incubate at 37ᵒC/5% C)2 for 24 hours. 

Day 2: Transfer cells to a 15mL conical and centrifuge for 5-clicks (~1000RPM) for 1 min. 

Aspirate off old media gently. Add 10mL of heated RPMI-1640 and resuspend the pellet. 

Add suspended cells to a T10 flask and incubate at 37ᵒC/5% CO2 for 2 days (P2) 

Day 4: Count cells on a hemocytometer or Cellometer (Nexcelom), by performing a 1:1 

dilution of cells to trypan blue (example 20uL cells + 20uL trypan blue). The cells should be 

around 1.0*10^6 cells/mL. K562 cells are suspension cells that reach max density around 3-4 

days after each passage. To passage or split cells, combined 1mL of P2 cell and 9mL of fresh 

heated media (1.0*10^5cells/mL final (1:10)) in a new T10 flask and incubate at 37ᵒC/5% 

CO2 for 3 days (P3) 

Day 7: Repeat day 4 procedures (P4) 

Day 10: Cell should be around 1.0*10^6 cells/mL. To passage cell for cryo-storage, perform 

a 1:10 dilution of cell in media for a volume of 30mL and add to T75 flask. Incubate at 

37ᵒC/5% CO2 for ~3 days (P5) 
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Day 13: Prepare cryoprotectant bymaking 50mL of RPMI-1640 complete/5% DMSO or 10% 

glycerol. Cells should be around 1.0*10^6 cells/mL for storage. Transfer cells to a 15mL 

conical and centrifuge for 5-clicks (~1000RPM) for 1 min. Aspirate off old media gently. 

Add a volume of cryo-media to yield 1.0*10^6 cells/mL. Label 20 cryo-vials with the 

following: K562, P6, date, cell concentration, cryo-media contents, and your name/initials. 

Put tubes in an isopropanol freezer box and store in -80ᵒCovernight (less than 20hrs). 

Day 14: Transfer frozen cells to liquid nitrogen storage (If possible keep cells in liquid-vapor 

phase). 

HEK293A/T cells Day 1: Sterilize everything with 70% ethanol spray before placing into the 

biosafety cabinet. HEK293 cells are thawed (~1mL) in a vial in 37ᵒC for 1-2 min 

immediately after receiving the shipment. Add thawed cells to 15mL conical and centrifuge 

for 5-clicks (~1000RPM) for 1 min. Aspirate off cryo-media gently. Add 2mL of heated 

RPMI-1640 and resuspend the pellet. Put 4mL of DMEM into two T10 flasks and label with 

P1 = passage 1. Add 1mL of cell suspension to each flask and incubate at 37ᵒC/5% CO2 for 

24-48 hours. Check for confluency each day. Confluency is when adherent cells grow and 

completely (90-100%) cover the bottom of the plate (cloudy). 

Day 3: Heat up media, PBS, and trypsin in the 37ᵒC bath for 30mins. When cells reach 

confluency, wash plate gently with 3mL of PBS to remove non-adherent cells, and dump 

wash. Add 500uL of trypsin to the flask. Pipet up and down gently to ensure trypsin covers 

entire flask bottom. Incubate at 37ᵒC/5% CO2 for ~4min. Check to see that cells are now 

completely free by tilting flask and a clear surface is seen. Add 3mL of DMEM to freed cell 

and gently mix cells. Place suspended cell in 15mL conical and centrifugefor 5-clicks 

(~1000RPM) for 1 min. Aspirate off old media gently. For a 1 in 4 split add 4mL of DMEM 
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to the pelletand resuspend (confluency in 2 days). For a 1 in 6 split add 6mL of DMEM to the 

pellet and resuspend (confluency in 3 days). Add 4mL of DMEM to a new T10 flask and 

then add 1mL of resuspended cells to the flask. Label flask with P2 andincubate at 37ᵒC/5% 

CO2.  

HEK293 cells are cryoprotected and stored as described for K562 cells when they are at ~80-

90% confluent. 

If needed, 75U/uL of penn/strep can be added to media to prevent or treat contamination. 

H. Apoptosis Assays in K562 cells 

Materials: 1mM Staurosporine in DMSO. Annexin-V-FITC and Propidium Iodine kit. 

DMSO 

Day1: Plate 1-2mL of cells in fresh media in a 6-well plate (1.0*10^5cells/mL) using each 

well (3 controls, 3 experimental groups). In the experimental group, add avolume of 

staurosporine to have a 1uM final concentration (1uL/1mL of cells). In the control group, add 

avolume of DMSO equal to the volume of staurosporine added. Incubate at 37ᵒC/5% CO2 for 

72hrs. Count cell growth and viability via trypan blue and measure apoptosis using Annexin-

V/PI kit. 

0, 24, 48, and 72hr time points: Annexin-V/PI staining done according to “FITC Annexin 

V/Dead Cell Apoptosis Kit with FITC Annexin V and PI,for Flow Cytometry” (Invitrogen 

#V13242) 

I. Differentiation assays in K562 cells 
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Materials: 90mM Sodium Butyrate 0.2um filtered (0.1g in 10mL H2O). PBS-F(PBS with 

10% FBS), PBS, 0.4% benzidine dihydrochloride in 0.5M acetic acid. 30% hydrogen 

peroxide. 

Day 1: Plate 6.392mL of cells in fresh media in a 6-well plate (1.0*10^5cells/mL) using each 

well (3 controls, 3 experimental groups). Add 108uL of 90mM Sodium Butyrate to each 

experimental group. In control group add 108uL H2O.Incubate at 37ᵒC/5% CO2 for 96hrs. 

Count cell growthand viability via trypan blue and measure differentiation using anti-

glycophorin-A antibody-FITC ((ab112201), or benzidine staining every 24 hours. 

Prepare cells for antibody staining for flow cytometry by taking a 500uL sample and wash 

cells in PBS. Resuspend cells in ~500uL of PBS-F. Add 0.2ug of anti-glycophorin-A 

antibody-FITC and incubate on ice for 30min. After incubation, wash cells with PBS-F and 

resuspend in equal starting volume and kept cold until analysis. 

Prepare cell for benzidine staining by washing them in PBS. Add 20uL of 30% hydrogen 

peroxide in 1mL of benzidine solution. Mix cells and benzidine/H2O2 solution in a 1:1 ratio 

(0.2% benzidine, 3% H2O2 final concentration) and let incubate for no more than 15min in 

the dark at room temperature. Count 100-300 cells using a hemocytometer. Differentiated 

cells will turn a blue/brown color.  

J. siRNA/Plasmid DNA Transfections 

Materials: 5.2ug/uL of GFP containing plasmid under a human cytomegalovirus (CMV) 

promotor (example – caspase-3-IRES-EGFP in pcDNA3.1(-)). RPMI-1640 (incomplete). 

PBS. ~30mL of cells at 1.0*10^6 cells/mL. 18.5uM 3’-UTR caspase-3 siRNA (Sense strand: 

AGUGAAGCAAAUCAGAAACdTdT). 9.12uM Non-specific control siRNA. 
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First, determine the volume of cells needed to reach 1.0*10^7 cells. Prepare cells by placing 

suspended cells in 15mL conical and centrifugefor 5-clicks (~1000RPM) for 1 min. Aspirate 

off old media gently.Resuspend cells in 10mL PBSandcentrifugefor 5-clicks (~1000RPM) 

for 1 min. Aspirate off PBS gently.Resuspend cells in 1mL of RPMI-1640 (1.0*10^7 

cells/mL final concentration). 

Transfection is done via electroporation (Delgado-Cañ et al. 2006). Add 300uL of cells into a 

0.4cm electroporation cuvette (Biorad). Add 30ug of vector DNA and 500pmol of siRNA to 

the cuvette. (For large-scale experiments use 5-10 cuvettes worth of cells) Let this sit at room 

temperature for 15 min. Using BioRad Gene Pulser Xcell, pulse cells at 350V, 500uF, and 

infinite resistance. This should take about 1 second. After pulsing transfer to an eppendorf 

tube and immediately pellet cells at 13,000g for 30s. Let the pellet sit for 20minutes. After 

incubation, remove media and resuspend pellet in 3mL of RPMI-1640 complete with 

antibiotics. Transfer cells to a 12-well plate and incubate at 37ᵒC/5% CO2 for 1-2hr. Check 

viability using trypan blue exclusion as described above. Electroporation kills a large 

majority of cells and this pelleting procedure increasesthe number of cells that survive. 

After incubation, dead cells are removed using ficoll-paque cleanup kit. Protocols for cleanup 

were done exactly as described in the Ficoll-Paque PLUS kit (GE- 17-1440-02). After 

cleanup plate live cells in RPMI-1640 complete with antibiotics at a concentration of 

1.0*10^5cells/mL and incubate at 37ᵒC/5% CO2for 24-48 hours 

K. Flow cytometry 

Analysis of GFP transfection, apoptosis, and differentiation is all done using the BD LSRII 

flow cytometer. The LSRII is equipped with two lasers; blue (488nM) and red (633nm). For 
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the blue laser, we use the following channels/filters; GFP/FITC (530/30, 505LP) and PE 

(575/26, 550LP). For the red laser, we use the following channel; APC (660/20). All cells 

must be in PBS before analysis at a volume of 400-1000uL. For a single stain analysis, you 

must prepare a sample without the stain/fluorophore (control/blank) and with the 

stain/fluorophore. For a multicolor analysis of two or more, you must make single stain 

controls for compensation of each channel. 

For GFP TX efficiency of differentiation analysis (GPA-FITC) (single fluorophore): 

Untransfected samples were analyzed first to set the voltages and gates. First, create a dot 

plot showing FSC-A (forward side scatter area) vs FSC-H (height) (Figure 9) or SSC-A (side 

scatter) vs SSC-A. This plot is used to ensure your analysis doesn’t contain doublets. The 

voltages for K562 cell (10-15um) gates are as follows; FSC = 400, SSC = 250, FITC = 350-

360, PE = 400-425, and APC = 530. Set gate (P1) so that only tightly packed dots are 

contained in the gate as scattered dots are doublets.  

 

Figure 9 

Next, create a dot plot of FSC vs SSC as shown in figure 10. This is where you will select the 

population that represents your cells. The dots in the far bottom left of the plot is noise/cell 

debris and should be avoided. Gate around the population of cells (P2). 
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Figure 10 

Next, create a histogram of count vs fluorophore (in this case FITC/GFP) as shown in figure 

11. When the FITC/GFP voltage is set correctly, the peak shouldn't cross far over 10^3 on 

the x-axis. After setting the voltage, gate the GFP negative cells (P3) and gate the remaining 

area, which will be the GFP positive cells (P4). For the unstained control, the GFP positive 

gate should have ≤1% false positive (Figure 12). Collect data for ≥10,000 events. 

 

Figure 11 

 

Figure 12 



 

169 

 

Now that the gates are set, load the experimental group sample(s) in a new window. 

Everything except the data is carried over including the gates. Collect data for ≥10,000 

events and the P4 will tell you the percent of GFP positive cells (TX efficiency) (Figure 13). 

 

Figure 13 

For Apoptosis assays (Annexin-V-(FITC/Alexfluor647)-PI) (dual/multicolor experiment): 

For the Annexin-V/PI kit, Annexin-V is an antibody that binds to phosphatidylserine on the 

surface of apoptotic cells and PI (propidium iodide) is a DNA stain that can only cross the 

cell membrane of dead/necrotic cells (Mariño and Kroemer 2013). Unstained controls are set 

up as described above. In this case, make a histogram of each fluorophore being used as 

shown in figure 14 with the respective positive and negative gates. Also, make a dot plot of 
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FITC vs PI (PE) using the quadrant gates ensuring that ≥99% of events are in Q2. Collect 

≥10,000 events. 

 

Figure 14 

Next, load the single stain/fluorophore control. Here is where the compensation controls are 

set up. Because of the emission wavelengths of certain fluorophores, there can be unwanted 

bleed over into other channels which must be corrected. FITC can heavily bleed into the PI 
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(PE) channel and required a 10-20% compensation value (PE - FITC%). PE has a small 

crossover and only requires 2-4% (FITC - PE%). If using Annexin-V-Alexafluor647, the 

compensation value is 2-4% (PE - 647%). Only the channels containing the fluorophore of 

interest should be in the positive gates (Figure 14). Collect ≥10,000 events. 

 

Figure 15 

After setting up each compensation controls, load the experimental group that contains each 

fluorophore. Collect ≥10,000 events. Events found in Q3 as live cells. Events found in Q1 of 
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dead/necrotic cells. Events in Q4 are apoptotic cells. Events in Q2 are dead cells that died via 

apoptosis (Figure 16). 

 

Figure 16 

L. Cell lysis and Western Blots 
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Materials: Untransfected and transfect cells (0.5-1*10^6cells/mL). PBS, IGEPAL-CA630, 

RIPA Buffer (Thermo #89900). Halt™ Protease Inhibitor Cocktail (Thermo #78430). Extra 

thick blot paper (BIO-RAD #1703967). Sequi-Blot PVDF membrane (BIO-RAD #162-

0180). CL-XPosure film (Thermo #34090). X-Ray film cassette. ProSignal-Pico (Prometheus 

#20-300). Recombinant Hsp90. Mouse anti-Hsp90. Mouse anti-caspase-3. Rabbit anti-mouse 

IgG (secondary antibody). 10X TBS buffer 500mL (24.2g Tris base (FW 121.1g/mol) 80g 

NaCl (FW 58.44g/mol) pH 7.6). 10X transfer buffer 500mL (15.14g Tris base, 72.05g 

Glycine (FW75.07g/mol)). Methanol. TWEEN 20. Milk powder 

To test whether the siRNA TX efficiently knocked down caspase-3, the cells must be lysed 

and analyzed by western blot. First, prepare the cells by washing them with PBS in a 15mL 

conical. After washing pellet the cells and remove PBS. Lysis buffer is prepared by 

combining 980uL of RIPA buffer with 10uL of IGEPAL and 10uL of Halt™ Protease 

Inhibitor Cocktail and vortex. Depending on the concentration of cells, add 250-1000uL of 

lysis buffer to pellet. Incubate on ice for 10-30min. After incubation briefly sonicate (4 on 

the dial) for 5-10 sec. Transfer cells to a microcentrifuge tube and centrifuge at 15,000G for 

15min. Transfer supernatant to a new tube on ice and take out an aliquot for Bradford assay 

to determine the total protein concentration. 

After determining the concentration, take out a sample of for two 12.5% SDS-PAGE gels for 

a final protein amount of 75ug per lane. To this sample add SDS stain (1X final) and Hsp90 

(0.1ug final). Boil sample for 30-60s. Run two gels under the same conditions with protein 

ladders. During this time, prepare Western blot buffers. 1X transfer buffer: 20mL of 10X 

transfer buffer, 40mL of methanol, and 140mL of diH2O, and chill on ice. 1X TBST: 30mL 

of 10X TBS, 270mL of diH2O, and 30uL of TWEEN 20 (0.1% final). Blocking buffer: 5mL 
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TBST, 2.5g milk powder (5%), diH2O to 50mL chill on ice. Prepare PVDF membrane by 

first cutting out 2 gel sized membrane and soaking it in 100% methanol for 1-2min. Cut out 

gel sized blot paper (2 per membrane). Place membrane sandwiched between blot papers in 

1X transfer buffer in a tray and incubate in the fridge for ≥20min.  

After the gel is finished, transfer to a container with 1X transfer buffer for 20min in the 

fridge, rocking occasionally. After incubation layer each of the following on the transfer 

machine in this order: blot paper, PVDF membrane, gel, blot paper. Using a test tube, gently 

roll out air bubbles. Pipette some of the transfer buffer into the sandwich to soak it and wipe 

off excess around blot sandwich with kimwipes and close machine. Take machine to the cold 

room and run at 10V for 70min. After run take PVD membrane (ladder side up) and transfer 

to a container with blocking buffer (25mL) and rock in cold room for 20min. Label one 

container Caspase-3 and the other Hsp90 (loading control). After incubation pour off 

blocking buffer and immediately add 10mL of fresh blocking buffer. In each of the 

containers add 10uL (1:1000) of the primary antibody that corresponds to the respective 

label. Incubate on platform rocker overnightor 4 hours at 2ᵒC.  

After overnight incubation make fresh blocking buffer and chill it on ice. Drain the blocking 

buffer from each container and wash 3 times with 20mL of TBST for 5 minutes each in the 

fridge (2-4ᵒC). After washing, drain TBST and add 10mL of blocking buffer to each 

membrane. Add 2uL (1:5000) of the secondary antibody to each membrane and incubateon 

platform rocker for 1 hour at 2ᵒC. After incubation, drain the blocking buffer from each 

container and wash 3 times with 20mL of TBST for 5 minutes each in the fridge (2-4ᵒC). 

Gather materials for X-ray film exposure in dark room: clear paper (ex. Saran wrap), film 

cassette, film, and ProSignal-Pico buffers. In dark room (red light only) mix in a 1:1 ratio 
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each of the ProSignal-Pico buffers in a 15mL conical (for two membranes 8mL total). 

Transfer membrane to clean container, using a kimwipe to gently remove excess buffer. Add 

4mL of ProSignal-Pico mix to the membrane and incubate for 2 minutes. Transfer membrane 

to clear paper, using a kimwipe to gently remove excess solution. Fold clear paper over the 

membrane and place in the film cassette. Next place x-ray film over the membrane (marking 

the orientation) and close cassette. Incubation depends on theintensity of the bands and can 

range from 30sec to 15min. After incubation immediately remove film and place in film 

developer. Well exposed bands can be seen in figure 17. 

 

 

Figure 17 
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