
 
ABSTRACT 

CARTER, RANDI RENEE. A Three-Dimensional Microfluidic Device Coupled with Paper 
Spray Ionization Mass Spectrometry for the Detection of Triazine. (Under the direction of 
Drs. Michael Bereman & David Muddiman). 
 
Mass spectrometry is a powerful analytical method owing to its high sensitivity and 

unparalleled specificity. It is capable of identifying and quantifying various analytes in a 

myriad of matrices. A prerequisite to mass spectral analysis is the ionization step - process of 

converting a molecule to a charged species. Several new techniques have been introduced 

over the last 20 years to improve upon this critically important step. Paper spray ionization 

mass spectrometry (PS-MS), an ambient ionization method, utilizes a paper substrate for 

solid-liquid phase extraction and transport of analytes from complex samples. PS-MS, 

unhindered by the use of lasers, pumps, organic matrices, reduces the need for extensive 

sample preparation and allows for an easier method in analyzing complex samples. 

Microfluidic paper based analytical devices (µPADs) also use paper substrates for the total 

chemical analyses of complex samples. The Bereman laboratory were the first to couple 

paper microfluidics with paper spray mass spectrometry by creating a two-dimensional 

µPAD that significantly improved upon the analytical figures of merit for the detection of 

triazines. This thesis investigates incorporating passive sampling paper and cationic 

exchange technology in the extraction, collection, and detection of triazines in the fabrication 

of a three-dimensional µPAD, building upon the Bereman laboratory’s two-dimensional 

µPAD. When layered together, the device was found to extract and detect triazines from a 

spiked water source overnight using PS-MS at low concentrations producing lengthy 

chromatograms of ion signal with high MMA.   
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CHAPTER 1 GENERAL INTRODUCTION 

1.1 A Brief History of Mass Spectrometry 

Mass Spectrometry, like the majority of its analytical instrument counterparts, was 

born from the field of physics. In 1897, a Cambridge physics professor by the name of  J.J. 

Thomson projected cathode rays into a vacuumed Crooks tube through a series of anodic and 

grounded metal slits and two parallel aluminum plates. With the help of an electromagnet, he 

was able to deflect the rays at an angle allowing him to derive the mass to charge ratio of 

“corpuscles. ” The mass to charge ratio of those negatively charged particles remained 

constant between varying cathode rays and was a thousand times lower than the mass to 

charge ratio of hydrogen ions.1 His experimental investigations into the electrical 

conductivity of gases proved the existence of what was termed earlier as “electrons” by 

George J. Stoney in 1891 and earned Thomson the physics Nobel Prize in 1906.2 In the years 

following, Thomson built the first mass spectrometer that he called a “parabolic 

spectrograph” in which ions were separated by their parabolic trajectories in an 

electromagnetic field, detected by the use of a photographic plate. His student, Francis W. 

Aston, would later improve on the mass spectrometer by increasing mass resolving power 

and mass measurement accuracy allowing for the discovery of 212 different isotopes after 

World War I.3 During the same time, the first electron impact ionization source was 

developed by Arthur J. Dempster at the University of Chicago, which was the first mass 

spectrometer that utilized positive rays.4 The use of isotopes in the Manhattan Project during 

World War II accelerated the evolution of mass spectrometry with the construction of the 

first high-mass resolving double focusing instrument to analyze and separate 235U and 238U 

isotopes that were used in construction of the atomic bombs.5 At the same time, Wolfgang 
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Paul, developed the quadrupole, which is another mass analyzer where magnetic multipole 

fields focus particles two dimensions by acting on the electric dipole moments of the 

particles.6 William E Stephens proposed the first Time of Flight (TOF) mass spectrometer in 

1946 where the ions are separated by the varying velocities in the time it takes for the ions to 

reach the detector.7 At that time, TOF-MS had a relatively limitless mass range and was 

capable of utilizing chromatographic separation with high resolving power and high accuracy 

that was unparalleled until the invention of the Fourier transform ion cyclotron resonance 

(FT-ICR) mass analyzer in the 1970’s.8  

 Even with the improved mass measurement accuracy, increased linear range, and 

their ability to be combined with chromatography since Thomson’s initial mass spectrometer, 

the analysis was only limited to certain analytes.3 At that point in time, ionization only relied 

on the gas-phased collisions between analytes and charged particles. Mass spectrometrists 

were at a loss for transitioning large-biomolecules into the gas phase without decomposition 

or severe fragmentation.9 A “softer” ionization method was developed in the early 1980's by 

Michael Barber called Fast atom bombardment (FAB), where a high velocity beam of gas 

atoms bombarded a solid matrix encasing the analytes of interest, both sputtering and 

ionizing the analytes in a single step.10 The either negatively or positively charged species 

produced in the process are the deprotonated or protonated molecular ions (M-H)- or 

(M+H),+ respectively.11 While FAB-MS is able to transition peptides and other smaller 

biomolecules into the gas phase, FAB cannot ionize biomolecules larger than a few thousand 

daltons.12 
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1.2 ESI and MALDI 

Attempting to overcome the molecular mass limitation, two scientists developed 

“soft” ionization methods that ionized large biomolecules and allowed for complex 

molecules to transition into the gas phase. In 1968, Dole and his colleagues electrosprayed a 

solution of polystyrene in a solvent composition of benzene/acetone using nitrogen gas.  Dole 

found that the solvent evaporated from the charged droplets until the charge density on the 

surface of the sprayed droplets would increase. The increased repulsion forces would exceed 

the forces due to surface tension of the droplet itself, an incidence referred to as reaching the 

Rayleigh limit, causing the droplet to undergo Coulombic “explosions,” birthing smaller 

droplets. The mechanism is shown in Figure 1.1A. In Dole’s electrospray mechanistic 

theory, the Charged Residue Model, this process would occur until a droplet with a single 

charged ion was produced. This process resulted in a sprayed plume of droplets having high 

intensities and narrow velocity distributions.13 In 1984, John Fenn built upon the work of 

Malcolm Dole creating Electrospray ionization mass spectrometry (ESI).14 Fenn used this 

principle in investigating ionization techniques of nonvolatile and complex molecules. Fenn 

introduced a syringe needle full of solution to the skimmer of the mass inlet of a quadrupole 

mass analyzer. A voltage was applied to the capillary causing the droplets emitting from the 

capillary to form a Taylor cone and fly in the horizontal direction towards the mass inlet 

creating a plume of charged droplets, thus allowing charged ions to transition into the gas 

phase.15 Fenn acknowledged and preferred another ESI theory, the Ion Evaporation Model, 

by Iribarne and Thomson, where the field strength of the charged droplet was large enough to 

expel the solvated ion from the droplet.16 Fenn’s work in transitioning large biomolecules 

into the gas phase earned him the Nobel Prize in chemistry in 2002.  
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  Fenn shared the 2002 Nobel Prize in chemistry in the ionization of large biomolecules 

with Koichi Tanaka, who together with Michael Karas and Franz Hillenkamp, developed 

Matrix-Assisted Laser Desorption Ionization (MALDI) technique, Tanaka used it to ionize 

larger biomolecules like carboxypeptidase-A.17,18 In MALDI, the sample is allowed to 

crystallize with acidic matrices like sinapinic acid or 2,5-dihydroxybenozoic acid.19 A UV 

laser pulse strikes the matrix and is absorbed.20 The heat is then transferred to analyte 

creating a hot plume of matrix clusters, both charged and neutral, that erupts from the surface 

as excess heat breaks down the clusters that undergo partial charge neutralization, with 

photoelectrons in the cluster producing singly charged gas phased ions. The actual ionization 

method in MALDI is highly debated on whether the analyte charge is retained in the solution 

when it is co-crystallized with the matrix, or the if a charge transfer occurs during the thermal 

exchange between the matrix and analyte after laser ablation.21 A simplistic overview of both 

the ESI and MALDI ionization mechanisms can be seen in Figure 1.1.  

 

 

 While both ESI and MALDI are able to ionize large biomolecules, there are some 

major disadvantages. Most MALDI instrumentation requires the use of a vacuum with the 
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exception of atmospheric pressure MALDI (AP-MALDI), which allows for the ionization of 

molecules at atmospheric pressure rather than in vacuum at the cost of decreased 

sensitivity.22 Matrix-analyte compatibility and solution ratios are empirical in nature and 

often require method development. Another disadvantage of MALDI is the shot-to-shot 

reproducibility between the analyte’s concentration in the specified matrix location 

undergoing laser ablation. MALDI also only produces singly charged ions, which both limits 

fragmentation in tandem mass spectrometry, and makes it harder to observe larger-massed 

biomolecules in instruments with smaller mass ranges. ESI is susceptible to the limited 

transfer of ions and requires extensive sample preparation in decreasing both the salt 

concentration within the sample and decreasing sample complexity, which can lead to 

decreased sensitivity.23 With such intensive sample preparation, a better method in analyzing 

samples with high throughput in its complex-native form is desired.  

 Ambient ionization methods, where generating ions from their native state occurs 

outside the mass spectrometer, emerged in the early 2000’s, the first invented by Graham 

Cooks in 2004.  Desorption electrospray ionization (DESI) is built upon the ESI principle in 

that it allows the direct analysis of solid phase samples through solvent extraction.24 An 

electrospray mist is projected onto the solid surface where the complex sample resides. The 

spray initially wets the surface where a splash of charged-secondary microdroplets strikes the 

sampling surface, desorbing the analyte, where then the droplet containing analytes bounce 

off the surface. In air, the analytes undergo ionization, following the same mechanisms as 

ESI, where the ions reach the mass inlet for detection.25 Since there is no need to extract the 

analyte from the complex sample, sample preparation decreases allowing for a more rapid 

analysis. Figure 1.2 shows a typical DESI apparatus that utilizes an ESI emitter, nitrogen 
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gas, and the solid phase complex sample. Other methodologies, like Direct Analysis in Real 

Time (DART) ion probe, Atmospheric Pressure Solids Analysis Probe (ASAP) and Matrix-

Assisted Laser Desorption Electrospray Ionization (MALDESI) also reduced the sample 

preparation times and increased sample screening.26-28 While the direct analysis of complex 

samples in ambient air of the previously mentioned methods has its advantages, there are also 

a few disadvantages. DART requires extra sample heating which may cause unwanted 

fragmentation. MALDESI requires the construction of a MALDESI source, which requires 

an ESI spray source and either an IR or UV laser.29,30 Without the complexity of purchasing 

probes or building sources, another ambient ionization method is needed to reduce sample 

preparation and increase complex sample throughput. 

 

1.3 Paper Spray Ionization 

In 2010, Graham Cooks expanded upon the ESI principle by using paper as a 

substrate to directly analyze complex samples. In his first paper published on Paper spray 

ionization (PS), Cooks and his colleagues spotted a microliter sample of blood, spiked with a 

pharmaceutical drug, onto a triangular piece of chromatography paper and allowed the spot 

to dry. The paper was attached to a conductive clip holding the paper’s tip in front of the 

N2 
ESI emitter 

v 

v 

Figure 1.2: A schematic of desorption electrospray 
ionization (DESI) demonstrating solid phase extraction and 
ionization via an electrospray mist.     
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mass inlet. A microliter amount of solvent wetted the blood spot and a voltage of 4.5kV was 

applied. The paper tip of the paper substrate acted like an ESI capillary tip, and it produced a 

plume of droplets undergoing the same ionization mechanism as ESI. Figure 1.3 shows the 

general workflow of paper spray ionization mass spectrometry (PS-MS). Tandem mass 

spectrometry was performed on the ionized drug. Cooks was able to reproducibly measure 

concentrations as low as 0.1 ppb using a soft ionization method that utilized cheap resources 

and small volumes of both samples and solvents while keeping sample preparation at a 

minimum.31    

 

 Cooks was not the first scientist to incorporate the porous substrate into their 

research. In fact, paper has been used in analytical chemistry for centuries.32 Most notably, it 

has been used as a chromatographic substrate, first, in the 1940’s by Archer Martin and 

Richard Synge in the separation of amino acids.33 The scientific popularity of paper is not 

only due to its cheap cost and renewable nature, but also because it is durable with a reactive 

surface. In the synthesis of paper, a pulp of cellulose fibers are matted, pressed, and dried 

together. The result is an entanglement of cellulosic fibers with exposed hydroxyl groups. 

The entangled fibers create a flexible and durable product that has a high tensile strength, 

kV 

Figure 1.3: The general work flow for paper spray 
ionization mass spectrometry (PS-MS) 



 

 8 

while the exposed hydroxyl groups create an extremely hydrophilic-reactive surface capable 

of capillary action.34  

 In PS, the surface of paper allows for the movement of the analyte to the tip of the 

paper substrate through passive transport via capillary action. No pumps or excess spray 

sources are needed in the transport making this method simple but effective. Since its 

conception, more studies have incorporated PS in its analysis in the complex samples of 

blood, biopsied tissue samples, microalgae paste, and a plethora of food samples with more 

and more published studies emerging every year demonstrated in Figure 1.4.36-40  

 

While the simplistic nature of PS has its advantages, the technique suffers from ion 

suppression, insufficient analyte extraction, and limited analysis times due to the loss of 

spray through both the spreading and evaporation of the solvent.40-42 To counter these issues, 

some studies have functionalized the substrate surface through the use of carbon nanotubes 

and silica to increase the surface’s hydrophobicity.43,44 Besides functionalizing the paper 
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surface, the incorporation of solid-phase extraction columns and continuous solvent sources 

have also enhanced PS.45,46 Both the surface functionalization and addition of columns and 

solvent sources only remediate the disadvantages of solvent spreading and insufficient 

analyte extraction. The fore mentioned additions in methodology only complicate the 

substrate without easing any of the sample preparation needed in the complex sample 

analysis. To combat the limitations of PS and improve its versatility, PS would need to be 

coupled to other paper-based methodology, like paper-based microfluidics.  

1.4 Paper Based Microfluidic Devices 

At the end of the 1960’s, a lateral flow assay for the hormone, human chorionic 

gonadotropin (hCG), showed the true power behind simple-miniaturized testing for analytes. 

The pregnancy test became a commercially available at-home test for the colorimetric 

qualitative detection of hCG. While the lateral flow assay is user-friendly, it only offers 

single analyte testing and is not quantitative.47 In 1975, a group from Stanford fabricated the 

first microfluidic device, a device that can manipulate volumes from 10-6 to 10-18 liters.48 The 

device consisted of a capillary column, two injection valves, and a thermal conductivity 

detector, all incorporated onto a five centimeter-diameter silicon wafer substrate that was 

able to quickly separate a mixture of compounds.49,50 The micro gas chromatograph is still 

commercially available, although not widely used in analysis.51 Interest in silicon based 

substrates faded until the 1990’s when Manz and colleagues published the first Micro Total 

Analysis System (µTAS), a device where each element of chemical analysis is miniaturized 

and micromachined onto a single substrate. Instead of gas chromatography, Manz focused on 

liquid chromatography incorporating sample pre-treatment, separation, and detection all on a 

silicon substrate.52 The silicon wafer µTAS was later inspiration for what the Whitesides 
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group from Harvard University would call microfluidic paper based analytical devices 

(µPADs) in 2007. Instead of silicon, a paper substrate was imprinted with photoresist, 

forming barrier walls allowing for the direction of the sample to flow via capillary action to 

the assay zone for colorimetric analysis.48  

µPADs, like their µTAS parent, can incorporate total chemical analysis on their 

surface, also requiring small volumes.53 The paper substrate creates a cheaper device that 

requires microliter volumes.54 µPADs are primarily fabricated by two methods: creating 

hydrophobic zones or cutting the paper to form physical boundaries.55 The hydrophobic 

barriers are created either by printing wax via an inkjet wax printer, mask-patterned by 

photolithography, stamped, or embossed.56-60 The physical paper barriers can be cut by using 

a laser, plotter, or by hand.61-68 The barriers allow for the lateral flow of the sample from 

introduction to detection, however µPADs go beyond two-dimensional analysis. Instead of 

incorporating all the chemical analysis on a single substrate, multiple substrates can be 

layered, each layer having a single purpose in analysis. In this instance, a z-directional flow 

of sample can occur.55 The Whitesides group produced the first three-dimensional µPAD in 

2008 by stacking two laser cut paper layers together. The two layers were permanently joined 

together using cellulose power, water, and adhesive tape. The final product was a device that 

allowed different fluid streams to flow and cross each other without mixing.68 Other devices 

that incorporate folding the paper substrate into a three-dimensional µPAD is called origami 

paper based analytical devices (oPADS). Folding a single layer of paper that contains 

channels, detection, chambers, and electrodes so that the electrodes touch the sample solution 

for detection.69 Using three-dimensional µPADs, colorimetric detection incorporating either 

enzymatic assays, immunoassays, or nanoparticles onto the paper substrate have been used.70-
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72 Electrochemical detection using an amperometry has also been incorporated into three-

dimensional µPADs.73 While an unlimited combination of techniques and methodology can 

be used in the fabrication of µPADs, they all have the same advantages over bench-top 

systems. They reduce amount of reagents and wastes, increase sample throughput, allow for 

portability into the sampling area, and use cheap-renewable resources that can be disposed of 

after a single use.74  

 While µPADs have many advantages, they have a major drawback in detection. Most 

µPADs rely on colorimetric or electrochemical detection methods which lack specificity 

needed in high quality analytical devices.75 It was not until recently, in 2016, that µPADs 

were coupled with the highly powered quantitative method, mass spectrometry. Combining 

the simplistic methods of PS-MS and µPADs, a two-dimensional µPAD was fabricated using 

a piece of triangular filter paper patterned with wax channels via a commercially available 

wax printer. A microliter volume of urine, spiked with illicit drugs, was spotted onto the two-

dimensional µPAD, solvent was introduced, and PS-MS was performed. A sub-ppb 

concentration of the illicit drugs was detected with a low relative standard deviation below 

ten percent.76 In the same year, the Bereman and coworkers at North Carolina State 

University also fabricated a two-dimensional µPAD using a commercially available wax 

printer and filter paper in the detection of rhodamine dye and triazines. Photolithography was 

also examined in masking the filter paper, however, it was found that the fabrication of the 

device was extensive and produced greater background signal compared to the wax-printing 

methods when coupled with PS-MS.77 While both studies used two-dimensional µPADs, 

they focused solely on detection and did not take advantage of the full capabilities that 

µPADs have to offer in terms of sample preparation. Therefore, it is proposed to fabricate a 



 

 12 

versatile, inexpensive, and sensitive three-dimensional µPAD that incorporates complete 

sample preparation with PS-MS detection.  
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CHAPTER 2 ANALYSIS OF PAPER BASED MICROFLUIDIC LAYERS 
 

2.1 Introduction 
 

During the 1930’s, the over tilling of crop fields lead to what would be called “The 

Great Dust Bowl,” after a severe drought and harsh winds disturbed the top soil. The dust 

bowl greatly impacted the economy and was a major contributor to the Great Depression. To 

prevent the devastation from occurring again, scientists synthesized a class of herbicides 

called triazines, a class of molecules containing a nitrogen-substituted heterocycle at the 

center of its structure, in the 1950’s that would reduce the need for tilling.78 After the 

emergence of weeds, farmers spray their crops with triazine herbicides that are known to 

penetrate the soil at about 2-4 inches depending on the season and crop.79 Heavy rainfall and 

irrigation cause the triazines to solubilize into the introduced water and run off into near by 

surface water sources such as lakes and ponds, further contaminating the water table and 

ground water sources.  

Run-off into local water supplies leads to drinking water contamination, and therefore 

exposure to the general population. Recent studies have found that triazines cause an increase 

in birth defects in infants, a possible increased risk in developing thyroid cancer, an increased 

risk of having low birth weights and premature deliveries, as well as possible reduction in 

fertility.80,81 Past studies have also determined triazine concentrations in wells, ground water, 

and surface waters to range from 100ppt to 100ppb, with wells containing lower 

concentrations and surface water sources containing higher concentrations.82 There are 

various methods in analyzing water sources including the “grab” method of water testing 

where a small water sample is collected at a certain time, condition, and depth.  Depending 

on the location, precipitation patterns, and seasons that vary, and often decrease triazine 
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concentrations, the trace analysis of triazines in vast water sources proves difficult and 

requires a sensitive analytical methodology device technology in determining such low 

concentrations unlike the “grab” method that falls prey to varying sampling conditions.83  

 One method in collecting low-concentration samples in water is the use of passive 

sampling technology. Passive samplers take advantage of the difference in chemical 

potentials of the analyte in the sampling medium versus the analyte in the extraction medium, 

allowing for the free flow of the analyte from the sampling medium into the extraction 

medium. The first published use of passive sampling technology was in 1987, and since then 

has come in many forms. The extraction medium can be a porous substrate, chemical reagent 

or solvent.84 The Shea group at North Carolina State University fabricated a patent-pending 

passive sampler. Their composite integrated passive sampler (CIPS) is a paper substrate 

functionalized with both hydrophobic and hydrophilic monomers for the non-selective 

sampling of polar and nonpolar organic molecules. Their CIPS paper has also exhibited 

binding to cyanazine, a known triazine.  

 The CIPS technology uses a cheap-renewable resource, much like that of µPADs. 

µPADs are devices that utilize paper substrates patterned with either physical or hydrophobic 

barriers that channel and direct samples from introduction to detection utilizing capillary 

action. µPADs also utilize small sample volumes and allow for ease of use and reduce 

sample preparation time through either incorporating all chemical steps on a single substrate 

or layering several substrates with varying preparations.55 The incorporation of the CIPS 

technology into µPADs would not only versify the µPAD’s capabilities, it would make the 

µPADs more sensitive as the CIPS induces the concentration effect. When coupled with a 

highly powered quantitative method like mass spectrometry, the CIPS-µPAD would decrease 
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sample preparation and provide a sensitive means in detecting even the lowest ppt 

concentration of triazines. The Bereman laboratory at North Carolina State University has 

already demonstrated that a two-dimensional µPAD can detect triazines using PS-MS and a 

piece of filter paper patterned with wax.77 While it has been shown that the two-dimensional 

µPAD can be coupled with PS-MS for detection, the device fails to incorporate sample 

preparation in extraction and collection of triazines from a water source. Figure 2.1 

illustrates the proposed 3D paper based microfluidic device, and ultimate goal, that 

incorporates extraction, collection, and the PS-MS detection of triazines. The top layer of the 

device induces the concentration effect by absorbing triazines from the vast water source. 

The layer is placed into the water source overnight, or for an extended amount of time, and 

removed from the water where it is washed with solvent. The solvent carries the triazines to 

the collection layer that is able to further concentrate the analytes and allows for elution onto 

the bottom, wax-printed paper spray triangle designed by Murray et al. for quantitative 

detection.77 Here, we demonstrate the elution and detection of triazines using CIPS-µPAD 

and PS-MS.  

 

Figure 2.1: Schematic review and ultimate goal of the 3D microfluidic device 
utilizing passive sampling for analyte extraction from vast water sources, cationic 
exchange for analyte collection, and wax designed filter paper for MS 
confirmation  
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Collection 

Wax Barriered PS-MS 
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2.2 Materials and Methods 

Propazine, atrazine, simazine, terbuthylazine, and D5-atrazine were obtained from 

Sigma-Aldrich (St. Louis, MO). High performance liquid chromatography (HPLC) grade 

methanol and water was from Burdick and Jackson (Muskegon, MI).  Whatman grade 1 filter 

paper sheets were purchased from GE Healthcare Bio-Sciences (Pittsburgh, PA). Cation 

exchange paper was purchased from CTL Scientific Supply Corp (Deer Park, NY). All mass 

analyses were performed either using a Q Exactive Plus Orbitrap mass spectrometer or 

Thermo Finnigan LTQ linear ion trap mass spectrometer (Thermo Scientific, Bremen, 

Germany). UV-Vis Spectroscopy was performed using Biomate 3S Spectrophotometer 

(Thermo Scientific, Bremen, Germany). 

2.2.1 Sample Loss by Layer 

Square pieces of paper with a single wax-printed well were fabricated and stacked on 

a triangular piece of paper with wax-printed barriers. Square pieces were either absent or 

stacked one to three layers high. 10 µL of either a 26 mM solution of propazine or a 9.3 mM 

solution of atrazine were pipetted in the middle of the top well, or the middle of the wax-

printed triangular piece if no layers were present. The layers were physically pressed together 

to allow for vertical transport and held for one minute. Final triangles were cut, loaded with 

50 µL of methanol/water (1:1, v/v) with 0.1% formic acid, and tandem mass spectrometry 

(MS/MS) was performed on either the protonated propazine or atrazine parent ion (m/z 230 

and 216, respectively) using the linear ion trap. The primary fragment ions (m/z 188 and 216 

respectively) were isolated and used to compare each design’s loss per layer. Results were 

for the duration of the spray.  
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2.2.2 Soil Test – Cationic Exchange 

A disc of cationic exchange paper was punched out using a hole punch. The cationic 

exchange disc was placed between a singular piece of both a wax-printed circular well and a 

triangular piece of paper with wax-printed barriers. A sample of fresh soil was collected from 

outside the North Carolina State Toxicology building. A 0.5 ml eppendorf tube was filled 

with soil, approximately 1 gram, and spiked with 100µl of either a 26mM solution of 

propazine or a 9.3mM solution of atrazine and stirred. The sample was allowed to dry in 

ambient air. The complete contents of the eppendorf tube was loaded onto the paper well, 

and the three layers were pressed together and then washed with 100µl of a methanol/water 

solution with (1:1, v/v). The bottom triangle with wax-printed barriers was then cut, loaded 

with 50 µl of methanol/water (1:1, v/v) with 0.1% formic acid, and tandem mass 

spectrometry (MS/MS) was performed on the protonated propazine parent ion (m/z 230) and 

on the protonated atrazine parent ion (m/z 216) using the linear ion trap. The primary 

fragment ions of propazine (188 m/z ) and atrazine (174 m/z) were isolated. A new triangle 

with wax-printed barriers was loaded underneath the cation exchange disc and the soil was 

removed from the top layer. 50µl of a 5% solution of ammonium hydroxide was added to the 

top layer to elute the analyte species. The bottom triangle with wax-printed barriers was then 

cut, loaded with 50 µL of methanol/water (1:1, v/v) with 0.1% formic acid, and tandem mass 

spectrometry (MS/MS) was performed as previously mentioned. Similar analysis using only 

a physical top layer filter (no cation exchange disc) and methanol/water was also conducted. 

All results were recorded for the duration of the spray with each elution condition per analyte 

measured in triplicate.  
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2.2.3 Composite Integrative Passive Sampler Elution 

 The CIPS paper was cut into 3 by 5 inch rectangles and inserted into separate one-

liter 2ppm solutions of propazine, atrazine, simazine, and terbuthylazine where each 3x5 in 

CIPS paper was allowed to sit overnight in each analyte solution. The papers were removed 

and immediately cut into one-inch squares. Each square was placed into a 10 mL vial either 

of 100% methanol, 100% methanol with 0.1% formic acid, 1:1 methanol/water (1:1, v/v) 

with 0.1% formic acid, and 1:1 methanol/water (1:1, v/v) for ten minutes. The CIPS squares 

were then removed and the solvent was analyzed under UV-Vis Spectroscopy at 224 nm 

using the Biomate 3S Spectrophotometer. The spectrophotometer was auto zeroed using each 

solvent composition prior to the composition’s analysis. A 3 by 5 inch CIPS rectangle was 

also placed into a liter of deionized water, cut immediately into one inch squares, placed into 

each solvent composition, removed, and each solvent composition was analyzed using UV-

Vis spectroscopy at 224 nm. All solvent compositions were analyzed in triplicate per analyte.  

The CIPS paper was also cut into 3 by 1 inch rectangles and each placed into separate 

half-liter, 1 ppm solutions of propazine, atrazine, simazine, and terbuthylazine overnight. The 

CIPS paper squares were either immediately cut into one inch squares and inserted, or 

allowed to dry in ambient air conditions and then cut into one inch squares prior to insertion, 

in 10mL of 1:1 methanol/water (1:1, v/v) for ten minutes. The squares were removed and 

each solvent solution underwent UV-Vis spectroscopy at 224nm auto zeroing the instrument 

using 1:1 methanol/water (1:1, v/v). Both elution methods were performed in triplicate for 

each analyte.  
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2.2.4 Coupling CIPS with Wax Designed PS-MS Detection 

 Separate half-liter 3 ppb solutions of propazine, atrazine, simazine, and terbuthylazine 

were allowed to sit overnight, each containing a 3 by 1 inch piece of CIPS paper. The CIPS 

papers were removed, allowed to dry, and then cut into one inch squares. The squares were 

inserted into 10mL of 1:1 methanol/water (1:1, v/v) for 10 minutes. The squares were then 

removed and 10 µL of solvent solution was spotted onto the wax-designed paper spray 

triangle. The paper triangle was then cut, loaded with 50 µl of methanol/water (1:1, v/v) with 

0.1% formic acid, mass spectrometry was performed on the protonated analyte species and 

tandem mass spectrometry (MS/MS) was performed on the parent ions for propazine  (m/z 

230), atrazine (m/z 216), simazine (m/z 216), and terbuthylazine (m/z 230). Mass 

spectrometry detection was performed in triplicate for each analyte using the Q Exactive 

mass spectrometer.   

2.2.5 Characterizing the Atrazine Response using CIPS-µPAD 

 A 4 by 2 inch CIPS piece of paper was placed in a 3ppb solution of atrazine 

overnight. The CIPS paper was removed, allowed to dry, and then cut into two 4 by 1 inch 

rectangles. One of the rectangles was cut into 4-one inch squares and each square was spotted 

with 10µL of 13µM D5-atrazine. The spots were allowed to dry, the squares were inserted 

into 10mL of 1:1 methanol/water (1:1, v/v) for 10 minutes, and then the squares were 

removed. 10µL the atrazine-solvent solution was spotted onto the wax-designed paper 

triangle. The paper triangle was then cut, loaded with 50 µl of methanol/water (1:1, v/v) with 

0.1% formic acid, and mass spectrometry was performed on both the protonated atrazine (m/z 

216) and protonated D5-atrazine (m/z 221) species. The other 4 by 1 inch rectangle was also 

cut into 4-one inch squares, but was then directly inserted into 10mL of 1:1 methanol/water 
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(1:1, v/v) for 10 minutes. The squares were removed and 10µL of the atrazine-solvent 

solution was spotted onto the wax designed paper triangle and allowed to dry. 10µL of 12 

pM D5-atrazine was spotted onto the triangle and also allowed to dry. The paper triangle was 

then cut, loaded with 50 µl of methanol/water (1:1, v/v) with 0.1% formic acid, and mass 

spectrometry was performed in the same manner as described above. Mass Spectrometry was 

performed four times for each internal standard method using the Q Exactive mass 

spectrometer.  

A 3 by 1 inch CIPS piece of paper was placed in a 0, 5, 10, 50, and 500ppb solution 

of atrazine overnight. The CIPS paper was removed, allowed to dry, and then cut into inch by 

inch squares. Each square was spotted with 10µL of 13µM D5-atrazine. The spots were 

allowed to dry, the squares were inserted into 10mL of 1:1 methanol/water (1:1, v/v) for 10 

minutes, and then the squares were removed. 10µL the atrazine-solvent solution was spotted 

onto the wax-designed paper triangle. The paper triangle was then cut, loaded with 50 µl of 

methanol/water (1:1, v/v) with 0.1% formic acid, and mass spectrometry was performed on 

both the protonated atrazine (m/z 216) and protonated D5-atrazine (m/z 221) species. Mass 

Spectrometry was performed in triplicate for each internal standard method using the Q 

Exactive mass spectrometer 

2.3 Results and Discussion 

2.3.1 Sample Loss Per Layer Test 
  

While having multiple- sample preparative layers within the device will lead to both 

ease of use and lower sample preparation times, the loss of analyte between the layers is 

concerning when dealing lower concentrations within complex samples. Figure 2.2A shows 

the workflow for determining the amount of sample lost between the layers of a simple three-
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dimensional µPAD containing the wax-printed paper spray triangle, and three layers of filter 

paper wax-printed with wells. Unlike other three-dimensional µPADs that use cellulose 

power or adhesive compounds to join its layers68.85, our 3D microfluidic device utilizes the 

physical contact between layers to encourage the z-direction sample flow between the layers, 

much like the contact methods prevalent in origami-paper based devices (oPADs) created by 

Richard Crooks.86 It should be noted that although the layers were designed to directly sit on 

top of each other and provide a straight vertical route for sample flow, layers occasionally 

“slid” off each other leading to failed runs. Also, if the sample wells were not equal in size 

then the sample fluid did occasionally “spill” out and sit between the wax-printed layers. In 

total these types of errors occurred in less than 5% of all runs. Due to this potential for 

increased human error with each subsequent layer added, a maximum of three paper layers 

were used. 
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 To determine the sample lost per layer, 10 µL of a neat sample containing either 26 

mM propazine or 9.3 mM atrazine was spotted onto the top layer, the device was held 

together for one minute to allow the sample to vertically flow to the bottom “direct analysis” 

layer. The direct analysis layer was then cut and analyzed in triplicate. The average peak area 

at each layer can been seen in Figure 2.2B and C for propazine and atrazine, respectively. A 

linear regression was also performed to determine the rate of sample loss. With both 

compounds, there was a highly correlated (R2 > 0.93) decrease in total peak area with the 

addition of subsequent layer. Loss between sequential layers ranged from 34-73%, and 

between direct analysis layer and 3 layers, roughly an order-of-magnitude in peak area was 
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Figure 2.2: (A) Schematic of device used to determine sample loss by paper 
layer, with layers labels. Average peak area by layer and R-square coefficient 
for  (B) Propazine and (C) Atrazine. Standard error bars are included for each 
layer.  
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lost. This loss is significant to note, as triazine concentrations in complex water sources range 

from lower ppt to ppb and an order-of-magnitude loss could prove to be significant to their 

detection.  

2.3.2 Soil Test – Cationic Exchange 

To minimize the amount of sample lost per layer and potential reduction in peak area 

loss, the layers above the direct analysis layer should act as sample extraction and collection 

layers to increase triazine absorption and elution from complex samples. Figure 2.3A and B 

show the three-dimensional µPAD that incorporates a physical filter layer for soil placement 

allowing for both soluble compounds, including those spiked in propazine and atrazine, to 

freely move to the second layer with the removal of large particulate. A cationic exchange 

disk was used as the second layer for analyte collection, and the bottom layer consisted of 

wax-printed paper triangle for PS-MS. It should also be noted that the second layer, the 

cation exchange disc, is significantly thicker than the Whatman Grade 1 filter paper and 

presumably has a decreased porosity due to the derivatized cellulose fibers. As mentioned in 

the previous section, this physical stacking proved to be laborious and prone to the 

occasional slipping error. A solution of 5% ammonium hydroxide was used to competitively 

elute the bound pesticide. A common concern with paper-based technologies is their stability 

under different solvent systems. Therefore, it should be noted that the addition of 5% 

ammonium hydroxide showed no adverse effects to either the paper or the wax-printed 

barriers.  
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While in theory the wash collection should not contain detectable amounts of the 

pesticide, as it should have been collected in the cation exchange disc, it is possible that 

saturation of the disc led to fluid moving “around” the disc and being absorbed into the direct 

analysis layer. A third set of analyses was performed by washing the soil through the 

physical filter without an intermediate cation exchange disc. This was done to assess the 

effectiveness of analyte collection via the cationic exchange layer. Peak areas of the primary 

transition ions for propazine (m/z 188) and atrazine (m/z 175) were collected under each 

condition and in triplicate to compare detection capabilities, as seen in Figure 2.3C and D. 
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Figure 2.3: (A) Schematic review of 3D cationic exchange device (B) Images of 
loaded soil sample on the device (C) Propazine fragment ion (188 m/z) peak area by 
condition (D) Atrazine fragment ion (175 m/z) peak area by condition. Stars (*) 
represent the degree of significance in difference between conditions: (*, p > 0.05) and 
(***, p < 0.01).  
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For propazine, there was an insignificant, (p =0.67) difference in the peak area between the 

wash and physical filter conditions. Both condition’s average peak area was over two orders-

of-magnitude less than the elution’s. The difference in peak areas between the elution 

condition and both the wash and physical filter were very significant (p << 0.01). For 

atrazine, the difference between peak areas for all conditions were very significant (p << 

0.01), with the elution condition’s peak areas also having two orders-of-magnitude larger 

than the physical filter and wash conditions. For both propazine and atrazine, the use of an 

intermediate cationic exchange layer allows for peak areas two-orders- of magnitude larger 

when compared to just using a physical filter layer and direct analysis layer. This proves that 

the use of cationic exchange can be used as a collection layer to concentrate the amount of 

triazine analyte eluted onto the direct analysis layer for PS-MS.   

2.3.3 Composite Integrative Passive Sampler Elution 

Using cationic exchange as a means of analyte collection for improved device 

performance also allows for device versatility for the collection of triazines elutants from 

complex samples, including water sources. At North Carolina State University, a patent-

pending sampling technology has been developed for the passive sampling of organic 

molecules from vast water sources. The (CIPS) contains both hydrophobic and hydrophilic 

monomers bound to a paper surface that exhibits bonding to polar and nonpolar organic 

molecules. The CIPS paper can be placed in a water source and left for an extended amount 

of time. The absorption of the molecules from water will continuously take place until either 

the flow of the analyte molecules between the sampling medium and analyte source reaches 

equilibrium, or when the CIPS is removed from the source.87 The CIPS paper is also known 

to bind to cyanazine, another herbicide in the class of triazines, with the cyanazine absorption 
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proportional to the amount of time the CIPS paper is present in the water source. Since the 

CIPS paper has been shown binding to other triazines, and can be placed in vast water 

sources extracting molecules at low-level concentrations, the CIPS paper has the potential to 

extract propazine, atrazine, simazine, and terbuthylazine for quantitative MS detection using 

our proposed 3D paper based microfluidic device.  

To optimize the amount of triazines extracted from the CIPS paper, CIPS paper was 

allowed to sit, overnight, in 2ppm neat solutions of propazine, atrazine, simazine, and 

terbuthylazine. The papers were removed, cut, and immediately placed into four different 

solvent composition types: 100% methanol, 100% methanol with 0.1% formic acid, 1:1 

methanol/water (1:1, v/v) with 0.1% formic acid, and 1:1 methanol/water (1:1, v/v) for ten 

minutes. The papers were removed and the solvents were analyzed for each triazine in 

triplicate using UV-Vis spectroscopy. Due to the nitrogen substituted heterocyclic core of the 

triazines, they were analyzed at 224 nm.88 Figure 2.4A shows the average absorbance per 

solvent composition for each analyte. A single factor ANOVA analysis showed that 

absorbances for each solvent composition were significantly different for propazine 

(p=0.006), atrazine (p=6e-7), simazine (p=2e-9), and terbuthylazine (p=5e-7). The 1:1 

methanol/water (1:1, v/v) having the highest average absorbance for atrazine, simazine, and 

terbuthylazine. Upon closer examination, the average absorbance per solvent composition for 

propazine, when compared to the 1:1 methanol/water (1:1, v/v) composition’s average 

absorbance, showed (p >> 0.05) statistical equivalence, indicating that all solvent 

compositions produced statistically equivalent absorbances for propazine. The 1:1 

methanol/water (1:1, v/v) solvent composition eluted the greatest amount of triazines from 

the CIPS paper and therefore will be used in future experiments.  
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The optimization of CIPS paper methodology also determined more specific method 

steps in analyte elution to model real world conditions. CIPS papers were placed in 1ppm 

neat solutions of propazine, atrazine, simazine, and terbuthylazine overnight. The papers 

were removed and either allowed to dry before, and then inserted into 1:1 methanol/water 

(1:1, v/v), or were immediately cut and placed into 1:1 methanol/water (1:1, v/v). The papers 

were removed from the solvent after 10 minutes and analyzed in triplicate under UV-Vis 

spectroscopy at 224nm. Figure 2.4.B shows the average absorbance for both the wet and dry 

method for each analyte. Between each method for each analyte, there was a significant 

difference in absorbance, propazine (p=0.009), atrazine (0.001), simazine (p=0.0001), and 

terbuthylazine (p=0.0009), with the wet method having almost double the absorbance than 

the dry method. This indicated that the wet method carried extra analyte that was not allowed 

to evaporate with the solvent producing a higher absorbance for each triazine. While this 

result was expected, the ideal elution method cannot be realistically achieved. The proposed 

3D paper based microfluidic device is to be brought out into the field where North Carolina 

summers tend to reach almost 38°C. The CIPS paper, once taken out of the water source, will 

quickly dry in the outside conditions before sample extraction and collection can begin. To 

simulate real-world sample extraction and collection, the CIPS paper will be allowed to dry 

before washing the layer with the 1:1 methanol/water (1:1, v/v) solvent composition.   
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2.3.4 Coupling CIPS with Wax Designed PS-MS Detection 

 With the CIPS elution methodology optimized, the extraction layer was added to the 

wax-printed paper spray triangle for the MS detection of propazine, atrazine, simazine, and 

terbuthylazine. According to the Safe Water Drinking Act established by the EPA, the 

reported maximum contaminant levels (MCL) in drinking water for atrazine and simazine are 

3 and 4ppb, respectively.89-90 To detect real-world concentrations of triazines, the lower 3ppb 

MCL concentration was chosen. The CIPS papers were placed into neat solutions of the 

Figure 2.4 : (A) Average absorbances for propazine (red), atrazine 
(orange), simazine (yellow), terbuthylazine (green) and deionized 
water (black) (B) Average absorbance for Wet (solid black) versus dry 
(striped) elution from the passive sampler device using 1:1 MeOH-
Water. Stars (*) represent the degree of significance in difference 
between conditions: (***, p < 0.01).  
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triazines overnight, removed, allowed to dry, cut, and placed into 10mL of 1:1 

methanol/water (1:1, v/v). Figure 2.5A shows the workflow for the triazine elution and MS 

detection where the CIPS papers were then removed and 10µL of the solvent solution was 

spotted onto the wax-printed direct analysis layer. The spot was allowed to dry, the paper 

was cut, and then 50 µL of 1:1 methanol/water (1:1, v/v) with 0.1% formic acid was spotted 

onto the layer. Tandem mass spectrometry (MS/MS) was performed on the parent ions for 

propazine  (m/z 230), atrazine (m/z 216), simazine (m/z 216), and terbuthylazine (m/z 230) for 

the conformation of detection. MS1 spectra were analyzed for the protonated parent ion in 

triplicate. Figure 2.5B shows the average peak areas and relative standard deviation for all 

four triazine species. The relative standard deviations were below 20% for all triazines. 
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Figure 2.6 shows an extracted ion chromatogram for atrazine where the data was recorded 

for the duration of the spray produced from the wax-printed triangle tip. The NL for the 

duration of the of the spray was about 10e6 and each chromatogram averaged about 10 

minutes in length for 10µL of 3ppb samples producing large peak areas between 2 and 8e7..  
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Figure 2.5: (A) Paper spray technique incorporating the passive 
sampler device for triazines with a concentration of 3 ppb (B) The 
average triazine peak area with relative standard deviation 
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Figure 2.7 shows the MS/MS spectra for the triazines. Each analyte’s mass measurement 

accuracy (MMA) was less than one ppm having primary and secondary transition ions that 

corresponded to documented MS/MS spectra.91  Coupling CIPS with the wax-printed PS 

analysis triangle indicates that a device can be assembled for the detection of triazines the 

produces a lengthy chromatogram with ample amount of signal and high MMA.  

Figure 2.6: The PS-MS extracted ion chromatogram of atrazine at 
3ppb 
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2.3.5 Characterizing the Atrazine Response using CIPS-µPAD 

 The MS detection of propazine, atrazine, simazine, and terbuthylazine when coupled 

with the CIPS and wax-printed analysis triangle show promising results in creating an 

analytical tool; however, a good measure of any analytical tool is whether it can 

quantitatively detect analytes. More specifically: a linear response to increasing 

concentration. To decrease the systematic error between paper sprays, whether each paper tip 

is cut at the same exact angle, or whether that tip is angled at the mass spectrometer inlet 

between sprays, the use of an internal standard was explored to decrease variability between 

sample analyses. To determine when to introduce the internal standard to the known 

concentration of atrazine, CIPS paper was allowed to sit overnight in a solution of 3ppb 

Figure 2.7: The MS/MS spectra and structures of atrazine (A) propazine (B) 
terbuthylazine (C) and simazine  (D) 
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atrazine. The paper was removed, allowed to dry, and cut. One set of squares was spotted 

with D5-atrazine before placing the squares in 10mL of 1:1 methanol/water (1:1, v/v). The 

other set of squares were immediately placed into the elution solvent. The squares were 

removed after ten minutes. To the solvent that extracted atrazine without the introduction of 

the internal standard, 10µL of the solution was spotted onto the wax-printed analysis triangle, 

then the D5-Atrazine internal standard was spotted. In both instances, the ratio of atrazine to 

D5-Atrazine was 10:1. The peak areas for both protonated parent ions of atrazine (m/z 216) 

and D5-Atrazine (m/z 221) were analyzed in four replicates.  The peak area ratio of atrazine 

to D5-Atrazine was averaged per method and was for adding the D5-Atrazine solution before 

elution and before PSMS respectively. The percent RSD for adding the D5-Atrazine solution 

before elution and before PSMS were 6% and 27%, respectively. An F-test for variability 

indicated a significant (p=0.003) difference in variation. The ratios of atrazine to D5-Atrazine 

were not 10, which could be caused by the serial dilution of D5-Atrazine in deionized water, 

or the chromatographic properties of the filter paper used as the base for the wax-printed 

analysis triangle. Figure 2.8 shows the same sample analysis chromatogram for the 3ppb 

atrazine standard with the adding of the D5-Atrazine solution before elution. The D5-Atrazine 

peak is prevalent during the beginning of the chromatogram, while the atrazine peak is 

prevalent in the latter half of the chromatogram. While the analyte of interest and its 

deuterated form do not elute off the paper substrate concurrently, spotting the D5-Atrazine 

solution before atrazine elution from the CIPS paper had lower variability and was 

reproducible. Therefore spiking the CIPS paper prior to elution will be the internal standard 

method for the linear characterization of our 3D paper based microfluidic device.  
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 To determine if coupling CIPS paper with the wax-printed analysis triangle and 

PSMS could produce a linear response, CIPS paper was allowed to sit overnight in atrazine 

solutions ranging from 0-500ppb. The papers were removed in the same fashion as 

mentioned above, the D5-Atrazine was spotted, the analyte was eluted and was analyzed 

using PSMS using the wax-printed analysis triangle as mentioned previously for both the 

atrazine and D5-Atrazine protonated parent ions. The peak area ratios were analyzed in 

triplicate. Figure 2.9 shows the average peak area ratio of atrazine to D5-Atrazine versus the 

standard atrazine concentration and the linear regression produced. The R2 coefficient of 

0.9432 indicates that coupling CIPS paper and the wax-designed barrier triangle with PSMS 

can produce a relatively linear response.  
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Figure 2.8: The PS-MS chromatogram of a single sample containing 
atrazine (purple) and D5-atrazine (blue)  
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2.4 Conclusions  

 Paper based microfluidic devices utilize paper substrates and capillary action in the 

detection of analytes. While layering multiple layers improves the versatility of the device, 

the addition of layering subsequent paper substrates reduces sample amount by about 56%. 

With such a large reduction in sample per substrate layer, the concern for loss in µPAD 

sensitivity grew. Testing a complex soil sample spiked with triazines eased the concern when 

cationic exchange was implemented as an extraction and collection layer in the three-

dimensional µPAD. Utilizing cationic exchange induced the concentration effect, resulting in 

signal two orders of magnitude larger than solely using filter paper as a collection medium. 

Since triazines are present in drinking water at ppt to ppb concentrations, a sensitive-versatile 

µPAD device is required in their collection, extraction, and detection.  The CIPS technology 

developed by the Shea group was able to elute the triazines using a 1:1 methanol/water 

solvent composition while the CIPS paper substrate was both wet and dry. Since sampling 

triazines at local North Carolina water sources are usually done in hot, sunny climates, 
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Figure 2.9: Atrazine solutions with D5-Atrazine internal standard 
spotted directly onto the passive sampler device. A peak area ratio of 
atrazine to D5-atrazine was used. The solutions ranged from 0 to 500 
ppb, 0-2310 fmol PSMS.   
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analyzing the CIPS paper would be unrealistic in methodology. Analyzing dried triazine-

bound CIPS paper, when coupled with the two-dimensional µPAD designed previously in the 

Bereman laboratory, still allowed for an abundant ion signal for ten minutes at low-3ppb 

concentration having MMA’s lower than 1ppm. When spiking varying atrazine 

concentrations with a deuterated internal standard, the ratios were able to produce a relatively 

linear, R2 of 0.94, response using CIPS-µPAD coupled with PS-MS. Triazine elution and 

detection via CIPS and developed µPAD substrates, having shown great sensitivity and 

reproducibility, would improve the versatility of our proposed three-dimensional µPAD in 

the detection of triazines in vast water sources.  
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CHAPTER 3 ASSEMBLING THE PAPER BASED MICROFLUIDIC DEVICE WITH 
MASS SPECTROMETRY DETECTION 

 
3.1 Introduction 

 
Micro Total Analysis Systems (µTAS) are micromachined devices that incorporate 

total chemical analysis in sample preparation and detection on substrates like silicon. The 

micromachined device reduces the amount of reagents used, sample needed, and waste 

produced.74 A daughter class of devices, paper based microfluidic devices (µPADS), utilizes 

a paper substrate instead of a silicon wafer, even reducing the costs of production in that is 

uses a renewable resource that is also disposable. µPADS, like µTAS, can be fabricated in 

such a manner that its surface is a total chemical analysis system utilizing the capillary action 

for the passive flow of the sample between each chemical analysis. Physical or hydrophobic 

barriers can be cut or printed, respectively channeling and directing such lateral flow. While 

two-dimensional µPADs have their chemical analysis on one substrate layer, multiple 

substrates can be layered each having their own method step in sample analysis using both 

lateral and vertical flow.55 These ease-of-use devices have been coupled with both 

colorimetric and electrochemical detection, and recently, have been coupled with paper spray 

ionization mass spectrometry (PS-MS) in the sensitive detection of both illicit drugs and 

triazines.47,75,73,77,76 The µPADs described in these studies only utilize wax-printed barriers on 

a two-dimensional µPAD substrate only limiting the layer’s function to PS-MS detection. 

While a linear response was characterized for the two-dimensional µPAD in the analysis of 

illicit drug standards using deuterated forms of the analytes as internal standards, the µPAD 

did not incorporate sample preparation in their device fabrication. Nanoparticles, assays, 

nafion membrane filters, and cationic exchange have all been used in the sample preparative 
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steps for µPADs.71-73, 92-93 Using such a method of extraction, like cationic exchange, not 

only would increase the sensitivity of the µPAD, it could act as a collection substrate for the 

sampling medium. Triazines, a class of herbicides, ended up in local drinking water supplies 

after heavy rain wash the herbicides from the crop soil. Exposure to triazines cause a myriad 

of birth defects and gestational issues, as well as possibly increases the risk of thyroid cancer 

in humans even when exposed to low ppb concentrations.80,81 Wells, ground water, and 

surface waters to range from 100ppt to 100ppb requiring the need for a sampling medium in 

such vast water supplies.82 The Damian Shea group at North Carolina State University have 

created a composite integrated passive sampler (CIPS), a paper substrate functionalized with 

both hydrophobic and hydrophilic monomers for the non-selective sampling of polar and 

nonpolar organic molecules. This patent pending technology has already demonstrated the 

absorbing of a triazine molecule, cyanazine. The CIPS can be placed in a vast water source 

for an extended amount of time and the analyte can be eluted from the paper substrate with 

copious amounts of solvent creating a need for a collection medium if the CIPS technology is 

to be incorporated into the three-dimensional µPAD. Here we would like to demonstrate the 

incorporation of CIPS technology, cationic exchange, and wax-printed filter paper in the 

fabrication of a three-dimensional µPAD, and characterize the linear response of atrazine 

using a deuterated internal standard. 

3.2 Materials and Methods 

Atrazine and D5-atrazine were obtained from Sigma-Aldrich (St. Louis, MO). High 

performance liquid chromatography (HPLC) grade methanol and water was from Burdick 

and Jackson (Muskegon, MI).  Whatman grade 1 filter paper sheets were purchased from GE 

Healthcare Bio-Sciences (Pittsburgh, PA). Cation exchange paper was purchased from CTL 
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Scientific Supply Corp (Deer Park, NY). All mass analyses were performed using a Q 

Exactive Plus Orbitrap mass spectrometer (Thermo Scientific, Bremen, Germany). UV-Vis 

Spectroscopy was performed using Biomate 3S Spectrophotometer (Thermo Scientific, 

Bremen, Germany). 

3.2.1 Implementing Cationic Exchange 

A 3 by 3 inch CIPS paper was allowed to sit overnight in a liter solution of 1ppm of 

atrazine. The paper was removed, allowed to dry, and cut into one-inch squares. The squares 

were separated into 3 groups for each solvent type tested: methanol/water (1:1, v/v) with 

0.1% formic acid, methanol/water (1:1, v/v), and methanol/water (1:1, v/v) with 0.1% formic 

acid added after analyte elution. The squares were each inserted into 10mL of each solvent 

and were removed after 10 minutes. 10 µL of formic acid was added to one methanol/water 

(1:1, v/v) solvent composition and mixed. Hole-punched cation exchange disks were then 

inserted into the atrazine-solvent for 10 minutes and were the removed, allowed to dry, and 

then inserted into 5% ammonium hydroxide for 10 minutes. The disks were removed and the 

ammonium hydroxide solutions were analyzed under UV-Vis spectroscopy at 224nm auto 

zeroing the instrument with 5% ammonium hydroxide.  

3.2.2 Characterizing the Linear Response of the Proposed 3D µPAD 

A 3 inch by 1 inch CIPS piece of paper was placed in a 0, 5, 10, 50, and 500 ppb 

solution of atrazine overnight. The CIPS paper was removed, allowed to dry, and then cut 

into inch by inch squares. Each square was spotted with 10µL of 13µM D5-atrazine. The 

spots were allowed to dry and the squares were folded in half and placed on top of a hole-

punched cationic exchange disk physically pressed together using an index finger and 

thumb.10mL of 1:1 methanol/water (1:1, v/v) the washed over the two layers and the CIPS 
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paper was removed. The cationic exchange disk was allowed to dry and was then placed on 

top of the wax-printed PS triangle. 50 µL of 5% NH4OH was aliquoted on top of the cationic 

exchange disk. The disk was then removed and the wax-barrier PS triangle was allowed to 

dry. It was then cut, loaded with 50 µL of methanol/water (1:1, v/v) with 0.1% formic acid, 

and mass spectrometry was performed on both the protonated atrazine (m/z 216) and 

protonated D5-atrazine (m/z 221) species. Mass Spectrometry was performed in triplicate for 

each internal standard method using the Q Exactive mass spectrometer.  

3.3 Results and Discussion 

3.3.1 Implementing Cationic Exchange 

 Figure 2.1 shows the overall proposed 3D paper based microfluidic device in the 

extraction, collection, and detection of triazines. We have shown that both the extraction and 

detection layers, the CIPS paper and the wax-printed analysis triangle, respectively, can be 

coupled in the detection of triazines. So far, the solution with the eluted triazines has been 

spotted in 10µL volumes directly onto the wax-barrier analysis triangle simulating the 

layered nature of the proposed device. The real nature of the device involves the swift 

analysis of the triazines by holding the CIPS paper over a collection layer, washing the CIPS 

layer with the elution solvent, removing the CIPS layer and placing the wax-printed layer 

underneath the collection layer, and eluting the analytes from the collection layer onto the 

wax-designed layer for PSMS. Currently, there is no collection layer, the 10 mL solvent used 

in eluting the triazines from the CIPS paper would directly soak into the wax-printed analysis 

layer and completely render it useless. In the soil exchange test, we demonstrated that 

cationic exchange could be used as an intermediate collection layer; however, cationic 

exchange requires the presence of a charged particle to participate in the extraction. This is 
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cause for concern because the elution solvent used in washing the triazines from the CIPS 

layer is the non acidic 1:1 methanol/water (1:1, v/v), which will not donate a proton for the 

cationic exchange to occur. In Figure 2.4A, 1:1 methanol/water (1:1, v/v) with 0.1% formic 

acid was also evaluated in the elution of triazines from the CIPS paper. Here it will be 

reevaluated for the use in the extraction and detection of atrazine. CIPS paper was allowed to 

sit overnight in a 1ppm solution of atrazine, the paper was removed and dried and inserted 

into either acidic or non-acidic 1:1 methanol/water (1:1, v/v). The papers were removed, and 

formic acid was added to one solution of non-acid 1:1 methanol/water (1:1, v/v).  A hole 

punched cationic exchange disk was inserted for ten minutes, removed, dried, and then 

inserted into 10mL of 5% ammonium hydroxide. The disks were removed and the 

ammonium hydroxide solutions were analyzed under UV-Vis spectroscopy at 224nm in 

triplicate. Figure 3.1 shows the absorbance per type of 1:1 methanol/water (1:1, v/v) solvent. 

A T-test compared the absorbances for the non-acidic to acidic elution methods and found a 

significant (p= 0.40) statistical equivalence. This equivalence could be contributed to the 

strengths each composition possesses at each layer. The non-acidic 1:1 methanol/water (1:1, 

v/v) composition produced the highest absorbance for the triazines elution from the CIPS 

paper shown in Figure 2.4A, where as the acidic 1:1 methanol/water (1:1, v/v) composition 

exhibited lower absorbance values for all the triazines. The increased elution amount of 

atrazine could compensate for the poor cationic exchange that occurs with the non acidic 1:1 

methanol/water (1:1, v/v) composition. The acidic 1:1 methanol/water (1:1, v/v) composition 

could have decreased elution from the CIPS paper, but increased exchange occurring at the 

cationic disk. The non-acidic 1:1 methanol/water (1:1, v/v) composition that was non acid 

during the CIPS elution of atrazine and then made acid using 10µL of formic acid before 



 

 42 

inserting the cationic exchange disk produced the lowest absorbance. This could be cause by 

the acidic hydrolysis of atrazine, reducing the absorbance due to the decomposition of its 

structure.94 The cationic exchange disk itself did not exhibit absorbance, also shown in 

Figure 3.1 when a clean disk was inserted into 5% ammonium hydroxide and analyzed under 

UV-Vis spectroscopy in triplicate.  Since both the acidic and nonacidic 1:1 methanol/water 

(1:1, v/v) compositions produced the same response, the use of the non-acidic 1:1 

methanol/water (1:1, v/v) composition will be used in eluting the triazines from the proposed 

three-dimensional µPAD.     

 

 

3.3.2 Characterizing the Linear Response of the Proposed 3D µPAD 

 Since both the acidic and nonacidic methanol/water solvent compositions eluted and 

collected the same amount of atrazine when CIPS with paired with cationic exchange, the 

nonacidic solvent composition was chosen in the chemical analysis of atrazine. As shown in 

Figure 2.1, our proposed device incorporates CIPS paper, cationic exchange disks, and wax-
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Figure 3.1: The average absorbance per type of 1:1 methanol/
water (1:1, v/v). 
Stars (*) represent the degree of significance in difference 
between conditions: (*, p > 0.05).  
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printed filter paper coupled with PS-MS for the extraction, collection, and detection of 

triazines. For the first time in our device development, all three layers were physically used 

in junction with one another using physical contact as a means of vertical sample flow from 

one substrate to the other. Atrazine standards spiked with D5-atrazine underwent total 

chemical analysis using our three-dimensional µPAD and the peak area of atrazine to D5-

atrazine was plotted against atrazine concentration shown in Figure 3.2A. Each standard was 

analyzed in triplicate each demonstrating a relative standard deviation less than 16%. While 

the R2-coefficient of the fitted linear regression was 0.97, closer examination of plotting the 

log10 of peak area ratio to the log10 of concentration, shown in Figure 3.2B, produces a linear 

curve with an R2-coefficient of 0.83. This indicates that our proposed three-dimensional 

µPAD did not produce a linear response to an increase in analyte concentration. While the 

nonlinearity in response is concerning, it should be noted that physical compression was used 

in holding the CIPS layer and the cationic exchange disk together during analyte extraction 

from the CIPS layer. At this step in the chemical analysis, 10 mL of solvent soaked the CIPS 

paper and washed the analyte downwards to the cationic exchange disk. While the two layers 

were physically compressed, the entire surface of the folded CIPS paper was not in contact 

with the disk. Some of the solution washed, and drained, straight into the waste container. 

This loss of analyte during the washing step could explain the nonlinearity in instrument 

response. To combat this issue in directing total sample flow to the cationic exchange disk, 

more research will need to be conducted.      
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3.4 Conclusions 

 When washing the dried CIPS paper, a copious amount of solvent is needed to first 

rewet the paper, and then elute the analytes. The washing solvent, carrying the analytes, 

flows laterally to the next layer. If the CIPS paper is washed directly onto the wax printed-PS 

triangle, the solvent would drench the filter paper, rendering it useless in PS-MS. A 

collection layer, like cationic exchange is needed, however, earlier experimentation has 

shown that the optimum elution solvent for CIPS is nonacidic solvent. If cationic exchange 

were to be incorporated into the three-dimensional µPAD, an acidifying step would either 

need to be added in the chemical analysis or another collection medium would need to be 

evaluated. Using UV-Vis spectroscopy, it was determined that using nonacidic 

methanol/water in the elution and collection of atrazine using CIPS paper and cationic 

exchange produced the same absorbance response as using an acidic solvent in the same 

manner. The nonacidic solvent was then used in washing atrazine from CIPS paper placed in 

prepared standards using deuterated atrazine, the three-dimensional µPAD layers were 

pressed physically together in the washing and collection steps. The instrument response of 

peak area ratios did not produce a linear curve when plotted against the coordinating 
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Figure 3.2: The peak area ratio of atrazine to D5-atrazine is plotted against atrazine 
concentration (A) and the log of the ratio is plotted against the log of concentration in (B).  
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concentrations possibly due to the loss of sample in solution between the CIPS and cationic 

exchange layers.  
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CHAPTER 4 CONCLUDING REMARKS AND FUTURE WORK 

4.1 Conclusions 

In the study above, we proposed a three-dimensional paper based microfluidic device 

in the extraction, collection, and detection of triazines from complex water sources. In the 

first part of the study, time was spent examining the possibility of utilizing layered paper 

substrates as a means of sample preparation and found that while there was significant 

sample loss between each layer, other substrates like cationic exchange could improve the 

versatility and sensitivity of µPADs by inducing the concentration effect even when the 

sample is complex. The following experiments examined other substrates as potential layers 

in the chemical analysis of triazines. CIPS, a known sampler of triazines, underwent analyte 

elution and detection experiments and found that a nonacidic methanol/water solution was 

the best in eluting triazines from the sampling medium and when eluted, propazine, atrazine, 

simazine, and terbuthylazine, was detected using PS-MS at low concentrations with high 

MMA. In the latter half the of the study, it was determined that cationic exchange could be 

used as a collection substrate in the chemical analysis because it could collect triazines even 

when a nonacidic solvent was used. When all of the layers were used in injunction in the 

detection of atrazine standards, the instrument response was not linear most likely due to the 

loss of sample between the CIPS and cationic exchange layers in the washing steps. While 

this is concerning, a way to direct 100% of the washing solution from the CIPS layer to the 

cationic exchange disk in needed to improve the versatility of the proposed three-dimensional 

µPAD.     
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4.2 Future Work 

One way to direct the flow would be to create a cartridge system that contained the 

paper substrates to improve stability of the layers. Previous methods of joining paper layers 

in µPADs included the use of lamination, adhesive tape, cellulose power, and adhesive 

primers/toners.56 While these methods have been successful in joining the paper substrates 

for those studies, the use of lamination would completely bond all three of our layers together 

inhibiting the addition and removal of each layer. The use of chemical additives and 

adhesives would introduce polymers to the mass inlet, increasing the background signal. A 

proposed method in support and stabilizing the layer would be through the use of 3D 

printing.  3D printing and µPADs have recently come together as a means of joining multiple 

layers together without the need of adhesion agents.95 3D printing and mass spectrometry 

have also come together in the printing of a paper spray ionization source.96 To direct the 

flow three cartridges could be designed, printed, and then layered in an order in which they 

are used. The cationic exchange cartridge could incorporate a funnel to direct 100% of the 

washing solvent flow from the CIPS cartridge above to reduce sample loss. Figure 4.1 shows 

a µPAD-3D printed device that was designed in a free online software, Tinkercad.  
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 Because the sample preparation requires the use of organic solvents and acids, a 3D 

printing filament that is insoluble in organic solvents and acids should be used in the 

fabrication of such a device. Acrylonitrile butadiene styrene (ABS), polylactic acid, 

polyvinyl alcohol, and nylon are four commonly filaments used in commercial 3D printing 

processes. While ABS is a durable filament, printing with the substance produces hazardous 

fumes and requires a ventilation system. ABS is also susceptible to organic solubility. 

Polylactic acid is a starch-based substance that is biodegradable and susceptible to melting at 

high temperatures whereas polyvinyl alcohol is water-soluble. Our proposed µPAD is 

portable, allowing for the device to be taken to large water sources even during the hot North 

Carolina summers. Therefore, the device cartridge system should not be water soluble, 

biodegradable, or susceptible to melting. Nylon, however, resists melting at high 

temperatures, is durable, and is not soluble in water or organic solvents and therefore will be 

used in the fabrication of our cartridge system of our three-dimensional µPAD.98 The 

extraction cartridge has already been designed, using the Tinkercad software, and printed 

using nylon filament and a Lulzbot Taz 6 3D printer. Figure 4.2 shows images of the 

Figure 4.1: A proposed 3D printed device consisting of 
cartridges that would house the extraction, collection, and 
detection layer during the chemical analysis of triazines 

Extraction 

Collection 

Detection 
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Tinkercad extraction cartridge design and the 3D nylon-printed extraction cartridge to house 

the CIPS layer. Since the extraction cartridge can be printed, the other cartridges can be 

printed, layered, and used in the extraction, collection, and detection of atrazine standards. 

CIPS paper would be allowed to sit, overnight, in atrazine standards ranging from 0-500ppb. 

Atrazine elution and collection could occur in the same manner as described in section 2.3.2 

except instead of using fingers to physically compress the layers, the cartridge system would 

stabilize the layers and direct sample flow.  

 

 

 

 

 

 

 

 

 

 

Figure 4.2: Left: The Tinkercad design of the extraction cartridge. Right: The 3D nylon-
printed extraction cartridge   
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