
ABSTRACT 

CONNER, CATHRYN GLYNN. Analysis of the Interactions, Precipitation, and Aggregation of 

Biopolymer Nanoparticles and Immunoglobulins (Under the direction of Dr. Orlin D. Velev). 

 

The properties of polymers derived from biological sources are growing foci of research as society 

strives for sustainability and reducing hazards to the environment. Lignin, like its popular 

counterpart cellulose, is an abundant biopolymer that is found in plants. A variety of methods have 

been developed for synthesizing nanoparticles from lignin, but most are intended to be used for 

small batch production. Through the understanding of the fundamental interactions that result in 

particle formation, scaled-up processes for the synthesis of high-quality nanoparticles can be 

developed. Further, the comprehension of fundamental interactions keeping nanoparticles 

dispersed is key to engineering their applications. The theories and concepts developed while 

analyzing the stability of lignin nanoparticles can then be translated to other colloidal systems, as 

they follow the same fundamental rules. 

 We used the governing principles of flash nanoprecipitation to develop a semi-continuous 

system for the production of high quality, uniform, and concentrated lignin nanoparticles with 

controllable size. By characterizing lignin nanoparticles from our system with dynamic light 

scattering, we identified the variables that were most important for control of particle size. 

Dynamic light scattering data was used to analyze the mechanism of nanoparticle formation, which 

has a nucleation stage without any subsequent growth (non-LaMerian mechanism). This enabled 

efficient control of nanoparticle size, size distribution, and concentration. 

 We then analyzed the stability of these nanoparticles in suspensions stabilized by common 

and non-traditional means. Zeta potentials from electrophoretic light scattering and sizes from 

dynamic light scattering were measured for lignin nanoparticle dispersions while varying salt 

concentration. In addition to varying the electrolyte concentration in the dispersions, we 



investigated the role of dissolved gas in solution. This comprehensive analysis method was used 

to analyze the hydrophobic interactions between colloids. We found that in the presence of 

dissolved argon the lignin nanoparticles were able to withstand higher concentrations of salt before 

precipitation occurred. The exchange of gas as a means of impacting the hydrophobic forces was 

then applied to other colloid systems to find out if the change seen with lignin nanoparticles was 

specific to particle properties or a fundamental interaction modification. Emulsions of mineral oil, 

which is considered to be a purely hydrophobic liquid, were characterized with and without 

exchanging the dissolved gas. Once again, the presence of dissolved argon improved dispersion 

stability. 

 Having established that two colloidal systems behave similarly when changing the 

dissolved gas, we concluded that the stabilization of colloids through gases is a fundamental 

mechanism, which can be applied to other practically important systems. Immunoglobulin G is a 

heavily used protein in the development of antibody-based drugs, where one of the major 

challenges is the prevention of formulation aggregation. Because the protein is comprised of both 

hydrophilic and hydrophobic groups, the interaction with dissolved argon was hypothesized to 

improve stability. A highly sensitive and rapid method to test the stability of proteins in the 

presence of dissolved gas was developed by combining dynamic light scattering with a novel 

method of processing and analyzing the data. Once again, we observed a similar impact of 

dissolved argon on the stability of protein dispersions. We propose a mechanism, which explains 

how argon in solution increases adsorption of hydroxyl ions on hydrophobic surfaces in aqueous 

dispersions, boosting particle stability. The principles established can be applied to many colloidal 

systems with hydrophobic interfaces, increasing particle stabilities in dispersion without chemical 

modification.   
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CHAPTER 1 

Introduction: Biopolymer-Based Nanomaterials and Light Scattering as a 

Powerful Characterization Tool 

1.1 Introduction to Biopolymers 

The rising importance of the sustainable production of non-hazardous consumer goods is presently 

motivating research in renewable biopolymers derived from plants. The three most abundant 

biopolymers are cellulose, lignin, and chitin.1 Cellulose and lignin are both found in plants, but are 

rather different in their properties. Cellulose is a linear polymer with alternating glucose groups, 

and lignin is polyphenolic macromolecular compound with a branched structure that lacks 

repeating units.1 While properties and applications of cellulose have been popular research topics, 

lignin isolated during the extraction of cellulose from biomass is mostly disposed of as waste or 

burnt as fuel.2 Chitin, and its derivative chitosan, is another underutilized biopolymer. Chitin is a 

natural polysaccharide found in crustaceans, and it is mostly harvested from processed crabs and 

shrimp.1,3,4 Chitosan is a cationic polymer derived from chitin through N-deacetylation. The degree 

of deacetylation has an impact on the molecular weight, molecular weight distribution, and the 

distribution of deacetylated groups left in chitosan, which in turn affect how chitosan can be 

applied in industry.1,3,4 

Many industries are also discovering the value of naturally derived nanomaterials in a 

variety of applications. Nanomaterials, which have at least one dimension that is 100 nm or less, 

have beneficial properties derived from their high surface area-to-volume ratio.5 However, 

nanomaterials made from inorganic material are a source of toxicity concerns.6–8 To get the 

benefits of nanomaterials without the toxicity concerns, there is big emerging research thrust in 
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processing biopolymers that were previously discarded into nanomaterials. The following sections 

examine nanomaterials made of lignin, chitin, and chitosan along with the various applications 

that have been studied for these nanomaterials. 

1.2 Lignin-Based Nanomaterials 

Lignin is the most abundant aromatic polymer in nature where it crosslinks plant cell walls.9 It is 

a promising biopolymer for industries due to its wide availability, low price, and environmentally 

safe profile.2 Lignin is considered low cost plant reprocessing material as it is a by-product of 

numerous industrial processes. Lignin yielded as a by-product of paper pulping industries has 

undergone Kraft processing, resulting in the addition of sulfur-containing groups to the molecule’s 

structure.10 Meanwhile, biofuel production yields lignin by-product that has undergone 

Organosolv processing. The structure of lignin after Organosolv processing is very close to its 

natural structure in plants.9,11 

1.2.1 Lignin Nanoparticles 

Lignin nanoparticles (LNPs) are generally simple and efficient environmentally benign 

nanomaterials.12 They combine the efficiency of nanomaterials with principles recognized as 

“benign by design,” making them a prime example of green technology, which aims to reduce or 

eliminate hazardous substances.13–15 LNPs can be synthesized with tunable properties, such as 

porosity, degree of hydrophobicity, charge density, and molecular binding, depending on its 

chemical composition. For example, lignin isolated via Kraft processing results in highly anionic 

nanoparticles, which can then be loaded with cationic actives through charge attraction. 

Organosolv lignin is strongly hydrophobic, so nanoparticles synthesized with it can be infused 

with hydrophobic active ingredients by adsorption.10,11,16 
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 The development of LNP synthesis processes is not clear-cut because there are many lignin 

chemistries and related process complications.16,16–28 Some synthesis methods are often time-

consuming due to the need for dialysis or filtration to remove harmful remaining chemicals, 

including tetrahydrofuran (THF), ethylene glycol and others.16,17,22,23,29 Other methods require 

expensive equipment, including collision-jet atomizers or contained gas environments with 

constant flow of nitrogen and other gases.24,30 Processes based on flash nanoprecipitation have 

been a subject of recent interest. Such nanoparticle synthesis techniques use simple equipment and 

use common anti-solvents like acetone, which does not always need to be removed from the final 

dispersion.31 

 LNPs have been heavily investigated for applications in the field of drug delivery, as lignin 

has good biocompatibility with low toxicity.32–35 The surfaces of the nanoparticles can be modified 

for targeted delivery and controlled release in applications such as anticancer drugs. 20,33,36 Another 

application of lignin nanoparticles in the field of biomedicine is as antimicrobials.12,37 This has 

been achieved through adsorption of silver ions onto the particles.12,38 Another method for making 

antimicrobial lignin nanoparticles was to adsorb proteins to the particle surfaces.37 Another 

application of LNPs under development is UV protection.39 UV radiation is known to cause 

sunburns, wrinkles, and sometimes cancer due to reactive oxygen species.26 Lignin serves as a UV 

protectant with its antioxidant properties, which can scavenge free radicals, and while having UV 

absorbing properties.26,35 

 LNPs are also being applied in applications that benefit the environment. In the field of 

agriculture, LNPs have been tested for the release of nano pesticides.40 They have also been 

analyzed for their use in oil spill recovery, taking advantage of their interactions at the oil-water 

interface.19 
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1.2.2 Lignin Nanocoatings 

Lignin nanocoatings are not as prevalent as a research topic as lignin nanoparticles. One method 

of making lignin nanocoatings is to dissolve the biopolymer in a solvent and then pipette the 

solution on a substrate that would be spin- coated.41 One substrate that has been used for spin-

coating is steel, which was coated with lignin to investigate the polymer’s anti-corrosive 

properties.25,41 

 Additionally, lignin nanofibers can be incorporated into coatings to improve their 

resistance to tearing.42 Lignin nanofibers were found to enhance paper properties when they 

underwent layer-by-layer coating. The paper coated with these fibers was resistant to tearing and 

depending on the polymers used for coating, it could be made electrically conductive.42 

 Nanolignin has been used to coat textiles like linen with the intention of increasing UV 

protection.43 The nanolignin was coated onto linen fabric through a padding method. However, a 

silicon emulsion was used at the end to ensure lignin was fixed to the fabric.43 

1.2.3 Lignin Composites 

Composites containing nano-scale lignin inclusions are more common than nanocoatings, and 

these composites have unique applications. Two applications are in the biomedical field, though 

unrelated to drug delivery. Lignin nanoparticles have been incorporated into polymer matrixes as 

reinforcing agents.44 Additionally, the LNPs also have the added benefits of making copolymers 

more biocompatible with better thermal and mechanical properties than the original polymer 

without the nanoparticles. The composites made with LNPs could be spun into nanofibers or used 

as UV protectants that were better than lignin alone.44 
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 Lignin cores with grafted polymer chains have been developed for use in tissue 

engineering.44 Xanthan and lignin were combined to make hydrogels that were both 

superabsorbent and biocompatible. The morphology and thermal decomposition of the hydrogels 

depended on the type of lignin, but all versions of the hydrogels had increased thermal stability, 

hydrophobicity, and biocompatibility due to the lignin incorporation.44 

 Lignin nanoparticles were incorporated in films of chitosan and polyvinyl alcohol to serve 

as food packaging with antiradical and antibacterial action.18 The films were tested as protectants 

from two different fruit pathogens. These films where LNPs are dispersed in chitosan and 

polyvinyl alcohol also have potential applications that are not related to food packaging, including 

wound healing and membrane filtration.18 

1.3 Chitin and Chitosan-Based Nanomaterials 

Chitin and chitosan are related materials precursors because chitosan is a derivative of chitin. 

Chitin is a natural polysaccharide that can be found in insects, algae, fungi, and yeast, but it is 

usually harvested when processing crabs and shrimp.3 Chitin becomes chitosan through N-

deacetylation. The process of deacetylation is done with sodium or potassium hydroxide solutions 

at elevated temperatures for up to 10 hours. The exact temperature, time processing, and 

concentration of basic solution will all have an impact on the degree of deacetylation in the final 

chitosan product.3,45 Chitosan in solution has been modeled to obtain a better understanding of the 

biopolymer and its applications.46,47 

 As chitin is deacetylated, positively charged groups become more prominent on the 

molecule. The resulting chitosan is a cationic polymer. Its charge is important because it enables 

chitosan to be used in applications that are not suitable for negatively charged lignin. For example, 
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chitosan can be incorporated in membranes for removal of negatively charged herbicides from 

water.48 

1.3.1 Chitosan Nanoparticles 

Chitosan nanoparticles, similarly to lignin nanoparticles, can be synthesized through a variety of 

different methods. Synthesis processes include emulsion cross-linking, emulsification solvent 

diffusion, ionotropic gelation, and self-assembly.3 Each method of chitosan nanoparticle synthesis 

has its own benefits and drawbacks, but the optimal process will depend on the intended 

application of the nanoparticles. 

 Chitin nanoparticles, made through partial deacetylation, drying, and homogenization, 

have been applied in sustainable consumer products.49 Chitin nanoparticles self-assemble into 

networks which reside at the oil-water interface of emulsions, resulting in very stable dispersions. 

In this system, the chitin nanoparticles serve as a sustainable surfactant. The extremely stable 

dispersions made with chitin nanoparticles have applications in food products, cosmetics, and 

pharmaceutical industries.49 

 Chitosan nanoparticles also have a high-volume application in water purification. Chitosan 

is a facile material for wastewater treatment because it can chelate toxic pollutants such as heavy 

metals and dyes.50 In addition, algae can be immobilized on a chitosan network to efficiently 

remove nitrate and phosphate from water.50 

 Chitin nanoparticles have also been tested as an antifungal agent against Aspergillus 

niger.51 In the original experiments, chitin nanofibers made through high pressure homogenization 

were tested as antifungals. However, the study concluded from biological assays that the nano- 

nature of the chitin was important for antifungal activity.51 
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1.3.2 Chitosan Nanocoatings 

Chitosan films are very well suited for food protection because of their high biocompatibility and 

natural antimicrobial activity. The chitosan coatings alone have inconsistent mechanical properties 

and gas permeability.52  However, with the addition of starch, gelatin, or alginate, stronger coatings 

can be made while still only using biologically derived polymers.52 

 Electrospun mats containing chitosan have been efficient at inhibiting growth of both 

Gram- positive and Gram-negative bacteria.53 The film of chitosan nanofibers is therefore a 

suitable material for wound dressings. The best materials for wound dressing are described as 

biocompatible and promoting dermis and epidermis growth. In an animal study, the nanofiber 

membranes were deemed better than gauze for treating wounds.53 

 Chitosan coatings have been applied to cotton textiles with the intention of making 

antimicrobial fabrics.54 The chitosan coatings were applied through a layer-by-layer method. The 

fabric being coated has been consecutively dipped in an anionic polyelectrolyte solution and a 

cationic polyelectrolyte solution. Chitosan solution has been used as the cationic polyelectrolyte 

in the system creating nano-scale coatings on the fabric being dipped.54 

1.3.3 Chitosan Composites 

Composite materials containing chitosan or chitin nanofibers are popular for biomedical 

applications.53 Both biopolymers can be electrospun into fibers through a variety of methods, most 

of which include the addition of a second polymer and a solvent. Chitin has been used in fewer 

methods for making nanofibers because it is insoluble in most organic solvents. The chitin and 

chitosan composite nanofibers are applied in a variety of applications, including filtration, 
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biosensing, and tissue engineering.53 An unrelated study coated polymer microparticles with chitin 

nanofibers for use as an antimicrobial.55 

 Similarly to the previously mentioned nanofibers, chitosan nanoparticles have been applied 

in biomedical products. In a mixture with beta- carotene, chitosan nanoparticles are synthesized 

through flash nanoprecipitation to form a stable drug carrier. Chitosan’s purpose was to protect 

the nanoparticles, but it was also associated with high drug loading capacity.56 Chitosan- 

lignosulfonate nanoparticles, which use lignosulfonates as a counter polyion to stabilize chitosan. 

have also been used for drug delivery.57 

 In an application unrelated to the biomedical field, chitin nanofibers can be used to make 

visually transparent nanofiber-acrylic resin composites.58 The end product is a film that is sturdy 

but transparent. All of the nanocomposite films had high transparency and flexibility despite high 

fiber content.58 

1.4 Benign-by-Design Synthesis of Lignin Nanoparticles 

Although many methods have been developed for the synthesis of lignin nanoparticles (LNPs), 

not all of them are based on completely benign processes, including some that make use of 

chemicals like tetrahydrofuran.26 Two of the more simple and safe methods were developed by 

Richter et al. in the Velev Group.31,38 The methods use two different solvents for two alternative 

types of lignin, and are both achieved through conditions of supersaturation. 

 Supersaturation of lignin occurs when the amount of lignin in a solution is beyond its 

saturation point.56,59 In solutions where lignin was added beyond the saturation point, the new 

material would remain undissolved. However, the saturation points can be changed in a variety of 

ways. A classic process that makes use of changing saturation conditions is the formation of rock 
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candy. Sugar is added to water after it has been heated. The higher temperature allows more of the 

sugar to go into solution than would be possible at room temperature. As the sugar water cools, 

the saturation point adjusts, and the sugar becomes supersaturated. The amount of sugar that is 

beyond the saturation level then precipitates out of solution as crystals, which becomes the rock 

candy.60 

 The synthesis of lignin nanoparticles also relies on changing saturation conditions, but the 

major difference from the rocky candy experiment is that conditions need to change almost 

instantaneously to form nanoparticles. A change in temperature cannot be accomplished quickly, 

but there are other feasible ways to rapidly change saturation conditions. One method of forming 

LNPs that was used in the Velev group is a quick pH change, and the other method used turbulently 

mixed anti-solvent.31 These two methods were applied with two different types of lignin, which 

have different chemical functionality. 

 LNPs that were synthesized using a change in pH to induce supersaturation were made 

from lignin that had undergone Kraft processing. These LNPs are referred to as IAT LNPs after 

the lignin’s product name, Indulin AT. Because of their processing method, the lignin structure 

has many sulfur groups and high ionic strength.9 The synthesis of IAT LNPs starts with dissolving 

IAT lignin in ethylene glycol, in which the lignin is completely soluble. The next major step is the 

addition of some nitric acid while stirring. The nitric acid changes the pH of the solution, and the 

lignin becomes supersaturated.38 Richter et al. found that the synthesis of nanoparticles with this 

method is a result of nucleation and growth mechanisms. The supersaturated condition of the lignin 

caused the nucleation of nanoparticles, which then grew over time, as shown in Figure 1.1.61 The 

rate at which the particles grew was on the order of t1/8, where t is time. To stop the growth of 
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nanoparticles, the sample was mixed with a large amount of deionized water (DI water) and 

subjected to dialysis. 

 

 

Figure 1.1. The change in nanoparticle size with respect to time after pH addition for IAT LNPs. 

At time=0, the pH of the lignin in ethylene glycol solution was rapidly changed, causing 

supersaturation and particle nucleation. After nucleation, the particles monotonously increased in 

size.31 

 

The second method for synthesis of LNPs that was developed in the Velev group changed 

the saturation conditions through rapid mixing with an anti-solvent. This was a very simple process 

because the type of lignin used in the synthesis is strongly hydrophobic, making water an ideal 

anti-solvent. The lignin was derived from Organosolv processing; it is highly hydrophobic because 

its chemical composition is closest to the original lignin structure found in nature.9 In this method, 

the hydrophobic lignin was dissolved in acetone, and then a small amount of lignin-acetone 

solution was rapidly mixed with a large volume of DI water.31 The formation of nanoparticles is 

near instantaneous with this process. However, these nanoparticles did not appear to have a 

subsequent growth stage. Instead, the size of nanoparticles that formed was dependent on the initial 
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concentration dissolved in acetone, as shown in Figure 1.2. The majority component of the final 

dispersion is water, and acetone is a relatively safe chemical, so the suspension may not even need 

dialysis unless an application calls for it. 

 

 

Figure 1.2. Size of lignin nanoparticles synthesized using hydrophobic lignin from Organosolv 

processing. The size, also known as the hydrodynamic diameter, is controlled through the 

concentration of lignin initially dissolved in acetone.31 

 

The two methods for synthesizing lignin nanoparticles described above involve safe and 

simple processes. They both have a key parameter that controls the final size of nanoparticles, so 

suspension of any desired size can be produced. However, one drawback that both methods have 

in common is that they are batch processes and usually done in 20 mL vials. Additionally, the 

formed batch dispersion has a very low concentration of LNPs. The synthesis method for IAT 

LNPs requires a waiting period as particles grow, though the other method is almost instantaneous. 

Therefore, the studies presented in this thesis use only the hydrophobic lignin for synthesis of 

nanoparticles and the subsequent studies of their hydrophobic interactions. 
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1.5 Characterization of Nanoparticles with Light Scattering 

Light scattering is a powerful tool for characterization of colloidal dispersions, and there are three 

main methods to perform such characterizations. Static light scattering, dynamic light scattering 

(DLS), and electrophoretic light scattering (ELS) are the most common methods, which are used 

to obtain molecular weights, particle sizes, and zeta potentials, respectfully. Each method produces 

values that are complementary. DLS and ELS are both heavily used characterization methods in 

the following work. 

 Light scattering is used to characterize and analyze dispersions of particles in a non-

invasive way.62 A beam of light is sent to a sample where the particles within the sample scatter 

the light. The scattered light is correlated to the size of the particles in the sample. The basic 

components of a dynamic light scattering setup are shown in Figure 1.3, but the actual equipment 

used for light scattering contains all of the components within one housing unit. The components 

used for zeta potential measuring are similar, but they include a few additional parts. The 

equipment used for DLS and ELS measurements in the following work is a Malvern Instruments 

Zetasizer, which is paired with Zetasizer software. 
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Figure 1.3. Schematic of the basic components of a dynamic light scattering set up.63 For the 

Zetasizer, the positions of the laser, detectors, and attenuator setting are within a housing and are 

set to automatically optimize before measurements. The software works with the equipment to get 

the best results from the sample. 

 

DLS experiments are used to measure average particle sizes in a dispersion. On the most 

basic level, DLS determines particle size through analysis of Brownian motion of particles.64 Just 

as large particles scatter more light than small particles the rate of motion of the particles is also 

different. Large particles diffuse by Brownian motion more slowly in liquid than a small particle 

would in the same solution. The light scattered by particles is detected, and the fluctuations in light 

intensity are correlated to decay intervals (τ) in a correlation plot (Figure 1.4).64,65 Looking at the 

plot, some information about the sample can be deduced even without numerical analysis. For 

example, the time at which the decay begins in the plot is related to the average size of the particles. 

The slope of the decay is an indicator of the polydispersity of the dispersion. 
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Figure 1.4. Example of a correlation plot from a monodisperse lignin nanoparticle dispersion. The 

value on the x-axis refers to delay time. The single exponential decay indicates the sample 

examined in the experiment had a narrow distribution of sizes. 

 

An autocorrelation function is used, along with the selected settings for a measurement, to 

determine a translational diffusion constant (D) for the nanoparticle dispersion, as shown in 

equation (1.1)63. 

𝑔1(𝜏) = 𝐴𝑒−𝐷𝑞2
+ 𝐵   (1.1) 

The other values needed for the first order correlation function (𝑔1(𝜏)) are the amplitude 

of the correlation function (A), a baseline (B), and the magnitude of the scattering vector (q). Using 

the calculated translation coefficient, the hydrodynamic diameter (d) is calculated using the 

Stokes-Einstein63,66 equation. The other values used are the Boltzmann constant (k), temperature 

(T), and the sample medium viscosity (η), shown in equation (1.2). 

𝑑 =
𝑘𝑇

3𝐷𝜋𝜂
    (1.2) 

The major drawback of using the correlation function to determine the average particle 

size, also known as the hydrodynamic diameter, is that the function depends on the sample only 
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having one size population.67 This is because there is only one average size and one polydispersity 

being calculated. If particles of two drastically different sizes are detected by DLS and analyzed 

with the correlation function, the result would not be accurate for either size. 

1.5.1 Cumulant Fit vs Distribution Fit 

Using the math operators introduced in the correlation function discussion, there are two main 

fitting algorithms that can be used to obtain size distributions: cumulant fit and distribution fit.64 

When a sample is monodisperse, the fit algorithms both give the same correlation function output, 

which is shown for a lignin nanoparticle dispersion in Figure 1.5. 

 

 

Figure 1.5. Correlation function for both cumulant fit and distribution fit. The plot is the same for 

both algorithms when the sample is monodisperse. When a sample has more than 1 particle size, 

the distribution fit algorithm is more capable of handling multiple size populations. 

 

The cumulant algorithm fits the autocorrelation function to a single decay, so it is only 

applicable for narrow monomodal dispersions. This fit is the source of the z-average size and 

polydispersity index (PDI) that are reported by the Zetasizer software.65,66,68 However, when the 
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z-average size and PDI are reported for a sample that is polydisperse, they are results of a fit of 

one exponential decay even though there will be multiple exponential decays. Samples that are 

polydisperse should be analyzed with the distribution fit algorithm. This algorithm fits the 

correlation function against longer times and reports an average size and width for all size peaks. 

The main advantage to using a cumulant fit instead of a distribution fit for samples that are mostly 

monodisperse is that the cumulant fit is less sensitive to noise like dust due to the shorter time 

periods analyzed.63,69 

1.5.2 Size Distributions 

Once the appropriate fit algorithm is used to analyze the sample, there are three different ways by 

which the size distributions could be plotted, as shown in Figure 1.6. The size distribution that 

results straight from the distribution fit algorithm is based on intensity, as in Figure 1.6 (a). The 

sizes reported in these plots are the most accurate as they are the closest to the raw data. However, 

the downside to intensity-based plots is that large particles result in much larger distribution peaks 

since they scatter more light than small particles. Intensity is proportional to the size of the particle 

to the 6th power.5 In plots of intensity normalized to percentages, this can cause peaks from small 

particles to be completely masked by the larger ones.  
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Figure 1.6. 3 different plots showing the same size distribution data. The size distributions are 

based on intensity (a), volume (b), and number (c). Although the plots are all from the same 

measurement, the peak of the size distribution is seen drifting to the left in each subsequent plot. 
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The volume distribution could be suitable for characterizing samples that are not as 

sensitive to random aggregates passing in and out of the laser light. The volume-based plots, like 

Figure 1.6 (b), show a size distribution peak that has been shifted to the left compared to the 

intensity-based plot. This is because volume is proportional to particle size to the 3rd power, so 

contribution of the larger particles is much less.5 However, material properties are needed to 

transform the intensity plot values into the volume plot values, so the result may further deviate 

from the raw data, and all reported averages are not as accurate. This does not refer to the z-average 

size or PDI as those are calculated straight from the raw data fit with the cumulant fit algorithm. 

The average size and polydispersity width changes with the type of plot, but the z-average size and 

PDI remain the same. 

The last type of size distribution plot is number- based, as shown in Figure 1.6 (c), and is 

the furthest one from the raw data. The benefit of the number-based plot is that number (referring 

to number of particles at each size) is directly proportional to the particle size.5,63 This plot could 

be useful if a sample appears polydisperse to check how much or how little of the large size there 

actually is. The large particles do not have amplified peaks in this distribution. 

1.5.3 Zeta Potential Characterization 

Electrophoretic light scattering is used to deduce zeta potential from measured electrophoretic 

mobilities. In this characterization method, the laser beam is split in two so that there is a reference 

beam and a beam that gets scattered by the particles in dispersion.63,70,71 The particles in dispersion 

are being moved by electrophoresis, the process in which an electric field is applied to the sample 

to make particles move between electrodes. When the scattered light and the reference beam are 

recombined, there is a Doppler shift, which indicates a change in light frequency. This change in 

frequency is then correlated to the speed of the particles in dispersion. The particle velocity and 
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the electric field strength are then used to calculate electrophoretic mobility and the zeta 

potential.63  

The zeta potential is the electrokinetic potential at a particle’s slipping plane, the point 

between a mobile particle and its dispersant where positive and negative charges are no longer 

affected by the particle.63 This plane is illustrated in Figure 1.7, which schematically shows what 

happens to a particle during electrophoresis. 

 

 

Figure 1.7. Pictogram showing the charges around an ionized particle and how they change in 

density as distance from the nanoparticle increases. The different planes, including the slipping 

plane where zeta potential is measured, are labeled. The electrodes used for measurements are also 

depicted to give a simple explanation of what a particle does during electrophoresis.63 

 

Zeta potentials provide valuable information on dispersion stability as they are related to 

the surface charge density of a particle.70 When the magnitude of a zeta potential is higher, the 

particles are more charged, giving stronger repulsion forces between particles and stabilization 

through electrostatics. 
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The combination of DLS and ELS, makes it possible for a large variety of colloids to be 

characterized.72–74 The main constraints are that a sample must be dilute and have a submicron 

size. One field that heavily uses DLS for characterization is pharmaceuticals.75 The molecules they 

study tend to be very small, and DLS outputs information on dispersion sizes and stability quickly. 

DLS has been used to examine dispersions of Immunoglobulin G, a protein that is about 11 nm in 

its longest dimension.76–79 Although it is a Y-shaped, DLS treats it as approximately spherical and 

easily identifies aggregates. We have performed similar measurements with DLS of 

Immunoglobulin as a part of the work on this thesis.  

1.6 Layout of this Dissertation  

The majority of my graduate research has focused on the fundamental interactions of lignin 

nanoparticles. Chapter 1 is introducing nanomaterials made of biologically derived polymers and 

their wide range of applications. The methods of lignin nanoparticle synthesis previously 

established in the Velev Group were analyzed, and our main method of characterizing particle 

sizes, dynamic light scattering, is described in detail. In Chapter 2, I discuss how the method of 

synthesizing hydrophobic lignin nanoparticles that was previously developed was scaled up from 

a batch system to a semi-continuous system. We accomplished this through understanding the 

principles of flash nanoprecipitation and the non-LaMerian mechanism of mixing occurring at the 

point of nanoparticle synthesis. Chapter 3 introduces a new method of stabilizing lignin 

nanoparticle dispersions. The dispersions undergo gas exchange to displace dissolved air with 

argon. We report data showing an improved particle stability and discuss the physical origins of 

this effect. Chapter 4 covers the application of similar gas exchange to a dispersion of mineral oil, 

a purely hydrophobic droplet. After demonstrating that this sample has the same type of improved 

stability as was seen with lignin nanoparticles, we propose a fundamental mechanism of 
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stabilization dependent on gas. We next tested this new stabilization mechanism on a bio-colloidal 

system of large pharmaceutical value – Immunoglobulin dispersion. In Chapter 5, a new assay for 

determining the stability of IgG and similar proteins based on temperature-induced aggregation 

detected by DLS is introduced. Chapter 6 describes the use of the new stability assay to determine 

if exchanging dissolved gas in a protein dispersion would improve its stability. Chapter 7, the final 

chapter of this dissertation, summarizes the insights from the synthesis of lignin nanoparticles and 

the subsequent studies of hydrophobic interfaces. We provide future directions for developing 

applications of lignin nanoparticles and for further studies of dissolved gas mediated hydrophobic 

interactions.  
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CHAPTER 2 

Scalable Formation of Concentrated Monodisperse Lignin Nanoparticles by 

Recirculation-Enhanced Flash Nanoprecipitation 

 

A version of this chapter has been published in 

Particle & Particle Systems Characterization DOI:10.1002/ppsc.202000122 (2020). 

 

2.1 Introduction 

Lignin and its derivatives are largely untapped biomaterials which could be widely used in 

agrochemicals, bioplastic production, and other applications as industries become more cognizant 

of the importance of decreasing their environmental footprint through sustainable use of natural 

resources.1 The interest in lignin as a biomaterial is based on its wide availability, low price, and 

environmentally-safe profile. Found in the stiff, structured part of plant cell walls, lignin is the 

most abundant aromatic biopolymer.1–3 In addition, it is a by-product of numerous industrial 

processes. Large quantities of lignin are yielded as a by-product of paper pulping industries, where 

it has often gone through Kraft processing, resulting in the addition of sulfur-containing groups to 

the final material. Another industrial source of lignin is from biofuel production. This by-product 

lignin has undergone “organosolv” extraction and has a final structure close to its natural form.3,4 

 Industries are increasingly using nanomaterials, which are defined as having structures 

with at least one dimension on the scale of 100 nm or less. Nanomaterials have a number of useful 

properties deriving from their high surface area-to-volume ratio. However, this can also lead to 

toxicity concerns. Some nanomaterials continue to release active ingredients into the environment 

when the products that contain them are discharged. Such is the case with silver metal 

nanoparticles, which continually release silver ions for a long time post-application and may 
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adversely impact various ecosystems.5 This also increases the probability of unintended human 

intake of nanomaterials that may potentially have adverse health effects.6 

2.1.1 Lignin Nanoparticles 

Lignin nanoparticles (LNPs) were previously developed as a simple and efficient environmentally 

benign nanomaterial.7–9 Such materials are a basis of green nanotechnology, which combines the 

efficiency of nanomaterials with principles recognized as “benign by design,” and is aimed at 

reduction or elimination of hazardous substances.6,10–12 Lignin nanoparticles can be synthesized 

with multiple tunable properties, such as porosity, degree of hydrophobicity, charge density, and 

molecular binding, depending on the chemical composition of the lignin and its processing 

conditions. Lignin isolated via Kraft processing makes highly anionic nanoparticles, which can be 

loaded with cationic actives through charge attraction.13–15 Organosolv lignin, extracted from 

biomass at high pressure and temperature, is strongly hydrophobic, and therefore its nanoparticles 

can be infused with hydrophobic active ingredients by adsorption.3,13–15  

 Richter et al. demonstrated how lignin nanoparticles can serve as highly efficient anti-

microbial substitutes for silver nanoparticles.16 They loaded silver cations onto anionic lignin 

nanoparticles obtained through antisolvent precipitation and then coated the nanoparticle surfaces 

with a cationic polyelectrolyte, poly(diallyldimethyl) ammonium chloride (PDAC). The PDAC 

enabled their adhesion to negatively charged bacteria and microbes, after which the silver ions 

were slowly released, killing the cells. Subsequently, only lignin cores depleted of metal ions are 

released into the environment.16 Such nanoparticles are considered environmentally benign as their 

lignin cores are made of material that is commonly present in decaying biomass in the soil. They 

have been shown to have low toxicity.17 



   

32 

 

 The development of LNP synthesis procedures is still a challenge due to the numerous 

lignin chemistries and related process complications.8,18–30 Some synthesis methods are often time-

consuming due to the need for dialysis or filtration to remove harmful remaining chemicals, 

including tetrahydrofuran (THF), ethylene glycol and others.18,20,24,25,27,31 Other methods require 

expensive equipment, including collision-jet atomizers or contained gas environments with 

constant flow of nitrogen and other gases.26,32 Processes based on flash nanoprecipitation have 

been a subject of recent interest.8,28 Such nanoparticle synthesis techniques use simple equipment 

and use common anti-solvents like acetone, which does not always need to be removed from the 

final dispersion. The LNPs made by simple, non-toxic procedures are referred to as 

environmentally-benign nanoparticles (EbNPs).8  

 One potential “bottleneck” challenge to the industrial use of flash precipitation procedures 

for synthesizing LNPs is that they produce small samples in batch operation and very dilute 

suspensions in continuous process. For example, Richter et al. were able to synthesize LNP 

suspensions of size 50 nm in diameter at a final concentration of 0.05 wt%, but the concentration 

could not be increased without increasing the LNP sizes.8 Continuous synthesis procedures by 

rapid mixing of solution to supersaturated conditions are harder to control. Thus, the use of LNPs 

in real-world applications requires the formulation of an efficient and scalable process that can 

also be precisely controlled. 

2.1.2 Strategies for the Scale Up of Flash Nanoprecipitation Processes 

Numerous flash anti-solvent precipitation processes for nanoparticle synthesis have been 

developed and investigated.33–40 Prud’homme and collaborators have reported how the flash 

nanoprecipitation process can be scaled up by the use of confined impinging jets to achieve rapid 

mixing. The turbulent mixing of solvent and anti-solvent results in a condition of high 
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supersaturation, yielding nanoparticles.35 These researchers later developed and studied a device 

configuration of four jets in a vortex mixer that allows more uniform mixing and better control 

over the ratio of solvent vs. anti-solvent throughout the process.33 Another method for controlling 

the final nanoparticle concentration includes a recycle loop for the addition of more precipitated 

nanoparticles into the same volume of anti-solvent. This increases the concentration of 

nanoparticles in the liquid, but also results in the particles passing back through the mixing zone 

after synthesis, so the system has short runtime and is used for small batches.37,39 The investigators 

of this semi-continuous system were able to synthesize uniform nanoparticles at a higher 

concentration, but the application of similar processes to lignin flash nanoprecipitation has not 

been fully understood and realized. 

In this chapter we establish how LNPs can be synthesized in a simple, controlled and 

potentially scalable process of semi-continuous system for flash precipitation. The use of a recycle 

loop allows for facile control of the final lignin nanoparticle size and concentration, and the method 

could be scaled up for the fabrication of large amounts of LNP suspension. We investigate the 

physical mechanisms of the nanoparticle formation and report how the process can be precisely 

controlled to achieve a broad range of LNP size distributions and lignin concentrations in the 

resulting dispersion. 

2.2 Materials and Methods 

2.2.1 Materials 

Organosolv lignin, HPL powder with number-average molecular weight of 969 Da, was obtained 

from Lignol Innovations Ltd., Canada. Acetone (purity >99.5%) and 0.2 μm nylon syringe filters 

were obtained from Fisher Scientific, U.S.A. Deionized water was prepared with a Millipore RiOS 

system combined with a Synergy UV module. The system uses a MG2000 circulation pump 
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manufactured by TCS micropumps, an NE-1000 syringe pump from Pumps Systems Inc, a 

TRUTH 20 mL standard glass luer tip syringe, solvent resistant clear Tygon 2375 Tube with an 

inner diameter of 2 mm connected to a T-junction piece having 2 mm inner diameters for all 

channels, and solvent resistant clear Tygon 2375 Tube with an inner diameter of 4 mm connected 

to the circulation pump. 

2.2.2 Preparation of Lignin-Acetone Solutions 

In a large jar, HPL lignin (2 g) is dissolved in acetone (40 mL) and gently stirred for 30 min. The 

lignin-acetone solution is then filtered using 0.2 μm nylon syringe filters to remove any large 

aggregates or abnormal lignin particles. The final lignin solution (about 0.05 g mL-1) is then diluted 

down to the desired concentration to be used in the semi-continuous system. 

2.2.3 Synthesis of Nanoparticles 

In a typical run of the semi-continuous system for synthesis of LNPs, the lignin in acetone solution 

is diluted to a desired concentration and loaded into the system’s syringe. All air bubbles are 

removed from the syringe, which is then placed on the preprogramed syringe pump. The syringe 

is attached to tubing that leads to the T-junction of the system where mixing occurs. The syringe 

pump is turned on and allowed to run until the lignin - acetone solution is right at the T-piece. The 

syringe pump is turned off, and the programmed circulation pump is turned on. Once the anti-

solvent has circulated through the system a couple times, the syringe pump is turned on again, and 

the nanoparticle synthesis begins. At the end of each run, DI water is circulated through the system 

for cleaning. 

2.2.4 Particle Size Analysis 

Particle size distributions were measured through dynamic light scattering using a Zetasizer Nano 

ZSP (Malvern Instruments Ltd.). The Zetasizer was fitted with a 633 nm He-Ne laser and 
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performed measurements with a 173-degree backscattering mode. Measurements were made at 

25oC with the samples in semi-micro plastic cuvettes. Each measurement included 12 to 18 sub-

runs, and the cumulative data were reported as a z-average hydrodynamic diameter, referred to as 

“size” in plots. 

2.2.5 Transmission Electron Microscopy Imaging 

A JEOL 2000-FX transmission electron microscope (TEM) was used to image the lignin 

nanoparticles. A droplet of dilute LNPs dispersion (5 L) was pipetted onto a copper TEM grid. 

After 15 min, a Kimwipe was used to blot residual liquid. The copper grid with sample was then 

allowed to dry completely in a fume hood for ten to fifteen minutes before being stored in the TEM 

grid box until analysis.   

2.2.6 Cryo-Scanning Electron Microscopy Imaging 

A JEOL JSM-7600F scanning electron microscope (SEM) with a cryogenic transfer system 

located in NCSU’s AIF was used to image LNPs without drying. A dilute LNP dispersion droplet 

was pipetted onto the cryo-SEM stage. The droplet containing LNPs was frozen with liquid 

nitrogen before being fractured with a blade. The imaging was performed with a voltage of 5.0 kV 

and a working distance of 5.8 mm. 

2.3 Results and Discussion 

The semi-continuous system for synthesis of LNPs that we developed is schematically shown in 

Figure 2.1. A vessel holds the pure anti-solvent at the beginning of the process and at the end 

contains the LNP suspension. The anti-solvent is circulated through the system’s recycle loop 

using a micro-pump, while a syringe pump is used to continuously inject lignin-solvent solution 

into the flowing anti-solvent stream. The lignin solution, loaded in the syringe pump, is injected 

into the anti-solvent loop while undergoing rapid mixing through a T-shaped junction having 
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intersecting channels with inner diameters of 2 mm. The control variables in this set-up include 

the anti-solvent volume, the anti-solvent flow rate, the volume of lignin-solvent solution, the flow 

rate of lignin-solvent solution, and the concentration of lignin in its solvent. 

 

 

Figure 2.1. Schematic of the semi-continuous system for LNP synthesis. The anti-solvent, 

deionized water, is pumped through the loop that begins and ends at the collection vessel, and its 

flow rate is set by the micro-pump. The solution of lignin in acetone is loaded into a syringe, which 

is then injected into the system at a constant rate through the syringe pump. The synthesis of LNPs 

occurs at the point of mixing, where the rapidly flowing anti-solvent meets the slowly flowing 

lignin-solvent solution at the T-shaped junction. 

 

We report experiments where lignin nanoparticles were formed with acetone as a solvent 

and deionized (DI) water as an anti-solvent. The DI water was circulated through the recycle loop 

at a flow rate, QW, ranging from 800 mL min-1 to 2000 mL min-1. 20 mL of lignin-acetone solution 

was pumped, QLA, to the T-shaped junction at 2 mL min-1 or 4 mL min-1, precipitating nanoparticles 
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for 10 minutes or 5 minutes, respectively. With the DI water recirculated at 800 mL min-1 for 10 

min, the total volume of liquid circulated was 30 times larger than the anti-solvent vessel volume. 

The duration of these runs enabled us to obtain and analyze samples from the vessel at even time 

intervals throughout each run to monitor how the nanoparticles formed and changed over time. 

 

 
Figure 2.2. Transmission Electron Microscopy (TEM) images of LNPs and examples of laser light 

scattering through suspensions of different concentrations. LNPs were synthesized with a micro-

pump flow rate of 1100 mL min-1, an anti-solvent volume of 250 mL, a syringe pump rate of 4 mL 

min-1, and an initial concentration of 0.01 grams lignin per mL of acetone. (a,b) TEM images of 

the nanoparticles show that they are approximately spherical. The scale bars are (a) 50 nm and (b) 

20 nm. (c) The scattering of the beam of a laser passing through LNP dispersions of increasing 

lignin concentration where the same sized particles scatter light similarly, but more concentrated 

suspensions absorb more light. All 5 vials have LNPs with diameters ≈ 120 nm, but the overall 

concentrations of lignin in each vial increase (0.097 wt%, 0.12 wt%, 0.159 wt%, 0.19 wt%, 0.23 

wt%) from left to right. 

 

The process resulted in the flash precipitation of LNP suspensions. The nanoparticle 

synthesized by this process were approximately spherical, as seen by transmission electron 

microscopy (TEM) images in Figure 2.2. Additional TEM images are shown in Figure 2.3. The 

resulting LNP suspensions were slightly turbid, exhibiting pronounced light scattering as 
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illustrated in Figure 2.2(c). The LNP sizes were characterized by dynamic light scattering (DLS). 

The DLS software takes into consideration Brownian motion, refractive index, and absorbance of 

particles in suspension to output a z-average nanoparticle size, which is the hydrodynamic 

diameter of a model spherical particle. We report z-average size data along with the polydispersity 

index (PDI) as an evaluation of the size and size distribution of the nanoparticles produced. By 

collecting DLS data over time, we also gain information about the stability of nanoparticle 

dispersions. To determine the factors that impact the nanoparticle size, concentration, and stability, 

we investigate independently the effect of each control variable and analyze the results as reported 

below.  

 

 

Figure 2.3. LNPs were synthesized with a circulation pump flow rate of 1100 mL/min, a syringe 

pump rate of 4 mL/min, and an initial concentration of 0.01 grams lignin per mL of acetone. TEM 

images with varying scale bars show approximately spherical nanoparticles. A side view of an 

LNP is visible in (d) due to a fold in the TEM grid. 

 

2.3.1 Effect of Initial Lignin Concentration 

The first hypothesis that we investigated was that the size of the synthesized LNPs could be 

controlled by varying the concentration of lignin in acetone solution which is injected by the 

syringe pump. The previous work from our group showed that the starting concentration of lignin 
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in acetone and the final size of LNPs in batch synthesis experiments are correlated.8 We expected 

to observe a similar trend in our scaled-up recirculation device. In this set of semi-continuous 

system experiments, the syringe was filled with 20 mL of lignin-acetone solution, the flow rates 

were kept constant with the circulation pump delivering at 1100 mL min-1 and the syringe pump 

at 4 mL min-1, and the anti-solvent volume was 250 mL. The concentration of lignin in acetone 

was varied from 0.005 g mL-1 to 0.05 g mL-1. The final suspensions from the system collection 

vessel were analyzed using DLS, and the z-average nanoparticle sizes are plotted in Figure 2.4. 

 

 
Figure 2.4. (a) Relationship between the starting lignin concentration in acetone and the 

synthesized LNP size plotted as the average hydrodynamic diameter with error bars representing 

the size polydispersity. The correlation is linear until a point of saturation. (b) Light scattering 

illustrates the nanoparticle size effects as larger particles scatter more light although the lignin 

concentration in all dispersions is 0.04 wt%. From left to right, the starting concentration of lignin 

in acetone for each vial of LNPs is 0.005 g mL-1, 0.01 g mL-1, 0.015 g mL-1, 0.02 g mL-1, 0.025 g 

mL-1, and 0.03 g mL-1, respectively. The starting concentration of lignin in acetone can be used to 

efficiently control the final size of LNPs.  
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The data plotted in Figure 2.4(a) include the size distribution of nanoparticles measured 

both immediately after synthesis and after 6 months of storage at room temperature. The plot 

measured right after synthesis shows a linear relationship between starting concentration and final 

LNP size in the injected solutions up to a starting concentration of 0.045 g mL-1 Interestingly, the 

line fit to the data also resulted in a non-zero y-intercept of 33.8 nm, which can be interpreted to 

represent the smallest size of lignin nanoparticles that can be practically produced with our specific 

nanoprecipitation procedure. The deviation at higher concentrations is likely a result of the 

aggregation threshold in suspension and aggregate formation, which cannot be described by a 

single distribution DLS model used to calculate z-average size. The linear dependence allows 

simple and effective control over the final stable particle sizes.  

The samples were characterized again after 6 months (second data set in Figure 2.4(a)), at 

which time a small fraction of excess particles in aggregate form had settled out of suspension for 

higher concentrations. The results demonstrate that the nanoparticles are generally stable for 

periods from weeks to months, although they show slight increase in particle size and 

polydispersity over time. The nanoparticle stability is a result of electrostatic repulsion, as no 

additional stabilization agents were added to the system. Indeed, the as-synthesized LNPs had zeta 

potentials of ≤ -25mV regardless of their size, as shown in Figure 2.5. Finally, the series of images 

in Figure 2.4(b) illustrates the turbidity of nanoparticle dispersions increasing with sizes ranging 

from 56 nm to 140 nm. The laser intensity image data analyzed in Figure 2.6 correlates the 

macroscale light scattering to the particle size.  
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Figure 2.5. Relationship between the starting lignin concentration in acetone and the synthesized 

lignin nanoparticles’ measured zeta potentials. All zeta potentials are less than -25mV, indicating 

that the dispersions are uniformly stable by way of electrostatic repulsion. 

 

         
Figure 2.6. LNPs were synthesized with a circulation pump flow rate of 1100 mL/min, a syringe 

pump flow rate of 4 mL/min, and the initial lignin in acetone concentrations shown above. 

Dynamic light scattering was used to estimate the size of the nanoparticles, shown in red. Vial 

images can be analyzed in ImageJ to get Mean Grey Value, which is related to intensity of light in 

each image. For larger particle sizes, where the light scattering in vials is different to the naked 

eye, the size and the mean grey value can be correlated. 
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2.3.2 Effect of the Flow Rate on the Synthesis Outcome 

The previously investigated formation of LNPs in a batch process demonstrated that the rate of 

mixing, which was controlled by the anti-solvent addition rate, had an effect on the synthesized 

nanoparticle size.8 Slower addition rates of anti-solvent resulted in larger particles. The new semi-

continuous system had two flow rates that we investigated: the rate of anti-solvent flow and the 

rate of lignin-acetone injection, controlled by the circulation pump and the syringe pump, 

respectively. First, a low concentration of 0.01 g mL-1 lignin in acetone was tested at all flow rates. 

The size and size dispersity data are shown in Figure 2.7(a). A higher concentration of lignin in 

acetone, 0.05 g mL-1, was investigated and the results on the lignin nanoparticle size were plotted 

in Figure 2.7(b). 
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Figure 2.7. Effect of the solution injection and anti-solvent circulation flow rates on the 

synthesized nanoparticle sizes with (a) starting concentration of 0.01 g mL-1 lignin in acetone and 

with (b) starting concentration of 0.05 g mL-1 lignin in acetone. The final LNP sizes are not 

significantly dependent on the flow rates. The inset Cryo-SEM image in the inset confirms the 

sizes reported by DLS measurements. 

 

At both high and low initial concentrations of lignin in acetone, changing the flow rates of  

solution injection, QLA, and anti-solvent circulation, QW, did not have a significant impact on the 

final nanoparticle size (Figure 2.7). The nanoparticle size distribution in all cases could be fitted 

by a Gaussian curve on a y vs. log(x) plot. In order to confirm independently the exact nanoparticle 

sizes, we performed cryo-scanning electron microscopy (CryoSEM) imaging of the vitrified 
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suspension, which avoids drying artifacts present with TEM although inducing aggregation during 

the freeze fracturing and imaging process. An example of such an image is shown in the inset of 

Figure 2.7a, while more CryoSEM images are presented in Figure 2.8. These images confirm the 

spherical shape and the size distribution obtained by DLS. In agreement with our previous batch 

studies, the higher lignin concentration resulted in larger nanoparticle sizes and polydispersity. As 

expected, increasing the anti-solvent volume in the collection vessel did not have any impact on 

nanoparticle size as long as the concentration of the accumulated LNPs was below the aggregation 

threshold (Figure 2.9). 

 

 
Figure 2.8. LNPs were synthesized with a circulation pump flow rate of 1100 mL/min, a syringe 

pump rate of 4 mL/min, and an initial concentration of 0.01 grams lignin per mL of acetone. Cryo-

SEM images show approximately spherical particles that have aggregated due to damage from the 

electron beam.  
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Figure 2.9. Dependence of final LNP size on anti-solvent volume. The anti-solvent volume has 

no impact on the nanoparticle size until saturation of nanoparticles is reached, at which aggregates 

form. 

 

The data showing that flow rates used in this study have no impact on particle size for the 

semi-continuous system are different than that of Richter et al. who previously showed that anti-

solvent addition rate could be used to control LNP size in batch production.8 To understand why 

the anti-solvent flow rate had no impact on the nanoparticle diameter, we begin by calculating the 

Reynolds number (Re) to determine the recycle loop’s flow regime according to equation (2.1): 

 

𝑅𝑒 =  
𝑄𝐷ℎ

𝐴𝜈
 ,    (2.1) 

 

where Q is volumetric flow rate of the anti-solvent (here the same QW as of the circulation loop), 

𝐷ℎ is hydraulic diameter, A is cross-sectional area, and υ is the kinematic viscosity. At the lowest 

flow rate of the circulation pump and the values listed in Table 2.1, the minimum Reynolds number 

was Re ≈ 9500, which is well into the turbulent flow regime.  
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Table 2.1. Equation and values used for the calculation of a Reynolds number. 

Variable 
Equation (if 
applicable) 

Value 

𝑅𝑒 =  
𝑄 ∗ 𝐷ℎ

𝐴 ∗ 𝜈
 9.54E+03 

𝑄 [𝑚3/𝑠]  1.33E-05 

𝐷ℎ [𝑚]  2.00E-03 

𝐴 [𝑚2]  3.14E-06 

𝜈 [𝑚2/𝑠]  8.90E-07 

 

While turbulent flow results in eddies and efficient mixing, it is still possible to have the 

nanoparticle size dependent on flow rate if the nanoparticle characteristic time of formation is 

small in comparison to the characteristic time of mixing. The Damköhler number (Da), which is a 

ratio of the characteristic timescales of mixing (𝜏𝑚𝑖𝑥𝑖𝑛𝑔) and nanoparticle formation 

(𝜏𝑝𝑟𝑒𝑐𝑖𝑝𝑖𝑡𝑎𝑡𝑖𝑜𝑛), is calculated for the semi-continuous system by equation (2.2) 

𝐷𝑎 =
𝜏𝑚𝑖𝑥𝑖𝑛𝑔

𝜏𝑝𝑟𝑒𝑐𝑖𝑝𝑖𝑡𝑎𝑡𝑖𝑜𝑛
 .   (2.2) 

The characteristic time scale of mixing is calculated by the addition of mesoscale mixing 

and microscale mixing timescales (equation (2.3)). The full model includes the characteristic time 

of macroscale mixing, but literature suggests that the role of macroscale mixing in the nanoparticle 

formation process is negligible.35 The estimate for characteristic time of mesoscale mixing, 

equation (2.4), is dependent on the volumetric flow rate (Q), solution velocity (V), and turbulent 

diffusivity (𝐷𝑡).  The characteristic time for microscale mixing, evaluated in equation (2.5), 

includes kinematic viscosity (υ) and energy dissipation rate (ε).  

𝜏𝑚𝑖𝑥𝑖𝑛𝑔 = 𝜏𝑚𝑒𝑠𝑜 + 𝜏𝑚𝑖𝑐𝑟𝑜  (2.3) 

𝜏𝑚𝑒𝑠𝑜 =
𝑄

𝑉𝐷𝑡
    (2.4) 
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𝜏𝑚𝑖𝑐𝑟𝑜 =
1

0.058(
𝜀

𝜈
)

1/2
 
   (2.5) 

The details of these calculations, including the formulas and the values of the turbulent diffusivity 

and energy dissipation rate, are given in Table 2.2.35,41,42 

 

Table 2.2. Equations and values used in calculation of Damköhler number. It is assumed that the 

time scale of precipitation for a lignin nanoparticle is on the same scale as the timescale of 

precipitation for a crystalline particle. 

Variable Equation (if applicable) Value 

𝐷𝑎 =
𝜏𝑚𝑖𝑥𝑖𝑛𝑔

𝜏𝑝𝑟𝑒𝑐𝑖𝑝𝑖𝑡𝑎𝑡𝑖𝑜𝑛
 3.32E-04 

𝜏𝑚𝑖𝑥𝑖𝑛𝑔 [s] = 𝜏𝑚𝑒𝑠𝑜 + 𝜏𝑚𝑖𝑐𝑟𝑜 8.43E-04 

𝜏𝑚𝑒𝑠𝑜 [s] =
𝑄

𝑉 ∗ 𝐷𝑡
 6.29E-04 

𝑄 [𝑚3/𝑠]  1.83E-05 

𝑉 [𝑚/𝑠]  5.84 

𝐷𝑡 =0.1𝑘2

𝜀⁄  4.99E-3 

𝑘 [
𝑚2

𝑠2 ]  1.70E+01 

𝜀 [
𝑚2

𝑠3 ] =𝑉3(
2𝑓

𝐷⁄ ) 5.81E+03 

𝐷 [𝑚]  2.00E-03 

𝑓 =(0.79 ln 𝑅𝑒 − 1.64) − 2 2.92E-02 

𝑅𝑒 See Table S1 1.31E+04 

𝜏𝑚𝑖𝑐𝑟𝑜 [s] =
1

0.058 ∗ (
𝜀
𝜈)1/2

 2.13E-04 

𝜈 [𝑚2/𝑠]   8.90E-07 

𝜏𝑝𝑟𝑒𝑐𝑖𝑝𝑖𝑡𝑎𝑡𝑖𝑜𝑛 [s] =
6 ∗ 𝑛 ∗ 𝑑2

𝐷𝑎𝑏 ∗ ln 𝑆
 2.54 

𝑑 [𝑚]  7.21E-08 

𝑛 [molecules] 
𝑉𝑜𝑙𝑢𝑚𝑒 ∗ 𝑀𝑎𝑠𝑠 ∗ 𝐴𝑣𝑎𝑔𝑎𝑑𝑟𝑜′𝑠 𝐶𝑜𝑛𝑠𝑡𝑎𝑛𝑡

𝑀𝑜𝑙𝑒𝑐𝑢𝑙𝑎𝑟 𝑊𝑒𝑖𝑔ℎ𝑡
 1.62E+04 

𝐷𝑎𝑏 [𝑚2/𝑠]  1.30E-09 

𝑆 =𝐶/𝐶𝑒𝑞 1.17 

𝐶 [𝑔/𝑚𝐿)]  2.53E-04 

𝐶𝑒𝑞 [𝑔/𝑚𝐿]  2.17E-04 
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The characteristic time of mixing at the minimum flow rate for our system was evaluated 

to be 840 milliseconds. The timescale of nanoparticle precipitation can be estimated from equation 

(2.6), which has previously been used for calculating the characteristic time for precipitation of 

inorganic nanocrystals.35  

𝜏𝑝𝑟𝑒𝑐𝑖𝑝𝑖𝑡𝑎𝑡𝑖𝑜𝑛 =
6𝑛𝑑2

𝐷𝑎𝑏 ln 𝑆
  (2.6) 

Both our LNP system and the earlier nanocrystal systems are thus shown to have near-

instantaneous precipitation of particles on the nanoscale, also known as burst nucleation. In this 

model, the burst nucleation is due to supersaturation, and the result is many highly uniform 

particles of the same diameter. The above timescale of precipitation is dependent on the diffusion 

coefficient of the solute (𝐷𝑎𝑏), the average nanoparticle diameter (d), the number of molecules in 

each nanoparticle (n), and the supersaturation ratio (S).35 The relevant diffusion coefficient is the 

one of acetone in water. The average diameter and number of molecules are obtained from DLS 

measurements and data for density of lignin. The supersaturation is defined as the ratio of 

molecularly dissolved lignin concentration to the equilibrium solubility of lignin in the solvent 

system, as shown in equation (2.7) below33,38 

𝑆 = 𝐶/𝐶𝑒𝑞   (2.7). 

The equilibrium concentrations of lignin in different ratios of water and acetone are plotted 

in Figure 2.10. Figure 2.11 shows gravimetric data results on the concentration of lignin in the 

final nanoparticle dispersions. The plotted data were used to calculate supersaturation, as shown 

in Table 2.2. The evaluated characteristic time of precipitation is ≈ 1 s, which is larger than the 

calculated timescale of mixing at the lowest flowrate of the system. At higher flow rates, the 

characteristic time of mixing decreases, so it is always less than the characteristic time of 
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precipitation. Continuing with the lowest flow rate, the calculated Da is 3.32×10-4. Given that 

Da << 1, we conclude that the precipitation step, i.e. the one of nanoparticle formation, is the key 

to the process outcome. This explains the synthesis of monodisperse suspensions of nanoparticles 

independent of the system flowrates. 

 

 

Figure 2.10. Equilibrium concentrations of lignin in solutions of 20 mL acetone mixed with 

varying volumes of anti-solvent, which are shown on the x-axis of the plot. The equilibrium values 

are for lignin not in a nanoparticle form. 
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Figure 2.11. Concentrations of LNP dispersions synthesized using the semi-continuous system. 

When final suspensions are beyond stable saturation, the particles aggregate and settle out of the 

dispersion. Concentrations were determined gravimetrically for both the stable dispersion and the 

shaken suspension where aggregates are temporarily dispersed again. The plot shows a plateau in 

the concentration for stable dispersions. 

 

2.3.3 Time Evolution of Size Distributions and Mechanism of Mixing 

The operation of the recycle loop results in all synthesized LNPs being recirculated with the anti-

solvent water medium. This leads to the critical need to analyze and control the nanoparticle 

nucleation and growth mechanism as more lignin is inserted into a dispersion already containing 

LNPs. The key question that emerges is: does the newly precipitated lignin get deposited onto the 

surface of the existing nanoparticles, causing them to grow, or are more nanoparticles of the same 

size being synthesized? To investigate the mechanism of LNP formation at the point of mixing, 

samples were taken from the anti-solvent vessel every 30 seconds throughout a five-minute run of 

the semi-continuous system. The samples were analyzed using DLS, and the resulting size 

distributions by volume over time are presented in the 3D plots in Figure 2.12a, c, e and the 

overhead color-coded plots in Figure 2.12b, d, and f.  
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Figure 2.12. Size distributions of LNPs plotted over the semi-continuous run time for (a) 3D plot 

at low initial lignin concentration, (b) color mapped plot at low initial lignin concentration; (c), (d) 

corresponding plots for high initial lignin concentration; (e), (f) high initial lignin concentration 

with reduced anti-solvent volume. Overhead images of the 3D plots show that there was no shift 

in the particle size distribution to higher values with time, but aggregates form when the ratio of 

added solution to anti-solvent is increased, as the lignin concentration in suspension reaches the 

aggregation threshold. 

 

Interestingly, the data do not indicate any appreciable changes in the average size 

distribution even though more lignin is added continuously to the system throughout these runs. 

To fully understand the mechanisms by which the initial concentration of lignin in acetone and the 

final concentration of nanoparticles in anti-solvent effect the LNP size distribution and stability, 
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we performed three further experiment cycles. First, a low concentration of lignin in acetone (0.01 

g mL-1) was precipitated into nanoparticles with a large volume of anti-solvent (250 mL of water). 

The resulting size distributions were narrow with a z-average size of 72.05 nm and a polydispersity 

index (PDI) of 0.167, which did not change significantly over time (Figure 2.12a and 2.12b). 

Second, a higher concentration of lignin in acetone (0.05 g/mL) was run with 250 mL of anti-

solvent. The size distribution shifted to larger average values on the log plot, but its profile still 

remained approximately constant over time, with a new average size of 158 nm with a PDI of 

0.222 (Figures 2.12c and 2.12d). The last run was done with the higher lignin concentration again, 

but the anti-solvent volume was decreased to 100 mL to increase the final concentration of LNPs 

in the suspension past the aggregation threshold one. At these conditions, toward the end of the 

run, a second peak appears in the size distribution plots, as shown in Figure 2.12e and 2.12f, 

indicating the presence of aggregates. SEM was used to confirm that the second size peak is due 

to aggregation of nanoparticles and not the formation of larger particles, shown in Figure 2.13. 

 

 
Figure 2.13. LNPs were synthesized with a circulation pump flow rate of 1100 mL/min, a 

syringe pump rate of 4 mL/min, and an initial concentration of 0.01 grams lignin per mL of 

acetone. Anti-solvent volume was decreased to 100 mL to intentionally pass the aggregation 

threshold. SEM images with increasing magnification show (c) approximately spherical particles 

and (d) aggregates of nanoparticles that cannot be separated through simple mixing. 
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Further analysis of the results requires consideration of the mechanisms that could take 

place during flash nanoprecipitation, while the anti-solvent feed containing LNPs is recycled. The 

two possible theoretical pathways are illustrated in Figure 2.14.  

 

 
Figure 2.14. Schematics of the two alternative mechanisms for nanoparticle synthesis that could 

take place at the mixing point of the synthesis loop. The LaMer mechanism (left), occurs when the 

previously formed particles serve as nuclei onto which additional material is being precipitated via 

diffusion. A modified LaMer mechanism, or continuous burst nucleation without diffusive growth 

(right), is the alternative process of new particles being nucleated and formed when additional 

material is injected into the dispersion. 

 

The formation of many types of nanoparticles systems described in literature commonly 

follows the LaMer mechanism, which predicts that the previously synthesized nanoparticles will 

serve as ever-growing nuclei onto which further precipitation occurs as more solution is added to 

the dispersion.43,44 The other possible mechanism of nanoparticle anti-solvent precipitation in the 
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recirculation system is a modified LaMer model in which there is continuous burst nucleation 

without diffusive growth. In this mechanism any new dissolved material added to a nanoparticle 

suspension will be precipitated in the form of new nanoparticles, which allows control of their size 

and concentration independently of system run time. 

 Figure 2.12 shows that that the LNPs synthesized with our semi-continuous system do not 

exhibit a change in particle size distribution over run time, even though nanoparticles steadily 

accumulate in the recirculated stream. These data cannot be interpreted by the LaMer model, in 

which the size distributions would gradually shift to larger values. We therefore conclude that all 

in the system nanoparticles form as a result of continuous burst nucleation. This conclusion has 

immensely important consequences, as it points out that the concentration of the LNPs in the 

system can be continuously increased by adding lignin solution, without changing their final size.  

 The system thus allows for scalable fabrication of concentrated nanoparticles within a 

narrow size distribution. The upper limit of the amount of lignin that can be added to the systems 

is not determined by the nanoparticle size, but by the aggregation threshold where the stability of 

the suspension decreases due to high LNP concentration. This threshold can be estimated from the 

data shown in Fig. 2.3a and Fig. 2.5e,f and could define the operation conditions and constraints 

for the continuous large scale fabrication of concentrated LPN suspensions as discussed in the 

concluding section. The estimated threshold concentration of appr. 0.2 wt% for a dispersion of 50 

nm particles points to the ability to prepare appr. 4× more concentrated samples than our 

previously reported batch synthesis procedure.16 

2.3.4 Testing the Theory and Mechanism of LNP Synthesis 

We surmise that the size of nanoparticles synthesized with our semi-continuous system is 

determined by a modified La Mer mechanism, which could allow precisely controlled, uniform 
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nanoparticle formation at the mixing point of the system. To test these conclusions and verify the 

capabilities enabled by the process we designed an experiment that would produce two distinct 

size distributions of LNPs in the same suspension, shown in Figure 2.15. As with a normal run of 

the system, the collection vessel was initially filled with DI water. However, we subsequently 

injected two aliquots of lignin solution in acetone with different volumes and concentrations while 

operating the recirculation loop. First, we injected a low volume of high concentration solution (4 

mL of 0.05 g mL-1), followed by 16 mL of dilute solution (0.01 g mL-1). The volumes of solution 

aliquots were chosen intentionally as to form a smaller fraction of the larger particles. This allows 

reliable analysis of the suspension composition by DLS, as due to the nature of light scattering, 

the stronger scattering from the larger particles could hide the scattering from the smaller particles. 

 

  
Figure 2.15. Synthesis of a suspension with two distinct LNP sizes achieved in two steps in order 

to illustrate the control over size distribution enabled by the continuous burst nucleation 

mechanism. A schematic of this experiment is shown in the first row with illustration of the 

expected outcomes (second row) and corresponding experimental data (third row). The subsequent 

two-point injection of lignin solutions of different concentrations results in a neat bimodal size 

distribution of LNPs. The TEM image confirms the DLS data that show two distinct particle sizes.  
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 In full accordance with the expectations of the continuous burst nucleation mechanism 

model, we observed a neat bimodal size distribution of nanoparticles in our final dispersion, as 

shown by the DLS data in the third row of Figure 2.15. The injection of the higher concentration 

of lignin leads to the formation of a single population of large LNPs. After the injection of the 

lower concentration aliquot, two distinct particle populations appear in the size distribution. The 

neat bimodal distribution is confirmed by direct TEM observation (Figure 2.15). The sizes of LNPs 

in the TEM image are seemingly smaller than the sizes determined by DLS. The apparent size 

decrease is a likely result of particle shrinking during drying of the TEM sample and may be 

avoided by using methods such as cryo-TEM. The controlled manufacture of a suspension of two 

distinct LNP sizes (practically impossible to obtain by other direct synthesis techniques) provide 

further confirmation of the continuous burst nucleation mechanism, where the synthesis is rapidly 

and completely accomplished in the mixing junction of the circulation loop. It demonstrates that 

the method of synthesis in the semi-continuous system can be redesigned in the form of a 

continuously operating loop for production of any type of multimodal LNP distribution that may 

be desired for a specific application.  

2.4 Conclusions 

We present a process where LNPs are being synthesized with a laboratory semi-continuous system 

that can produce large volumes of concentrated nanoparticle dispersions in a controlled manner. 

In addition to the scaling up the manufacture of LNP suspensions, the recirculatory flow system 

introduced a major process control advantage, by decoupling the initial lignin concentration and 

synthesized nanoparticle size. This decoupling was achieved in two ways. The first is that the 

system mixing occurs into turbulent regime, and the flow rates have no impact on the final size of 

the nanoparticles formed under conditions of efficient mixing. The second way of decoupling the 
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LNP size and concentration is the modified La Mer mechanism occurring at the point of mixing. 

The continuous burst nucleation upon addition of lignin to already formed LNP dispersions results 

in more nanoparticles of the same size rather than further growth of the recirculated nanoparticles. 

By changing the initial concentration of lignin in acetone we can synthesize dispersions of LNPs 

with a specific particle diameter at any desired concentration up to the aggregation threshold of 

LNPs in the anti-solvent. 

 The recirculation method also allows for facile scaling up to continuous fabrication. While 

in the test process we used semi-continuous circulation to limit the volume of solutions and 

suspensions handled to laboratory scale, the system could be made continuously operating by 

drawing LNP dispersion out of the anti-solvent collection vessel while supplying a fresh anti-

solvent at an optimized flow rate, and keeping the lignin particle concentration in the vessel just 

below the aggregation threshold. The nanoparticle formation can be intensified further by using a 

continuous circulation loop with increased volumetric flow rate, and/or having a long section of 

anti-solvent flow with multiple injection sites. The introduction of multiple injection points can 

also be used to produce multi-modal nanoparticle distributions in a single operation, or even mixed 

nanoparticles from different lignin or biopolymer compositions. The method also allows for 

functionalization of LNPs needed for various applications16 by adsorption of charged molecular 

species in a downstream mixer. Thus, we present and analyze a versatile, efficient and scalable 

method that we believe could bring closer to industrial practice the manufacture of sustainable and 

environmentally benign nanomaterials.  
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CHAPTER 3 

Understanding the Impact of Dissolved Gas on the Hydrophobic and 

Electrostatic Interactions of Lignin Nanoparticles 

3.1 Introduction 

Hydrophobic interactions are prevalent source of colloidal effects in many systems and 

applications, including coalescence of droplets, adhesion between surfaces in water, micelle 

formation, and even protein folding.1–3 However, these interactions between hydrophobic particles 

or surfaces in aqueous solution are still poorly understood as they are usually present in systems 

that are also stabilized by ionic, polar, hydration and other interactions.4,5 The hydrophobic 

interactions are often masked by the other colloidal effects, making the study of hydrophobicity 

alone very difficult.6 However, hydrophobic forces can still play an important role when a system 

is stressed, as with high temperatures or concentrations. 

Literature sources have established that the dissolved air in water leads to stronger 

hydrophobic interactions, increasing the propensity of hydrophobic surfaces to come together in 

solution.1,7–9 On the other hand, researchers have also shown that degassed water tends to allow 

hydrophobic surfaces to remain apart for longer.7,10,11 This observation has led to the suggestion 

that degassed water could be used to stabilize emulsions without a surfactant.12,13 However, this 

concept has not been applied successfully in practical systems.11 Degassing requires application 

of a vacuum, and gas quickly dissolves again once the solution is removed from the vacuum 

environment, so there are limited applications that could even use degassed liquid.  

We propose that replacing a solution’s dissolved air with a different gas can change the 

hydrophobic interactions without the complications of degassing. It is much more practical to 
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handle and store samples under an alternative gas environment than under vacuum. However, there 

are little data on the effect of different dissolved gases on hydrophobic interactions in solution. 

One study measured neutron reflectivity at a hydrophobic surface for different dissolved gases, 

and reported that the “depletion zone” (the zone of reduced water density near the hydrophobic 

surface) was thinner for an argon-saturated solution than for a degassed solution, which was in 

turn much less than for an aerated solution.7,9,14,15 Overall, there is very little research on the effects 

of different gases in solution. 

In the following work, we observe and analyze how different gases impact the stability use 

of suspensions of hydrophobic lignin nanoparticles (LNPs). The LNPs are synthesized using a 

method developed in our group, and their stability has been well studied previously.16,17 The 

experiments use increasing electrolyte concentrations to increase the ionic strength of the solution. 

This results in a masking of electrostatic forces until the electrostatic repulsion no longer prevents 

aggregation or precipitation.5 This is known as “salting out”. By working in this high ionic strength 

region, gas effects and hydrophobic forces become more important for suspension stability.  

3.2 Materials and Methods 

3.2.1 Materials 

Organosolv lignin, HPL powder with number-average molecular weight of 969 Da, was obtained 

from Lignol Innovations Ltd., Canada. Acetone (purity >99.5%), dialysis tubing (article 21-152-

16, nominal MWCO 12000–14000), and 0.2 μm nylon syringe filters were obtained from Fisher 

Scientific, U.S.A. Deionized water was prepared with a Millipore RiOS system combined with a 

Synergy UV module. Argon and nitrogen gases were Airgas Ultra High Purity 5.0 grade. 
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3.2.2 Synthesis of Lignin Nanoparticles 

In a vessel, HPL lignin (2 g) is dissolved in acetone (40 mL) and stirred for 30 min. The lignin-

acetone solution is then filtered using 0.2 μm nylon syringe filters to remove any large aggregates 

or abnormal lignin. The final lignin solution (about 0.05 g mL-1) is then diluted down to 0.01 g 

mL-1 for nanoparticle synthesis. A semi-continuous system is used for synthesis of LNPs. The 

lignin solution in acetone is loaded into a syringe, which is then placed on a preprogramed syringe 

pump. The syringe is attached to tubing that leads to a T-junction where the lignin in acetone is 

introduced to a turbulent flow of DI-water that is being recirculated. The solution of lignin in 

acetone is slowly added to the T-junction, where a condition of supersaturation is established for 

the lignin, resulting in the flash nanoprecipitation of nanoparticles. All LNP suspensions for this 

study were prepared at 0.08% by weight in water. The suspensions were then dialyzed for 5 days 

to remove residual acetone. 

3.2.3 Changing Dissolved Gas in LNP Suspensions  

The suspension of LNPs was saturated with argon or nitrogen through bubbling the corresponding 

gas at a rate of 3 L/min for 30 minutes. To have a control suspension bubbled with air, laboratory 

air was delivered by an aquarium air pump at a rate of 3 L/min. To ensure the saturation of a new 

gas and removal of air, the concentration of dissolved oxygen (DO) was measured and verified to 

reach 0.2 mg/L (the minimum reading of the DO sensor). The bubbling process and subsequent 

handling of gas-bubbled samples was done in a gas-purged glove bag. 

3.2.4 Mixing of LNPs and NaCl 

NaCl solutions were saturated with argon by bubbling at 3 L/min for 30 minutes. While still in the 

air-purged glove bag, 5ml of the LNP suspension was rapidly mixed with 5ml of NaCl solution 
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with a stir bar. The NaCl concentrations given in the following sections refer to the concentration 

in the final dispersion being analyzed. 

3.2.5 Particle Size Measurement 

Particle size distributions were measured through dynamic light scattering using a Zetasizer Nano 

ZSP (Malvern Instruments Ltd.) fitted with a 633 nm He-Ne laser. The measurements were 

performed with the 173-degree backscattering mode at 25oC with samples in semi-micro plastic 

cuvettes. Cumulative fit analysis outputs a single z-average hydrodynamic diameter, which is 

referred to as “size” in the following plots. 

3.2.6 Particle Zeta Potential Measurement 

Zeta potentials were determined with electrophoretic light scattering using the previously 

mentioned Zetasizer Nano ZSP. Approximately 1 mL of sample was placed in a standard cuvette 

with Malvern’s zeta potential dip cell for measurement. For argon-saturated samples, the cuvette 

and dip cell were put together in the glove bag. The cuvette - dip cell assembly is not leak-tight, 

but drifts in zeta potential due to air leakage are small on the time scale of typical measurements. 

3.3 Results and Discussion 

3.3.1 DLS of LNPs and NaCl 

We sought to perform the experiments at a concentration of NaCl expected to cause aggregation. 

To determine the best concentration of NaCl to be used for gas saturated experiments, first the 

concentration of NaCl mixed with air- saturated LNPs was varied. The results of particle sizes 

measured by DLS are plotted in Figure 3.1. Without any added NaCl, the LNP hydrodynamic 

diameter was measured to be 84 nm with a polydispersity index (PDI) of 0.21. As the concentration 

of NaCl in the dispersions increased, the average particle sizes increased slowly at first, and then 

rapidly went up. When the measured particle size is ≈ 1 micron or larger, aggregation and settling 
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are observed. The size values obtained from measuring aggregated samples above this 

concentration are not expected to be accurate as they are outside of the equipment’s working size 

range. 

 

 
Figure 3.1. Size of lignin nanoparticles after mixing with different concentrations of NaCl. All 

dispersions had LNP concentrations of 0.04 wt%, and the NaCl concentrations given on the x-axis 

are the concentrations within the dispersion. The polydispersity widths associated the 

measurements are shown on the plot as error bars. 

 

 In the subsequent experiments, 0.1 M NaCl was used as a medium where aggregation is 

reliably occurring. This concentration is in agreement with stability measurements performed 

previously with the LNPs.17 

3.3.2 DLS of LNPs and NaCl with Different Gases 

The stability of LNP dispersions containing NaCl masking the majority of electrostatic forces was 

determined with different dissolved gases. First, air-saturated samples, which were made on the 

laboratory benchtop, were compared with argon-saturated samples. For the air-saturated sample, 

with final concentrations of 0.04 wt% LNPs and 0.1M NaCl, the measured hydrodynamic diameter 

was greater than 1 micron, indicating prolific aggregation. When the same experiment was 
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repeated in a glove bag with argon-bubbled solutions, the particle size distribution before and after 

salt addition was indistinguishable. As a control, dispersions without any NaCl added were 

measured for both air-saturated and argon-saturated samples, showing that argon had no impact 

on these suspensions under ordinary conditions. Figure 3.2 graphically compares the measured 

hydrodynamic diameter at increasing NaCl concentrations under air-saturated and argon-saturated 

conditions.  

 

 
Figure 3.2. Average size of LNPs with different concentrations of NaCl under air-saturated and 

argon-saturated conditions. The polydispersity widths for each plotted measurement are shown as 

error bars. With no added salt, the average particle sizes do not change with gas change. However, 

increasing to 0.1M NaCl shows a size greater than 1 micron for air-saturated samples while the 

argon-saturated sample sizes are unchanged. 

 

The plotted data reflect aggregation occurring with 0.1 M NaCl in the benchtop-prepared 

LNP dispersion, while the argon-saturated samples remained stable at their original size. When the 

concentration of salt was increased further, the plot shows that the air-saturated samples got 

smaller and more uniform. This would be an indication that air-saturated samples were more stable 

than the argon-saturated samples with more salt, but the plot does not reflect the total concentration 

of LNPs present in the sample, some of which are aggregated. When the air-saturated samples 
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contained 0.1M NaCl, aggregates formed that slowly settled out of dispersion. The settling took 

hours, so the measurements preformed shortly after preparation were still able to catch the 

aggregates in suspension. However, with even more salt, the aggregation and settling occurred 

faster, so the light path was cleared of aggregates before measurement. By the time the 

measurement started, only smalls amount of still stable lignin nanoparticles were left dispersed. 

Meanwhile, the argon-saturated samples did not show aggregation until the salt concentration 

reached 0.12 M NaCl, at which point the settling was still slow enough to catch. Figure 3.3 visually 

shows the stability of dispersions that were saturated with air and argon with different 

concentrations of salt. This visual analysis of lignin nanoparticles settling out of suspension 

provides proof that argon-saturated samples were more stable than air-saturated ones without the 

use of expensive equipment. 
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Figure 3.3. Images of LNP dispersions showing stability in air-saturated and argon-saturated 

conditions for increasing concentrations of salt. Air-saturated samples right after preparation (a) 

show some turbidity with  the highest concentration of salt, but after 24 hours (b) the sample with 

0.1 M NaCl had most of the LNPs aggregate out while the sample with 0.12M NaCl shows full 

aggregation and precipitation. Argon-saturated samples right after preparation (a) also appear to 

have some turbidity at the 0.12M NaCl. After 24 hours (b) only the sample with 0.12 M NaCl has 

formed a bottom layer as LNPs precipitates, and its remaining suspension still is not transparent 

so some LNPs remain dispersed. 

 

 After using DLS to conclude that replacing dissolved air with dissolved argon would 

improve the stability of lignin nanoparticle dispersions, we sought to answer the question whether 

the argon gas itself led to the improved stability or if the removal of oxygen, and therefore the 

reduction of oxidation, was responsible for the stability. To test this, LNPs were also saturated 

with nitrogen. The effect of nitrogen saturation was investigated for samples with no salt added 
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and samples with 0.1 M NaCl, and the results were compared with the ones of air and argon-

saturated samples in Figure 3.4. 

 

 
Figure 3.4. Comparison of dissolved air, dissolved argon, and dissolved nitrogen with no salt and 

0.1 M NaCl. While the average size of LNPs in all three gases are similar without salt, addition of 

salt created distinguishable differences between the gases. With 0.1 M NaCl in the dispersions, the 

air and nitrogen-saturated samples both reflect aggregation. The nitrogen-saturated results appear 

to have smaller aggregates, but DLS is not very accurate in that size range. 

 

 The dispersions containing 0.1 M NaCl, saturated with air, argon, and nitrogen became 

distinguishable. While the argon-saturated samples remained uniform and stable at their original 

NP size, the nitrogen-saturated samples showed some aggregation but with smaller aggregates than 

the air-saturated samples. The results comparing aggregate size for air and nitrogen-saturated 

samples require confirmation from another characterization method, such as TEM, since the 

Zetasizer used for DLS is not accurate in the micron size range observed in these samples. 

As another control experiment, LNP dispersions containing 0.1 M NaCl were prepared 

with air- bubbled solutions and dispersions to confirm that the rapid mixing from bubbling did not 

affect the stability of the final dispersions. The average sizes measured with air-bubbled samples 
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are compared with samples made normally on the benchtop in Figure 3.5. Air bubbling did not 

result in any significant change in LNP size compared to the sample without bubbling, proving 

that bubbling did not improve dispersion stability. 

 

 
Figure 3.5. Average sizes of LNPs with 0.1 M NaCl are compared for dispersions bubbled with 

air or prepared on the benchtop as normal. The average size of LNPs without salt is included for 

reference. The air-bubbled dispersion’s average size is the same as the average size without 

bubbling. This confirms that the improved stability found with gases in prior experiments was not 

just due to bubbling action. 

 

3.3.3 Zeta Potentials of LNPs and NaCl with Different Gases 

The results from dynamic light scattering experiments indicate an effect of argon on LNP 

aggregation and stability, but there is limited insight into the origin of the effect. Another common 

method of characterizing stability of colloidal dispersions is electrophoretic light scattering, which 

measures electrophoretic mobilities and zeta potentials. Zeta potential values are related to surface 

charge, but zeta potentials decrease as solution ionic strength increases due to screening of the 

electrostatic fields. The zeta potentials for air-saturated and argon-saturated samples with 

increasing concentrations of salt are shown in Figure 3.6. 
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Figure 3.6. Zeta potentials of LNP dispersions with different concentrations of NaCl under air-

saturated and argon-saturated conditions. For the 0 M NaCl cases, the error bars represent zeta 

deviation values. Because zeta deviations were 0 for dispersions with salt, the error bars for 

samples with 0.1 M NaCl, 0.12 M NaCl, or 0.15 M NaCl are standard deviations. For systems with 

0 M NaCl and 0.1 M NaCl, the argon-saturated samples had more negative zeta potentials. This 

trend was inverted for 0.12 M NaCl, and then 0.15 M NaCl showed the same zeta potential values 

for both gas conditions. 

 

  The zeta potential data for air and argon-saturated systems show that for 0 M NaCl and 

0.1 M NaCl, the argon-saturated dispersions had more negative values, meaning they were more 

stable due to stronger repulsion. At 0.12 M NaCl, the argon-saturated samples have an average 

value that is less negative than the air-saturated samples, but the air-saturated data also have 

significantly larger error bars. From the discussion of size data, we know that these higher 

concentrations contain some aggregates, which could explain the larger error and a deviation in 

the trend for the data. At 0.15 M NaCl, the zeta potentials for both dissolved gases were the same, 

indicating the stabilizing effect of argon is not present with extremely strong ionic solutions. 

 As with the previous experimental round, nitrogen-saturated samples with 0 M NaCl and 

0.1 M NaCl were also analyzed. The average zeta potentials measured for the air, argon, and 

nitrogen-saturated samples are shown in Figure 3.7. For the 0 M NaCl measurements, zeta 
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deviation values are shown as error bars. Because zeta deviation is negligibly small with salt, the 

0.1 M NaCl data has standard deviation shown as error bars. 

 

 
Figure 3.7. Comparison of samples with dissolved air, argon, and nitrogen with no salt and 0.1 M 

NaCl. For all three gases, samples with 0.1 M NaCl have a less negative zeta potentials than 

samples with no salt. For both tested salt conditions, argon-saturated samples have the most 

negative zeta potentials, air-saturated samples have the least negative, and nitrogen-saturated 

samples have intermediate values. 

 

 In good agreement with colloidal theory, the zeta potentials for samples with electrolyte 

were less negative than those of the samples without salt. For each electrolyte concentration, the 

same gas tends were observed. Argon-saturated samples had the most negative zeta potentials, air-

saturated samples had the least negative values, and nitrogen-saturated values were in the middle.  

3.3.4 Argon-Saturated to Air-Saturated Over Time 

Figure 3.8 and Figure 3.9 present the time evolution data for a sample that starts as argon-

saturated but slowly becomes air-saturated. The goal is to investigate the reversibility and 

reproducibility of the gas effects in pre-equilibrated samples. The dispersion of 0.04 wt% LNPs 

and 0.1 M NaCl was saturated with argon but left in a vial that was open to the laboratory air after 
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initial measurements. On the first day of the experiment, called day 0 in the plots below, argon and 

air-saturated samples of the same concentrations were prepared and measured. After the first 

measurements, the argon-saturated sample was left open to air and remeasured the following days. 

Measuring the sample each shows the changes to the dispersion as air diffused back into the 

sample. Figure 3.8 shows the average size of the originally argon-saturated sample increased each 

day, approaching the size measured for the air-saturated sample on day 0. This air-saturated size, 

about 225 nm, is not the large aggregate size that was seen in previous data even though the same 

concentrations of LNPs and salts were used. This is likely due to the age of the original 

nanoparticle dispersion used for the experiment, but the results still reflect an increase in stability 

of samples with argon saturation compared to air saturation.  

 

 
Figure 3.8. Size measurements over time of an argon-saturated sample of 0.04 wt% LNPs and 0.1 

M NaCl that was opened to air. As air diffused back into the LNP dispersion, the average size of 

the LNPs increased, approaching the value measured for an air-saturated dispersion of the same 

concentrations made on day 0, which is shown with the dashed line. 

 

 As a companion to Figure 3.8 showing the argon-saturated sample increased in size day to 

day, Figure 3.9 presents the zeta potential data. On the same days as the size measurements, the 
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zeta potential of the argon-saturated sample became less negative each day. 

 

 
Figure 3.9. Zeta potential measurements of an argon-saturated sample of 0.04 wt% LNPs and 0.1 

M NaCl that was opened to air. The sample was remeasured the following two days as air diffused 

back into the suspension. 

 

3.3.5 Discussion of Zeta Potential Results 

The zeta potential data reflects higher stability with dissolved argon, but the mechanism by which 

the dissolved argon changes zeta potentials is still unknown. The zeta potential is defined as the 

surface potential at the slipping plane, also known as the surface of hydrodynamic shear, and there 

are two ways in which it can be changed.5,18 The zeta potential can be changed in two ways: 

changing the shielding effect of the solution through ionic strength or changing the charge density 

on the surface of the nanoparticles . As the fraction of dissolved gas in the bulk solution is very 

small and it does not carry any charge, it is difficult to envision how it could affect shielding. This 

leaves the charge density, which is mainly determined by the total number of charges on the surface 

of the nanoparticle. In principle, it also depends on the effective particle size and the position of 

the slipping plane, but again these factors do not generally depend on dissolved gas. This means 
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that the dissolved argon is changing the zeta potential of dispersions by changing the acquired 

surface charge. 

3.3.6 Proposing Theory for Gas Stabilization 

We have considered two possible origins of the increased surface charge. The first would involve 

the structure of lignin, a biopolymer with a large fraction of phenolic groups.19,20 A previous study 

of LNPs without salt found aggregation at pHs < 3.2 where the zeta potential was about -10mV.17 

As pH was increased, the zeta potential increased in magnitude, reaching -35mV at pH 3.2, and 

leveling out to about -45mV around pH 4. At low pH, the negatively charged groups on LNPs 

likely include weakly acidic phenolic or aliphatic alcohol hydroxyl groups, existing as -O-. 

Because the zeta potential levelled out at pH 4, it is unlikely that dissolved argon increases the 

ionization of the lignin phenolic or hydroxyl groups. 

The second possible source of negative charge is associated with adsorption of hydroxyl 

anions from water to hydrophobic patches on the nanoparticles’ surfaces. This concept comes from 

previous literature, which introduced the idea that gases in solution give rise to a “depletion zone” 

at hydrophobic surfaces.2,15 This depletion zone is a region adjacent to the surface where the 

aqueous medium is less dense. Doshi et al. reported that argon-saturated solutions gave a thinner 

low-density region than air-saturated solutions or degassed solutions. This observation implies that 

when dissolved air is replaced with argon in solution, water molecules can approach the 

hydrophobic surface more closely. We hypothesize that argon in solution allows water molecules 

to stabilize surface charges more effectively by packing more efficiently around the dissolved gas 

molecules, connecting the earlier hypothesis of a reduced depletion zone to our observation of 

increased surface charge. 
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Further insight on this theory can be provided by molecular dynamics simulations.8,14 

Simulations of water structuring have shown that an isolated gas molecule can be accommodated 

within the extended hydrogen bonding structure of water, although it may impose some strain. It 

may cause a decrease in entropy by imposing a more rigid arrangement in order to preserve 

hydrogen bonding. However, a more extensive hydrophobic surface generally forces a disruption 

of the hydrogen bonded structure. This disrupted structure may be compensated by adsorption and 

stabilization of ions in solution at the hydrophobic surface. The extent and nature of the distortion 

caused by a gas may influence the structure near a larger hydrophobic particle and the stabilization 

of charged species near the particle. 

The hypothesis of associated or adsorbed charge groups on hydrophobic surfaces was 

previously proposed for emulsions of pure hydrocarbon microdroplets where no ionizable groups 

are available on the surface.21,22 The hydroxyl anions in the model were associated with 

hydrophobic surfaces and were responsible for maintaining hydrocarbon droplets in stable 

suspension. The concentration of hydroxyl ions that were adsorbed was found to be dependent on 

the dispersion’s pH.4 This behavior was modeled with the Grahame equation (3.1) relating surface 

charge (σ) and surface potential (𝜓0), which is about equal to the zeta potential.23,24 Then an 

equation (3.2) for the fraction of dissociated sites (α) using the dissociation constant (𝐾𝑑) of a 

system was used to relate (3.3) the changes in pH with the changes in the zeta potential.21,25,26  

𝜎 = √8𝜖𝜖0𝑘𝑇𝐶𝐸𝐿 sinh
𝑧𝑒Ψ0

2𝑘𝑇
   (3.1) 

𝛼 =
𝐾𝑑

𝐾𝑑+[H+]∞𝑒−𝑒𝜓0 𝑘𝑇⁄     (3.2) 

𝜎 = 𝛼𝜎0    (3.3) 
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The other values in the above equations are total electrolyte concentration (𝐶𝐸𝐿), 

Temperature (T), Boltzmann’s constant (k), dielectric permittivity in vacuum (𝜖0), relative 

dielectric permittivity of the solvent (ϵ),  ion valency (z=-1), proton concentration in the bulk 

solution ([H+]∞), and maximum possible charge density (𝜎0). When zeta potential information is 

known for different pHs and gases, the model formulae (3.1-3.3) above can be fit to the 

experimental data as a system of equations. 

Our hypothesis is that the number of associated OH- ions per unit area of hydrophobic 

surface, and its zeta potential in turn, is a function of the dissolved gas in addition to pH. This can 

be taken into account in the model by the introduction of a new variable (Ф) for the impact of 

dissolved gas on the fraction of dissociated sites. The new variable is introduced into equation 

(3.2), yielding a new equation (3.4) to be used in the system of equations. 

𝛼 =
Φ𝐾𝑑

𝐾𝑑+[H+]∞𝑒−𝑒𝜓0 𝑘𝑇⁄     (3.4) 

Figure 3.10 visually illustrates the concept how a LNP may include hydrophilic regions 

(shown in blue) and hydrophobic regions (shown in red) with different charged species that 

together determine the total zeta potential of the particle in an air-saturated solution (blue spheres). 

The hydrophilic regions have ionizable groups, O- in this case, (shown as dark pink spheres with 

charge hazes) whose total number is characteristic of the material, and whose degree of ionization 

is determined primarily by pH. The ionizable groups are chemically bound to the particle 

(illustrated by dark pink lines). Hydroxyl ions (light pink ellipsoids), originating from water 

dissociation, are adsorbed on the hydrophobic (red) regions. The LNP model still oversimplifies 

the surface, neglecting the roughness, charged site distribution, and other heterogeneities, which 

are known to impact colloidal stability.4,27–29 
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Figure 3.10. Representative schematic model of a lignin nanoparticle in air-saturated solution with 

hydrophilic sections (blue) containing charged groups from the polymer (dark pink spheres 

attached to surface with charge haze) and hydrophobic sections (red) with adsorbed hydroxyl 

groups (pink ellipsoids). The dissolved air molecules are represented by the small blue spheres. 

 

The total number of hydroxyl ions available in solution is determined by pH, while the 

fraction adsorbed on the hydrophobic regions is determined by local structure of water, particularly 

how effectively the hydrogen bonded structure of water can stabilize them. Previous work by 

Doshi et al. indicates that water molecules can approach the hydrophobic regions more closely 

with argon than with air in solution, which implies that dissolved argon allows better stabilization 

of the hydroxyl groups in the vicinity of the surface and corresponding increase of the magnitude 

of the charge imparted by these groups. Figure 3.11 shows the same patchy LNP representation, 

but this time it has yellow spheres representing argon, a reduction in density of water around the 

particle indicated by a lighter shading of the background, and more adsorbed hydroxyl groups on 

hydrophobic sections of the particle. 
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Figure 3.11. Representative schematic model of a lignin nanoparticle in argon-saturated solution 

with hydrophilic sections (blue) containing charged groups from the polymer (dark pink spheres 

attached to surface with charge haze) and hydrophobic sections (red) with adsorbed hydroxyl 

groups (pink ellipsoids). The dissolved argon is represented by the small yellow spheres, and the 

lower density region of water next to the surface is highlighted by the lighter shading of the 

background. 

 

3.4 Conclusions 

This study has revealed a new effect of dissolved gas on the size and zeta potential of lignin 

nanoparticles in aqueous solution. The above experiments indicate that replacing the air that 

saturates a water solution with argon increases the resistance of the LNPs to aggregation in a high 

ionic strength solution. An experiment with bubbled air was done to confirm that bubbling action 

alone was not responsible for the improved stability. Similarly, the experiments with nitrogen 

served to discard the idea that argon acts simply by excluding oxygen. We conclude that argon-

saturated water is more effective in stabilizing negative charge at a hydrophobic surface than 

nitrogen- or air-saturated water. Broadly speaking, based on the proposed mechanism, the 

polarizability and size of the gas molecules are expected to be the main factors influencing this 
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effect. The new phenomenon could be a subject of further investigation and quantification by 

means of molecular modeling of the water structure and hydration effects near hydrophobic 

surfaces.  Another interesting question for future work is whether the effect of other gases, 

particularly krypton, xenon, or another inert gas, could be more effective at stabilizing the 

nanoparticles compared to argon. Finally, the effect can be used in better stabilization of valuable 

biomolecular solutions, as described in Chapter 6 of this thesis.  
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CHAPTER 4 

Mineral Oil in Water as a Model Dispersion for Studying Hydrophobicity 

Through Changing Dissolved Gas 

4.1 Introduction 

Interactions between hydrophobic particles or surfaces in aqueous solution, known as hydrophobic 

interactions, are prevalent and crucial for multiple applications.1,2 As described in Chapter 3, our 

basic hypothesis, which is that dissolved gases can influence hydrophobic interactions, was 

developed using lignin nanoparticles as an example colloid. The lignin nanoparticles have 

hydrophobic patches on their surface, and we were able to show a change in their stability using 

argon. The experiments done and the development of our proposed mechanism of lignin NP 

stability are described in Chapter 3. In this chapter, we describe exploratory results on the effect 

of argon in solution on interactions between mineral oil droplets. Mineral oil droplets have been 

used as a model colloid due to their purely hydrophobic nature. This research builds on existing 

knowledge of hydrocarbon droplets in aqueous suspension, but we introduce argon to investigate 

whether the effect of the dissolved gas of on the zeta potential can be demonstrated in this model 

system as seen with the lignin nanoparticles. 

Hydrocarbon droplets in water have been studied extensively as they may be considered 

the prototypical hydrophobic suspension, in which the species present are well-defined, and a pure 

hydrophobic interaction occurs. This simple system highlights the limitations in understanding 

hydrophobic interactions with particular clarity. In 1938, researchers first reported that the 

interface between water and oil droplets could possess substantial negative charge with a strong 

dependence on pH.3 They attributed the charge to hydroxyl ions adsorbed at the oil-water interface.  
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Multiple workers continued and extended this research, most of which concluded that the original 

explanation remains the most convincing.4,5 However, this explanation implies a very high 

adsorption energy of hydroxyl ions on the hydrophobic surface, which is difficult to justify. 

Researchers opposing the theory have argued that very small amounts of surface-active 

contaminants could lead to similar effects. In 1995, a study was done to analyze various possible 

sources of the surface charge, and the researchers concluded that the explanation involving 

hydroxyl ions was correct.6 In 2004, a quantitative study of several different oils was published. 

The study revealed that the pH of oil suspensions decreased as the oil droplet size decreased (and 

therefore the surface area increased).4 By measuring the quantity of hydroxyl ions added to 

maintain pH as surface area increased, they were able to measure the surface charge density due 

to hydroxyl ions. In a related paper, they showed that the effect is specific to hydroxyl ions, and 

that the other dipolar ions tested, thiocyanate and acetate, do not exhibit the same behavior.7 These 

publications, among others, present a coherent and consistent explanation of surface charge in 

hydrophobic liquids, and the concept even extends to hydrophobic solid particles.8–11 We consider 

that the hydroxyl ion explanation is most likely correct, even while recognizing that gaps in 

theoretical understanding still exist.  

The lack of clear physical understanding becomes more apparent when a dissolved gas 

other than air is added to pure hydrocarbon suspensions, or when the suspension is degassed. 

Multiple papers about stabilization of surfactant-free hydrocarbon emulsions with fully degassed 

water have been published, making broad claims for potential applications.12,13 However, none of 

the proposed potential applications materialized. It is likely that the practical difficulty of 

maintaining a degassed condition, which requires maintaining of the solutions under vacuum, has 

contributed to the lack of application. Skepticism has led to questioning the underlying idea that 
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the effect is due to degassing at all.  Other researchers argued that carbon dioxide played a major 

role in many of the effects observed with degassed oil-in-water suspensions.14 They claimed it was 

the freeze-thaw cycles usually used for degassing, rather than the removal of air, that lead to the 

effects observed.  To support this, the researchers noted that applying vacuum during the freeze-

thaw cycles appeared to have little impact on emulsification, and they proposed that bicarbonate 

adsorption at oil/water interfaces, due to the presence of carbon dioxide, was the underlying 

mechanism. As we began discussing in the previous chapter, there is plenty of evidence to support 

the idea that degassing water reduces the interaction between hydrophobic surfaces, and we would 

expect this to also apply to droplets in suspension.8,9,15  

Apart from the previously mentioned work with carbon dioxide, the effect of replacing air 

with another gas (as done in the following work) on hydrocarbon droplet suspensions has not been 

studied before, as far as we know. Neither have we found any previous work on the effect of 

dissolved gas on the surface charge of hydrocarbon droplets. In one study, the effect of dissolved 

air, argon, and carbon dioxide on the zeta potential was measured for two types of silica particles.8 

Methylated silica particles, which are hydrophobic, and untreated silica particles, which are 

hydrophilic, were analyzed. They reported a larger zeta potential of -37 mV for the methylated 

particles in degassed solutions versus -16 mV for the same particles without degassing, with an 

intermediate zeta potential for carbon dioxide in solution (-22mV). These authors did not discuss 

in detail how they maintained a degassed condition during zeta potential measurements.  They 

showed an increase in aggregation tendency with increasing carbon dioxide or argon in solution, 

which means their results showed that dissolved argon lead to more aggregation than a “normal” 

solution with dissolved air, which does not agree with our results so far. 
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To summarize, we have reviewed two themes in studies on hydrocarbon droplets in 

suspension. The first trend observed is that a negative zeta potential increases as pH decreases, and 

the second is an effect of degassing on aggregation. In this study, we combine these themes by 

investigating the impact of dissolved gas on zeta potential of mineral oil droplets.  

Traditionally, oil droplet suspensions in water can be prepared by direct mechanical 

dispersion. This would be done by dissolving the oil in an intermediate solvent, followed by 

antisolvent precipitation into a fine dispersion, or by using heat to aid dispersion. Using an 

intermediate solvent tends to raise questions of contamination, as “universal” solvents (such as 

acetone) that can dissolve both oil and water are notoriously difficult to purify. Previous 

researchers used a sonication probe or multivalve homogenizer to prepare hexadecane 

suspensions, and the suspensions were stable for days by either method.4 Another research group 

prepared dispersions using the same method and reported droplets that were 40 - 120 nm in size, 

with a lifetime of several hours.5 This time length indicated slightly less stable systems than the 

previously mentioned experiments, and it was less stable than would be expected based on the 

Stokes law calculation. In the experiments done with xylene, researchers observed that their 

droplets prepared by homogenization were larger than 1 µm with relatively short lifetimes of only 

several minutes.6 Luckily, the lifetime of several minutes was sufficient for zeta potential 

measurements. For the case of xylene, in order to prepare 100 - 200 nm droplets, the researchers 

developed an alternative method whereby water and xylene phases were brought in contact, but 

not mixed, and heated to 60°C for 1 hour so that a significant amount of xylene was dissolved in 

water. The heating was followed by droplet formation when the solution was cooled. These 

suspensions were stable for longer than seven minutes, but not for an hour. The stability was 

significantly shorter than those reported by later workers who used sonication or homogenization 
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for sample preparations.  The suspensions prepared by the heating/cooling cycle method were 

supersaturated with xylene, as they were formed by cooling a saturated solution. It is likely that 

the droplets grew by taking in xylene molecules from the surrounding water. For droplets prepared 

by mechanically breaking up larger volumes of oil, no significant dissolution of the oil in the 

surrounding water occurs. Therefore, mechanical methods of suspension preparation, such as 

sonication or homogenization, appeared to be the most suitable approach in accordance with the 

published literature.  

4.2 Materials and Methods 

4.2.1 Materials 

Mineral oil was purchased from Sigma-Aldrich Inc. (St. Louis, Missouri). Deionized water was 

prepared with a Millipore RiOS system combined with a Synergy UV module. NoChromix, also 

called Alnochromix, was purchased from Alconox, and 20 mL clear glass threaded vials were 

purchased from Fisher Scientific, U.S.A.  

4.2.2 Glassware Preparation 

The dispersions of mineral oil in water were made with extreme caution and awareness of possible 

contamination. All 20 mL glass vials used were cleaned with a NoChromix/sulfuric acid mixture 

to remove any residual organic matter, oil, and other surface contaminants by oxidation. The 

NoChromix mixture sat in the vials for 24 hours, and then the vials were rinsed with DI water, 

secured in a sonication bath, and sonicated with fresh DI water for at least 30 minutes to remove 

NoChromix residue. Once cleaned, the glass vials were “capped” with aluminum foil to avoid 

possible contamination from the plastic caps that are normally used to seal the vials. 
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4.2.3 Preparation of Mineral Oil Dispersions  

The mineral oil dispersions were prepared using a Q-Sonica Q125 probe station with a power 

rating of 125W. The sonication probe was fitted with a microtip, which was fed into an enclosure 

for safety. Each sample vial was placed in a beaker of ice to prevent the sonication from heating 

up the sample. The beaker containing the sample vial surrounded by ice was then placed on a stage, 

which was raised to submerge the sonication tip in the sample. The vial was centered around the 

probe so that the probe was right above the bottom of the sample but did not come in contact with 

the glass. 

Before each experiment, the sonication probe was wiped down with “Simple Green” All 

Purpose detergent, diluted according to the manufacturer’s recommendation. The probe was then 

rinsed with DI water and cleaned with a series of three vials filled with 10 mL 1M NaOH. One 

after the other, the three vials were sonicated with the sonication probe for 2 minutes using a 

sonication amplitude setting of 80%. The sonication probe was rinsed with DI water again before 

being placed within the sample vial containing the actual mineral oil and DI water. For all of the 

following experiments, a volume of 5 µL of mineral oil was added to 10 mL of DI water. The 

sample was then sonicated in a sequence of 2 seconds with sonication (at 80% amplitude setting) 

followed by 2 seconds off. The cycle continued until the total time sonicated reached 5 minutes. 

The previously described process was used to make the stock dispersion, or “mother” dispersion, 

which was stored on the lab bench covered with aluminum foil.  

4.2.4 Changing Dissolved Gas in Mineral Oil Dispersion 

Daughter suspensions of mineral oil in water were used for measurements. They were prepared by 

mixing 100 µL from the mother dispersion with 900 µL DI water in a glass cuvette. For the argon-

treated experiments, the DI water used to prepare the daughter suspensions was bubbled with 
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Argon until the dissolved oxygen measurement was 0.2 mg/L. The bubbling process and 

subsequent handling of gas-bubbled samples was done in a gas-purged glove bag. After the 

addition of DI water (air or argon saturated), a dip cell was placed into the glass cuvette, being 

careful to ensure that no bubbles were trapped between the electrodes. The glass cuvette containing 

the daughter dispersion and dip cell was then placed into the Malvern Zetasizer, where a program 

was used to measure size (via dynamic light scattering) 3 times followed by zeta potential (via 

electrophoretic light scattering) 3 times. This cycle was repeated for at least an hour.  

Note that only the daughter dispersions had the possibility of being argon-treated or not.  

In all cases where “argon-treated” is compared to “air”, a common mother dispersion, prepared in 

air using a sonication probe, is used to prepare both. 

4.2.5 Droplet Size Measurement 

Droplet size distributions were measured through dynamic light scattering using a Zetasizer Nano 

ZSP (Malvern Instruments Ltd.) fitted with a 633 nm He-Ne laser. The measurements were 

performed with the 173-degree backscattering mode at 25oC with samples in glass cuvettes. The 

measurements were all taken with the zeta potential dip cell in the glass cuvette to minimize sample 

handling. Cumulative fit analysis outputs a single z-average hydrodynamic diameter, which is 

referred to as “size” in the following plots. 

4.2.6 Droplet Zeta Potential Measurement 

Zeta potentials were determined with electrophoretic light scattering using the previously 

mentioned Zetasizer Nano ZSP. Approximately 1 mL of sample was placed in a standard cuvette 

with Malvern’s zeta potential dip cell for measurement. For argon-saturated samples, the cuvette 

and dip cell were kept and mixed together in the glove bag. The cuvette - dip cell assembly is not 
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leak-tight, but drifts in zeta potential due to air leakage are small on the time scale of typical 

measurements. 

4.3 Results and Discussion 

Mineral oil droplets in water serve as a model hydrophobic dispersion, but the data obtained 

from the dispersion is only reliable for calculations and fitting curves if the system is completely 

clean. However, our first experiment with mineral oil in water was not done with extreme 

equilibration. The goal was to see if we would obtain results similar to the one we were seeing 

with lignin nanoparticles. A small droplet of mineral oil was put in a glass vial with about 10 mL 

of DI water, and the sample was sonicated on the sonication probe, for at least 5 minutes of 

sonication. The results of this initial test are shown in Figure 4.1, and although the sample 

wasn’t extremely clean or precisely measured, there was such a large difference in zeta potentials 

for the air and argon saturated samples that these preliminary data justified doing further 

experiments. 
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Figure 4.1. Preliminary results prior to extreme cleaning of glass vials and sonication probe. The 

mineral oil and water volumes were not measured carefully, and some contamination could be 

introduced by the sonication probe. The curves show zeta potentials over time of daughter 

dispersions, which have been saturated with air (black) and argon (purple). The difference in the 

measurements due to the dissolved gas encouraged further experimentation. 

 

 After obtaining encouraging preliminary results, we went back to the basics to find the best 

sonication conditions for experiments. The volume of mineral oil used, about 5 µL, in 10 mL of 

DI water looked ideal in the preliminary sample. Looking at the vial after sonication, there was no 

mineral oil remaining on the surface of the water, so most, if not all, of the oil was dispersed into 

the droplet dispersion. 

4.3.1 Determining Sonication Time 

The total sonication time used to prepare the mother dispersion of mineral oil droplets was varied. 

Although the total treatment time was varied, the sonication was always performed in cycles of 

two seconds sonicating followed by two second off. Cycling the sonication helped prevent the 

sample from becoming overheated. For each data set shown in the following plots, a fresh daughter 

solution was prepared and characterized with respect to particle size and zeta potential. The mother 
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dispersion was stored on the lab bench, and 100 µL was withdrawn on each of the indicated days 

to prepare a new daughter solution. 

Before doing further experimentation with gases, the total sonication time was varied from 

1 minute to 5 mins. Ideally, a lower sonication time length would be used to reduce the chances of 

heat causing evaporation, but the final mother dispersion also needed to be mostly uniform and 

stable for more than just a couple hours. The stability of the mother dispersion was determined by 

the behavior (changes is size and zeta potential) of the daughter dispersion day-to-day. Figure 4.2 

presents a comparison of the particle size data for mother solutions prepared with 1 minute and 5-

minute sonication times. For both sonication times, the observed droplet sizes were in the 200 - 

300 nm range, but the sizes are more consistent and precise with the longer sonication time. In 

addition, the plots of average size do not show any information on dispersion concentration. 

Another value obtained from the Zetasizer software, the derived count rate, is substantially smaller 

after one day for the sample with 1 minute of sonication. This is an indication of the suspension 

separating as the mineral oil droplets coalesce and rise to the water’s surface. 
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Figure 4.2. Average mineral oil droplet size over time for daughter dispersions. The mother 

dispersions, made on day 0, were prepared with 5 µL mineral oil in 10 mL DI water and sonicated 

with either a total of one minute of sonication (a) or total of 5 minutes of sonication (b). 

 

Although the size data shown in Figure 4.2 indicate better stability for the longer sonication 

time, the zeta potentials of the same dispersions are shown in Figure 4.3. These data reinforce the 

conclusions made with the size light scattering measurements. The stable zeta potentials over time 

for daughter dispersions made fresh each day show that both sonication times applied result in 

droplets that are similar on average. However, in agreement with the size data in the previous 

figure, the data for one minute of sonication are more spread out with some data points showing 

zeta potentials of -10 mV, which are relatively weak. The data are less scattered for the sample 

with five minutes of sonication, and the lowest magnitude of zeta potential seen is -20mV, 

indicating better stability. 
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Figure 4.3. Average mineral oil droplet zeta potential over time for daughter dispersions. The 

mother dispersions, made on day 0, were prepared with 5 µL mineral oil in 10 mL DI water and 

with either 1-minute total of sonication (a) or 5 minutes total of sonication (b). 

 

Based on these measurements, a total of 5 minutes of sonication time is required for 

obtaining reproducible, stable suspensions prepared by dispersing 5 µl mineral oil in DI water. The 

stability of an aqueous suspension of oil droplets is governed by buoyancy and coalescence effects. 

Buoyancy is a result of the lower density of most oils relative to water, which causes the droplets 

to float upwards, while coalescence is due to the hydrophobic interactions.  As we wish to study 

the hydrophobic interaction, we should minimize buoyancy effects. The spot-size of a laser, like 

the one in the Zetasizer, is about 1 mm, so the sample needs to be stable enough that the time for 

an oil droplet to rise 1 mm is long compared to the duration of an experiment. 

The velocity of an oil droplet can be estimated by inserting buoyancy force into Stokes’ 

Law, giving equation (4.1). 

𝜐 =
2

9

𝜌𝑝−𝜌𝑓

𝜇
𝑔𝑅2   (4.1) 

In that equation, υ is the terminal velocity, ρp is the density of the droplet, ρf is the density of water, 

𝜇 is the dynamic viscosity of water, g is the acceleration due to gravity, and R is the radius of the 
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droplet. This equation allows us to estimate the amount of time needed for a droplet of mineral oil 

with ρp = 0.87 g/L to move out of the Zetasizer’s light path for varying droplet sizes. For a droplet 

radius of 10 µm, the droplet will travel a distance of 1 mm in about 30 s. Meanwhile, a droplet 

with a radius of 1 µm will travel a distance of 1 mm in about 3000 s, or 50 minutes. Therefore, it 

is very desirable to prepare droplets with a radius less than 1 µm, as the stability of a suspension 

with droplets in this size range is primarily determined by coalescence. Since the droplets in 

dispersion after 5 minutes of sonication are less than 600 nm in diameter, we conclude that they 

are stable for more time than is needed for experiments. 

4.3.2 Effect of Argon on Mineral Oil Suspensions 

Sample data comparing air and argon saturated dispersions were analyzed next. Figure 4.4 shows 

the particle size data for daughter dispersions made on day 2 and day 7 of the mother dispersion 

storage. In both cases, the droplet sizes are not affected by the presence of air or argon. The slightly 

higher particle sizes recorded at about 40, 60 and 100 minutes in Figure 4.4 (b) are likely a result 

of stray dust particles or other contaminants emerging over time floating and out of the laser’s light 

path. 
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Figure 4.4. Sizes of daughter dispersions that have been saturated with air (black) or argon 

(orange). The daughter dispersions were made from a single mother dispersion after being stored 

for 2 days (a) and 7 days (b). For both ages of the mother dispersion, the dissolved gas does not 

have a significant impact on droplet size. 

 

Paired with the size data shown in the previous plots, Figure 4.5 presents the zeta potentials 

of daughter dispersions prepared from the same mother dispersion on day 2 and day 7.  On day 2, 

the argon-treated dispersion showed a zeta potential about 25 mV more negative than the air-

exposed one. Since the electrostatic repulsion between the dispersed droplets is dependent on the 

magnitude of the zeta potential, regardless of whether it is positive or negative, the argon saturated 

dispersions are expected to be more stable. 
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Figure 4.5. Average Zeta potentials of daughter dispersions that have been saturated with air 

(black) or argon (purple). The daughter dispersions were made from a single mother dispersion 

after sitting out on the bench for 2 days (a) and 7 days (b). Both plots show more negative zeta 

potentials for the argon saturated samples, but the difference between the air and argon saturated 

sample zeta potentials decreased as the mother dispersion got older. 

 

The slow upward trend in zeta potential that is apparent for the argon-treated dispersions 

is attributed to air infiltration into the cuvette, which is capped with a dip cell but is not airtight. 

On day 7, the initial zeta potential difference between air and argon saturated samples was 20 mV, 

which is slightly less than the difference found on day 2. This suggests that some deterioration of 

the mother dispersion has occurred during storage. Note that this change is not directly related to 

gas effects as the mother dispersion is stored in air and both daughter dispersions (argon-treated 

and not) were freshly prepared on day 7.  

4.3.3 Proposed Mechanism of Emulsion Stabilization with Argon 

Experimental evidence in literature supports the concept that gases in solution give rise to a 

“depletion zone” at hydrophobic surfaces. The depletion zone is an adjacent region where the 

(aqueous) solvent is less dense. From the research described in Chapter 3, we previously 

hypothesized that water molecules stabilize surface charges more effectively when the solution is 

saturated with argon rather than air or nitrogen. The results in this chapter have demonstrated a 
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similar impact of dissolved gas on the zeta potential of mineral oil droplets in suspension. With 

two very different colloidal systems showing similar results with argon in solution, it makes sense 

to proceed with the discussion on the effect of argon on the interaction between water and 

“generic” hydrophobic surfaces. 

Molecular dynamics simulations done by Chandler at the University of California help 

illustrate water structure near hydrophobic surfaces, as presented in his work and reproduced in 

Figure 4.6.16  In Figure 4.6 (a), an isolated molecule is accommodated within the extended H-

bonding structure of water, but it may impose some strain on its lattice. However, a more extensive 

hydrophobic surface, like that in Figure 4.6 (b), generally forces a disruption of the H-bonded 

surrounding water structure. This disrupted structure may be compensated by adsorption and 

retention of ions in solution at the surface.17–19 We hypothesize that the extent and nature of the 

distortion caused by a gas may influence the structure of water near a hydrophobic surface or 

particle, leading to the stable adsorption of charged species near the particle’s hydrophobic areas.  
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Figure 4.6. Molecular dynamics simulation of water around a hydrophobic particle (a) and a 

hydrophobic cluster (b) reproduced from Chandler. Red spheres represent hydrophobic particles 

about the size of a methane molecule. Blue (oxygen) and white (hydrogen) spheres attached with 

dashed lines (hydrogen bonds) form cages around the hydrophobic particles. In the case of one 

particle, each water molecule has four hydrogen bonds. With the cluster of hydrophobic particles, 

the size of the cluster restructures the water molecules, so they have three or fewer hydrogen bonds.  

 

 As with the lignin nanoparticles in the previous chapter, electrostatic model equations can 

be combined with the data obtained from measurements of the mineral oil dispersions. A system 

of equations is assembled starting with the Grahame equation (4.2) to relate droplet surface charge 

(σ) with surface potential (𝜓0).6,20 The second equation (4.3) calculates the fraction of dissociated 

ionic sites (α) on a particle based on a dissociation constant (𝐾𝑑) and our newly introduced  

dissolved gas constant (Ф).21,22 The last equation (4.4) relates changes in pH and dissolved gas 

with changes in zeta potential.   

𝜎 = √8𝜖𝜖0𝑘𝑇𝐶𝐸𝐿 sinh
𝑧𝑒Ψ0

2𝑘𝑇
   (4.2) 
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𝛼 =
Φ𝐾𝑑

𝐾𝑑+[H+]∞𝑒−𝑒𝜓0 𝑘𝑇⁄     (4.3) 

𝜎 = 𝛼𝜎0    (4.4) 

The other values used in the above equations are electrolyte concentration (𝐶𝐸𝐿), 

temperature (T), Boltzmann’s constant (k), dielectric permittivity in vacuum (𝜖0), relative 

dielectric permittivity of the solvent (ϵ),  ion valency (z=-1), proton concentration in the bulk 

solution ([H+]∞), and maximum possible charge density (𝜎0). With additional experiments 

measuring zeta potential while changing the pH of mineral oil dispersions under both air and argon, 

the model formulae (4.2-4.4) can be fit to the experimental data as a system of equations. 

A visual representation of a mineral oil droplet in water with dissolved air is shown in 

Figure 4.7. The schematic is made up of the hydrophobic particle (red), ionic groups from 

dissociated water (light pink ellipsoids), and dissolved air (blue spheres). This model is extremely 

simple compared to the lignin nanoparticle model shown in the previous chapter. This simplicity 

is why mineral oil was used for experiments. Since the droplets in the dispersion are treated as 

purely hydrophobic, there are no regions of hydrophilicity, ionizable surface groups, or uneven 

surface morphologies to complicate the model. 
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Figure 4.7. Representative schematic model of a mineral oil droplet in air-saturated DI water. The 

entire surface is hydrophobic (red), and adsorbed hydroxyl groups are evenly spread out (light pink 

ellipsoids). The dissolved air molecules are represented by the blue spheres surrounding the 

droplet. 

 

In comparison, Figure 4.8 shows the same model mineral oil droplet, but this time it is in 

DI water with dissolved argon rather than air. The change in gas dissolved in the surrounding 

medium is represented by the small spheres surrounding the droplet, which are drawn in yellow. 

The change in dissolved gas, according to our hypothesis, results in a thinner depletion zone around 

hydrophobic regions, which is the whole droplet surface for the case of mineral oil. This is 

illustrated with the lighter blue shading around the droplet. The thin depletion zone allows water 

molecules to get closer to the droplet’s surface, whereas more negatively charged hydroxyl groups 

adsorb to the surface. This is shown with the increased number of pink ellipsoids in Figure 4.8 

compared to Figure 4.7.  
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Figure 4.8. Representative schematic model of a mineral oil droplet in DI water with dissolved 

argon. The entire surface is hydrophobic (red), and adsorbed hydroxyl groups are evenly spread 

out (light pink ellipsoids). The dissolved argon molecules are represented by the yellow spheres 

surrounding the droplet. The light blue shading immediately next to the surface of the droplet 

represents the thin depletion zone.  

 

As illustrated by the two representative schematics of mineral oil (Figures 4.7 and 4.8), the 

main difference between mineral oil droplets in water saturated with air or argon is the number of 

hydroxyl groups that are adsorbed on the droplet surface. The increased number of adsorbed 

hydroxyl groups results in larger surface charge and potential. These models, while being 

simplified, demonstrate the same effects as the lignin nanoparticle models shown in the previous 

chapter. 

4.4 Conclusions 

We have reported an impact of argon on the zeta potential of mineral oil droplets. The differences 

seen in the mineral oil droplet dispersions match the data trends seen during the research with 

lignin nanoparticles described in the previous chapter. The model equations presented as a part of 

the last section suggest the relative importance of the proposed effect is proportional to the size of 
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the hydrophobic area. This would help explain why a larger difference in zeta potential is visible 

for the mineral oil dispersions compared to the lignin nanoparticle dispersions. While not observed 

in currently published literature, we propose that a similar effect should also be present for 

hydrophobic biomolecules, including protein drugs with partially hydrophobic character.  
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CHAPTER 5 

Development of a New Protein Stability Assay Based on Dynamic Light 

Scattering 

5.1 Introduction 

The past decade has seen large advancements in pharmaceutical companies developing new 

monoclonal antibody-based therapies.1,2 Antibody- based drugs that have been tested in clinical 

settings have shown good reproducibility with high selectivity and minimal side effects.3 With this 

trend, it is more important than ever to determine and extend the stability of antibody monomers 

in a rapid and reliable way. However, antibody stability encompasses more than staying dispersed 

in solution as antibodies are only useful for their intended action in the native folded monomer 

state.2,4,5 The presence of unwanted aggregates alters the activity of the proteins, with the potential 

for many adverse health effects.6–8 In addition to safety, minimizing the amount of aggregate for 

as long as possible is vital to decrease the expenses of lost product in industrial production of 

antibody-based therapies.  

One antibody protein that is heavily analyzed for its stability is Immunoglobulin G (IgG) 

from human plasma. This is because some subclasses of the protein (IgG1, IgG2, etc.) that have 

already been approved as therapeutic drugs.9 IgG proteins are compact globular protein with a Y-

shaped conformation. The four polypeptide chains making up the protein are organized into 3 

sections: two Fab segments and one Fc segment, and these segments have been established as 

having an important role in the aggregation process.10,11 Prior research and characterization of IgG 

found two main pathways to forming irreversible aggregates from active monomers, both of which 

are shown in Figure 5.1. The first pathway has three main steps, the first of which is the reversible 
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partial unfolding of a monomer. Although Figure 5.1 only illustrates unfolding of a Fab segment, 

any of the three segments could unfold and refold. The second step is reversible clustering of the 

partially unfolded monomers. The third, and final, step to this pathway is the irreversible 

agglomeration of the clustered partially unfolded monomers. The second pathway to the formation 

of soluble aggregates from protein monomers has only two steps: the reversible clustering of 

folded monomers followed by irreversible agglomeration.12–14 

 

 
Figure 5.1. Schematic of the two major pathways for IgG to aggregate irreversibly.15 In the first 

pathway, the native folded monomers first become partially unfolded. These partially unfolded 

monomers reversibly cluster together, and then they irreversibly aggregate. In the second pathway 

for IgG aggregation, active monomers reversibly form a cluster together. This is followed by 

irreversible agglomeration. 

 

Many attempts to predict the factors impacting long-term stability of IgG monomers have 

been made with short term tests and simulations.9,16–23 Some experimental methods used to analyze 

aggregation of proteins include size exclusion chromatography (SEC), field-flow fractionation 
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(FFF), and analytical ultracentrifugation (AUC). These methods are beneficial in that they can 

determine the mass fraction of unaggregated protein, output size distributions, and account for 

insoluble aggregates.24–26 However, a major flaw with these techniques is that they have the 

potential to form new aggregates while measuring the samples.22 Light scattering techniques do 

not account for insoluble protein or give mass fraction data, but they do not physically stress the 

samples or cause aggregation.22,27–30 

One light scattering technique used for determining stability of colloids is electrophoretic 

light scattering (ELS), which outputs electrophoretic mobility and zeta potential, values related to 

surface charge. However, the native buffers used for IgG have too high ionic strength to be used 

with zeta potential measurements. A different buffer would have to be applied for this technique, 

although that increases the difficulty of correlating the long term stability of proteins in their native 

buffers.31 Additionally, IgG protein dispersions are usually stored at a pH close to their isoelectric 

point. This point is when the zeta potential is equal to zero, and measurements around this point 

are difficult to obtain accurately.32,33 

Another method used to analyze common colloidal dispersions is dynamic light scattering 

(DLS). Ordinarily, DLS is used to determine the average size of approximately spherical particles 

in stable, dilute dispersions, and its output is the average hydrodynamic diameter.34–36 For IgG, the 

hydrodynamic diameter is based off the largest dimension of the protein, about 11 nm for a 

monomer.37 A larger average size reported from DLS indicates the presence of aggregates, and 

even a single aggregate within the miniscule volume of the laser focus can make a change in the 

reported size.38–40 

Researchers in association with Malvern Instruments have developed a more rapid test to 

compare the stability of different protein dispersions. Their system combined DLS and Raman 
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Spectroscopy with a temperature ramping program that would steadily increase the temperature of 

a sample, allowing the sample to equilibrize at its new temperature before taking measurements 

and proceeding with the ramp.41,42 At each temperature, the average particle size was calculated, 

and the protein conformation was determined. This analysis can be done in a few hours, and on 

the DLS side, it highlights differences in stability for protein dispersions that have different 

aggregation points. The aggregation point shows the temperature at which the average size starts 

increasing exponentially.43  

In this thesis section, we present the development and use of a DLS-based assay that 

incorporates the rapid experiment time of the above-mentioned method. The newly developed 

method reports the data more accurately and can be used to predict the long-term stability of 

protein dispersions. We use the new stability assay to show how the aggregation rate of a protein 

dispersion is dependent on concentration and temperature. In addition, we investigate the impact 

of preexisting aggregates in the dispersion stability of IgG protein. 

5.2 Materials and Methods 

5.2.1 Materials 

Lyophilized polyclonal Immunoglobulin G (IgG) from normal human plasma (Lot# 2017-01) was 

purchased from Athens Research and Technology (Athens, Georgia). Deionized water, used for 

the reconstitution of protein, was prepared with a Millipore RiOS system combined with a Synergy 

UV module. Phosphate buffered saline (PBS) tablets, used to make 0.15 M PBS, were purchased 

from Sigma-Aldrich Inc. (St. Louis, Missouri). Two types of syringe filters, Millex-GV Filters 

with a diameter of 13 mm and pores that are 0.22 micron and Whatman Anotop 10 filters with a 

diameter of 10 mm and pores that are 0.02 microns, were purchased from Millipore-Sigma 
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(Burlington, Massachusetts). 2 mL clear glass threaded vials with closures and 1 mL BD sterile 

syringes with slip tips were purchased from Fisher Scientific, U.S.A.  

5.2.2 Preparation of IgG Samples 

IgG is first reconstituted to its original concentration. The dry product received from Athens 

Research and Technology had an original volume of 25.1 mL and original concentration of 41.8 

mg/mL IgG. After lyophilization, the mass of the product was 1352 mg according to the company. 

The original mass and volume were used to calculate the desired mass and volume of DI water 

required for a set of experiments as the entire bottle was not reconstituted at once. After 

reconstitution to 41.6 mg/mL, the dispersion was diluted down to the desired working 

concentrations (1.25 mg/mL, 2.5 mg/mL, 5 mg/mL, 7.5 mg/mL, and 10 mg/mL) using 0.15M PBS. 

The final samples were filtered into 2 mL glass vials for storage and measurement. 

5.2.3 Analysis with Dynamic Light Scattering 

Size distributions, indicative of monomers and aggregates present in dispersion, were measured 

through dynamic light scattering using a Zetasizer Nano ZSP (Malvern Instruments Ltd.). The 

machine was fitted with a 633 nm He-Ne laser and measurements were performed in the 173-

degree backscattering mode. Measurements were done in 2 mL glass vials. The Zetasizer software 

output results from a cumulative fit and a distribution fit. The cumulative fit of raw data gave an 

average diameter and polydispersity index (PDI), and the dispersion fit gave a size distribution 

based on intensity, volume, or number of particles. 

5.3 Results and Discussion 

To develop a new DLS-based technique for determining long term protein stability, the previously 

established method was re-assessed. The most important piece of information obtained from the 

method was the point of aggregation.43 However, the method continues to ramp the sample 
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temperature past the point of aggregation, at which point the resulting graph, like in Figure 5.2, 

no longer accurately represents the data. This inaccuracy is due to the cumulant fit analysis method 

used to approximate the data. The cumulant fit operates under the assumption that there is one size 

distribution of particles, and it outputs a single size average and polydispersity.44,45 In reality, the 

size of the protein is not growing exponentially, but aggregates are forming a second distribution 

that the cumulant fit cannot approximate separately. 

 

 
Figure 5.2. Average size, or hydrodynamic diameter, increases with temperature for a dispersion 

of 2.5 mg/mL IgG in 0.15M PBS. The measured size increases exponentially at the aggregation 

point, somewhere between 45 and 50 °C. The pictograms alongside the data illustrate the true state 

of the protein monomers, which are aggregating, not growing in size. 

 

 The Malvern Instruments software that processes the DLS raw data, known as Zetasizer 

Software, uses two different fits to interpret the data, and while the cumulant fit assumes that only 

one size distribution is present, the distribution fit does not. The distribution fit instead outputs a 

size distribution, showing that that there are two size distributions present when the sample has 

begun aggregating.46,47 Our new method for studying the stability of proteins combines the 
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accuracy of the distribution fit with the previous method’s temperature ramp up to the aggregation 

point. 

5.3.1 Generating 3D Plots for Analysis of Protein Aggregation 

The proposed method ramps the sample temperature up to the aggregation point, then holds the 

sample at that elevated temperature while taking back to back DLS measurements. The higher 

temperature allows measurements to gather rapid information on the aggregation rate of the 

sample. In other previous experimental methods, elevated temperatures were used to predict the 

stability of protein dispersions, but those methods didn’t make use of continuous measurements 

for accuracy.23,48–53 

 When all size distributions from temperature ramping and consecutive measurements at 

the final elevated temperature are plotted together, 3D plots with surface contour mapping are 

generated similar to those in Figure 5.3. The default size distribution for the Zetasizer software is 

based on intensity percent, as in Figure 5.3 (a) and (b). Of the three generated distributions in the 

software, intensity, volume, and number, intensity is closest to the raw data as it refers to the 

photons scattered by particles of different sizes. In addition, any and all aggregates will appear on 

the distribution, allowing the aggregation process to be monitored from the very beginning. Using 

intensity-based plots, we are able to look at the rate of aggregation before the aggregates are even 

registered by other methods such as size exclusion chromatography (SEC).  
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Figure 5.3. 3D plots of 2.5 mg/mL IgG in 0.15M PBS showing aggregation via size distributions 

over time for a period of temperature ramping, up to 55 °C, followed by consecutive measurements 

at 55 °C. The results are plotted with intensity on the z-axis from the side (a) and above (b). 

Intensity distributions are expressed in terms of percent, which normalizes each measurement 

independently of the others. This makes comparison across samples difficult. The results are also 

plotted with derived count rate (DCR) divided by concentration on the z-axis imaged from the side 

(c) and from above (d). By switching from intensity to DCR/concentration, plots of different 

sample concentrations can be compared. 

 

 The main issue with using the intensity-based size distributions generated by the Zetasizer 

software is that they are plotted as intensity percentages, which normalizes the data set of each 

measurement. This is the reason the monomer peak (on the left) of Figure 5.3a appears to decrease 

rapidly even though only a few aggregates have formed in that time. For analysis with multiple 

measurements, like the 3D plots, a non-normalized intensity-based plot was needed. This plot was 
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made in the form of derived count rates (DCRs), which refer to the real counts of photons being 

detected. These values are “derived” from the count rate during a measurement and the attenuator 

setting. The attenuator blocks a portion of the sample’s diffracted light so that the photon receptor 

gets a count rate in its happy range. Therefore, the DCR is the count rate if there was no attenuator 

in use. By dividing the DCR by the concentration of the sample being analyzed, aggregation rates 

of different concentrations can also be analyzed with about the same intensity at the start. This 

fully developed 3D plot is shown in Figure 5.3 (c) and (d). 

5.3.2 Correlating Aggregation Rate and Sample Concentration 

Using the newly developed method to plot measurements testing the stability of different IgG 

concentrations, the difference in aggregation rate becomes apparent as shown in Figure 5.4. At 

each concentration tested, between 1.25 mg/mL (Figure 5.4 (a)) and 10 mg/mL (Figure 5.4(e)), the 

first peak, or monomer peak, remains the same throughout the measurement. Meanwhile, the 

second peak, which is indicative of aggregates, becomes more intense in each plot with their 

increasing concentrations.  
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Figure 5.4. 3D plots showing variation of aggregation rate, or the rate at which the size distribution 

peak (on the left of each graph) becomes more intense, with respect to IgG concentration in 0.15 

PBS. Plotted for concentrations of 1.25 mg/mL (a), 2.5 mg/mL (b), 5 mg/mL (c), 7.5 mg/mL (d), 

and 10 mg/mL (e). Each plot contains a ramping section from 25 °C to 55 °C, followed by 

consecutive measurements at 55 °C.  

 

 Keeping in mind that the goal of the method is to be able to predict the long-term stability 

of a protein sample, having 3D plots as a final output is not ideal. To reduce the 3D plots to data 

that is more efficient to work with for predicting stability, the area under the curve for the second 

peak in the size distribution is obtained for each measurement and plotted as shown in Figure 5.5. 

Since this peak is due to aggregates, the rate at which the area under the curve is increasing can be 

correlated to aggregation rate at the elevated temperature. This aggregation rate at an elevated 
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temperature can then be correlated to an aggregation rate at room temperature according to prior 

research.23 

 

 
Figure 5.5. Total light scattered by aggregates in dispersions of different concentration with the 

data normalized by concentration. The values come from calculating the total area under the 

second size distribution peaks in the previous figures.  

 

 From Figure 5.4 and Figure 5.5, it becomes evident that the aggregation rate increases at a 

rate that is higher than linear when sample concentration is increased. If there was a linear increase 

in aggregation rate with IgG concentration the curves in Figure 5.5 would collapse onto each other 

rather than getting steeper as concentration increases.  

5.3.3 Correlating Aggregation Rate and Storage Temperature 

To aid in predicting the long-term stability of a protein sample with the newly developed method, 

we next analyzed how temperature impacts the aggregation rate. Previous research has already 

shown a relationship between the two, but this new method determines aggregation by looking at 

the derived count rate per concentration, which is not done in earlier studies. For these experiments, 

there is still a temperature ramping section followed by consecutive measurements, but the final 
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ramp temperature and the consecutive measurements’ temperature are changed. Figure 5.6 shows 

how aggregation rate for 10 mg/mL visibly changes as the final temperature is varied between 45 

°C and 55 °C with intervals of 2 to 5 degrees. 

 

 
Figure 5.6. 3D plots showing the aggregation rate of 10 mg/mL IgG in 0.15M PBS increases as 

the final ramping temperature and consecutive measurements’ temperature is tested at 45 °C (a), 

47 °C (b), 50 °C (c), and 55 °C (d). 

 

For the temperature intervals tested in Figure 5.6, the intensity of the aggregate peak 

increased significantly. Therefore, even smaller changes in temperature can result in 3D plots 

showing different rates of aggregation, as shown in Figure 5.7, which has experiments with final 

temperatures of 46 °C to 47.5 °C increasing in half degree intervals. Even with these slight changes 
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in final temperature, the change in aggregation rate is noticeable, showing how sensitive this new 

method can be. 

 

 
Figure 5.7. 3D plots showing increasing intensity of aggregate peaks with increases in final 

temperature for 10 mg/mL IgG in 0.15M PBs. For 46 °C (a), 46.5 °C (b), 47 °C (c), and 47.5 °C 

(d). The data show that even an increase of half a degree in the final ramping temperature results 

in a visibly more intense and therefore faster aggregation. 

 

As before, the data shown in the 3D plots of Figure 5.6 and Figure 5.7 can be studied and 

used more practically by using at the area under the second size distribution peak. The data are 

plotted in Figure 5.8, showing a steady increase in the rate of aggregation, or a steeper curve, as 

the final ramping temperature of the experiments is increased.  
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Figure 5.8. Total light scattered by aggregates in 10 mg/mL IgG dispersions of different final 

temperatures with the data normalized by concentration. The values come from calculating the 

total area under the second size distribution peaks in the previous two figures. Except for the 

experiment ramped to and held at 50 °C, there is a visibly steady increase in the aggregation rate 

as the final temperature is increased. 

 

5.3.4 Impact of Preexisting Aggregates on Aggregation Rate 

A common theory among the literature looking at protein aggregation is that once an aggregate is 

present in the dispersion, the aggregation of the dispersion increases. This implies that although 

we see differences in aggregation rate between different protein concentrations, the same 

concentrations could have different rates of aggregation with all of the experiment parameters kept 

the same just by removing any preexisting aggregates. To observe this, a few concentrations 

previously studied were tested again, but this time the final filtration before putting the sample into 

the zetasizer was performed with a filter that had 20 nm pores rather than 200 nm pores. The results 

are shown in Figure 5.9. 
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Figure 5.9. 3D plots showing variation of aggregation rate as IgG concentration in 0.15 PBS is 

increased and filtration is made finer. Data previously shown for 1.25 mg/mL (b), 2.5 mg/mL (d), 

5 mg/mL (f) filtered with 200 nm pores is shown again for easy comparison. New data for samples 

that were filtered with 20 nm pores are included for 1.25 mg/mL (a), 2.5 mg/mL (c), and 5 mg/mL 

(e). Each plot contains a ramping section from 25 °C to 55 °C followed by consecutive 

measurements at 55 °C. 

 

 When samples have been subjected to finer filtration using filter with 20 nm pores before 

the measurements, there is less overall aggregation, partially due to a delayed onset of aggregation. 

The final temperature used, 55 °C, was previously shown to speed up aggregation enough to obtain 
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detailed data very rapidly. However, there is a longer wait for the onset of aggregation without 

aggregates preexisting in the sample. 

 Even though the plots in Figure 5.9 show a lower aggregation rate for samples without 

initial aggregates, we had to consider that by using 20 nm pore filters, we were likely reducing the 

concentration of protein dispersed compared to the experiments with samples that  only had 

filtration with 200 nm pore filter. Because there is a definite change in aggregation rate when 

concentration of protein is changed, the change in concentration due to filtration needed to be 

quantified to make sure that the change in aggregation rate seen with fine filtration is not due to 

just lower concentration. With samples prepared to have 1.25 mg/mL and 2.5 mg/mL IgG, 

spectrophotometry was used to determine the concentration of protein with no filtration, 200 nm 

pores, and 20 nm pores. These data are shown in Table 5.1. 

 

Table 5.1. Concentration of protein with different filtration conditions 

Prepared IgG 
concentration 

Measured 
concentration with 

no filtration 

Measured 
concentration with 

200 nm pores 

Measured 
concentration 

with 20 nm 
pores 

1.25 mg/mL 1.09 mg/mL 1.06 mg/mL 1.02 mg/mL 

2.5 mg/mL 2.22 mg/mL 2.15 mg/mL 2.02 mg/mL 

 

 Measuring of the concentration of protein in dispersions with different filtration conditions 

revealed that even without filtration, the actual concentration of protein was less than the initial 

concentration being prepared. However, the differences in concentration due to using 200 nm pores 

vs. 20 nm pores filter are not large enough to account for the differences seen in aggregation rate 

due to aggregates already present in the dispersion. 
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5.4 Conclusions 

We present a new method for analyzing the stability of protein dispersions based on dynamic light 

scattering. The new method is rapid, while also being very sensitive, and able to reflect changes in 

aggregation rates when experimental parameters are slightly altered. The method takes advantage 

a programmed temperature ramp to get the protein sample to a temperature at which aggregation 

can be observed in real time. Once this point is reached, the sample is held at that temperature 

while consecutive size measurements are being made. The method was then improved by changing 

how the information was processed and presented. Instead of reporting average size, the entire size 

distribution was taken, and the size distributions were plotted over time in a 3D plot. The size 

distributions were initially plotted as intensity percent, but to make plots comparable they were 

changed to derived count rate, an unnormalized version of intensity. Using the newly developed 

method, we can show how the aggregation rate of a protein dispersion is dependent on protein 

concentration, sample temperature, and the presence of preexisting aggregates. 
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CHAPTER 6 

Increased Colloidal Stability of Immunoglobulin Due to the Type of Gas 

Dissolved in the Water Medium 

6.1 Introduction 

Aggregation of proteins in aqueous solution is of great fundamental and practical importance, 

especially in studying the immunogenic behavior of drugs and their shelf lives.1–3 Preventing the 

aggregation of proteins is becoming more important as pharmaceutical companies continue to 

develop antibody-based therapies.4–6 These therapies have been found to be highly selective with 

minimal side effects, but the results depend on the proteins remaining in their active, monomer 

state.4 Protein aggregates in antibody-based drugs can lead to adverse health effects for 

patients.1,3,5,7  

On the fundamental research side, predicting protein aggregate formation and aggregation 

rate has been a well-investigated topic. There is a computational approach, which examines a 

model of the protein, its dispersion conditions (like temperature and concentration), and the forces 

at work to develop estimates of long-term stability and aggregation rates.8–18 On the more practical 

side of the research topic, protein dispersions are manipulated with additives to increase their 

stability.13,14,19–22 After a new pharmaceutical or other formulation additive has been introduced, a 

variety of experiments are done to establish if the dispersion has become more or less stable than 

the one without the additive. 

While determining stability generally refers to sustaining the monomer conformation of 

proteins in dispersion for as long as possible, there are different environmental stresses that can be 

placed on the dispersion to cause aggregation.21,23–28 For example, research has shown that 

increasing storage temperature leads to faster aggregation, and the rate of aggregation between 
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different temperature conditions can be correlated.29–31 In experiments where the storage 

temperature of protein dispersions is increased, the “more stable” dispersion is the one that reaches 

a higher temperature before aggregation begins. In these types of rapid experiments, the actual 

aggregation rate is not measured, as one establishes the temperature at which aggregation can be 

observed in real time. Another external stress that can be introduced to compare the stability of 

two dispersions with different additives is agitation or aggressive stirring.32 Again, aggregation 

rate is not looked at, but the dispersion that can be shaken longer without detectable aggregation 

would be considered more stable. Even though the previously described experiments help 

determine stability, the mechanism of aggregation could be different from that of a sample sitting 

on a shelf at room temperature, which makes aggregation rates hard to compare. This is why many 

experiments have been designed in an attempt to test the true protein stability.27,33–35 

  Immunoglobulin G (IgG) is a well-studied model for monoclonal antibodies, which 

constitute a huge class of modern drugs.33,36–38 IgG is known to have two main pathways for 

aggregation.13,23,24,39 The first pathway has protein folding followed by clustering, and the second 

pathway has clustering of monomers followed by protein unfolding. Both pathways to protein 

aggregation include multiple reversible steps, meaning that the proteins could return back to their 

monomer state. The fundamentals of which stresses lead to which pathway are complicated and 

still poorly understood. Therefore, the two states that matter for the proteins are the initial 

monomer and the irreversibly formed aggregate, as shown in Figure 6.1. Everything in between 

the two states can be viewed as a “black box” process. 
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Figure 6.1. A simplified schematic showing the two most important conformations of IgG. First, 

the protein is in its active monomer state, which is the only form that proteins can safely be used 

in drugs. Then, through multiple pathways that can be initiated through a variety of stresses on the 

protein dispersion, aggregates of the IgG have irreversibly formed. 

 

In this chapter, we use a method of determining protein stability combining elevated 

temperature and measurements during aggregation to determine an aggregation rate. Rather than 

adding any surfactant, known to stabilize dispersions, we investigate the possibility of 

manipulating dissolved gas in IgG dispersions in order to minimize the aggregation of protein 

formulations in drugs and pharmaceuticals. 

6.2 Materials and Methods 

6.2.1 Materials  

Lyophilized polyclonal Immunoglobulin G (IgG) from normal human plasma (Lot# 2017-01 and 

Lot# 2018-01) was purchased from Athens Research and Technology (Athens, Georgia). 

Deionized water, used for the reconstitution of protein, was prepared with a Millipore RiOS system 

combined with a Synergy UV module. L-Histidine and phosphate buffered saline (PBS) tablets, 

used to make 0.15 M PBS, were purchased from Sigma-Aldrich Inc. (St. Louis, Missouri). Two 

types of syringe filters, Millex-GV Filters with a diameter of 13 mm and pores that are 0.22 micron 

and Whatman Anotop 10 filters with a diameter of 10 mm and pores that are 0.02 microns, were 
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purchased from Millipore-Sigma (Burlington, Massachusetts). 2 mL clear glass threaded vials with 

closures and 1 mL BD sterile syringes with slip tips were purchased from Fisher Scientific, U.S.A. 

6.2.2 Preparation of Buffers 

Two buffers were used, PBS and Histidine. The 0.15 M PBS buffer was prepared following the 

producer’s directions, which was to dissolve a PBS tablet in 200 mL of water. The solution was 

then filtered with 0. 22 µm pores to remove any contaminants before use. The Histidine buffer was 

made by making a 20 mM solution of L-Histidine in water. It was then pH adjusted to 6.4 or 7.2 

(the final pH after adjustment is different depending on the experiment being done, which will be 

explained in a later section) using HCl and NaOH.  

6.2.3 Reconstitution and Dilution of IgG  

IgG is first reconstituted to its original concentration. The dry product received from Athens 

Research and Technology had an original volume of 25.1 mL and original concentration of 41.8 

mg/mL IgG. After lyophilization, the mass of the product was 1352 mg according to the company. 

The original mass and volume were used to calculate the desired mass and volume of DI water 

required for a set of experiments so that the entire bottle was not reconstituted at once. After 

reconstitution to 41.6 mg/mL, the dispersion was diluted down to the desired working 

concentrations (0.625 mg/mL, 1.25 mg/mL, 2 mg/mL, or 2.5 mg/mL) using 0.15M PBS or 20 mM 

Histidine. The final samples were filtered into 2 mL glass vials for storage and measurement. 

6.2.4 Measuring IgG Concentration 

IgG concentrations were measured by UV light absorption at 280 nm using a Jasco 

spectrophotometer. After light scattering measurements were completed, the samples were diluted 

1/5 using their corresponding buffer in quartz cuvettes. Glass and plastic cuvettes have absorbance 

around the same wavelengths as protein, so only quartz could be used. A reference sample of the 
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buffer was also prepared in a second quartz cuvette. An online tool was then used to calculate 

protein concentration from the measured absorbance.  

6.2.5 Analysis with Dynamic Light Scattering 

Size distributions, indicative of monomers and aggregates present in dispersion, were measured 

through dynamic light scattering using a Zetasizer Nano ZSP (Malvern Instruments Ltd.). The 

machine was fitted with a 633 nm He-Ne laser and the measurements were performed in the 173-

degree backscattering mode. Measurements were done in 2 mL glass vials. The Zetasizer software 

outputs a distribution fit, which gives a size distribution based on intensity, volume, or number of 

particles. 

6.2.6 Zeta Potential Measurements 

Zeta potentials were determined by electrophoretic light scattering using the Zetasizer Nano ZSP 

(Malvern) instrument. Appr. 1 mL of sample was placed in a standard cuvette with Malvern’s zeta 

potential dip cell for measurement. For argon-saturated samples, the cuvette and dip cell were put 

together in the glove bag. The cuvette and dip cell assembly is not leak-tight, but drifts in zeta 

potential due to air leakage are small on the time scale of typical measurements. 

6.3 Results and Discussion 

We use a dynamic light scattering-based assay for determining the stability of proteins in a quick 

and reliable manner. Its principles and the output are shown in Figure 6.2. From the side view in 

Figure 6.2 (a), the z-axis is visible, showing that the plot is made of size distributions stacks over 

time. Figure 6.2 (b) is marked with the basic procedure used for these experiments. There is first 

a section of temperature ramping from 25 °C to 55 °C in 5-degree intervals with 10 minutes of 

equilibration at the new temperature before measurements are taken. Once the final temperature is 
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reached, which is usually around 160 minutes into the experiment, the sample is held at 55 °C 

while 300 consecutive measurements are performed. 

 

 

Figure 6.2. Example of an output 3D plot of the light scattering-based assay developed to 

determine protein stability by tracking the formation of soluble aggregates. The side view of the 

3D plot (a) shows the size distributions obtained from one IgG sample over time. The top view of 

the color-coded plot (b) allows easier visualization of aggregate formation. The peak in the size 

distribution around 10 nm corresponds to the protein monomer, and the second peak that forms 

around 80 nm represents soluble aggregates of protein. 

 

The default output plot of size distribution is intensity based, which allows the visualization 

of even the smallest amounts of certain aggregate fractions.40,41 However, the default distribution 

is also normalized as percentages, and it happens at each time point, so some calculations are done 

to make the data easily comparable. Instead of showing intensity as a percentage, it is shown as 

derived count rate (DCR) divided by concentration. The derived count rate is calculated with 

Zetasizer software from the count rate and the type of attenuator used. The attenuator blocks a 

portion of the light being scattered by particles so that the count rate is in the equipment’s preferred 

range. The derived count rate is measured in kilo counts per second (kcps), and we divide it by 

concentration to normalize the plots in a way that allows easy comparison. 
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 The light scattering method described has been proven to catch very small discrepancies in 

aggregate formation and aggregation rate, so any difference in stability due to a change in dissolved 

gas would appear in the output plot. However, the first research goal that had to be accomplished 

was to determine the best method of changing and maintaining the gas dissolved in the protein 

dispersions. 

6.3.1 Gas Exchange 

With the sensitivity of light scattering and the many specifics of proteins and their aggregate 

formation, it was extremely important that no dust or other particulates were introduced into the 

solution by the gas exchange method. The first method of gas exchange considered was to bubble 

the new gas into the protein dispersion, displacing dissolved air. However, bubbles may induce 

protein aggregation or lead to loss of water by evaporation, changing the concentration of protein.32 

For these reasons, initial tests avoided bubbling through the protein dispersions and a procedure 

was developed to use gentle pressure-vacuum cycles for gas exchange. 

For this gentle exchange method, the protein dispersion samples that were intended to be 

made argon-saturated were stored in open vials within a gas-tight desiccator vessel. The desiccator 

was placed in a purged glove bag, so the samples were not exposed to air each time the desiccator 

was opened, and it was subjected to pressure-vacuum cycles. Each cycle had a vacuum maintained 

for a specific amount of time and then gas was flown in to bring the desiccator back to room 

pressure. A vacuum of less than 100 mbar was achieved using a diaphragm. To determine the 

efficiency of this gentle gas exchange method, a dissolved oxygen (DO) probe was used with the 

assumption that as oxygen was displaced with argon, the other gases making up air were also 

displaced. The efficiency of oxygen removal from 50 mL water samples is shown in Figure 6.3 

for 10 pressure-vacuum cycles while holding the vacuum for different lengths of time. The plot 
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shows that shorter vacuum times removed oxygen faster, but none of the time lengths were able to 

remove more than 80% of the oxygen within 10 cycles. 

 

 

Figure 6.3. Efficiency of removal of dissolved oxygen from 50 mL sample of water with ten cycles 

of vacuum held for different lengths of time followed by flow of argon until room pressure is 

reached. The lengths of time the sample was held under sample were 30 seconds, 1 minute, 2 

minutes, and 3 minutes. The shorter vacuum time lengths have steeper slopes, indicating that 

dissolved oxygen was displaced after. However, no length of vacuum time was able to remove 

more than 80% of the dissolved oxygen within 10 cycles. 

 

To compare the efficiency of gas replacement through pressure-vacuum cycles to one 

achieved through gas bubbling, the percent of dissolved oxygen displaced by bubbling in argon is 

shown in Figure 6.4. Although only two flow rates of gas were tested, the plot shows that bubbling 

is much more effective. All dissolved oxygen detectable by the DO probe was removed after less 

than 10 minutes of bubbling at a gas flow rate of 4 LPM or less than 15 minutes of bubbling at a 

rate of 2 LPM.  
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Figure 6.4. Efficiency of removal of dissolved oxygen from a 50 mL water sample through 

bubbling of argon at two flow rates: 2 liters per minute and 4 liters per minute. Within 2 minutes, 

both of the flow rates tested were able to displace more than 80% if dissolved oxygen.  

 

Bubbling gas into water to displace air proved to be faster and more efficient than cycles 

of vacuuming, but protein dispersions still should not be bubbled. To make use of bubbling without 

damaging protein, all solutions were bubbled with argon prior to protein addition. All solution 

bubbling and sample preparation took place in an argon purged glove bag. By inserting the 

lyophilized protein into the glove bag before reconstitution with argon-saturated water and dilution 

with argon-saturated buffer, there was less likelihood of air exposure to samples. With large 

volumes of solution being bubbled, DO could be monitored to ensure dissolved air was displaced. 

Gas exchange by vacuum cycles was also performed after protein is dissolved in solution to make 

sure the samples are stored in an argon environment within the desiccator. 

6.3.2 Stability with Air vs Argon in 3D Plots 

As shown toward the end of Chapter 5, preexisting aggregates in a protein dispersion have a large 

impact on aggregation rate. To ensure results that truly compare only argon and air saturation, 

protein dispersion samples were filtered with 0.02 µm pores membranes to remove all aggregates. 
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With such small membrane pores, the samples are expected to lose a significant amount of protein 

to the filters. The actual concentrations of protein remaining in each sample post-filtration was 

verified through absorbance measurements. Figure 6.5 shows 3D plots for three different 

concentrations of protein with either argon (Figure 6.5 a, c, & e) or air (Figure 6.5 b, d, & f) as the 

dissolved gas. The average measured concentrations are shown on the far left of the figure, and 

the plots were normalized with the measured concentrations rather than the intended 

concentrations. Samples of 2.5 mg/mL, 1.25 mg/mL, and 0.625 mg/mL were prepared, but after 

all filtration was finished, the final concentrations were 1.85 mg/mL (Figure 6.5 e & f), 0.96 

mg/mL (Figure 6.5 c & d), and 0.43 mg/mL (Figure 6.5 a & b), correspondingly.  
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Figure 6.5. 3D plots of size distributions over time showing the onset of aggregation and 

aggregation rate in a second peak around 80 nm. Measurements for argon saturated samples (b, d, 

& f) show a delayed onset of aggregation compared to air saturated samples (a, d, & e). In addition, 

the air saturated samples appear to have their second peaks grow more intense at a faster rate. 

Samples were prepared to be 0.625 mg/mL (a & b), 1.25 mg/mL (c & d), and 2.5 mg/mL (e & f), 

but after filtration the actual concentrations were measured by UV-Vis. The measured 

concentrations are averaged between the two samples at each prepared concentration, and these 

averages are shown on the left. 

 

All three concentrations of IgG measured and reported in Figure 6.5 show that aggregation 

has a delayed start when the dispersion is saturated with argon rather than air. The lowest 
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concentration samples, 0.43 mg/mL, look almost the same in their 3D plots, but the air saturated 

plot has more light purple “fuzziness,” which is generally an indicator that aggregation is starting. 

The light purple seen from above is actually a very small size distribution peak. Since no light 

purple is visible in the argon saturated plot, the same conclusion is drawn as from the other plots 

in the figure, which is that the argon saturated samples stay stable longer. 

 While Figure 6.5 effectively shows a delay in aggregation onset, conclusions about the 

aggregation rates are harder to draw. The air saturated samples appear to have faster aggregation 

rates since the intensity of their plots goes higher, but the intensities also have more time to grow 

since the aggregation starts earlier. To aid in making conclusions about aggregation rates, Figure 

6.6 plots the area under the second distribution peak for the samples previously discussed.  

 

 

Figure 6.6. Total light scattered by aggregates over time, calculated by finding the area under the 

second distribution for each time point for the plots in the previous figure. All shades of blue refer 

to air saturated samples, and the concentration of protein increases as the color gets lighter. All 

shades of green are for argon saturated samples, and they also have increasing concentration as the 

color gets lighter. Overall, the data points for argon saturated samples are lower, and if trend lines 

were shown, the air saturated lines would be steeper. 
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 Most of the plot points from argon-saturated samples are lower than the plot points from 

air saturated samples in Figure 6.6. This could, again, be construed as an effect of the delayed 

onset of aggregation for argon-saturated samples, or it could be due to faster aggregation for air 

saturated samples. To analyze the aggregations alone and remove the impact of the delayed onset, 

linear fits were made using the least squares method, and only the plot points after the onset of 

aggregation were used. The slopes of the linear fit lines, which have units of kcps/mg/mL/min, are 

used to compare aggregation rates. For the 0.43 mg/mL samples, the air saturated data has a slope 

of 0.02 while the argon-saturated sample data has a slope of 0.03, so they both have little to no 

aggregation occurring. The 0.96 mg/mL data on the other hand, have a much larger difference in 

slope. For the air saturated data, the slope is 0.70, and the slope for argon saturated data is 0.40. 

The slopes for the highest concentration, 1.85 mg/mL continued the trend with slopes of 0.99 for 

air saturated data and 0.64 for argon saturated data. On the basis of this information, we can 

confidently conclude that argon saturation of IgG samples both delays the onset of aggregation 

and slows the aggregation rate for low concentration samples. 

6.3.3 Stability with Air vs Argon in Zeta Potentials 

While the work in the previous section confirmed that having dissolved argon instead of air in 

protein dispersions improved their stability, the studies performed did not explain the concrete 

mechanism of stabilization. Based on the work shown in Chapters 3 and 4, zeta potentials should 

provide some insight for the mechanism.42,43 However, the sample preparation method used 

previously was not suitable for zeta potential measurements. With the high ionic strength found in 

0.15 M PBS, attempting to measure the zeta potential of one of the previous samples resulted in 

the protein precipitating. 
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 Based on previous literature, the zeta potentials of proteins, even IgG specifically, have 

been measured using a 20 mM Histidine buffer.44,45 After using Histidine buffer to replacing PBS, 

we made another attempt to use zeta potentials for stability measurements. The samples with the 

new buffer were not deteriorated during measurement, but the difference in zeta potential for a 

sample before and after aggregate formation was not significant. The zeta potential of a 2 mg/mL 

IgG in 20 mM Histidine solution was -0.38 mV without aggregates, and then it was -0.02 mV with 

aggregates, and both measurements had zeta deviations greater than 1 mV. With the zeta potentials 

so small and close to the isoelectric point of the sample, in addition to the very small change in the 

sample with aggregation, these measurements were not deemed reliable for a stability assay. 

 Going back to literature, we found that other researchers were using zeta potentials of IgG 

in Histidine to determine the isoelectric point of the protein.44,45 With this goal in mind, the pH of 

IgG in 20 mM Histidine was changed using 1 M NaOH or 1 M NaCl, to plot zeta potential vs pH 

curves for both air-saturated and argon-saturated samples. Before the addition of protein, the 20 

mM Histidine was adjusted to pH 6.4 for both air and argon saturated conditions. The preliminary 

results for 2 mg/mL IgG are shown in Figure 6.7 with a focus on intermediate pH values. When 

making samples of varying pH, the amount of NaOH of HCl that was added was tracked, but no 

specific pH was targeted. This is because argon saturation of a sample usually results in a higher 

pH for the sample, not because of the argon, but because the carbon dioxide, a gas known to lower 

pH, is pushed out of solution.  
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Figure 6.7. Data for zeta potential vs pH for 2 mg/mL IgG in 20 mM Histidine. The data are 

generated for both argon-saturated (red) and air-saturated (black) samples, and they show the 

isoelectric point to be around pH 7. On average, the argon-saturated data points are to the left of 

the air-saturated points. If a curve were to connect the points, at any given pH, the argon-saturated 

zeta potential is lower than that of air-saturated samples. When working in the negative zeta 

potential range, a lower potential indicates more stable system.  

 

 The zeta potential vs pH data for air- and argon-saturated samples of 2 mg/mL are very 

close, and both indicate an isoelectric point around pH 7. However, this isoelectric point is at a 

higher pH than previously reported in literature. The difference between the plot above and the 

literature examples is the concentration of protein. While this study looked at 2 mg/mL because of 

our other low concentration experiments, the literature published had a concentration of 10 mg/mL 

IgG. The complicated nature of proteins (and biological molecules in general) makes it possible 

for the zeta potential vs pH dependence to shift with protein concentration. 

 The dependence for argon-saturated samples in Figure 6.7 is, for most cases, shifted to the 

life of the data curve for air saturated samples. This shift between the data sets is small, so more 

work has to be done to confirm if this is a true difference or within a margin of error for the 

measurements. However, with the shift to the left, the zeta potential of an argon-saturated sample 
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would be more negative, and therefore more stable, than air saturated samples when they are in 

the negative zeta potential region. 

 The zeta potential data discussed connects the protein stability under argon to the previous 

chapters, but the connection to the previous 3D plots and the results for onset of instabili is still 

weak. To establish the potential strong connection between the two types of data, the 3D plots in 

Figure 6.8 were generated for two samples of 2 mg/mL IgG in 20 mM Histidine, one air saturated 

and one argon saturated. For these measurements, the 20 mM Histidine was adjusted to a pH of 

7.2 before the addition of protein, to have conditions as similar to the PBS studies as possible. 

 

 
Figure 6.8. 3D plots for 2 mg/mL IgG in 20 mM Histidine in air (a) and argon (b) saturated 

conditions. The 3D plots were generated through experiments following the same procedure as the 

previously shown plots. The z-axis of these plots is the same as the other 3D plots in this chapter. 

In the preparation of these samples, the 20 mM Histidine was adjusted to pH=7.2 before the 

addition of protein to be similar to the PBS studies. The plots for the two gases are very similar. 

 

 The 3D plots for 2 mg/mL IgG in Histidine are very similar to each other. However, they 

show aggregation starting much sooner than in the previous studies. This is likely due to the change 

in buffer and is not considered a big problem. Although there is no significant difference in the 

appearance of the plots, looking at the average size measurements generated by the Zetasizer 
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software reveals a difference. The air-saturated sample has a final average size of 23.9 nm while 

the argon saturated sample has an average of 18.6 nm. These values were determined under the 

assumption that there is only one size distribution in the sample, and they actually indicate there 

are more aggregates present at the end of the experiment for the air saturated sample. The result 

agrees with the previous 3D plots generated from IgG in PBS studies, showing that the previously 

shown zeta potential data can be used to describe the IgG stability even though they were done in 

Histidine unlike the majority of the other measurements. 

6.3.4 Proposing a Theoretical Model for IgG Gas Stabilization 

The zeta potential data reported above agrees with the hypothesis that was presented in previous 

chapters. Even with IgG, it is possible to conclude that dissolved argon in the dispersion allows 

for a thinner depletion zone around hydrophobic groups of the protein. With the thinner depletion 

zone, water molecules can get closer to the surface of the protein, allowing more hydroxyl group 

adsorption on hydrophobic areas.46 

 The model equations previously discussed for lignin nanoparticles and mineral oil can 

again be applied to this IgG system as well. A system of equations is constructed using the 

Grahame equation (6.1) to relate surface charge (σ) with surface potential (𝜓0), an equation (6.2) 

for fraction of dissociated sites (α) based on a dissociation constant (𝐾𝑑), and a third equation (6.3) 

to relate changes in pH with changes in zeta potential.47,48   

𝜎 = √8𝜖𝜖0𝑘𝑇𝐶𝐸𝐿 sinh
𝑧𝑒Ψ0

2𝑘𝑇
   (6.1) 

𝛼 =
𝐾𝑑

𝐾𝑑+[H+]∞𝑒−𝑒𝜓0 𝑘𝑇⁄     (6.2) 

𝜎 = 𝛼𝜎0    (6.3) 
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The other values used in the above equations are electrolyte concentration (𝐶𝐸𝐿), 

temperature (T), Boltzmann’s constant (k), dielectric permittivity in vacuum (𝜖0), relative 

dielectric permittivity of the solvent (ϵ),  ion valency (z=-1), proton concentration in the bulk 

solution ([H+]∞), and maximum possible charge density (𝜎0).  

 Our hypothesis is that the number of OH- ions associated per unit area of hydrophobic 

surface, and its zeta potential in turn, is a function of the dissolved gas in addition to pH. This can 

be added in the previously described model with a new variable (Ф) for the impact of dissolved 

gas on the fraction of dissociated sites. The new variable is introduced into equation (6.2), yielding 

a new equation (6.4) to be used in the system of equations. With additional experiments measuring 

zeta potential while changing the pH of protein dispersions under both air and argon, the model 

formulae (6.1, 6.3, & 6.4) can be fit to the experimental data as a system of equations. 

𝛼 =
Φ𝐾𝑑

𝐾𝑑+[H+]∞𝑒−𝑒𝜓0 𝑘𝑇⁄     (6.4) 

The ideas previously described have been illustrated in Figure 6.9 and Figure 6.10, which are 

models representing a single IgG monomer with dissolved air (Figure 6.9) and dissolved argon 

(Figure 6.10). In Figure 6.9, the protein has hydrophilic regions (shown in shades of blue) and 

hydrophobic regions (shown in shades of red) with different charged species that altogether 

determine the total zeta potential of the monomer in an air-saturated solution (blue spheres). The 

hydrophilic regions have ionizable groups (shown as dark pink spheres with charge hazes) whose 

total number is characteristic of the material, and whose degree of ionization is determined 

primarily by pH. The ionizable groups are chemically bound to the particle (illustrated by dark 

pink lines). Hydroxyl ions (light pink ellipsoids), originating from water dissociation, are adsorbed 

on the hydrophobic (red) regions. The more intense the red or blue areas appear, the more 
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hydrophobic or hydrophilic those areas are. The surface and hydrophobicity information were part 

of the model file in the RCSB Protein Data Bank.36,38,49,50 

 

 

Figure 6.9.  Representative schematic model of an IgG monomer in an air saturated solution based 

on the IgG model found in the RCSB Protein Data Bank (PDB).36 Hydrophilic areas (blue) have 

charge groups native to the protein (dark pink spheres attached to the surface with a charge haze) 

and hydrophobic areas (red) with adsorbed hydroxyl groups (pink ellipsoids). The intensity of red 

and blue on the model represent varying degrees of hydrophobicity and hydrophilicity, which was 

also the case with the PDB. The dissolved air molecules are represented by the small blue spheres 

around the monomer.  

 

Similar to the monomer in an air saturated solution, Figure 6.10 shows the IgG monomer in a 

solution with dissolved argon (yellow spheres). The hydrophobicity coloring has not changed, and 

the ionizable groups on hydrophilic sections are the same. However, the previously discussed 

lower water density and narrow depletion zone (lighter blue shading near the monomer) around 

hydrophobic areas of the monomer have more adsorbed hydroxyl groups (pink ellipsoids) since 

the water molecules were able to get closer to the surface. 

 



   

150 

 

 

Figure 6.10.  Representative schematic model of an IgG monomer in an argon saturated solution 

based on the IgG model found in the RCSB Protein Data Bank (PDB).36 Hydrophilic areas (blue) 

have charge groups native to the protein (dark pink spheres attached to the surface with a charge 

haze) and hydrophobic areas (red) with adsorbed hydroxyl groups (pink ellipsoids). The intensity 

of red and blue on the model represent varying degrees of hydrophobicity and hydrophilicity, 

which was also in the PDB. The dissolved argon molecules are represented by the small yellow 

spheres around the monomer, and the area of lower water density is represented with the light blue 

shading around the monomer. 

 

6.4 Conclusions 

The research described in this chapter was focused on investigating the effect of dissolved gas on 

the stability of IgG monomers in solution. Bubbling inert gas was used to displace dissolved air in 

solution with dissolved argon. Bubbling gas through protein solutions has previously been 

demonstrated to cause aggregation, so bubbling was done only before protein addition and under 

an argon atmosphere in a glove bag. The light scattering-based stability test explained in Chapter 

5 was used for analysis of stability, and we conclude that the argon-saturated protein dispersions 

were stable in the monomer state longer. To connect this work with the studies of lignin 

nanoparticles and mineral oil in previous chapters, the IgG’s buffer was changed, and zeta 
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potentials were measured. The results support the proposed mechanism for argon-stabilization, but 

additional experiments with another gas and with variations in the pH and electrolyte conditions 

would further confirm the theorized mechanism. 

6.5 Acknowledgements 

The work was funded by Air Liquide. We acknowledge the advice and discussion of Dr. James 

McAndrew and the work done on gas exchange methods by former Masters Student Aditya Sapre. 

We thank Dr. Stefano Menegatti for his help with this project and the Velev group members, both 

current and alumni, for the collaborative and encouraging work environment. 

  



   

152 

 

6.6 References 

(1)  Schellekens, H. Bioequivalence and the Immunogenicity of Biopharmaceuticals. Nat. Rev. 

Drug Discov. 2002, 1 (6), 457–462. https://doi.org/10.1038/nrd818. 

(2)  Carter, P. J. Introduction to Current and Future Protein Therapeutics: A Protein 

Engineering Perspective. Exp. Cell Res. 2011, 317 (9), 1261–1269. 

https://doi.org/10.1016/j.yexcr.2011.02.013. 

(3)  Roberts, C. J. Protein Aggregation and Its Impact on Product Quality. Curr. Opin. 

Biotechnol. 2014, 30, 211–217. https://doi.org/10.1016/j.copbio.2014.08.001. 

(4)  Weiner, L. M.; Surana, R.; Wang, S. Monoclonal Antibodies: Versatile Platforms for 

Cancer Immunotherapy. Nat. Rev. Immunol. 2010, 10 (5), 317–327. 

https://doi.org/10.1038/nri2744. 

(5)  Beck, A.; Wurch, T.; Bailly, C.; Corvaia, N. Strategies and Challenges for the next 

Generation of Therapeutic Antibodies. Nat. Rev. Immunol. 2010, 10 (5), 345–352. 

https://doi.org/10.1038/nri2747. 

(6)  Goswami, S.; Wang, W.; Arakawa, T.; Ohtake, S. Developments and Challenges for MAb-

Based Therapeutics. Antibodies 2013, 2 (3), 452–500. 

https://doi.org/10.3390/antib2030452. 

(7)  Scherer, T. M.; Leung, S.; Owyang, L.; Shire, S. J. Issues and Challenges of Subvisible 

and Submicron Particulate Analysis in Protein Solutions. AAPS J. 2012, 14 (2), 236–243. 

https://doi.org/10.1208/s12248-012-9335-8. 

(8)  Ferrone, F. [17] Analysis of Protein Aggregation Kinetics. In Methods in Enzymology; 

Elsevier, 1999; Vol. 309, pp 256–274. https://doi.org/10.1016/S0076-6879(99)09019-9. 

(9)  Morris, A. M.; Watzky, M. A.; Finke, R. G. Protein Aggregation Kinetics, Mechanism, 

and Curve-Fitting: A Review of the Literature. Biochim. Biophys. Acta BBA - Proteins 

Proteomics 2009, 1794 (3), 375–397. https://doi.org/10.1016/j.bbapap.2008.10.016. 

(10)  Roberts, C. J. Non-Native Protein Aggregation Kinetics. Biotechnol. Bioeng. 2007, 98 (5), 

927–938. https://doi.org/10.1002/bit.21627. 

(11)  Zhang, J.; Liu, X. Y. Effect of Protein–Protein Interactions on Protein Aggregation 

Kinetics. J. Chem. Phys. 2003, 119 (20), 10972–10976. https://doi.org/10.1063/1.1622380. 

(12)  Roberts, C. J. Kinetics of Irreversible Protein Aggregation: Analysis of Extended 

Lumry−Eyring Models and Implications for Predicting Protein Shelf Life. J. Phys. Chem. 

B 2003, 107 (5), 1194–1207. https://doi.org/10.1021/jp026827s. 



   

153 

 

(13)  Wang, W.; Nema, S.; Teagarden, D. Protein Aggregation—Pathways and Influencing 

Factors. Int. J. Pharm. 2010, 390 (2), 89–99. 

https://doi.org/10.1016/j.ijpharm.2010.02.025. 

(14)  Wang, W.; Roberts, C. J. Protein Aggregation – Mechanisms, Detection, and Control. Int. 

J. Pharm. 2018, 550 (1–2), 251–268. https://doi.org/10.1016/j.ijpharm.2018.08.043. 

(15)  Alford, J. R.; Kendrick, B. S.; Carpenter, J. F.; Randolph, T. W. Measurement of the 

Second Osmotic Virial Coefficient for Protein Solutions Exhibiting Monomer–Dimer 

Equilibrium. Anal. Biochem. 2008, 377 (2), 128–133. 

https://doi.org/10.1016/j.ab.2008.03.032. 

(16)  Quigley, A.; Williams, D. R. The Second Virial Coefficient as a Predictor of Protein 

Aggregation Propensity: A Self-Interaction Chromatography Study. Eur. J. Pharm. 

Biopharm. 2015, 96, 282–290. https://doi.org/10.1016/j.ejpb.2015.07.025. 

(17)  Saluja, A.; Fesinmeyer, R. M.; Hogan, S.; Brems, D. N.; Gokarn, Y. R. Diffusion and 

Sedimentation Interaction Parameters for Measuring the Second Virial Coefficient and 

Their Utility as Predictors of Protein Aggregation. Biophys. J. 2010, 99 (8), 2657–2665. 

https://doi.org/10.1016/j.bpj.2010.08.020. 

(18)  Siderius, D. W.; Krekelberg, W. P.; Roberts, C. J.; Shen, V. K. Osmotic Virial Coefficients 

for Model Protein and Colloidal Solutions: Importance of Ensemble Constraints in the 

Analysis of Light Scattering Data. J. Chem. Phys. 2012, 136 (17), 175102. 

https://doi.org/10.1063/1.4709613. 

(19)  Amani, S.; Nasim, F.; Khan, T. A.; Fazili, N. A.; Furkan, M.; Bhat, I. A.; Khan, J. M.; 

Khan, R. H.; Naeem, A. Detergent Induces the Formation of IgG Aggregates: A Multi-

Methodological Approach. Spectrochim. Acta. A. Mol. Biomol. Spectrosc. 2014, 120, 151–

160. https://doi.org/10.1016/j.saa.2013.09.141. 

(20)  Martin, N.; Ma, D.; Herbet, A.; Boquet, D.; Winnik, F. M.; Tribet, C. Prevention of 

Thermally Induced Aggregation of IgG Antibodies by Noncovalent Interaction with 

Poly(Acrylate) Derivatives. Biomacromolecules 2014, 15 (8), 2952–2962. 

https://doi.org/10.1021/bm5005756. 

(21)  Aymard, P.; Durand, D.; Nicolai, T. The Effect of Temperature and Ionic Strength on the 

Dimerisation of Fl-Lactoglobulin. Int. J. Biol. Macromol. 1996, 9. 

(22)  Chennamsetty, N.; Voynov, V.; Kayser, V.; Helk, B.; Trout, B. L. Design of Therapeutic 

Proteins with Enhanced Stability. Proc. Natl. Acad. Sci. 2009, 106 (29), 11937–11942. 

https://doi.org/10.1073/pnas.0904191106. 



   

154 

 

(23)  Mahler, H.-C.; Friess, W.; Grauschopf, U.; Kiese, S. Protein Aggregation: Pathways, 

Induction Factors and Analysis. J. Pharm. Sci. 2009, 98 (9), 2909–2934. 

https://doi.org/10.1002/jps.21566. 

(24)  Wu, H.; Kroe-Barrett, R.; Singh, S.; Robinson, A. S.; Roberts, C. J. Competing 

Aggregation Pathways for Monoclonal Antibodies. FEBS Lett. 2014, 588 (6), 936–941. 

https://doi.org/10.1016/j.febslet.2014.01.051. 

(25)  Rayfield, W. J.; Kandula, S.; Khan, H.; Tugcu, N. Impact of Freeze/Thaw Process on Drug 

Substance Storage of Therapeutics. J. Pharm. Sci. 2017, 106 (8), 1944–1951. 

https://doi.org/10.1016/j.xphs.2017.03.019. 

(26)  Carvajal, J. C.; Gómez, Á.; Cardona, C. A. Comparison of Lignin Extraction Processes: 

Economic and Environmental Assessment. Bioresour. Technol. 2016, 214, 468–476. 

https://doi.org/10.1016/j.biortech.2016.04.103. 

(27)  Svilenov, H.; Markoja, U.; Winter, G. Isothermal Chemical Denaturation as a 

Complementary Tool to Overcome Limitations of Thermal Differential Scanning 

Fluorimetry in Predicting Physical Stability of Protein Formulations. Eur. J. Pharm. 

Biopharm. 2018, 125, 106–113. https://doi.org/10.1016/j.ejpb.2018.01.004. 

(28)  Garidel, P.; Kuhn, A. B.; Schäfer, L. V.; Karow-Zwick, A. R.; Blech, M. High-

Concentration Protein Formulations: How High Is High? Eur. J. Pharm. Biopharm. 2017, 

119, 353–360. https://doi.org/10.1016/j.ejpb.2017.06.029. 

(29)  Brummitt, R. K.; Nesta, D. P.; Roberts, C. J. Predicting Accelerated Aggregation Rates for 

Monoclonal Antibody Formulations, and Challenges for Low-Temperature Predictions. J. 

Pharm. Sci. 2011, 100 (10), 4234–4243. https://doi.org/10.1002/jps.22633. 

(30)  Meersman, F.; Heremans, K. Temperature-Induced Dissociation of Protein Aggregates: 

Accessing the Denatured State †. Biochemistry 2003, 42 (48), 14234–14241. 

https://doi.org/10.1021/bi035623e. 

(31)  Maddux, N. R.; Iyer, V.; Cheng, W.; Youssef, A. M. K.; Joshi, S. B.; Volkin, D. B.; 

Ralston, J. P.; Winter, G.; Middaugh, C. R. High Throughput Prediction of the Long-Term 

Stability of Pharmaceutical Macromolecules from Short-Term Multi-Instrument 

Spectroscopic Data. J. Pharm. Sci. 2014, 103 (3), 828–839. 

https://doi.org/10.1002/jps.23849. 

(32)  Jayaraman, M.; Buck, P. M.; Alphonse Ignatius, A.; King, K. R.; Wang, W. Agitation-

Induced Aggregation and Subvisible Particulate Formation in Model Proteins. Eur. J. 

Pharm. Biopharm. 2014, 87 (2), 299–309. https://doi.org/10.1016/j.ejpb.2014.01.004. 

(33)  Domingues, J. B. Stability Assessment of Biopharmaceutical Formulations. 11. 



   

155 

 

(34)  Hernández-Jiménez, J.; Martínez-Ortega, A.; Salmerón-García, A.; Cabeza, J.; Prados, J. 

C.; Ortíz, R.; Navas, N. Study of Aggregation in Therapeutic Monoclonal Antibodies 

Subjected to Stress and Long-Term Stability Tests by Analyzing Size Exclusion Liquid 

Chromatographic Profiles. Int. J. Biol. Macromol. 2018, 118, 511–524. 

https://doi.org/10.1016/j.ijbiomac.2018.06.105. 

(35)  Szenczi, Á.; Kardos, J.; Medgyesi, G. A.; Závodszky, P. The Effect of Solvent 

Environment on the Conformation and Stability of Human Polyclonal IgG in Solution. 

Biologicals 2006, 34 (1), 5–14. https://doi.org/10.1016/j.biologicals.2005.06.007. 

(36)  Saphire, E. O.; Parren, P. W. H. I.; Pantophlet, R.; Zwick, M. B.; Morris, G. M.; Rudd, P. 

M.; Dwek, R. A.; Stanfield, R. L.; Burton, D. R.; Wilson, I. A. Crystal Structure of a 

Neutralizing Human IgG Against HIV-1: A Template for Vaccine Design. Science 2001, 

293 (5532), 1155–1159. https://doi.org/10.1126/science.1061692. 

(37)  Kilar, F.; Simon, I.; Lakatos, S.; Vonderviszt, F.; Medgyesi, G. A.; Zavodszky, P. 

Conformation of Human IgG Subclasses in Solution. Small-Angle X-Ray Scattering and 

Hydrodynamic Studies. Eur. J. Biochem. 1985, 147 (1), 17–25. 

https://doi.org/10.1111/j.1432-1033.1985.tb08712.x. 

(38)  Brandt, J. P.; Patapoff, T. W.; Aragon, S. R. Construction, MD Simulation, and 

Hydrodynamic Validation of an All-Atom Model of a Monoclonal IgG Antibody. Biophys. 

J. 2010, 99 (3), 905–913. https://doi.org/10.1016/j.bpj.2010.05.003. 

(39)  Yearley, E. J.; Godfrin, P. D.; Perevozchikova, T.; Zhang, H.; Falus, P.; Porcar, L.; Nagao, 

M.; Curtis, J. E.; Gawande, P.; Taing, R.; Zarraga, I. E.; Wagner, N. J.; Liu, Y. 

Observation of Small Cluster Formation in Concentrated Monoclonal Antibody Solutions 

and Its Implications to Solution Viscosity. Biophys. J. 2014, 106 (8), 1763–1770. 

https://doi.org/10.1016/j.bpj.2014.02.036. 

(40)  Hassan, P. A.; Rana, S.; Verma, G. Making Sense of Brownian Motion: Colloid 

Characterization by Dynamic Light Scattering. Langmuir 2015, 31 (1), 3–12. 

https://doi.org/10.1021/la501789z. 

(41)  Pecora, R. Dynamic Light Scattering Measurement of Nanometer Particles in Liquids. 9. 

(42)  Clogston, J. D.; Patri, A. K. Zeta Potential Measurement. In Characterization of 

Nanoparticles Intended for Drug Delivery; McNeil, S. E., Ed.; Methods in Molecular 

Biology; Humana Press: Totowa, NJ, 2011; pp 63–70. https://doi.org/10.1007/978-1-

60327-198-1_6. 

(43)  Hunter, R. J. Zeta Potential in Colloid Science: Principles and Applications; Academic 

Press, 2013. 



   

156 

 

(44)  Lehermayr, C.; Mahler, H.-C.; Mäder, K.; Fischer, S. Assessment of Net Charge and 

Protein–Protein Interactions of Different Monoclonal Antibodies. J. Pharm. Sci. 2011, 100 

(7), 2551–2562. https://doi.org/10.1002/jps.22506. 

(45)  Heidebrecht, H.-J.; Kulozik, U. Data Concerning the Fractionation of Individual Whey 

Proteins and Casein Micelles by Microfiltration with Ceramic Gradient Membranes. Data 

Brief 2019, 25, 104102. https://doi.org/10.1016/j.dib.2019.104102. 

(46)  Doshi, D. A.; Watkins, E. B.; Israelachvili, J. N.; Majewski, J. Reduced Water Density at 

Hydrophobic Surfaces: Effect of Dissolved Gases. Proc. Natl. Acad. Sci. 2005, 102 (27), 

9458–9462. https://doi.org/10.1073/pnas.0504034102. 

(47)  Marinova, K. G.; Alargova, R. G.; Denkov, N. D.; Velev, O. D.; Petsev, D. N.; Ivanov, I. 

B.; Borwankar, R. P. Charging of Oil−Water Interfaces Due to Spontaneous Adsorption of 

Hydroxyl Ions. Langmuir 1996, 12 (8), 2045–2051. https://doi.org/10.1021/la950928i. 

(48)  Ahn, D. J.; Franses, E. I. Interactions of Charged Langmuir Monolayers with Dissolved 

Ions. J. Chem. Phys. 1991, 95 (11), 8486–8493. https://doi.org/10.1063/1.461278. 

(49)  Chennamsetty, N.; Helk, B.; Voynov, V.; Kayser, V.; Trout, B. L. Aggregation-Prone 

Motifs in Human Immunoglobulin G. J. Mol. Biol. 2009, 391 (2), 404–413. 

https://doi.org/10.1016/j.jmb.2009.06.028. 

(50)  Harris, L. J.; Skaletsky, E.; McPherson, A. Crystallographic Structure of an Intact IgG1 

Monoclonal Antibody. 12. 

  



   

157 

 

CHAPTER 7 

Summary and Outlook 

7.1 Summary 

The synthesis and application of biopolymer-based nanomaterials are growing areas of research, 

largely in response to the increasing social pressure to “go green” that industries face.1 

Nanomaterials composed of lignin and chitosan are described in Chapter 1, demonstrating the 

many fields that have made use of these novel materials.2 The Velev Group previously published 

work on the batch synthesis of hydrophobic lignin nanoparticles (LNPs)3, and the initial goal of 

my graduate research was to understand the fundamentals behind that synthesis, to enable LNP 

scale up of synthesis, and to gain insight on applications. These research goals evolved over time, 

and the focus became understanding hydrophobic interactions using different colloidal 

dispersions. The majority of data used to understand these fundamental interactions were obtained 

using dynamic light scattering (DLS), but the data collected from DLS measurements were used 

in both traditional and novel methods of colloidal stability analysis. 

 In Chapter 2, the synthesis of hydrophobic LNPs is scaled up to a semi-continuous method. 

The batch synthesis of the nanoparticles relied on flash nanoprecipitation, and the LNPs were 

formed due to supersaturation of lignin performed under rapid mixing. The same concepts were 

applicable in the semi-continuous system that was developed in the research, and as long as the 

system had turbulent flow, the size of nanoparticle synthesized could be controlled with the 

concentration of lignin used in the experiment. With the goal of having higher concentration 

dispersions of LNPs after synthesis, a recycle loop was introduced to the system. This loop enabled 

more insight into the mechanism of synthesis since nanoparticles were recirculated through the 

mixing point where flash nanoprecipitation occurred. After using DLS to measure the average size 
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of nanoparticles over time, a modified LaMer mechanism was established at the mixing point. 

Rather than having the nucleation of nanoparticles followed by growth of the particles when more 

material was added to the dispersion, the system showed continuous nucleation of new particles.4 

 The LNPs synthesized using the semi-continuous system established in Chapter 2 were 

known to be highly hydrophobic due to the type of “organosolv” lignin used. The hydrophobic 

nature of the LNPs became important in Chapter 3, which describes the study of hydrophobicity 

through changing the gas dissolved in the LNP dispersion. This study of changing dissolved gas 

was then expanded to mineral oil suspensions in Chapter 4 and Immunoglobulin G (IgG) protein 

dispersions in Chapter 6. The three chapters on hydrophobicity and gases reinforce each other, 

while producing insight into the fundamental interactions related to colloidal stability since all 

three systems showed similar results. 

 The three systems analyzed for impact of changing dissolved gas varied in particle sizes 

and molecular complexity. The illustration in Figure 7.1 conveys the wide range of dispersion 

systems of widely different sizes analyzed. The smallest colloid looked at was an IgG monomer, 

which has an average hydrodynamic diameter of 11 nm. The next dispersion analyzed contained 

lignin nanoparticles with an average diameter of about 80 nm. The third and final dispersion in the 

study contained mineral oil droplets, which were 200-300 nm. 
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Figure 7.1 Illustration showing that the three colloidal systems looked at for impact of gas 

saturation covered a wide range of sizes. IgG was the smallest colloid in dispersion with an average 

hydrodynamic diameter of 11 nm. Meanwhile, the mineral oil droplets dispersed in water were 

200-300 nm. 

 

 In addition to covering a wide range of particle sizes, the colloids analyzed also had three 

very different surface complexities. In this case, the complexity of the surface refers to the shape 

and smoothness of the colloid, and it refers to the presence of hydrophobic and hydrophilic patches 

in different sizes, as shown in Figure 7.2. For the three dispersion systems studies, the surfaces 

were more complex as the colloid decreased in size. 
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Figure 7.2. Schematic comparing the surfaces of the three colloids analyzed. For all three particle 

models, red refers to hydrophobic regions and blue refers to hydrophilic regions. As the colloids 

decreased in size, they increased in surface complexity. Mineral oil droplets, which are considered 

purely hydrophobic have the least complex surfaces. Meanwhile, IgG has many small regions of 

hydrophobicity and hydrophilicity. 

 

 Because the three dispersion systems studied were very different and saw the same impact 

from having replaced dissolved air with dissolved argon, the mechanism at work is fundamentally 

important. All three dispersions showed improved stability with dissolved argon. In mineral oil 

and LNP dispersions, the improved stability was measured through zeta potentials, which 

increased in magnitude when air was replaced with argon. The protein dispersions were not 

suitable for zeta potential measurements, but when using the DLS-based stability assay described 

in Chapter 5, an improvement in stability is seen with argon saturation. 

The results obtained and analyzed in Chapters 3, 4, and 6 were used to propose a 

mechanism for dispersion stabilization with argon. We begin with the model that argon in solution 

causes a depletion zone (a concept introduced in prior literature) next to hydrophobic surfaces to 

become more narrow.5 We hypothesize that this enables water molecules to get closer to the 

hydrophobic surface and additional hydroxyl ions to adsorb to the surface. Figure 7.3 provides a 
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visual representation of the three colloids in a dispersion with dissolved air, which is represented 

by the blue spheres. 

 

 

Figure 7.3. Representative schematic model of an IgG monomer, a lignin nanoparticle, and a 

mineral oil droplet (left to right) in air-saturated DI water. Hydrophilic areas (blue) have charge 

groups native to the colloid (dark pink spheres attached to the surface with a charge haze) and 

hydrophobic areas (red) with adsorbed hydroxyl groups (pink ellipsoids). The intensity of red and 

blue on the IgG model represent varying degrees of hydrophobicity and hydrophilicity, which 

came with the protein structure from the Protein Data Bank.6 The dissolved air molecules are 

represented by the small blue spheres around the colloids.  

 

For comparison, Figure 7.4 provides a visual representation of the same three colloids in 

a dispersion with dissolved argon, which is represented by the yellow spheres. The light blue 

shading around the colloids represents the narrow depletion zone with lower water density adjacent 

to hydrophobic surfaces. 

 

 

 



   

162 

 

 

Figure 7.4. Representative schematic model of an IgG monomer, a lignin nanoparticle, and a 

mineral oil droplet (left to right) in argon-saturated DI water. Hydrophilic areas (blue) have charge 

groups native to the colloid (dark pink spheres attached to the surface with a charge haze) and 

hydrophobic areas (red) with adsorbed hydroxyl groups (pink ellipsoids). The intensity of red and 

blue on the IgG model represent varying degrees of hydrophobicity and hydrophilicity, which are 

supplementing the protein structure from the Protein Data Bank.6 The dissolved argon molecules 

are represented by the small yellow spheres around the colloids, and the light blue shading 

immediately adjacent represents the lower density water in the depletion zone.  

 

 In addition to the mechanism of stability that we proposed and visualized in the previous 

figures, we derived a modified system of equations consisting of the Grahame equation and the 

equation for calculating fraction of dissociated sites. In our proposed model, the fraction of 

dissociated sites is connected to a new variable representing the dissolved gas, showing that the 

fraction of dissociated sites, and therefore the measured zeta potential, are dependent on both pH 

and the dissolved gas. 

7.2 Outlook 

7.2.1 Lignin Nanoparticles for Targeted Delivery of Actives 

In this dissertation, the synthesis of hydrophobic lignin nanoparticles was scaled up with a semi-

continuous system, but we did not even scratch the surface on the potential applications of the 

LNPs. The nanoparticles can have hydrophobic actives adsorbed to their surfaces for delivery to 

substrates, similar to a study of ionic lignin nanoparticles used to release silver ions and kill 

bacteria.7 In addition, the variety of functional groups on the LNPs provide the opportunity for 
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functionalizing the surface to achieve targeted delivery. In theory, by changing the surface 

functionalization, different actives could be delivered to different parts of the target surface, as in 

the geranium leaf schematic in Figure 7.5. The illustration shows how LNPs with different surface 

modifications could be adhering to different sections of the geranium leaf cutout. While an LNP 

with one type of surface modification may adhere to just the leaf surface, another LNP with a 

different type of modification may only adhere to the trichomes or globular trichomes instead of 

the flat leaf surface. 

 

 

Figure 7.5. Illustration of lignin nanoparticles with different surface modifications being used for 

target delivery. Each type of surface modification enables the LNPs to adhere to different 

components of the geranium leaf, including the surface cells, trichomes, and globular trichomes. 

 

 Preliminary experiments started with Dr. John Dole and his PhD student Nathan Jahnke in 

the Horticulture department at NC State looked at the potential of lignin nanoparticles as 

antifungals to protect geranium leaves from the fungus Botrytis. Lignin nanoparticles alone and 

lignin nanoparticles coated with chitosan were first analyzed to check for adverse effects before 
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adding any active ingredient. Chitosan was used to modify the surface of LNPs because it is a 

biopolymer that, when highly deacetylated, can inverse the particle surface charge from negative 

to positive.8,9 This was expected to help the LNPs adhere to the negatively charged leaf surface. 

Additionally, chitosan is known to have anti-microbial action. However, the horticulture studies 

performed showed that for leaf treatment before inoculation with fungus, the LNPs alone acted as 

the best antifungals. These results are shown on a graph of disease rating over time in Figure 7.6 

and in images of the leaves in Figure 7.7. 

 

 

Figure 7.6. Disease rating over time tracking damage to geranium leaves with different treatments 

applied to the leaves before fungus inoculation. 
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Figure 7.7. Images of geranium leaves on day 12 of preliminary horticulture studies. The leaves 

are damaged to different level by fungal infection. The LNPs without chitosan coatings are shown 

to have prevented the infection most effectively out of the four treatments analyzed. 

 

For a simple explanation of the results, leaves were treated and inoculated according to the 

horticulture procedure, but then they were analyzed with microscopy before any fungal growth 

could occur. The results of inoculation with no treatment, shown in Figure 7.8, reveal that spores 

settle into the spaces around plant cells before they develop germ tubes and begin infecting the 

plant. 

 

 

Figure 7.8. Microscopy of a geranium leaf with Botrytis spores on the surface. Brightfield (a) and 

fluorescence (b) reveal that the spores naturally settle around the edges of plant cells. A schematic 

(c) illustrates this. 
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 Meanwhile, geranium leaves that are both inoculated and treated with lignin nanoparticle 

dispersions do not show settling of spores between plant cells. Instead, aggregation of sores with 

LNPs is observed in Figure 7.9. The lignin nanoparticles are too small to be seen with microscopy, 

so they were loaded with FITC, a fluorescent dye, so their location could be tracked. 

 

 

Figure 7.9. Microscopy of a geranium leaf with Botrytis spores and LNPs on the surface. 

Brightfield (a) and fluorescence (b) reveal that the LNPs, which have been loaded with FITC for 

fluorescent imaging, caused the aggregation of spores away from the edges of the plant cells. A 

schematic (c) illustrates this. 

 

7.2.2 Investigating Hydrophobicity and Colloid Stabilization with Argon 

This dissertation introduced the hypothesis that dissolved gas has an impact on the stability of 

hydrophobic particles. Getting similar results across different dispersion systems increased our 

confidence in the hypothesized mechanism of stabilization. However, there are still gaps in 

information that would further strengthen the theory of the proposed mechanism.  

 For the LNP dispersions, zeta potentials with nitrogen saturation need some further 

investigation. Beyond verification of those results, the LNP system can only be fully understood 

if the gas saturated suspensions also undergo pH changes. Without obtaining data at different pHs, 

the equation for fraction of dissociated sites cannot distinguish between influences from gases 

versus pH.  
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 The mineral oil system also needs pH varied to have enough information for a full model 

to be developed. However, robust data could also be obtained from adding salt to the dispersions. 

This was done with the nanoparticles with the intention of masking electrostatic forces, allowing 

the observation of argon impact on hydrophobic interactions, and this should also work with the 

mineral oil suspension. The hardest part of mineral oil experiments with salt will likely be avoiding 

contamination and making sure the oil does not separate out too quickly for DLS measurements.  

 The last of the three systems, the protein dispersion system, requires most future follow-

up studies due to the complicated nature of proteins. Data for zeta potential change with pH and 

gas exchange would provide strong reinforcement of the proposed mechanism, but only if the 

results repeat with an estimated error level less than the difference between air and argon. In 

addition, our preliminary results indicate that zeta potential vs pH curves shift with different 

concentrations. Understanding this shift and how high concentration of protein behaves under 

argon is vital for the application of argon stabilization in the pharmaceutical industry. Production 

of antibody-based therapies is expensive, and increased stability could bring forward great 

financial benefit, but the stability needs to be improved at working concentrations, which are much 

greater than the 10 mg/mL. 

7.2.3 Improving the Light Scattering Protein Stability Assay 

The DLS-based protein stability assay very effectively shows how small changes to protein 

dispersions can change both the onset of aggregation and the rate of aggregation. However, a weak 

point for this assay is how it correlates to the long-term shelf stability. If the results from the 

stability assay can be matched to the shelf-life stability with model equations, the assay would be 

much more valuable. Another idea that is deemed perspective is to induce oxidation out on the lab 

bench and see how the stability assay with an air- saturated dispersion can be correlated. 
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 An aspect of this assay that has been heavily debated among our researchers is the 

interpretation of size distributions with more than one peak. The IgG 3D plots shown in this thesis 

have an aggregate peak that forms and grows more intense, but the center of this peak stays 

constant around 80 nm. This implies that aggregates of the same size are forming rather than a 

nucleation and growth of protein aggregates. We assume that the aggregates continue to grow, but 

it may be that they increase to a cluster size that is no longer soluble, so it would settle out of the 

suspension and not appear in the light scattering results. However, as discussed in Chapter 1, the 

size distribution fits are derived from fits of exponential decays. If multiple exponential decays are 

close together, a fit could be generated with higher precision. Therefore, the large aggregate peak 

that appears unchanged in the average size in the 3D plots could actually contain multiple 

aggregate peaks with changing average sizes. Currently, the interpretation of these plots depends 

on how much a researcher trusts DLS and the software processing the raw data, but the use of 

electron microscopy to image the samples with aggregation would reveal the accuracy of the size 

distribution’s aggregate peak. Thus, the research results obtained in this dissertation open the way 

to numerous potential studies on colloidal and bio-colloidal stabilization, that could be of both 

large fundamental and applied technological importance.  
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