
ABSTRACT 

SCHRÖDER, GABRIELA CHARLOTTE INGEBORG. Dissecting Metalloprotein Chemistry: 

Characterization of a Copper Containing Lytic Polysaccharide Monooxygenase and a Heme Cytochrome 

P450 Using X-ray and Neutron Scattering. (Under the direction of Dr. Flora Meilleur). 

 

Metalloproteins display a broad of chemical functionality facilitated by their metal cofactors. In 

particular the copper and iron cofactors of lytic polysaccharide monooxygenases (LPMOs) and cytochrome 

P450s (CYP450s), respectively, are central to their oxidoreductase function. Presented here are the 

structural and mechanistic insights on LPMOs and CYP450s gained from X-ray and neutron scattering 

studies.  

LPMOs are copper-containing enzymes that perform oxidative cleavage of the glycosidic bond in 

crystalline cellulose. During LPMO catalysis, the reaction is initiated by reduction of the copper active site 

and addition of molecular oxygen to ultimately form an unknown activated copper–oxygen species 

responsible for polysaccharide substrate hydrogen atom abstraction. Neutron protein crystallography, 

which allows direct visualization of hydrogen atoms, was used to investigate the active site and intermediate 

protonation states in the initial stages of oxygen activation directly following active site copper reduction 

by ascorbate in Neurospora crassa LPMO9D. A stabilized activated dioxygen intermediate in a mixture of 

superoxo and hydroperoxo states was cryo-trapped and the conserved second coordination shell residue 

His157 was found to be the proton donor. Mining minima free energy calculations indicated that this second 

shell His157 displays conformational flexibility in solution which may play a role in early NcLPMO9D 

activation of molecular oxygen. Furthermore, binding-face to binding-face crystal packing present in the 

NcLPMO9D crystal is analogous to substrate binding and ensures active site bound intermediate 

stabilization. 

CYP450s are a class of heme center proteins ubiquitous in most life forms that catalyze the insertion 

of oxygen into a non-activated C-H bond with the addition of molecular oxygen, two protons and two 

electrons obtained from reduced cofactors. A high-valent iron-oxo species termed Compound I is 

responsible for oxygen insertion during catalysis. Formation of Compound I requires cleavage of the O-O 

bond in molecular oxygen by protonation of the leaving oxygen group. A proton delivery pathway involving 



active site residues and water molecules is likely to be involved, but the exact nature of the pathway is still 

debated. In CYP450cam from Pseudomonas putida, which catalyzes the hydroxylation of D-camphor, the 

acid-alcohol pair composed of Asp251 and Thr252 are thought to be involved in proton delivery to active 

site reaction intermediates. Crystallization trials were performed on CYP450cam to obtain crystals 

sufficiently large for analysis by neutron protein crystallography to visualize critical protonation states in 

the active site and gain insight into the proton transfer pathway. 

 CYP450cam undergoes a number of conformational changes that are dependent on substrate 

camphor binding and interactions with the redox partner protein Putidaredoxin (Pdx). The substrate-

dependent conformational changes of CYP450cam, a Leu358Pro mutant and a covalent CYP450cam-Pdx 

complex were investigated using solution small angle X-ray scattering (SAXS). CYP450cam was found to 

undergo camphor-dependent conformational changes supported by a change in the radius of gyrations (Rg) 

and the maximum particle dimension (Dmax). The presence of a second camphor binding allosteric site was 

supported by changes in conformation indicated by an increase in Rg and Dmax at 43 μM camphor. The 

conformational flexibility of CYP450cam was modelled using normal mode analysis (NMA) which 

indicated that the β2-sheet as well as the H-helix, G-helix, D-helix and C-helix, which are associated with 

the allosteric site, show increased flexibility when compared to the crystal structure.  
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Chapter 1 : Characterization of metalloproteins using neutron protein crystallography  

 

1.1 Metalloprotein catalysis: structural and mechanistic insights into oxidoreductases from 

neutron protein crystallography 

The following work was reprinted with permission from: Schröder, G. C. & Meilleur, F. 

Metalloprotein catalysis: structural and mechanistic insights into oxidoreductases from neutron protein 

crystallography. Acta Crystallogr. Sect. D Biol. Crystallogr. D77, (2021). 

1.1.1 Synopsis 
 

Neutron protein crystallography provides insight into the structure and reaction mechanism of 

transition state metal oxidoreductases without resulting in radiation damage-induced artefacts. 

1.1.2 Abstract 
 

Metalloproteins catalyze a range of reactions, with enhanced chemical functionality due to their 

metal cofactor. The reaction mechanism of metalloproteins has been experimentally characterized by 

spectroscopy, macromolecular crystallography and cryo-electron microscopy. An important caveat in 

structural studies of metalloproteins remains the artefacts that can be introduced by radiation damage. 

Photoreduction, radiolysis and ionization deriving from the electromagnetic beam used to probe the 

structure complicate structural and mechanistic interpretation. Neutron protein diffraction remains the only 

structural probe that leaves protein samples devoid of radiation damage, even when data is collected at 

room temperature. Additionally, neutron protein crystallography provides information on the position of 

light atoms such as hydrogen and deuterium allowing characterization of protonation states and hydrogen 

bonding networks. Neutron protein crystallography has been used in conjunction further experimental and 

computational techniques to gain insight into the structure and reaction mechanism of several transition 

state metal oxidoreductases with iron, copper and manganese cofactors. Here we review the contribution 

of neutron protein crystallography toward elucidating the reaction mechanism of metalloproteins.  
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1.1.3 Keywords 
 

Neutron protein crystallography, X-ray diffraction, metalloproteins, enzymatic mechanism, 

protonation, radiation damage. 

1.1.4 Introduction 
 

Metals play a central role in biology, particularly in association with the proteome where they have 

catalytic, electron transfer, structural and storage roles 1. Metal cofactors provide proteins with enriched 

functional range by expanding their physiochemical properties and playing a role in activation and 

stabilization during catalysis 2,3. The reaction mechanism of metalloproteins has been explored with a 

plethora of techniques including structural, spectroscopic and computational studies 4. To gain a more 

complete understanding of protein interactions and catalysis, a complete, all-atom structure is a requisite. 

Neutron protein crystallography remains the sole structural technique to determine hydrogen atom positions 

without radiation induced damage at room temperature and cryo-conditions making it particularly valuable 

for the study of metalloproteins and their reaction mechanism 5–8.  

1.1.4.1 Metals in biology 
 

Metalloproteins comprise approximately a third of structures deposited in the Protein Data Bank 

(PDB) 9. Within metalloenzymes, metal cofactors are coordinated to protein residues in the primary 

coordination sphere where liganded amino acids finely tune the metal reactivity and redox potentials for 

optimal catalysis 10,11. The chemistry afforded by the metal cofactor is determined primarily by the identity 

of the metal, however the secondary coordination sphere has a considerable influence on enzyme reactivity 

12. The secondary coordination sphere is composed of the residues proximal but not directly bonded to the 

metal ion, plays an important role in reactivity, while also ensuring substrate specificity and regioselectivity 

13. Of particular interest are metal-cofactor containing oxidoreductases that are involved in the critical 

processes of electron exchange between donor and acceptor molecules in reactions as varied as oxygen 

activation and insertion, electron transfer, hydride transfer and hydrogen abstraction 14. Oxidoreductases 

comprise approximately 44% of the Enzyme Commission classes (EC Class 1) and are coordinated to a 

range of metals including iron, copper, manganese, nickel and zinc 15. Gaining a detailed structural 
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understanding of the primary and secondary coordination spheres is central to elucidating the reaction 

mechanism of these metalloproteins which will help inform improvements for pharmaceutical and 

biotechnological applications 16. 

1.1.4.2 Structural studies and radiation damage 
 

An essential aspect of elucidating the reaction mechanism of metalloproteins is the ability to 

visualize the position of hydrogen atoms in amino acid residues, water molecules and reaction intermediates 

since hydrogen atoms are central to enzyme chemistry 17–21. Several structural techniques have been 

implemented to break this subatomic resolution barrier and thereby inform protein chemistry including 

macromolecular crystallography and more recently cryo-electron microscopy (cryo-EM) 22,23. While X-ray 

crystallography with the advancement of synchrotron source’s high-brilliance beams can provide ultra-high 

resolution structural data, very few hydrogen atoms are visible and geometric structure analysis as well as 

novel computational techniques such as quantum crystallography have to be implemented 24–26. Micro 

electron diffraction (MicroED) which uses crystals smaller than 5 !m shows promise for hydrogen atom 

visualization since hydrogen atoms scatter electrons more strongly when compared to X-rays 27,28. MicroED 

structures with atomic resolution have been collected 29,30, however clear hydrogen atom visualization is 

thus far limited to small-molecule structures 31. Cryo-EM, a structural technique not requiring a crystalline 

sample, has made stunning advances in hydrogen atom visualization with structures of apoferritin and β3 

GABAA clearly indication hydrogen atom positions in omit maps 32,33. X-ray crystallography, microED and 

cryo-EM all suffer from beam induced radiation damage 34–36. The photosensitive cofactors and metal 

centers in metalloproteins are particularly sensitive to photo-induced damage 37,38. In multiple structures 

collected by X-ray radiation, photoreduction is observed which introduces artifacts that complicate 

structural and mechanistic interpretation 16,39–42. Indeed, metal-center photo-induced damage can be 

attributed not only to high energy radiation sources, since it has been found that UV/Vis radiation may also 

induce photoinactivation 43. Photo-induced damage is often accompanied by changes in bond lengths to the 

metal center, a loss/gain in ligands or radiolysis 44–47. X-ray induced damage can be circumvented by use 

of serial femtosecond crystallography (SFX) or serial femtosecond rotation crystallography (SF-ROX) with 
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a X-ray free-electron laser (XFEL) that provides a brief, intense X-ray pulse to take multiple partial 

diffraction “snapshots” from many small crystals or one large crystal before significant beam-induced 

damage 48,49. A similar serial data collection approach can be applied to mitigate damage in electron 

microscopy and diffraction techniques 30,50,51.  

1.1.4.3 Neutron protein crystallography 
 

In contrast to X-ray diffraction, where the scattering intensity is proportional to the number of 

electrons making light elements like hydrogen poorly visible, the coherent scattering lengths of hydrogen 

and its isotope deuterium are comparable in magnitude to the backbone carbon (C), nitrogen (N), oxygen 

(O) atoms as well as metal atoms such as iron (Fe) and copper (Cu) (Figure 1.1) 52,53. As a consequence, 

hydrogen/deuterium atoms are visible in neutron scattering length density (NSLD) maps at moderate 

resolutions of up to 2.5 Å making assignment of protonation states and water molecule orientations possible 

54,55.  

 

 
 

Figure 1.1 Incoherent neutron scattering cross sections and coherent neutron scattering lengths for selected 

elements.Relative incoherent scattering cross sections are represented by the disk coloured on a grey scale 

(dark: high incoherent cross section, light: low incoherent cross section), and relative coherent scattering 

lengths are represented by the red and green disks. The red disk for hydrogen and manganese indicates the 

negative sign of their scattering length while those shown in green are positive.  

 

In order to successfully perform a neutron protein diffraction experiment, there are technique-

inherent limitations that must be taken into consideration. Firstly, since hydrogen has a negative coherent 
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neutron scattering length and has a high incoherent cross section, it is necessary to exchange the hydrogen 

atoms present in the protein crystal with its isotope deuterium (D/H2) 56,57. This can be accomplished by 

exchange of H with D at titratable sites, while the non-exchangeable sites remain hydrogenated. H/D 

exchange can be performed by vapor exchange or soaking of the hydrogenated protein crystal with 

deuterated crystallization buffer or by directly crystallizing the hydrogenated protein in deuterated buffer 

58,59. An alternative to performing H/D exchange is perdeuteration, in which the non-exchangeable, carbon-

bound, H atoms are also exchanged to D by protein expression in deuterated media which provides a fully 

deuterated protein sample 60. Substitution of H with D results in a decrease of incoherent scattering cross 

section from 80.26 b to 2.05 b, which results in an improved signal and a reduction of background noise 

during data collection (Figure 1.1). Furthermore, the negative coherent neutron scattering length of H with 

a value of -3.74 fm in contrast to the positive scattering lengths for D, C, N and O (Figure 1.1) leads to 

density cancelation in NSLD maps which can complicate interpretation. While H/D exchange partially 

alleviates NSLD map cancellations, cancellation can be fully circumvented by use of a perdeuterated 

protein samples which result in continuous NSLD maps, thereby aiding modelling of side-chains. However, 

it should be noted that protein perdeuteration results in lower yields and may impede crystallization.  

 

Secondly, in metalloproteins, metal with weak positive or negative scattering lengths, such as zinc 

(5.68 fm) or manganese (-3.73 fm) are poorly visible in NSLD maps. It is therefore advantageous to perform 

a joint refinement in which the X-ray data can be used to determine the metal atom position and identity. 

X-ray diffraction data is typically collected following neutron data collection using the same crystal or 

using a different crystal but grown under identical conditions. The two datasets are subsequently used for 

a joint refinement in which the heavy atoms of the protein backbone and side-chain coordinates are refined 

against the X-ray data, while the neutron data is used to determine the H/D positions 61. X-ray datasets 

collected on metalloproteins should however be collected using the lowest X-ray dose possible to limit 

radiation-induced damage. It is additionally advisable to perform an X-ray radiation dose exposure series 

to establish specific effects that X-ray beam exposure may have on the metallocenter. This will assist in 
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identification of any X-ray induced artefacts during joint refinement. Thirdly, since the flux of neutron 

sources is low when compared to high brilliance X-ray sources or even home-source X-ray generators, large 

protein crystals with a minimum volume of 0.1 mm3 are required and data collection requires several days 

62,63. The interested reader is referred to extensive descriptions of the technique by O’Dell et al. and 

Schröder et al. for practical application 56,64. 

1.1.5 Neutron protein crystallography of transition state metal oxidoreductases 
 

The sensitivity of neutron protein crystallography to the position of hydrogen atoms while not 

inducing radiation damage makes it an ideal technique to probe the structure of metalloproteins. Presented 

here is an overview of the structural and mechanistic insight gained from neutron protein diffraction of 

various transition-metal containing proteins in the oxidoreductase (EC 1) family (Table 1.1). While these 

examples demonstrate the power of neutron protein diffraction to characterize the active site and reaction 

intermediates, they also illustrate the value of neutron protein crystallography as a complementary tool. 

Neutron protein crystallography provides an all-atom model of the metalloprotein active site and 

intermediates which can inform quantum chemistry calculations of the electronic rearrangements and bond 

breakage and formation in the redox metalloprotein mechanism. Metalloproteins can be modelled using 

density functional theory (DFT) calculations to determine the energetics of a limited number of atoms, often 

confined to active site residues and intermediates 65,66. Quantum mechanics/molecular mechanics 

(QM/MM) modelling of metalloprotein uses QM to model the electronic structure of the active site and 

MM, described by a force field, to model the effects of the surrounding protein environment 67. Both DFT 

and QM/MM calculations are computationally expensive, making complete knowledge of the active site, 

particularly protonation states and hydrogen bond orientations, important to inform the calculations and 

minimize the number of input models. Use of additional techniques such as XFEL, spectroscopy, 

mutagenesis and kinetic studies provide a complete picture of the underlying enzyme chemistry as will be 

discussed herein.
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Table 1.1 Neutron protein crystallography structures of transition state metal oxidoreductases. 
 

Protein PDB ID Sequence length Metal 
cofactor 

Conditions Deuteration level Temperature (K) Neutron 
resolution 

(Å) 

X-ray 
resoluti
on (Å) 

Space 
group 

Unit cell a, 
b, c (Å) 

Copper nitrite reductase 
(Achromobacter cycloclastes) 

6GTJ 340 Cu2+ Resting state, pD 5.4 Perdeuterated 293 1.8 N/A P213 97.98, 
97.98, 
97.98 

Copper nitrite reductase 
(Geobacillus thermodenitrificans) 

6L46 323 Cu2+ Resting state, pD. 5.3 Hydrogenated (H/D 
exchange) 

100 1.50 1.30 H3 114.21, 
114.21, 
83.69 

Copper amine oxidase 
(Arthrobacter glibiformis) 

6L9C 621 Cu2+ Cofactor TPQ-bound Hydrogenated (H/D 
exchange) 

100 1.72 1.14 C121 157.55, 
61.78, 
92.33 

Ferric Cytochrome C Peroxidase 
(Saccharomyces cerevisiae) 

4CVI 294 Fe3+ Ferric heme Hydrogenated (H/D 
exchange) 

290 2.41 2.10 P212121 51.70, 
76.80, 
107.60 

Ferric Cytochrome C Peroxidase 
(Saccharomyces cerevisiae) 

4CVJ 294 Fe4+ Compound I heme Hydrogenated (H/D 
exchange) 

100 2.50 2.18 P212121 51.19, 
75.83, 
107.59 

Ferric Ascorbate Peroxidase 
(Glycine max) 

5JPR 261 Fe4+ Compound II heme Hydrogenated (H/D 
exchange) 

100 2.20 1.81 P42212 82.10, 
82.10, 
75.16 

Ferric Ascorbate Peroxidase 
(Glycine max) 

6TAE 261 Fe3+ Ferric heme Perdeuterated 100 2.22 1.90 P42212 82.90, 
82.90, 
75.87 

Ferric Ascorbate Peroxidase 
(Glycine max) 

6XV4 261 Fe3+ Co-substrate ascorbic 
acid-bound 

Perdeuterated 100 2.09 1.90 P42212 81.86, 
81.86, 
74.97 

Lytic polysaccharide 
monooxygenase 
(Neurospora crassa) 

5TKI 223 Cu2+ Resting state  Hydrogenated (H/D 
exchange) 

298 2.12 1.50 P1211 68.12, 
42.23, 
70.29 

 
Lytic polysaccharide 
monooxygenase 
(Jonesia denitrificans) 

5VG1 142 Cu2+ Dioxygen species Hydrogenated (H/D 
exchange) 

295 2.10 N/A P212121 32.50, 
76.40, 
122.10 

 
Super Oxide Dismutase 
(Homo sapiens) 

7KKS, 
7KKU 

199 Mn3+ Oxidized Perdeuterated 296 2.20 2.02 
 

P6122 81.30, 
81.30, 
241.84  

 
Super Oxide Dismutase 
(Homo sapiens) 

7KKW, 
7KLB 

199 Mn2+ Reduced Perdeuterated 296 2.30 2.16 P6122 81.33, 
81.33, 
242.88 

Chlorite dismutase 
(Cyanothece PCC7425) 

5NKU 188 Fe3+ Ferric heme, pD 9.4 Hydrogenated (H/D 
exchange) 

293 2.35 2.00 P1 52.43, 
53.02, 
55.34 

Amicyanin 
(Paracoccus denitrificans) 

3L45 105 Cu2+ Resting state Hydrogenated (H/D 
exchange) 

293 1.80 1.50 P1211 27.54, 
56.58, 
28.86 

Manganese Catalase 
(Thermus thermophilus HB27) 

6KK8 302 Mn3+ Resting state Hydrogenated (H/D 
exchange) 

293 2.35 1.37 P213 133.40, 
133.40, 
133.40 
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1.1.5.1 Copper nitrite reductase 
 

Copper nitrite reductases (CuNiRs) (E.C. 1.7.2.1) form part of the anaerobic respiratory pathway 

of denitrification 68. During denitrification, microbes use nitrate (NO3
-) as electron acceptors in a four step 

reductase-dependent process composed of sequential formation of NO2
-, NO, N2O and final release of N2 

69. CuNiRs are periplasmic enzymes that catalyze the reduction of NO2
- by Cu(I) with the subsequent 

addition of two protons to form water and NO as follows 70: 

 

Cu(II) + e- → Cu(I)  

Cu(I) + NO2
− + 2H+ → Cu(II) + NO + H2O 

 

The structure of CuNiRs has been well-characterized consisting of a homotrimer which contains 

two cupredoxin-type domains: a type I (T1Cu) domain involved in electron transfer from an electron donor 

partner protein to the type II (T2Cu) catalytic domain 71,72. The copper of the T1Cu domain is coordinated 

by two histidine residues, a cysteine and a methionine in a tetrahedral geometry 73. The catalytic T2Cu 

center is located ~12 Å from T1Cu and the two sites are connected via an electron transfer bridge composed 

of cysteine and histidine. The T2Cu copper is coordinated by three histidine residues in the equatorial plane. 

Of particular catalytic importance are the active site residues AspCAT and HisCAT that play a role in proton 

transfer and substrate binding and are connected by a bridging water molecule via hydrogen bonds 74,75. 

Extensive structural studies have been performed on CuNiRs to determine their catalytic mechanism, 

however X-ray induced reduction results in structural changes and unintended redox reactions 76–82. To 

circumvent the X-ray induced radiation damage, structures were obtained using X-ray free-electron laser 

(XFEL) crystallography 71,83–85. To further characterize the mechanism of CuNiR by investigating active 

site protonation states and substrate binding in the absence of radiation damage, Halsted et al. 

collected serial femtosecond rotational crystallography (SF-ROX) data on the oxidized, reduced and 

substrate-bound forms of Achromobacter cycloclastes CuNiR (AcNiR) as well as a room temperature 

neutron protein diffraction structure on the oxidized form 86. SF-ROX is an approach that utilizes XFEL 
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data collection by performing consecutive exposures following stepwise rotation and translation along a 

large crystal with known orientation, in contrast to the single-use exposure of randomly oriented micro 

crystals 48. AspCAT is known to be present in two conformations in CuNiRs, a “proximal” orientation facing 

T2Cu and hydrogen bonded with HisCAT via the bridging water and a “gatekeeper” orientation facing away 

from T2Cu and hydrogen bonding to the copper water ligand 79. Analysis of the SF-ROX data of the 

oxidized form revealed a T2Cu active site with an AspCAT in the proximal conformation with two 

orientations as opposed to the single proximal orientation observed in synchrotron data. In contrast, the 

neutron data collected at 1.9 Å resolution indicated a proximal AspCAT in only one orientation. 

Unexpectedly, several previously determined XFEL structures have noted the absence of the T2Cu axial 

water ligand 83–85, however the SF-ROX data presented by Halsted et al. indicated that a water molecule is 

coordinated to the T2Cu in the axial position which is confirmed by the analysis of the NSLD maps (Figure 

1.2 A). The NSLD maps further indicate that AspCAT is deprotonated while HisCAT is Nd2 protonated at the 

catalytically optimal pD of 5.4 in contrast to previous spectroscopic and computational studies that 

proposed that the resting state HisCAT is doubly protonated 87. The NSLD additionally support this HisCAT 

single protonation state by confirming the positioning of the bridging water as a hydrogen bond donor to 

both AspCAT and the Ne1 of HisCAT. The authors conclude that the observed protonation states of the AcNiR 

active site support the hypothesis that upon binding of the nitrite substrate and displacement of the axial 

water ligand, protonation of AspCAT is triggered via the bridging water. This protonation of AspCAT initiates 

proton coupled electron transfer from T1Cu and subsequent catalysis 87,88 

 

An additional CuNIR neutron protein crystallography structure was subsequently solved from 

Geobacillus thermodenitrificans (GtNiR) by Fukuda et al. at 1.5 Å resolution 89. Contrary to the finding on 

AcNiR by Halsted et al., they observed two ligands coordinated to T2Cu. One of these ligands is an 

equatorial water while the second was fitted as a two-atom axial hydroxide ligand according to the NSLD 

maps (Figure 1.2 B). The AspCAT residue was in the “proximal” conformation in one orientation only and 
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was found to be deprotonated in agreement with previous findings, however the HisCAT was found to be 

doubly protonated at the measured pD of 5.3. In this GtNiR structure, at an improved resolution, the 

bridging water acts as a hydrogen bond donor to AspCAT, while it is a hydrogen bond acceptor to the HisCAT 

Ne1. The authors reason that the difference in protonation may be due to a proton exchange between HisCAT 

and the axial water observed in AcNiR. The presence of a stable hydroxide ligand in the neutron structure 

is similar to the hydroxide ligand observed bound to T2Cu in computational studies suggesting direct 

release of NO without forming a copper-nitrosyl intermediate 87,90,91. The authors therefore conclude that 

their structure evidences that the nitrite reduction proceeds without formation of a copper nitrosyl 

intermediate, although this is in disagreement with a NO-soaked and multiple serial structures from one 

crystal (MSOX) studies that indicate a Cu-nitrosyl species 78,81,92,93. The level of H/D exchange was further 

analyzed to draw conclusions on the dynamics of the structure, particularly as it pertains to the electron 

transfer pathway from T1Cu to T2Cu. The bridging histidine that links the two copper sites shows 

comparatively low H/D exchange on its Nd2 site (low D atom occupancy) which suggests that electron 

transfer proceeds across this rigid hydrogen bond linking the cysteine backbone carbonyl and the histidine 

Nd2 hydrogen. Such an electron jump across a rigid hydrogen bond has been proposed by DFT calculations, 

and these neutron diffraction structural findings represent the first experimental evidence thereof 94.  
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Figure 1.2 The active site of copper nitrite reductase (PDB code 6GTJ, perdeuterated 86) (A) A D2O is 
bound to the active site with a neutral His256 (HisCAT). 2Fo-Fc NSLD map (σ = 1.00) is displayed as blue 
mesh; H and D atoms displayed in white and turquoise respectively. (B) An OD- is bound to the active site 
with a positively charged His 211 (HisCAT) (PDB code 6L46, H/D exchanged 89). 2Fo-Fc NSLD map (σ = 
1.50) is displayed as blue mesh; H and D atoms displayed in white and turquoise respectively. 
 

Neutron protein diffraction studies provide valuable insight into protein chemistry; however, it is 

also useful to use further complementary techniques to obtain a more complete understanding of the system. 

Such is the case for CuNiR, in which recently solved atomic resolution damage free XFEL structures 

revealed new mechanistic insights which provide a new perspective on the neutron diffraction findings 95. 

Rose et al. used advanced synchrotron radiation and XFEL data to obtain substrate-free, substrate-bound 

and product-bound structures of a Bradyrhizobium copper nitrite reductase (Br
2DNiR). Using unrestrained 

refinement of their high-resolution structures they show that HisCAT is single Nd2 protonated in agreement 

with Halsted et al. 86. Rose et al. also find that AspCAT is in the “proximal” conformation with two 

orientations as seen in AcNiR. To generate the Br
2DNiR enzyme-product complex, crystals were soaked 

with nitrite, reduced with dithionite after which XFEL data was collected. Analysis revealed the presence 

of a Cu-nitrosyl species, refuting the hypothesis that NO is immediately released following proton coupled 

electron transfer leaving a hydroxide bound copper intermediate 89. The presence of the hydroxide 

intermediate in the GtNiR is suggested to be an artefact which can be attributed to the additional artificial 

coppers present in the neutron structure. These damage-free XFEL and neutron diffraction data findings 
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highlight the strengths of multiple techniques to gain insight into the CuNiR reaction mechanism while also 

allowing previous experimental findings to be critically evaluated.  

1.1.5.2 Copper amine oxidase 
 

Copper amine oxidases (CAOs) (E.C. 1.4.3.6) are a class of redox enzymes present in prokaryotes 

and eukaryotes involved in the oxidative deamination of primary amines 96. The overall reaction of CAOs 

results in the formation of an aldehyde from its corresponding primary amine after which molecular oxygen 

is reduced to hydrogen peroxide and ammonia is released to restore the enzyme resting state according to 

the general equation given below 97.  

 

RCH2NH3
+ + O2 + H2O → RCHO + NH4

+ + H2O2  

  

CAOs were initially described as “Pink Enzymes” due to the 2,4,5-trihydroxyphenylalanine 

quinone (TPQ) cofactor derived from a post-translationally modified tyrosine present in the active site with 

a visible absorbance peak at 480 nm 98. The structure of CAOs has been structurally characterized as a 

mushroom-shaped homodimer with a 70 – 95 kDa molecular mass with the active site located in a C-

terminal β-sandwich domain 99. CAO catalysis is classified as a ping-pong bi-bi mechanism composed of 

an oxidative and reductive half-reaction 100,101. In the reductive half-reaction, the resting state TPQ cofactor 

present in its oxidative enolate form, TPQox, is nucleophilically attacked by the substrate amine 102. 

Following formation of the substrate- and product-Schiff bases (TPQssb and TPQpsb) the aldehyde product 

is released resulting in the formation of the aminoresorcinol (TPQamr) in equilibrium with the semiquinone 

radical (TPQsq) 103.  

 

Cu(II) E-TPQox + RCH2NH3
+ → (Cu(II) E-TPQamr ⇌ Cu(I) E-TPQsq) + RCHO  

 

The oxidative half-reaction proceeds with oxidation of TPQsq to the iminoquinone (TPQimq) by two 

electron reduction and protonation of molecular oxygen to form hydrogen peroxide.  
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Cu(I) E-TPQsq + O2 → Cu(II) E-TPQimq + H2O2 

 

Hydrolysis of TPQimq results in formation of the resting state TPQox with the concomitant release 

of ammonia. 

 

Cu(II) E-TPQimq + H2O → Cu(II) E-TPQox + NH4
+  

 

The active-site copper is believed to play no role in the reductive half-reaction 104. During the 

oxidative half-reaction, the copper is involved in mediating electron transfer between TPQamr and dioxygen 

and binding the reduced dioxygen species 105. The CAO reaction mechanism involves several intermediates 

in which proton transfer and protonation states play an important role 106,107.  

 

To further characterize the active site of CAO from Arthrobacter globiformis (AGAO), Murakawa 

et al. collected a 1.72 Å resolution neutron data set of a resting state AGAO together with a 1.14 Å X-ray 

diffraction dataset for joint refinement 108. Analysis of the neutron scattering length density (NSLD) maps 

revealed that the resting state enolate (TPQox) was in equilibrium with its keto form (Figure 1.3). This was 

evident from the ellipsoidal positive NSLD difference density peak at the C3 position of TPQ, indicating a 

mixed -CD and CD2 state characteristic of the enolate and ketone form, respectively. The high-resolution 

X-ray diffraction data indicated that the TPQ quinone ring had a bent conformation which was further 

supported by DFT calculations which indicated a 59% keto and 41% enolate occupancy. Aspartic acid has 

been proposed to function as a catalytic base, by abstracting a proton from the substrate amine, the substrate 

Schiff base (TPQssb) as well as during TPQimq hydrolysis to TPQox 106,109. In their neutron diffraction 

structure, Murakawa et al. emphasize the capability on neutron diffraction to reveal new and exciting 

conformations by presenting evidence for a triply shared proton between TPQ and the conserved aspartic 

acid residue Asp298 in a trifurcated hydrogen bond identified by a positive NSLD difference density peak. 

Albeit an uncommon protonation state, a triply shared proton is not unprecedented, having been observed 
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in a 5’-methylthioadenosine nucleosidase 110. However, a subsequent QM/MM study investigating the 

observed protonation states of Asp298 and TPQ found that a triply shared proton was energetically 

unfavorable, with bonding to one of the two carboxyl oxygen atoms representing a more stable 

conformation 111. Although computational studies found this triply shared proton to be unstable, neutron 

diffraction data corroborates the role of Asp298 as a catalytic base with a highly reactive proton.  

 

 
 

Figure 1.3 The active site of copper amine oxidase.The cofactor TPQ is present in its ketone and enol form 
and a proton is shared between TPG and the active site Asp298 (PDB code 6L9C, H/D exchanged 108). Fo-
Fc NSLD omit map (σ = 3.00) is displayed as green mesh; H and D atoms displayed in white and turquoise 
respectively. 
 

The AGAO active site copper is coordinated by two water molecules (Wax and Weq) and three 

histidine residues (His431, His 433 and His592) with square-pyramidal geometry 112. Murakawa et al. 

assigned His431 as a negatively charged imidazolate anion, potentially due to the ability of positively 

charged metal ions to significantly lower the apparent pKa of imidazole rings thereby resulting in 

deprotonation 113. Similarly, the coordinating Wax was modelled in its deprotonated state, as a hydroxide 

anion, which potentially donates a proton to the enolate form of TPQ to form the observed mixed-state keto 

form. Additional QM/MM calculations suggest that His431 is potentially present as a imidazolate ion 
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dependent on the surrounding hydrogen bonding network, demonstrating the importance of these networks 

and protonation pathways in reaction mechanism 111. The QM/MM calculations could not definitively show 

a stabilized Wax deprotonated as a hydroxide anion. Despite requiring further experimental and 

computational data to fully elucidate the AGAO reaction mechanism and unique protonation states 

observed in the AGAO neutron diffraction structure, these results provide an informative perspective on 

copper-containing amine oxidases and will help to inform on enzymes displaying similar chemistry. 

1.1.5.3 Heme peroxidases 
 

Heme peroxidases catalyze the hydrogen peroxide-dependent oxidation of a variety of substrates 

114. Oxygen activation during catalysis involves formation of two oxidized ferryl (FeIV) heme intermediates 

termed Compound I and Compound II 115,116.  

 

Fe3+(Ferric heme) + H2O2 → Fe4+(Compound I) + H2O 

Fe4+(Compound I) + substrate → Fe4+(Compound II) + substrateoxidized 

Fe4+(Compound II) + substrate → Fe3+(Ferric heme) + H2O + substrateoxidized 

 

Compound I forms first in the reaction cycle and contains either a porphyrin  π-cation radical or a 

protein radical, while further one-electron reduction results in Compound II formation 117. The chemical 

nature of the ferryl species has been an area of extensive research, with debate on whether the species 

should be characterized as a deprotonated iron(IV)-oxo (Fe(IV)=O) or a protonated iron(IV)-hydroxide 

(Fe(IV)-OH) 118–121. The identity of the ferryl intermediate has been probed using multiple spectroscopic 

methods including resonance Raman, EXAFS and Mössbauer, however none were definitive 122,123. 

Structural studies using X-ray crystallography sought to determine the identity by differentiating between 

the shorter Fe(IV)=O and longer Fe(IV)-OH iron oxygen atom distances, however in-beam photoreduction 

results in increased bond length which complicates species assignment 124,125. An important step toward 

unravelling the identity of the ferryl species came with neutron protein diffraction studies on the Class I 

heme peroxidases cytochrome c peroxidase (CcP) (E.C. 1.11.1.5) and ascorbate peroxidase (APX) (E.C. 
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1.11.1.11) 126. CcP and APX are intracellular proteins that contain a heme iron coordinated to a proximal 

histidine residue 127,128. CcP is present in the mitochondria and plays a role in the electron transport chain 

by catalyzing the reduction of H2O2 to water by receiving reducing equivalents from cytochrome c (Cc) 129. 

Upon reaction of the ferric CcP with H2O2, Compound I is formed with the radical located on a tryptophan 

residue adjacent to the heme 130. Casadei et al. successfully used neutron protein diffraction to characterize 

the ferric form of CcP at 2.4 Å resolution at room temperature and were able to identify the protonation 

state of the ferryl Compound I species under cryo-conditions with a structure at 2.5 Å resolution 131. 

Analysis of the NSLD maps revealed that the ferric form contained a water coordinated to the heme on the 

distal face as well as a neutral distal histidine. Joint refinement of cryo-trapped Compound I established the 

identity of the ferryl species as the deprotonated Fe(IV)=O and indicated a positively charged, doubly 

protonated distal histidine – a thus far unprecedented finding since it had been assumed that both protons 

of H2O2 are used in formation of the water molecule. Although the iron oxygen bond length could not be 

accurately determined at the resolution of the neutron structures, NSLD omit maps clearly indicate a 

deprotonated Compound I species. This calls into question the previously established role of the distal 

histidine as a peroxide deprotonating base catalyst and subsequent acid catalyst for water formation to form 

Compound I 132. Casadei et al. posit that an additional proton is needed for Compound I formation, similar 

to Compound I formation in cytochrome P450s 133. Following the identification of Compound I, Kwon et 

al. were able to trap Compound II of APX in a further cryo-neutron diffraction study 134. APX catalyzes the 

H2O2-dependent oxidation of ascorbate resulting in formation of water and monodehydroascorbate 135. The 

formation of Compound I is rapid, however the subsequent decay into Compound II is stable for a sufficient 

timespan to allow for cryo-trapping. Analysis of the APX Compound II 2.2 Å resolution NSLD maps is 

consistent with the presence of a protonated Fe(IV)-OH species (Figure 1.4 A). The distal histidine residue 

was also found to be doubly protonated and positively charged. The presence of an Fe(IV)-OH species, 

although supported by convincing NSLD maps, is suggested to be unlikely because an electron donating 

proximal ligand such as the thiolate in cytochrome P450s is necessary as opposed to the histidine proximal 
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ligand in heme peroxidases 136. This is supported by a recent study that utilized Mössbauer an X-ray 

absorption spectroscopy to show that the APX Compound II species is an unprotonated Fe(IV)=O 137.  

 

 
 
Figure 1.4 The active site of the heme-center ascorbate peroxidase (APX). (A) Compound II of APX with 
a positively charged His42 (PDB code 5JPR, H/D exchanged 134). 2Fo-Fc NSLD map (σ = 1.50) is displayed 
as blue mesh; H and D atoms displayed in white and turquoise respectively. (B) A neutral Arg38 residue in 
ascorbate-bound APX (PDB code 6XV4, perdeuterated 138). 2Fo-Fc NSLD map (σ = 1.00) is displayed as 
blue mesh; H and D atoms displayed in white and turquoise respectively. 
 

A matter of contention is the 1.88 Å iron-oxygen bond length observed in the neutron study, which 

is considered to be much longer than the 1.76 Å bond length expected for a histidine coordinated Fe(IV) 

species and suggests a Fe(III) hydroxide species 139,140. The strengths of neutron diffraction to provide 

insight into the presence of light atoms and allow conclusions on protonation state can be juxtaposed to its 

weakness in assigning metal oxidation states making the use of complementary techniques such as 

spectroscopy crucial. A closer examination of the bond lengths in Compound II of CcP and APX has been 

performed by Kwon et al. using radiation damage-free XFEL diffraction to accurately establish the iron-

oxygen bond length 141. CcP displays a Fe-O distance of 1.76 Å while APX has a 1.87 Å bond length. The 

range of bond lengths observed led Kwon et al. to conclude that the bond length may “flex” due to protein 

dynamic motions in the heme active site. Indeed, a distal arginine residue in APX has been suggested to be 

dynamic and involved in proton delivery to the active site heme 142, and the XFEL study indicates that the 

arginine has both heme-facing “in” and heme-distant “out” conformations. A 2.1 Å resolution neutron 
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protein diffraction structure of ferric APX bound to ascorbate by Kwon et al. indicates that this distal 

arginine is neutral, supporting its role as a dynamic proton donor (Figure 1.4 B) 138. The dynamic hydrogen 

bonding rearrangement observed in APX, is not observed in CcP, where the distal arginine is present in 

only one conformation. This may explain the longer Fe-O bond distance in APX when compared to CcP, 

since the more dynamic heme hydrogen bonding environment may fine-tune the ferryl species. The 

implications that such fine-tuning may have for heme reactivity in different peroxidases remains to be 

established, however these findings highlight the effect that the active site environment can have on protein 

reactivity and selectivity.  

1.1.5.4 Lytic polysaccharide monooxygenase 
 

The ability of enzymes to efficiently catalyze complex reactions under mild reaction conditions 

when contrasted to traditional chemical processes has made them invaluable for the production of value-

added compounds 143. In particular, the efficient degradation of cellulose by biocatalytic means for 

bioethanol is coming increasingly to the forefront as demands for sustainable energy production rise 144. 

Fungi, in particular, employ numerous glycoside hydrolases to degrade lignocellulose as an energy source 

145. These glycoside hydrolases have been employed for commercial cellulose saccharification, however 

the complex structure of lignocellulose, particularly its biotic-attack resistant crystalline cellulose core 

limited solubilized sugar yields 146,147. The discovery of a class of copper-dependent oxidoreductase termed 

lytic polysaccharide monooxygenases (LPMOs) (E.C. 1.14.99.56), however, resulted in increased cellulose 

yields by disruption of the crystalline cellulose structure by oxidative cleavage 148,149. Fungal LPMOs are 

secreted proteins with a planar active site located at the enzyme surface for carbohydrate substrate binding 

150. The active site copper is coordinated by a characteristic “histidine brace” in the equatorial plane 

composed on the N-terminal histidine amino group and imidazole ring nitrogen and a further imidazole 

nitrogen atom from a second conserved histidine 151. LPMOs perform oxidative glycosidic bond cleavage 

by catalyzing hydroxylation of the C1 or C4 position of the glycosidic bond 152. In the O2-dependent 

pathway, the reaction is initiated by one electron reduction of the resting state Cu(II) to Cu(I) after which 

oxygen binds and is spontaneously reduced to superoxide (O2
•-). Rapid superoxide formation following one 
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electron reduction of an equatorially bound oxygen by Cu(I) has been shown by electron paramagnetic 

resonance (EPR) and stopped-flow absorption spectroscopy studies and was supported by DFT studies with 

coordination geometry informed by X-ray absorption near edge structure (XANES) and extended X-ray 

absorption fine structure (EXAFS) of the oxidized and reduced copper center and 153. Following superoxide 

formation, the LPMO requires further precisely timed reduction and protonation steps to form the 

hydroxylated product, as illustrated in the overall reaction below, however the intermediates involved in 

the mechanism remains an area of active experimental and computational investigation 154.  

 

R-H + O2 + 2e- + 2H+ → R-OH + H2O  

 

An essentail step in elucidating the LPMO mechanism is characterization of the hydrogen atom 

abstracting species (HAA), a highly reactive species that abstracts a hydrogen atom from the glycosidic 

carbon to be hydroxylated 155. Multiple candidates have been proposed using structural, spectroscopic, small 

molecule copper complexes and computational studies including superoxide 156–158, hydroperoxy 159, 

hydroxy 160 and oxyl species 154,161–164. Additionally, it has been proposed that hydrogen peroxide (H2O2) 

acts as the co-substrate in a reaction mechanism proceeds via an oxyl HAA intermediate 165,166. This reaction 

mechanism requires the resting state Cu(II) to be reduced to Cu(I) in a “priming reduction” after which 

multiple hydroxylation reactions can be catalyzed. 

 

R-H + H2O2 → R-OH + H2O  

 

In an initial study to investigate oxygen binding in LPMO, Bacik et al. collected a 1.1 Å X-ray 

diffraction dataset and a 2.1 Å neutron diffraction dataset on a chitin-binding LPMO from Jonesia 

denitrificans (JdLPMO10A) 167,168. The X-ray structure was interpreted as containing an oxygen cofactor 

modelled as a peroxide species coordinated in the equatorial plane. The crystal asymmetric unit contained 

two molecules, Molecule A and B, related by non-crystallographic symmetry. The dioxygen species was 
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modelled with a side-on coordination to the Molecule A copper and an end-on coordination to the molecule 

B copper. In the separately solved neutron structure, only molecule B was modelled with an end-on 

coordinated dioxygen species, however limited resolution did not permit unambiguous determination of the 

chemical nature of the dioxygen species. The X-ray and neutron data deposited by Bacik et al. was later 

revisited by Caldararu et al. who performed a joint X-ray neutron quantum refinement of the originality 

deposited data 169. The joint quantum refinement noted a discrepancy in the positioning of the dioxygen 

species, with the Molecule A dioxygen more resembling an end-on positioning following introduction of a 

QM potential. Subsequent vacuum QM and QM/MM calculations informed by the quantum refined X-ray 

data-only structure suggest that the dioxygen species may be a superoxo species, however the discrepancy 

of the binding modes of the dioxygen species in Molecule A and B, the weak nuclear density of the dioxygen 

species in Molecule A and the absence of a reducing agent for one electron reduction of the resting state 

Cu(II) to ensure dioxygen binding made these initial findings of dioxygen activation ambiguous. To further 

investigate dioxygen activation at the LPMO active site and identify the activated oxygen species involved 

in the initial steps of catalysis, O’Dell et al. collected both high resolution X-ray and room temperature 

neutron diffraction dataset of LPMO9D from Neurospora crassa (NcLPMO9D) 170. In order to characterize 

the activated oxygen species, NcLPMO9D crystals were chemically reduced to Cu(I) and the resulting 

intermediate was freeze-trapped prior to X-ray diffraction data collection. Structural analysis of the 1.20 Å 

data revealed the first evidence of a dioxygen species (potentially superoxo or peroxo) coordinated to the 

copper with "1 end-on geometry – an exciting development in the characterization of the early steps of 

LPMO dioxygen activation. Analysis of the second NcLPMO9D molecule in the crystal structure related 

by non-crystallographic symmetry did not contain a coordinated activated dioxygen species, however an 

oxygen could be modelled in a “pre-binding” conformation, presumably prior to coordinating at the 

equatorial position. To gain more detailed insight into the protonation state of second-shell residues that 

may play a role in catalysis, a 2.12 Å structure of the Cu(II) resting state form of NcLPMO9D was solved 

using room temperature neutron protein crystallography. Analysis of the NSLD maps collected at room 

temperature revealed that the residue His157 is singly Nε2 -protonated (Figure 1.5). His157 is a second shell 



   

21 
 

residue pointing toward the oxygen pre-binding site and may therefore play a role in oxygen activation by 

promoting oxygen activation. The NSLD maps did not indicate the presence of a pre-bound oxygen, 

however data were collected at pH 5.6 (pD 6.0) while LPMOs perform catalysis in a more acidic 

environment of pH~5 where cellulases show optimum activity 147,171,172. It is therefore posited that under 

such acidic conditions, His157 would be positively charged and doubly Nε2 and Nδ1-protonated which may 

promote oxygen binding. DFT calculations confirmed that while oxygen binding to the neutral His157 is 

thermoneutral, oxygen binding to the positively charged His157 is highly thermodynamically favorable.  

 

 
 

Figure 1.5 The active site of LPMO. The second-shell His157 is neutral in the copper(II) resting state. 
(PDB code 5TKI, H/D exchanged 170). 2Fo-Fc NSLD map (σ = 1.50) is displayed as blue mesh; H and D 
atoms displayed in white and turquoise respectively. 
 

These findings show that His157 may play a role in ensuring efficient catalysis and illustrate the 

importance of second-shell residues. Indeed, DFT calculations of the LPMO mechanism assign this second-

shell histidine a positive charge and have postulated that it may play a role as a proton donor of active site 

intermediates 173,174. The exact mechanism by which LPMOs achieve catalysis remains to be elucidated and 

the poorly soluble carbohydrate substrate presents challenges in crystallographic structural analysis, 

although a limited number have been determined 175–177. Future spectroscopic, computational and structural 
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studies, including neutron protein diffraction studies investigating the NcLPMO9D structure under 

functionally relevant acidic conditions and bound to a cryo-trapped intermediate 178, may help shed light on 

LPMO catalysis. 

1.1.5.5 Manganese superoxide dismutase 
 

Reactive oxygen species (ROS) play a role in cellular signaling, however accumulation of these 

oxygen ions or radicals can result in cellular and organ damage 179. Superoxide dismutases (SOD) are 

metalloenzymes that function to mitigate the damage from ROS by converting superoxide (O2
•-) into oxygen 

(O2) or hydrogen peroxide (H2O2) 180. The active site of SODs can contain an iron, manganese, copper or 

zinc cofactor dependent on the taxonomic domain 181. In eukaryotes, manganese superoxide dismutase 

(MnSOD) (E.C. 1.15.1.1) is situated in the mitochondrial matrix where it prevents the accumulation of 

superoxide formed due to mitochondrial electron leaks 182. MnSOD is functional as a homotetramer with 

the active site Mn ion coordinated to the residues His26, His74, Asp159, His163 183. The reaction 

mechanism of MnSOD proceeds by cycling through a Mn(III) and Mn(II) oxidation state as shown below 

1. 

 

Mn3+ + O2
•- ↔ Mn2+ + O2  

Mn2+ + O2
•- + 2H+ ↔ Mn3+ + H2O2  

 

Mn(II) oxidizes superoxide to molecular oxygen and the formed Mn(II) reduces the superoxide 

species with concomitant protonation to form hydrogen peroxide 184. The MnSOD mechanism requires 

concerted proton and electron transfer (CPET) to achieve a thermodynamically favorable reaction during 

catalysis, as has been observed for multiple enzymes involved in redox reactions 185. In addition to the 

active site residues, mutagenesis, structural and computational studies have shown that second-shell 

residues including His30, Tyr34, Gln143, Glu162, and Tyr166 play an important role in the active site metal 

redox cycling and protonation 186–191. The strength of neutron protein crystallography to provide detailed 
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information on hydrogen atom positions is particularly advantageous for the study of CPET in a 

metalloenzyme in which redox states must be maintained and knowledge of protonation states provide 

information on proton transfer.  

 

To this end, Azadmanesh et al. collected room temperature neutron diffraction data on an oxidized 

Mn(III)SOD and reduced Mn(II)SOD to a resolution of 2.20 Å and 2.30 Å, respectively 192. The heavy atom 

positions of the MnSOD backbone and side-chains were determined using X-ray datasets of the reduced 

and oxidized forms and these coordinates were used as the starting models for neutron data-only refinement 

to avoid including X-ray induced artefacts at the manganese center. Analysis of the NSLD maps provided 

unprecedented insight into the protonation states of second shell residues particularly His30, Tyr34, Gln143 

and Tyr166 while also revealing the role of active site waters and emphasizing the role of short-strong 

hydrogen bonds (SSHBs) and low-barrier hydrogen bonds (LBHBs) in stabilization during catalysis. 

Oxidized Mn(III) center was found to be five-coordinated with a hydroxide (termed WAT1) ligand, 

confirming earlier DFT calculations (Figure 1.6 A)193–196. WAT1 was stabilized by hydrogen bonding to 

Gln143 via its Dε22 deuteron. Significantly, following reduction to Mn(II), WAT1 was protonated by this 

Gln143 to form water and a deprotonated glutamine present as an amide ion (Figure 1.6 B). This finding, 

although unexpected given a glutamine pKa in the range of 16-18, can be explained by active site pKa 

modulation197 as well as the Trp123 residue that was found to form a SSHB with Gln143, potentially 

stabilizing the amide form. Furthermore, complementary DFT calculations supported the role of Gln143 as 

a proton donor to WAT1 as opposed to the previously proposed Tyr34 191. The role of Tyr34 as a proton 

donor to WAT1 was further put into question by the finding that in the Mn(III) form Tyr34 is deprotonated 

forming a SSHB with a neighboring WAT2 molecule, ruling out its role as a proton donor upon Mn(III) 

reduction. One of the active sites of the reduced Mn(II) form revealed a sixth ligand, characterized as a 

hydroxide from NSLD maps, in the position opposite the coordinating Asp159 supporting previous 

structural findings 198. This hydroxide association is additionally characterized by bond lengthening 

between Mn(II) and Asp159 and a reduction in the electropositivity of Mn(II). It is hypothesized that this 
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represents an intermediate prior to WAT1 protonation since decrease in the Mn(II) positive charge by 

hydroxide coordination may result in electronegative polarization of the WAT1 hydroxide, thereby 

promoting Gln143 deprotonation. Analysis of the NSLD omit maps further revealed unusual protonation 

states of the active site channel His30 which is associated with Tyr166.  

 

 
 

Figure 1.6 The active site of manganese superoxide dismutase. (A) The oxidized active site with a doubly 
protonated Gln143 (PDB code 7KKS, perdeuterated 192). 2Fo-Fc NSLD map (σ = 1.00) is displayed as blue 
mesh; H and D atoms displayed in white and turquoise respectively. Fo-Fc NSLD omit map is displayed as 
mesh with σ = 3.00 in orange and σ = 3.50 in magenta. (B) The reduced active site with a singly protonated 
Gln143 (PDB code 7KKW, perdeuterated 192). 2Fo-Fc NSLD map (σ = 1.00) is displayed as blue mesh; H 
and D atoms displayed in white and turquoise respectively. Fo-Fc NSLD omit map is displayed as mesh 
with σ = 2.50 in yellow and σ = 3.00 in orange. 
 

Both His30 and Tyr166 are also intricately involved in the change of protonation states at the active 

site. In the oxidized Mn(II), Azadmanesh et al. observe a doubly deprotonated His30 imidazolate anion 

with the nearest D atom refined as being associated to the hydroxyl group of Tyr166. The authors interpret 

this asTyr166 interchanging between an ionized and protonated form that interacts with His30 that 

alternates in a concerted fashion between a deprotonated imidazolate anion and Nε2 -protonated form. 

Although unusual, histidine residues in an imidazolate form have been observed and may play an important 

role in changes of protonation states during catalysis 199. Upon reduction to the Mn(II) form, His30 was 

found in a Nδ1-protonated form with WAT2 having provided the proton, while a LBHB forms between 



   

25 
 

Tyr166 and the Nε2 of His30. These changes in protonation state in the Tyr166-His30 pair can be related to 

the changes in protonation at the active site via the solvent molecule WAT2 which is involved in change in 

protonation states and is replenished from bulk solvent upon catalytic use. The insights gained from analysis 

of the neutron crystallography structures allowed Azadmanesh et al. to propose a reaction mechanism in 

which changes to metal redox states are coupled to two internal proton transfers as well as two external 

proton transfers from solvent molecules. The unexpected finding that Gln143 is the WAT1 proton donor is 

significant for potential future studies of MnSOD upon interaction with substrate or, indeed, with 

cryogenically trapped intermediates.  

 

The neutron protein diffraction structures of the oxidized and reduced form of MnSOD provide a 

wealth of insight into CPET and the important role that second-shell residues have in modulation of active 

site protonation states during catalysis. The neutron structures revealed novel proton donors and unexpected 

protonation states which may assist in the unravelling of the reaction mechanism in further oxidoreductases 

in which electron and indeed proton transfers are crucial.  

1.1.5.6 Chlorite dismutase  
 

The generation of a covalent oxygen-oxygen bond is thus far a biologically rare reaction that has 

only been attributed to Photosystem II and a nitric oxide dismutase 200–202. A third enzyme, chlorite 

dismutase, has however garnered much interest for its ability to form an oxygen-oxygen bond during 

turnover of chlorite (OClO-) to chloride (Cl-) and molecular dioxygen (O2) 203. Chlorite dismutases (Clds) 

are a family of heme b-containing oxidoreductases (EC 1.13.11.49) present in prokaryotes 204. Clds can be 

divided into two clades which differ in their oligomeric organization and subunit structure. Clade 1, the 

“long” Clds, are present as homopentamers or homohexamers and contain a α-helix rich N-terminal domain 

and a heme b-containing ferredoxin-like domain 205,206. Clade 2, on the other hand, are termed “short” Clds, 

form homodimers and are shorter than their Clade 1 counterparts because they lack the N-terminal α-helix 

rich domain while maintaining a similar C-terminal domain 207,208. The reaction mechanism of Clds is 

postulated to follow either a homolytic or heterolytic route following chlorite binding 209. During homolytic 
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cleavage 210, chlorine monoxide (ClO•) and Compound II are produced, while heterolytic cleavage 211 

produces hypochlorite (ClO-) and Compound I as shown below: 

 

Fe(III) + OClO- → Fe(IV)=O + ClO• 

Fe(III) + OClO- → Fe(IV)+•=O + ClO- 

 

In both cases, following chlorite cleavage, there is a rebinding step that produces 

peroxyhypochlorite (OOCl-) which subsequently results in formation of chloride and dioxygen203: 

 

Fe(III)-OOCl- → Fe(III) + O2 + Cl- 

 

The active-site architecture of Clds includes a proximal histidine that ligates the heme iron, as well 

as conserved glutamate, lysine and two tryptophan residues 209. In the resting state, the distal side of the 

heme iron is occupied by a water molecule. The only conserved charged residue is an arginine in an 

otherwise hydrophobic active site. This arginine has been postulated to play a catalytic role and has been 

found to have an “inward” conformation pointing toward the heme and an “outward” conformation facing 

toward the substrate entry channel 206,212. This flexible arginine residue is believed to be involved in 

substrate recognition, enzyme stability as well as playing a role in homolytic/heterolytic cleavage and the 

subsequent intermediate recombination reaction 204,209,213. The turnover of Clds show a strong dependence 

on pH, a feature that was linked to the pH-dependent protonation state of the distal arginine residue 214,215. 

In order to investigate the role of arginine in Cld catalysis and determine the role of its protonation state in 

chlorite degradation, Schaffner et al. collected a room temperature 2.35 Å neutron diffraction dataset at pH 

9.0 as well as a 2.0 Å X-ray diffraction dataset on the same crystal for joint refinement on the clade 2 

dimeric chlorite dismutase from Cyanothece sp. PCC7425 (CCld) 216. In addition, they collected X-ray data 

at pH 6.5 and 8.5 and performed stopped-flow, UV-vis and Resonance Raman spectroscopy to determine 

the role of pH and characterize the reaction mechanism. Analysis of the NSLD density maps at pH 9.0 of 
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the proximal active site residues indicated a rigid hydrogen bonding network composed of the coordinating 

His114, Glu167 and Lys92 whose H-bond lengths were mostly invariant with a change in pH when 

compared to the X-ray diffraction structures at pH 6.5 and 8.5. On the distal face, the iron was coordinated 

to a hydroxide (the deprotonated form of water molecule W501) and a second water molecule (W502). The 

active site arginine (Arg127) was found to be in the “outward” conformation stabilized by a hydrogen bond 

with Gln74 (Figure 1.7). Furthermore, Arg127 remained fully protonated at pH 9.0, ruling out its role as a 

distal base that modulates chlorite degradation during catalysis. These findings agree with studies that found 

that the guanidinium group in arginine remains charged at high pH in internal protein sites 217,218.  

 

 
 

Figure 1.7 The active site of chlorite dismutase. The active-site Arg127 remains fully protonated in the 
outward conformation (PDB code 5NKU, H/D exchanged 216). 2Fo-Fc NSLD map (σ = 1.40) is displayed 
as blue mesh; H and D atoms displayed in white and turquoise respectively. 
 

The structural and spectroscopic findings led the authors to conclude that CCld most likely follows 

a homolytic cleavage pathway with formation of Compound II, however some Compound I formation 

observed at acidic conditions means that heterolytic cleavage cannot be unequivocally ruled out. In this 

mechanism, Arg127 plays a role in substrate recognition in its “outward” conformation and it is possible 

that it may adopt an “inward” conformation during catalysis by displacing W502 and stabilizing an 
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intermediate. The role of Arg127 in CCld was further examined in mutagenesis studies which confirmed 

that its role in the catalytic efficiency of CCld was small 219. It was found that disrupting the Arg127 

hydrogen bond to Gln74 by mutating it to a valine (Q74V) resulted in a more flexible Arg127 that could 

adopt an “inward” conformation in CCld, while an aspartate mutant (Q74E) locked the Arg127 in an 

“outward” conformation in a salt bridge. It was found that the conformational dynamics of Arg127 has little 

effect on CCld catalysis since both mutants display similar catalytic efficiency which agrees with the 

neutron diffraction findings. It was found, however, that Arg127 plays a role in the thermal stability of 

CCld, with the more rigid Q74E showing increased thermal stability. Moreover, Arg127 acts as a 

gatekeeper to the active site and plays a role in heme coordination of intermediates during catalysis.  

A strength of neutron protein diffraction as a probe is its absence of radiation damage and the 

coincident metal reduction that introduces artefacts in structures solved from X-ray diffraction 8,42. In the 

neutron diffraction structure, Schaffner et al. observed a 2.33 Å distance between the iron and hydroxide 

oxygen atom, a distance the authors observed to be longer than expected 216. Indeed, comparison of several 

structures indicated a correlation between ligand distances and the reducing power of the radiation used 

with distances measured following synchrotron radiation being the longest. The observations of the a longer 

iron-oxygen than anticipated could be attributed to the recent finding that chlorite dismutase shows 

unexpectedly high photosensitivity when exposed to UV-visible light 43. This observation that even the 

visible light spectrum induces a degree of photo-inactivation in Cld provides perspective on the care that 

must be taken when studying photosensitive proteins, since the underlying chemistry may be more 

dependent on environmental and experimental factors than anticipated.  

1.1.5.7 Amicyanin 
 

Blue copper proteins are small type-I copper proteins that function as electron shuttles 220. Also 

termed cupredoxins, blue copper proteins function as intermediaries, accepting electrons from one molecule 

and donating them to another 221. Amicyanin (E.C. 1.4.9.1) is a bacterial cupredoxin of 11.5 kDa containing 

a copper coordinated to two histidines, a cysteine, and a methionine (Figure 1.8 A) 222. Inter- and 

intramolecular electron transfers play an important role in redox-reactions and cellular processes such as 
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respiration and photosynthesis, making an understanding of how proteins control of such electron transfer 

reactions crucial 223,224.  

 

 
 

Figure 1.8 The active site of amicyanin and strong hydrogen bond with an unexchanged tryptophan(PDB 
code 3L45, H/D exchanged 225). (A) Conserved active site residues coordinating the copper cofactor. (B) 
The hydrogen bond between the non-exchanged Trp45 and Tyr90. 2Fo-Fc NSLD map (σ = 1.00) is 
displayed as blue mesh; H and D atoms displayed in white and turquoise respectively.  
 

In order to investigate the role of protein dynamics in electron transfer, Sukumar et al. performed 

a joint X-ray/neutron study on amicyanin from Paracoccus denitrificans that shuttles electrons from the 

tryptophan tryptophylquinone (TTQ) cofactor of methylamine dehydrogenase (MADH) to the heme of 

cytochrome c-551i 224,225. The copper of this amicyanin is coordinated by the imidazole nitrogens of His 53 

and His95 and the sulfur atoms of Cys92 and Met98 226. All three components of this ternary 

MADH:Amicyanin:cytochrome c-551i system have been structurally characterized, providing a structural 

framework for the neutron diffraction studies 226–228. An X-ray dataset was collected to 1.5 Å resolution and 

used with a neutron diffraction dataset at 1.8 Å resolution for joint XN structure refinement to accurately 

determine the positions of hydrogen/deuterium (H/D) atoms and the extent of H/D exchange to investigate 

the dynamics and flexibility of amicyanin. Analysis of the electron density and NSLD maps revealed that 

7 of 17 buried residues at an intramolecular depth of ≥ 3.8 Å displayed full H/D exchange with a valine 

residue at a depth of 5.5 Å also displaying full H/D exchange. This high level of exchange near the protein 

core indicates that the protein exhibits a high level of dynamic motion. In contrast, core structural elements 
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of the protein involved in the formation of β-strands did not exchange, confirming their role in protein 

structural stability. Additionally, 14 residues were found to have non-exchangeable hydrogen atoms, 

including Trp45 and Tyr90 which form a strong hydrogen bond that enhances thermal stability (Figure 1.8 

B) 229. Residues in the vicinity of the copper as well as those involved in mediating electron transfer 

displayed significant levels of H/D exchange, further highlighting the dynamic nature of amicyanin while 

also supporting the role of these residues in long range electron transfer. These findings shed light on how 

protein dynamics can regulate electron transfer particularly the effect on electronic coupling. Electronic 

coupling, also termed HAB, provides an indication of the likelihood that a reaction will take place when the 

activation energy is achieved 223,230. Protein dynamics can alter the HAB, by decreasing the distance of 

necessary through-space jumps during electron transfer and increasing the atomic packing density. These 

alterations would explain the surprisingly low calculated HAB values for the amicyanin crystal structure 

when compared to the same system in solution 224,231. The findings by Sukumar et al. illustrate the important 

role that protein dynamics has on reaction and transfer rate. In addition to examining H/D exchange levels, 

Sukumar et al. analyzed the presence and orientation of hydrogen bonds within the amicyanin structure. 

The observed hydrogen bonds in their oxidized amicyanin structure correspond well with those predicted 

by high-resolution X-ray diffraction structures, however they observed that the reduced form of amicyanin 

had five fewer hydrogen bonds confirming that the reduced state undergoes a conformational change 232. 

Analysis of the number and type hydrogen bonds within 8Å of the copper indicated a high proportion of C-

H⋯X bonds which are weaker than conventional hydrogen bonds. The high number of these C-H⋯X bonds 

may function collectively in stabilizing the of structure of amicyanin 233. The joint X-ray/neutron diffraction 

study presented by Sukumar et al. provides insight into the capability of neutron diffraction to study H/D 

exchange patterns to inform on protein dynamics and also reveal the importance of conventional and non-

conventional H-bonds in the protein structure. 
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1.1.5.8 Manganese catalase 
 

Hydrogen peroxide (H2O2) serves various functions in cellular metabolism, functioning as a 

signaling molecule and cellular pathway regulator, however this cytotoxic molecule can also be produced 

as a byproduct of aerobic metabolism, requiring rapid removal 234–236. Catalases are metalloproteins present 

microbes, plants and animals and function to remove H2O2 before it results in potential oxidative cellular 

damage by degrading it into water and molecular oxygen 237. There are two families of catalases with 

distinct cofactors, structures and chemistry: heme and non-heme catalases 238. Heme catalases contain an 

iron porphyrin cofactor and degrade H2O2 via a Compound I intermediate 239. Non-heme catalases, also 

known as manganese catalases (MnCat) (E.C. 1.11.1.6), have been found in bacteria and archaea 240. 

Structural studies revealed that MnCat is a globular protein consisting of 30 kDa monomers forming a 

homohexameric structure 241,242. The active site contains two Mn ions connected by two solvent derived μ-

oxo bridging molecules and a glutamic acid carboxyl group. The first coordination shell of this bimetallic 

core is completed by two glutamic acid and two histidine residues. The overall reaction of MnCat involves 

oxidative and reductive half reactions to get a net reaction in which two H2O2 molecules produce two 

molecules of water and molecular oxygen as shown below 243: 

 

H2O2 + MnIIIMnIII → O2 + MnIIMnII + 2H+ 

H2O2 + 2H+ + MnIIMnII → 2H2O + MnIIIMnIII 

2H2O2 → 2H2O + O2 

 

In its resting state, MnCat is present as oxidized MnIIIMnIII, which is reduced to MnIIMnII during 

catalysis, however addition of oxidizing or reducing agents can also result in mixed valence states such as 

MnIIMnIII or MnIIIMnIV 244–246. During the MnCat reaction mechanism, the active site manganese molecules 

undergo changes in redox states and act as electron repositories in a reaction cycle that contains multiple 

intermediates with varied protonation states 240. The identity of the bridging ligands during catalysis remains 

to be established, however it has been proposed that in the resting MnIIIMnIII state, the active site contains 
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a μ-oxo and μ-OH- bridge which converts to MnIIMnII with a μ-OH- and μ-H2O bridge following H2O2 

binding and oxidation 247. To structurally investigate the protonation states at the active site of the 

thermostable MnCat from Thermus thermophilus, Yamada et al. collected a 2.35 Å neutron diffraction 

dataset as well as a 1.37 Å X-ray diffraction dataset on the same crystal for joint refinement 248. 

Crystallization was performed under basic conditions to ensure MnIIIMnIII oxidation state. Analysis of the 

NSLD maps of the active site confirmed the presence of the glutamate bridging ligand as well as a di-μ-

oxodimanganese cluster (Figure 1.9 A). The μ-bridging oxygen atom closest to the μ-bridging Glu70 was 

found to be deprotonated in the μ-oxo form and formed a hydrogen bond to Thr39. However, as had also 

been observed in an earlier 1 Å resolution X-ray structure, the further active site bridging oxygen atom was 

disordered which complicated interpretation of the protonation state of the 2.35 Å resolution neutron 

structure 241.  
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Figure 1.9 The active site and protonation states of manganese catalase glutamate residues with backbone 
carbonyl oxygen atoms (PDB code 6KK8, H/D exchanged 248. 2Fo-Fc NSLD map (σ = 1.00) is displayed 
as blue mesh; H and D atoms displayed in white and turquoise respectively. (A) Manganese catalase active 
site with the bridging oxygen atoms coordinated to the two manganese cofactors. Bridging atoms O1004 and 
O1005 have alternate conformations shown in red and pale red. (B) Single protonation of Glu167 forming 
hydrogen bond with Ala279 carbonyl group oxygen. (C) Single protonation of Glu280 forming hydrogen 
bond with Phe116 carbonyl group oxygen.  
 

The neutron diffraction structure also indicated protonation of Glu167 and Glu280 which are 

present on the hexamer boundaries, enabling them to form hydrogen bonds (Figure 1.9 B and 1.9 C). The 

protonated state of these glutamic acid residues under the basic crystallization conditions can be rationalized 

by the tight packing of the hexamer, effectively barricading these residues. While this neutron diffraction 

study did not allow complete interpretation of the bridging ligands at the active site, it represents an exciting 

first insight into the resting state of MnCat. The reaction mechanism of MnCat comprises several changes 
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of protonation and oxidation states which are ideal for study using neutron protein diffraction. Future 

studies following the binding of the H2O2 substrate or addition of reductants opens the possibility of further 

mechanistic findings.  

1.1.6 Perspective 
 

Visualization of hydrogen atoms during proton transfer, changes in protonation state and hydrogen 

bond network rearrangement is central to determining the reaction mechanism of oxidoreductases 4,249. A 

further important consideration in oxidoreductase mechanism is the delivery of electrons to drive catalysis. 

Electron delivery often occurs via a reductase partner protein through inter-protein electron transfer 250. 

Association with the associated reductase often results in conformational changes and regulation of activity 

similar to the modulation by second-shell residues, as has been demonstrated for cytochrome P450cam 

(CYP450cam) in interaction with Putidaredoxin (Pdx) 251. Small angle neutron scattering (SANS) allows 

the association of the metalloprotein with its partner protein to be probed, providing the advantage of 

contrast matching through selective deuteration to highlight changes in only the component of interest while 

not inducing radiation damage 7. Recent advances in these interactions has been made by SANS on the 

interactions of sulfite reductase (SiR) 252, cytochrome P450 reductase (CPR)253 and cellobiose 

dehydrogenase (CDH)5,254. These SANS studies serve to further expand the insights gained into 

metalloproteins, thereby providing a more complete mechanistic picture. Neutron protein crystallography 

serves as a valuable complement to further structural techniques for elucidation of protein chemistry. As 

the flux of neutron sources and ability to cryo-trap intermediates in the protein reaction mechanism 

improves, our understanding of metalloprotein chemistry at an atomic level will greatly advance. 
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1.2 IMAGINE: neutrons reveal enzyme chemistry 

The following work was reprinted with permission from: Schröder, G. C., O’Dell, W. B., Myles, 

D. A. A., Kovalevsky, A. & Meilleur, F. IMAGINE: Neutrons reveal enzyme chemistry. Acta Crystallogr. 

Sect. D Struct. Biol. 74, 778–786 (2018). 

1.2.1 Synopsis 
 

Capabilities of the IMAGINE neutron protein diffractometer at the Oak Ridge National Laboratory 

High Flux Isotope Reactor and highlights of the first 5 years of the scientific program are reviewed.  

1.2.2 Abstract 
 

Neutron diffraction is exquisitely sensitive to the position of hydrogen atoms in protein crystal 

structures. IMAGINE is a high intensity, quasi-Laue neutron crystallography beam line developed at the 

High Flux Isotope Reactor (HFIR) at Oak Ridge National Laboratory (ORNL). This state-of-the-art facility 

for neutron-diffraction has enabled detailed structural analysis of macromolecules. IMAGINE is especially 

suited to resolve individual hydrogen atoms in protein structures, enabling neutron protein structures to be 

determined at or near atomic resolutions from crystals with volumes of less than 1 mm3 and unit cell edge 

of less than 150 Å. Beam line features include elliptical focusing mirrors that deliver neutrons into a 2.0 × 

3.2 mm2 focal spot at the sample position, and variable short and long wavelength cutoff optics that provide 

automated exchange between multiple wavelength configurations. This review gives an overview of the 

IMAGINE beam line at the HFIR, presents examples of the scientific questions being addressed at this 

beamline, and highlights important findings in enzyme chemistry that have been made using the neutron 

diffraction capabilities offered by IMAGINE. 

1.2.3 Keywords 
 

Neutron crystallography, enzyme mechanism, deuteron, proton. 

1.2.4 Neutron protein crystallography 
 

Hydrogen atoms play a central role in most enzyme catalyzed reactions. A detailed knowledge of 

the hydrogen atom positions can therefore help provide critical understanding of the chemistry involved. 

Structural techniques such as Nuclear Magnetic Resonance (NMR) and X-ray crystallography allow 
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enzyme structures to be readily determined at the atomic level, but provide limited direct information on 

the localization of hydrogen atoms in the structures. NMR provides detailed information on enzyme 

structure and dynamics, and can potentially reveal the protonation state of titratable residues, but is limited 

in practice to proteins with molecular weights around 40kD. In contrast, X-ray analysis can provide atomic 

resolution structures with effectively no upper limit on the size of protein to be studied, and has enabled 

more than 120,000 protein crystal structures to be determined (http://www.rcsb.org/pdb/)]. Many of these 

structures lack valuable information on the position and orientation of hydrogen atoms because hydrogen 

atoms, with only one electron, scatter X-rays only weakly (Table 1.2). It is therefore difficult - and in most 

cases impossible - to visualize hydrogen atoms in X-ray crystal structures due to hydrogen atoms mobility, 

polarizability and radiation damage of chemical groups. Information on hydrogen atom position is therefore 

only accessible under the most ideal circumstances using X-ray diffraction techniques. 

 
Table 1.2 Neutron scattering lengths and X-ray scattering factors for atoms in biological macromolecules. 
X-ray scattering factors decrease with increasing scattering angles while neutron scattering lengths show 
no angular dependence.  
 

 H D C N O 
Neutron coherent scattering 
length (10-12 cm) 

-0.374 0.667 0.665 0.936 0.581 

Neutron incoherent cross 
section (Barns) 

80.27 2.05 0.00 0.49 0.00 

X-ray Scattering Factors (10-12 

cm) sinq/l= 0 

0.28 0.28 1.69 1.97 2.25 

X-ray Scattering Factors (10-12 

cm) sinq/l= 0.5Å-1 

0.02 0.02 0.48 0.53 0.62 

 
Hydrogen atoms can be more readily located by neutron diffraction analysis. This is because the 

coherent scattering length of hydrogen and deuterium are similar in magnitude to that of carbon, nitrogen 

and oxygen (Table 1.2) 1. The nuclear diffraction signal from both hydrogen and deuterium are therefore 

strong enough that they are clearly visible as peaks in nuclear scattering length density (SLD) maps at 

typical resolutions of 1.8 to 2.2Å. However, although of comparable magnitude to heavier atoms, the 

scattering from hydrogen is of the opposite sign and gives rise to negative peaks in Fourier maps, which 
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can complicate analysis. In contrast, the neutron scattering length of deuterium is of the same sign and 

approximate magnitude as that of the heavier atoms and thus gives a strong positive peak in the SLD maps. 

Neutron diffraction is therefore the method of choice for visualizing the positions of hydrogen or deuterium 

atoms. 

 

A disadvantage of neutron diffraction is that the signal-to-noise ratio from hydrogen-containing 

samples is weak. This is due to the large incoherent neutron scattering cross section of hydrogen (80.27 

Barns, Table 1.2), which contributes to a significant background, making the detection of the signal 

difficult. In contrast, the incoherent scattering cross section of deuterium (2.05 Barns) is much smaller, 

reducing the background and thereby increasing the signal-to-noise ratio of the data. For this reason, 

hydrogenated protein solutions or fully-grown crystals used for neutron diffraction studies are subjected to 

H2O/D2O solvent exchange, resulting in the substitution of all titratable and solvent accessible protons with 

deuterium atoms. This H/D exchange reduces the background noise from crystals by a factor of ~3. When 

possible, replacing all protein hydrogen atoms with deuterium to obtain a perdeuterated form through 

protein expression in deuterated media has a much larger impact, improving the signal-to-noise ratio of 

crystallographic data by a factor of ~10 2,3.  

 

Interested readers are referred to comprehensive reviews for historical, technical and scientific 

perspectives on neutron protein crystallography for further reading 2,4-12.  

1.2.5 Overview of the IMAGINE beamline 
 

To compensate the weak scattering inherent to biological samples and the low flux of available 

neutron beams, almost all reactor-based protein diffractometers, and all accelerator-based diffractometers, 

operate in broad band-pass Laue or quasi-Laue geometries, maximizing the flux delivered to the sample. 

The IMAGINE diffractometer at HFIR is designed for the collection of high-resolution (~1.5 Å) quasi-

Laue data from single crystals (>0.3 mm3) with moderately large unit cell sizes (up to ~150 Å). The 

instrument is located on the end-station of cold guide CG-4, which receives neutrons from a 19×12 mm2 
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section of the CG-4 guide and delivers a flux of 2×109 n/s/cm2 over the useful 2–10 Å wavelength range 

(Figure 1.10). The neutron wavelengths and bandpass delivered to the sample are varied by automated 

exchange of 3 neutron flat mirrors and 3 pairs of neutron filters that provide short wavelength (lmin = 2.0, 

2.8 and 3.3 Å) and long wavelength (lmax = 3.0, 4.0 and 4.5 Å) cut-offs, respectively. It is also possible to 

leave the filter position open for full Laue mode analysis, which enables crystals to be screened in minutes. 

A pair of elliptically shaped mirrors then collects and focuses the resulting beam vertically and horizontally 

down to 2.0×3.2 mm2 at the sample position with full-width vertical and horizontal divergence of 0.5° and 

0.6°, respectively. The 2.8–4.0 Å bandpass quasi-Laue configuration delivers ~3x107 n/s/cm2 to sample 13. 

The IMAGINE neutron spectrum at the sample position is presented in Figure 1.11.  

 

 
 

Figure 1.10 IMAGINE beamline layout. Neutron optics for IMAGINE begin immediately downstream of 
the monochromator for the CTAX instrument. 
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Figure 1.11 IMAGINE neutron spectra at the sample position. (+) 2.0–10.0 Å Laue configuration, (●) 2.0–
3.0 Å bandpass, (○) 2.0–4.5 Å bandpass, (■) 2.8–4.5 Å bandpass and (△) 3.3–4.5 Å bandpass. 
 

The diffractometer uses a cylindrical neutron image plate (NIP) detector geometry that is available 

commercially from ARINAX, France (Figure 1.12). The detector system has a broad dynamic range 

(>10,000), high spatial resolution (250 µm), and high detective quantum efficiency (DQE) of 47% for the 

standard 2.8–4.5 Å quasi-Laue configuration.  
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A B  
 

Figure 1.12 IMAGINE installed on CG-4D. A. IMAGINE is installed in a 4”-thick steel wall enclosure 
next to the Bio-SANS instrument. The elliptical mirror chamber sits directly upstream of the instrument. B. 
The image plate detector is mounted inside a cylindrical drum with the radius of 200 mm. The erasing and 
reading system is placed in the backscattering position. Crystals are mounted on a sample stick with 
automated φ-axis rotation for room temperature data collection. (Photo credit: Jason Richards, ORNL) 
 
1.2.6 Scientific highlights 
 

A comprehensive list of neutron and joint x-ray/neutron structures of protein deposited in the 

Protein Data Bank from the IMAGINE beamline is presented in Table 1.3. A total of 13 neutron structures 

have been deposited since the beamline first came online in 2013. In this section, we highlight 6 impactful 

case studies from data obtained at IMAGINE.
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Table 1.3 A comprehensive list of neutron and joint X-ray/neutron structures of proteins deposited in the Protein Database from the IMAGINE 
beamline. “Uniform” deuterium labeling indicates that proteins were expressed from organisms grown in the culture media prepared from deuterated 
carbon source and D2O. The label “85% uniform” deuterium labeling is used for HIV-1 protease which was expressed from E. coli grown in culture 
media prepared with hydrogenated carbon source and D2O. “None” indicates that the proteins were hydrogenated. Proteins were expressed in E. coli 
except for lytic polysaccharide monooxygenase which was expressed in P. pastoris. Blank entries are given for X-ray dmin when refinement was 
performed against neutron data only. 
 

Protein PDB Deuterium 
Labeling 

Crystallization 
Method 

H/D Exchange 
Method 

Crystal 
Volume 
(mm3) 

Measurement 
Time (days) 

Neutron X-ray 
Ref. 

dmin (Å) dmin (Å) 

Rubredoxin 4K9F uniform macroseeded 
sitting drop 

crystallization 0.7 3 1.75 -- (Meilleur et 
al., 2013)           

Dihydrofolate reductase 4PDJ none 
macroseeded vapor 

3.6 17 2 1.6 

(Wan et al., 
2014a; Wan 
et al., 
2014b) sitting drop 14 days 

          

Cholesterol oxidase 5KWF none 

macroseeded soak 

0.41 20 2.21 1.5 
(Golden et 
al., 2017) 

sitting drop 24 hours 

 vapor 

 24 months 
          

Lytic polysaccharide 5TKI none macroseeded vapor 0.35 22 2.12 1.5 (O'Dell et 
al., 2017a) 

monooxygenase sitting drop 4 weeks           

HIV-1Protease 5E5K 85% uniform sitting drop 
vapor 

0.3 20 2.3 1.75 (Gerlits et 
al., 2016) 4 weeks 

          

Carbonic anhydrase II 5C8I none sitting drop 
vapor 

0.7 22 2.2 1.56 
 
(Aggarwal 
et al., 2016) 

 
4 weeks 

Table 1.3 (continued).          
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T4 Lysozyme (80K) 5VNQ uniform 
microseeded 

crystallization 0.7 11 2.2 -- 
(Li et al., 
2017) 

sitting drop 
          

T4 lysozyme (mutant) 5XPE uniform 

macroseeded 

crystallization 0.9 8 2.1 1.65 
(Hiromoto et 
al., 2017) 

 hanging drop 

          

Concanavalin A 5WEY none sitting drop 
vapor 

1 15 2.5 1.8 
(Gerlits et 
al., 2017) 1 week 

          

H-RAS 4RSG none sitting drop 

vapor 

0.7 23 1.91 -- (Knihtila et 
al., 2015) 

8 weeks 

soak 

1 week 
          

5′-methylthioadenosine 
nucleosidase (MTAN) 

5JPC none sitting drop 
vapor 

1.5 7 2.5 2.1 
(Banco et 
al., 2016) 

1 week           

 5K1Z none sitting drop vapor 1.5 9 2.6 2.25  
1 week           

 
 

none sitting drop 
vapor 

1.5 8 2.6 2.2  
5CCD 1 week 
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1.2.6.1 HIV-1 protease 
 

Human Immunodeficiency Virus type 1 (HIV-1) protease is an enzyme responsible for the 

maturation of viral particles into infectious HIV-1 virions. Without effective HIV-1 protease activity, the 

virions remain non-infectious, making HIV-1 protease a key target for successful antiretroviral (ART) 

drugs.  

 

 
 

Figure 1.13 HIV-1 protease in complex with clinical drug darunavir (PDB 5E5J, 5E5K). Upon 
homodimerization, the catalytic site contains two closely positioned aspartic acid residues. (A) At pH 4.3, 
darunavir accepts a H-bond from A25 and donates a H-bond to A25′. (B) At pH 6.0, the two hydrogens 
undergo a transfer reaction in the catalytic site, captured for the first time by neutron crystallography. 
Carbon atoms belonging to darunavir are colored in green. 1H atoms are shown in light grey while atoms 
that have undergone exchange to 2H are shown in white. The blue mesh represents neutron SLD 2FO–FC 
maps contoured at σ = 1.0. 
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Neutron crystallography was used to probe the structure of HIV-1 protease in complex with the 

clinical drug darunavir 18. The study shed light on the pH sensitivity of darunavir binding to the enzyme’s 

active site. By determining structures at different pH values, the positions of hydrogen atoms before and 

after a pH-induced two-proton transfer between the drug and the enzyme were directly observed (Figure 

1.13). The low-pH proton configuration in the catalytic site, critical for the catalytic action of this enzyme, 

was shown to be triggered by electrostatic effects arising from protonation state changes of surface residues 

far from the active site. These insights can help in the design of new, more effective ART drugs and could 

only be obtained by neutron crystallography since other structural methods (X-ray crystallography/cryo 

electron microscopy) do not permit visualization of the labile protons. Additionally, this study demonstrates 

that neutrons provide detailed information about proton transfer reactions in proteins. 

1.2.6.2 H. pylori 5-methylthioadenosine nucleosidase (HpMTAN) 
 

Gastrointestinal infection by the bacterium Helicobacter pylori is strongly associated with the 

development of gastric cancer. H. pylori 5’-methylthioadenosine nucleosidase (HpMTAN) is an interesting 

drug target because of its vital role in the production of menaquinone, vitamin K2, using the alternative 

menaquinone biosynthetic pathway. HpMTAN offers a unique target for treating H. pylori infections 

without affecting the survival of the human microbiome. Neutron crystallography was performed to 

determine the hydrogen atom positions in the HpMTAN active site and thereby gain insight into the 

catalytic mechanism and transition state stabilization 24. The HpMTAN is responsible for hydrolyzing 6-

amino-6-deoxy-futalosine in the second step of this alternative menaquinone biosynthetic pathway. 

Substrate binding of the adenine moiety is mediated almost exclusively by hydrogen bonds, and the 

proposed catalytic mechanism requires multiple proton transfer events. Of particular interest is the 

protonation state of residue D198, which possesses a pKa above 8 and functions as a general acid to initiate 

the enzymatic reaction. In this study four neutron structures of HpMTAN were obtained (three of which 

were measured on IMAGINE (PDB 5CCD, 5JPC and 5K1Z)) and the results support a mechanism of D198 

pKa elevation through the unexpected sharing of a proton with atom N7 of the adenine moiety with 
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unconventional hydrogen-bond geometry. Additionally, the neutron structures also highlight active site 

features that promote the stabilization of the transition state and slight variations in these interactions that 

result in very different binding affinities between the Immucillian A (ImmA) (3R,4S)-4-(4-

Chlorophenylthiomethyl)-1-[(9-deaza-adenin-9-yl)methyl]-3-hydroxypyrrolidine (DADMe-ImmA) 

analogs (Figure 1.14). Understanding how this enzyme functions, will provide insight into fine-tuning a 

drug to recognize only a specific target. This high specificity would eliminate some of the problematic off-

target side effects and interactions that arise when broad spectrum antibiotics are used. 

 

 
 

Figure 1.14 HpMTAN in complex with the late transition state mimic p-ClPh-Thio-DADMe-ImmA (PDB 
5K1Z). Substrate–D198 hydrogen bonds that mediate binding are unambiguously described by the neutron 
SLD. In addition, hydrogen bonding interactions with the tetrahedral transition state mimic are also 
apparent. Ligand carbon atoms are shown in green.1H atoms are shown in light grey while atoms that have 
undergone exchange to 2H are shown in white. The blue mesh represents neutron SLD 2FO–FC map 
contoured at σ = 1.0. 
 
1.2.6.3 Neurospora crassa lytic polysaccharide monooxygenase 9D (NcLPMO9D) 
 

Lytic polysaccharide monooxygenases (LPMOs) are copper-dependent metalloenzymes that 

activate molecular oxygen for the net insertion of one oxygen atom into the carbon-hydrogen bond of a 

glycosidic carbon in polymeric carbohydrates. LPMOs, thus, can disrupt the crystalline structure of 
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cellulose in lignocellulosic plant biomass, and can be used in industry to enhance the efficiency of cellulose 

degradation by other hydrolytic enzymes for biofuels production. Therefore, detailed knowledge of the 

LPMO enzymatic mechanism, which requires molecular oxygen, two electrons, and two protons, is 

important but remains poorly understood. An examination of protonation states enabled by neutron 

crystallography of the LPMO enzymatic resting state and density functional theory calculations identified 

a role for conserved histidine (H157) in promoting oxygen activation (Figure 1.15) 17,25. The result provides 

a new structural description of oxygen activation by LPMOs. Fully characterizing the LPMO reaction 

mechanism may inform strategies for increasing the efficiency of enzymatic polysaccharide hydrolysis for 

applications including bioethanol production. 

 

 
 

Figure 1.15 Active site of NcLPMO9D in the enzymatic resting state  (PDB 5TKI). The conformation and 
tautomeric state of singly-protonated H157 revealed by neutron protein crystallography was confirmed to 
stabilize molecular oxygen (not shown) near the LPMO active site by quantum chemical calculations. The 
H1 backbone amide N and carbonyl O form H-bonds with the “pocket” water molecule which has been 
hypothesized to participate in substrate interactions. 1H atoms are shown in light grey while atoms that have 
undergone exchange to 2H are shown in white. The copper atom is shown in brown. The blue mesh 
represents neutron SLD 2FO–FC map contoured at σ = 1.0. 
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1.2.6.4 Cholesterol oxidase  
 

The protein microenvironment surrounding the flavin cofactor in flavoenzymes is key to the 

efficiency and diversity of reactions catalyzed by this class of enzymes. Cholesterol oxidase is found in 

some virulent bacteria that cause lung infections in immunocompromised individuals, such as people with 

acquired immune deficiency syndrome (AIDS). It catalyzes the oxidation of cholesterol to cholest-5-en-3-

one via a hydride transfer to N5 of the flavin moiety of the bound flavin adenine dinucleotide (FAD) 

cofactor. In this study, neutron protein crystallography and high-level density functional theory were 

combined to map the position of the enzyme’s hydrogen atoms in the oxidized state (prior to cholesterol 

oxidation) 16. The neutron crystallographic data revealed an unusually elongated main-chain nitrogen to 

hydrogen bond distance positioning the hydrogen atom towards the flavin N5 reactive center (Figure 1.16). 

Investigation of the structural features which could cause such an unusual conformation revealed a 

positively charged lysine side chain, conserved in other flavin-mediated oxidoreductases, in a second shell 

away from the cofactor acting to polarize the peptide bond through interaction with the carbonyl oxygen 

atom. Such an interaction between the protein and the cofactor may serve to position the receiving orbital 

of the flavin N5 for optimal alignment with the substrate (cholesterol) hydride. This work provides a model 

for the hydride transfer mechanism catalyzed by glucose-methanol-choline oxidoreductases. 
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Figure 1.16 The cholesterol oxidase active site and its vicinity  (PDB 5KWF). The positive charge of K225 
facilitates the elongation of the G120 N–D bond by polarizing the peptide bond between N119 and G120. 
The G120 amide proton (2H) is positioned equidistantly (1.66 Å) between G120N and FAD N5. FAD 
carbon atoms are shown in green. 1H atoms are shown in light grey while atoms that have undergone 
exchange to 2H are shown in white. The blue mesh represents neutron SLD 2FO–FC map contoured at σ = 
1.0. 
 
1.2.6.5 Dihydrofolate reductase 
 

Ultra-high-resolution X-ray and neutron crystallography were paired to reveal the catalytic 

mechanism of dihydrofolate reductase (DHFR), an archetypal enzyme for studying proton and hydride 

transfer reactions in biological systems 14. DHFR catalyzes the NADPH-dependent reduction of 

dihydrofolate (DHF) to tetrahydrofolate (THF). In a complex that closely resembles the catalytically active 

state, DHFR stabilizes a particular substrate conformer and likely elevates the pKa of the substrate atom 

that is protonated directly via a water molecule. An important step in the mechanism involves a proton 

donation to the N5 atom of DHF. Neutron and ultrahigh-resolution X-ray crystallographic studies of the 

pseudo-Michaelis ternary complex of Escherichia coli DHFR with folate and NADP+ revealed that the N3 

atom of the folate moiety is protonated and that D27 is negatively charged (Figure 1.17). The structure 

supports the existence of the keto tautomer owing to protonation of the N3 atom, suggesting that 

tautomerization is unnecessary for catalysis. In a 1.05 Å resolution X-ray structure of the ternary complex, 

conformational disorder of the M20 side chain is coupled to electron density for a partially-occupied water 
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within hydrogen-bonding distance of the N5 atom of folate. These findings suggest direct protonation of 

substrate by solvent. Thus, a catalytic mechanism for DHFR could be put forward, which involves 

stabilization of the keto tautomer of the substrate, elevation of the pKa value of the N5 atom of DHF by 

D27, and protonation of N5 by water that gains access to the active site through fluctuation of the M20. 

 

 
 

Figure 1.17 DHFR D27–folate hydrogen bonding(4PDJ). A deuterated water molecule is hydrogen bonded 
with both D27 and the N3-protonated (2H) folate. Folate carbon atoms are shown in green. 1H atoms are 
shown in light grey while atoms that have undergone exchange to 2H are shown in white. The blue mesh 
represents neutron SLD 2FO–FC map contoured at σ = 1.0. 
 
1.2.6.6 H-RAS GTPase 
 

The small GTPase H-RAS is a prototype for nucleotide-binding proteins that function by cycling 

between bound guanosine triphosphate (GTP) and guanosine diphosphate (GDP). The neutron structure of 

H-RAS exemplifies the uniquely rich informational content provided by a single neutron diffraction 

experiment 23. Previous efforts to elucidate the GTP hydrolysis mechanism of H-RAS have relied on the 

assumption that the g-phosphate group of GTP bound at the active site of the enzyme would be deprotonated 

as is observed in solution 26. This study, however, suggests that the g-phosphate group of the GTP ligand 

remains protonated at physiological pH when bound at the active site of H-RAS in the ground state (Figure 

1.18). The neutron structure revealed the modulation of the pKa of the gamma-phosphate group by the H-

RAS active site microenvironment and opens the possibility that the pre-catalytic state of the GTP 

hydrolysis reaction catalyzed by H-RAS is different than previously thought. 
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Figure 1.18 H-RAS in complex with GTP analogue GppNHp (PDB 4RSG). Unexpectedly, clear neutron 
SLD could be observed for a protonated (2H) γ-phosphate in the 2FO–FC map. The deuterium atoms of the 
nucleophilic water (hydrogen bonded to the γ-phosphate and T35) are not visible in the density map, 
suggesting rotational freedom. Ligand carbon atoms are shown in green. 1H atoms are shown in light grey 
while atoms that have undergone exchange to 2H are shown in white. The blue mesh represents neutron 
SLD 2FO–FC map contoured at σ = 1.0. 
 
1.2.7 Neutron protein crystallography at cryogenic temperature 
 

Cold (2-10 Å) neutrons commonly used in the crystallographic experiments do not cause any 

observable radiation damage in protein crystals and thus most experiments are performed at room 

temperature. However, cryo-cooling of protein crystals in X-ray crystallography has been shown (in some 

cases) to provide improvements in data quality by reducing B-factors 27,28. Additionally, cryo-cooling 

functionality opens the important possibility for freeze-trapping studies of enzymatic reaction 

intermediates. Until recently, cryo-cooling has been challenging for large protein crystals since the solvent 

must be rapidly (flash)-cooled to a vitreous glass state to avoid ice formation that disrupts the crystal lattice. 

Protocols for cryo-neutron protein crystallography were first developed to cool and maintain large protein 

crystals (1-5mm3) at cryogenic temperatures (<15 K) using a closed cycle refrigerator 29. Data have been 

collected at cryogenic temperatures for lysozyme, concanavalin A and rubredoxin 27,29. In each case, crystals 

were mounted in fiber loops and flash-cooled by plunging directly into liquid N2 (77K). The crystals were 

then transferred under liquid N2 and mounted and cooled to 15 K on the cold head of a displex cryostat. A 

closed-cycle refrigerator (CCR) has been recently commissioned as a standard sample environment for 
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IMAGINE, expanding the capabilities of the instrument for neutron diffraction analysis at cryogenic 

temperatures. The CCR provides a constant sample temperature in the range of 4 to 450 K (Figure 19).  

 

 
 

Figure 1.19 An automated lift moves the CCR up and down. Crystals are mounted directly onto the CCR 
cold finger via custom magnetic bases and then sealed with a heat shield (not shown) and a dome-shaped 
vacuum enclosure (visible at the bottom center of the photograph). A motorized vertical lift facilitates 
positioning of the mounted sample into the neutron beam. (Photo credit: Genevieve Martin, ORNL) 
 

To demonstrate the suitability of the cryo-cooling set-up at IMAGINE to collect cryogenic data 

from protein crystals, proof-of-principle experiments have been completed in which a data set was collected 

on T4L lysozyme at 80K 20 (Figure 1.20). This set-up expands the capabilities of IMAGINE, allowing new 

scientific questions to be addressed by using the freeze-trapping technique to 'quench' kinetic processes and 

capture reaction intermediaries. For example, a data set was recently collected at 10K on NcLPMO9D. The 

crystal was frozen to capture the activation of molecular dioxygen at the active site of the enzyme 30.  
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Figure 1.20 T4 Lysozyme “cavity 1” as observed at 80 K (PDB 5VNQ). Hydrogen atoms that were 
substituted with 2H by covalent labeling and exchange are shown in white. The blue mesh represents 
neutron SLD 2FO–FC map contoured at σ = 1.0. 
 
1.2.8 Instrument development 
 

Collecting data with high completeness is complicated by the cylindrical detector geometry as well 

as a significant blind region arising from the curvature of the Ewald sphere at long wavelengths. Working 

with a single axis goniometer, crystals are typically reoriented to increase completeness by collecting data 

in a second crystal orientation. A miniaturized kappa goniometer head used at synchrotron beamlines has 

been modified and built for incorporation on IMAGINE 31. The Arinax MiniKappa MK3 provides an 

additional kappa and phi axis (Table 1.4). This will enable data to be collected at multiple crystal settings 

within a single data collection run, which is expected to increase the data collection efficiency of IMAGINE. 
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Table 1.4 Mini kappa specifications. 
 
 Kappa Phi Chi 
Rotational precision (°) ±0.05 ±0.09 N/A 
Travel range (°) 0 to 255 360 0 to 48 
Resolution(mdeg) 0.35  1.45  N/A 

 
The CrystalPlan software has been adapted for IMAGINE to optimize data collection strategies 

using the mini-Kappa goniometer 32. CrystalPlan uses the UB matrix determined from a short Laue 

geometry alignment image to predict an optimal set of crystal orientations that will maximize the 

completeness using a minimal number of crystal settings. These settings are then loaded and run in the 

instrument GUI data collection script. This will allow IMAGINE users to maximize use of available beam 

time per sample per experiment, and increase the data collection efficiency.  

1.2.9 Conclusions  
 

IMAGINE is a world class neutron diffractometer that specializes in neutron protein 

crystallography. The instrument offers access to crystals with unit cells of up to 150 Å, complementing the 

capabilities of the ORNL Spallation Neutron Source MaNDi time-of-flight instrument which is optimized 

for larger unit cells 33. Recent upgrades have added to the capabilities of IMAGINE by providing access to 

data collection at variable temperatures (4K-450K), which will broaden the science that can be done on this 

beam line. Additionally, low temperature macromolecular neutron diffraction data can now be obtained 

from cryo-cooled protein crystals, making experiments with freeze-trapped intermediates in proteins 

possible. The unique combination of scientific and technical expertise as well as facilities for 

biodeuteration, crystal growth and macromolecular crystallography at ORNL provides the user community 

with supporting capabilities for sample preparation that help drive the productivity and development of the 

structural biology program at IMAGINE, allowing new scientific questions to be addressed. 
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1.3 A Guide to neutron crystallography data collection and processing for modelling 

hydrogen atoms in protein structures 

The following work was adapted from: Schröder, G. C. & Meilleur, F. Neutron Crystallography 

Data Collection and Processing for Modelling Hydrogen Atoms in Protein Structures. J. Vis. Exp. 1–38 

(2020). doi:10.3791/61903. For full Protocol details, please refer to the aforementioned publication. 

1.3.1 Keywords 
 

Neutron protein crystallography, neutrons, proteins, hydrogen atoms, protonation, enzymes, 

metalloproteins, structural biology, polysaccharide monooxygenases, reaction mechanism, X-ray 

crystallography. 

1.3.2 Summary 
 

Neutron protein crystallography is a structural technique that permits the localization of hydrogen 

atoms, thereby providing important mechanistic details of protein function. We present here the workflow 

for mounting a protein crystal, neutron diffraction data collection, structure refinement and analysis of the 

neutron scattering length density maps. 

1.3.3 Abstract 
 

Neutron crystallography is a structural technique that allows determination of hydrogen atom 

positions within biological macromolecules, yielding mechanistically important information about 

protonation and hydration states while not inducing radiation damage. X-ray diffraction, in contrast, 

provides only limited information on the position of light atoms and X-ray beam rapidly induces radiation 

damage of photosensitive redox cofactors and metal centers. Presented here is the workflow employed for 

the IMAGINE and MaNDi beamlines at Oak Ridge National Laboratory (ORNL) to obtain a neutron 

diffraction structure once a protein crystal of suitable size (> 0.1 mm3) has been grown. We demonstrate 

mounting of hydrogenated protein crystals in quartz capillaries for neutron diffraction data collection. Also 

presented is the vapor exchange process of the mounted crystals with D2O-containing buffer to ensure 

replacement of hydrogen atoms at exchangeable sites with deuterium. The incorporation of deuterium 
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reduces the background arising from the incoherent scattering of hydrogen atoms and prevents density 

cancellation caused by their negative coherent scattering length. Sample alignment and room temperature 

data collection strategies are illustrated using quasi-Laue data collection at IMAGINE at the High Flux 

Isotope Reactor (HFIR). Furthermore, crystal mounting and rapid freezing in liquid nitrogen for cryo-data 

collection to trap labile reaction intermediates is demonstrated at the MaNDi time-of-flight instrument at 

the Spallation Neutron Source (SNS). Preparation of the model coordinate and diffraction data files and 

visualization of the neutron scattering length density (SLD) maps will also be addressed. Structure 

refinement against neutron data-only or against joint X-ray/neutron data to obtain an all-atom structure of 

the protein of interest will finally be discussed. The process of determining a neutron structure will be 

demonstrated using crystals of the lytic polysaccharide monooxygenase Neurospora crassa LPMO9D, a 

copper-containing metalloprotein involved in the degradation of recalcitrant polysaccharides via oxidative 

cleavage of the glycosidic bond. 

1.3.4 Introduction 
 

Neutron macromolecular crystallography is a technique that provides a unique window into the 

structure and underlying chemistry of proteins. Conceptually similar to X-ray diffraction, neutron 

diffraction provides atomistic details of macromolecular structure, however, the interaction of neutrons 

with nuclei enables localization of light atoms, often difficult to detect with X-ray diffraction1. During X-

ray diffraction, X-rays scatter from the electron cloud, making light atoms such as hydrogen (H) poorly 

visible in electron density maps that do not have near sub-Ångström resolution2. In contrast, the scattering 

intensity of neutrons depends on complex interactions with the nucleus, with isotopes of the same element 

displaying different scattering lengths. Therefore, light atoms and their isotopes, such as hydrogen (1H) and 

deuterium (2H or D), have comparable visibility to the backbone carbon, nitrogen and oxygen atoms in 

neutron scattering length density (SLD) maps. Furthermore, since the magnitude of neutron scattering is 

independent of the number of electrons, scattering from light elements is not obscured by heavy elements 

when they are in close vicinity to each other, as is observed in X-ray scattering. The enhanced visibility of 

H and its isotope D when employing neutron diffraction provides valuable information about the 
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protonation state of catalytically important residues, cofactors and ligands and aids the orientation of water 

molecules, revealing important information about catalytic mechanisms and protein chemistry3. Neutron 

diffraction also offers the advantage of being a non-destructive technique, particularly suited to biological 

samples sensitive to ionization such as proteins with metal centers or photosensitive redox cofactors2. The 

primary focus of this article is to provide an overview of the workflow to obtain a high-quality neutron 

protein crystal structure. We refer the interested reader to Podjarny et al.4, Blakeley5, Blakeley et al.6 and 

O‘Dell et al.3 for an excellent overview of neutron protein diffraction and Ashkar et al.7 for further 

applications of neutron scattering. 

 

Neutrons are primarily generated during nuclear reactions employing either of two processes: 

nuclear fission at reactor sources or spallation at accelerator-based sources8. Reactor sources provide a 

continuous neutron beam by employing nuclear fission of the 235U isotope while spallation neutron sources 

produce a pulsed neutron beam by bombarding a target, for example a liquid metal such as mercury, with 

protons9. Oak Ridge National Laboratory (ORNL) in Oak Ridge, Tennessee, hosts both a steady-state 

neutron source at the High Flux Isotope Reactor (HFIR) and a 60 Hz pulsed source at the Spallation Neutron 

Source (SNS). The IMAGINE beamline, located at the HFIR, is a neutron diffractometer optimized for 

biological macromolecules (Figure 1.21)10. IMAGINE employs a neutron image plate detector to measure 

quasi-Laue data using a narrow bandpass in the range of 2.8 – 4.5 Å from single crystals with unit cell 

edges <150 Å. The Macromolecular Neutron Diffractometer (MaNDi), located at the SNS, is a time-of-

flight (TOF) Laue neutron diffractometer equipped with a spherical detector array frame (DAF) (Figure 

1.22)11. MaNDi measures data from single crystals with unit cell edges in the range of 10 – 300 Å by 

employing a tunable 2 Å-wavelength bandwidth between 2.0 – 6.0 Å12.  
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Figure 1.21 The IMAGINE Instrument at the High Flux Isotope Reactor. (A) The IMAGINE instrument 
in the cold neutron guide hall. (B) Sample in mounted in a quartz capillary attached with putty to the 
goniometer. The sample and detector table closes to position the crystal and the cylindrical image plate in 
the neutron beam. Modified with the permission of the International Union of Crystallography13. Images 
provided with permission of Genevieve Martin, Oak Ridge National Laboratory. 
 

 
 

Figure 1.22 The MaNDi Instrument at the Spallation Neutron Source. (A) The MaNDi Anger camera 
detector array. Reproduced with permission the International Union of Crystallography11. (B) MaNDi 
moveable sample stage. (C) Sample mounted in quartz capillary mounted on the goniometer at MaNDi for 
room temperature data collection. Images provided with permission of Genevieve Martin, Oak Ridge 
National Laboratory. 
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The process of generating neutrons is highly energy intensive, resulting in relatively weak neutron 

beam fluxes when contrasted to X-ray beam fluxes at synchrotron sources14. To ensure sufficient signal-to-

noise ratios during data collection, it is necessary to grow crystals of suitable size and quality15. Typically, 

crystals with volumes > 0.1 mm3 are needed to collect data with adequate statistics16. In addition to lower 

fluxes, inherent properties of the interaction between neutrons and the sample nuclei must be taken into 

consideration17. The scattering length of neutrons differs for isotopes of the same element, a property which 

can be advantageously exploited in small angle neutron scattering (SANS) to mask or highlight regions of 

a sample – a process known as contrast matching18. In diffraction experiments, the negative coherent 

neutron scattering length of H (-3.741 fm for 1H) can lead to cancellation of neutron scattering density map 

features since the coherent neutron scattering lengths of other biologically relevant atoms, including carbon 

(6.6511 fm for 12C), nitrogen (9.37 fm for 14N), oxygen (5.803 fm for 16O), phosphorus (5.13 fm for 31P) 

and sulfur (2.804 fm for 32S), are positive (Table 1.5)12,14. Furthermore, the large incoherent scattering 

length of H (25.274 fm), increases the background during data collection, hampering the quality of the 

dataset and compromising data resolution 7. To circumvent these limitations introduced by H it is necessary, 

for neutron diffraction, to exchange H for its isotope deuterium, 2H(D), which has a positive coherent 

neutron scattering length (6.671 fm) and significantly lower incoherent scattering length (4.04 fm)20. This 

can be achieved by perdeuteration, a process in which the protein is expressed by organisms grown in fully 

deuterated media ensuring complete incorporation of D at H sites21. It is also possible to partially deuterate 

protein by replacing H with D solely at the exchangeable sites (titratable groups) while the non-

exchangeable carbon-bound sites remain hydrogenated22. This can be achieved by growth of hydrogenated 

protein crystals in deuterated mother liquor23. Most commonly however, H/D exchange of hydrogenated 

proteins is performed by vapor exchange following growth of suitably large crystals in H2O-based buffer24. 

In such cases, crystals are mounted in a quartz capillary and vapor-equilibrated with D2O-based mother 

liquor.  
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Table 1.5 Neutron scattering lengths and incoherent scattering values. Adapted from Sears, 199217. 
 

Isotope Coherent scattering 
length (fm) 

Incoherent scattering 
length (fm) 

1H -3.741 25.274 
2H 6.671 4.04 
12C 6.6511 0 
14N 9.37 2 
16O 5.803 0 
23Na 3.63 3.59 
24Mg 5.66 0 
31P 5.13 0.2 
32S 2.804 0 
35Cl 11.65 6.1 
39K 3.74 1.4 
40Ca 4.8 0 
55Mn -3.73 1.79 
56Fe 9.94 0 
63Cu 6.43 0.22 
64Zn 5.22 0 

 
The limited neutron fluxes at neutron sources result in longer data collection times, ranging from 

days to several weeks25. At ORNL, both IMAGINE and MaNDi employ a narrow wavelength bandpass in 

the 2–6 Å range to optimize data collection26. Data can be collected at room temperature or at cryo-

temperature. Cryo-data collection can potentially improve data quality and opens up the possibility for 

freeze-trapping catalytic intermediates. Following neutron diffraction data collection, an X-ray dataset is 

typically collected on the same crystal at the same temperature or on a crystal grown under identical 

conditions27. Data collection at the same temperature allows structure refinement to be performed against 

both X-ray and neutron data, preventing any potential temperature-induced artefacts such as changes in the 

visibility and position of waters or the occupancies of residues with alternate conformations28. Joint X-ray 

neutron data refinement increases the data-to-parameter ratio and provides the advantage of allowing the 

protein backbone coordinates to be refined against the X-ray data, while the neutron diffraction data is used 

to refine the position of the H/D atoms29. This is particularly useful using partially deuterated samples, 
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where density cancellation due to H atoms at non-exchangeable sites on the protein is present. Although 

the number of X-ray structures far exceeds the number of neutron structures deposited in the Protein Data 

Bank (PDB), software packages initially designed for the refinement of X-ray data have been expanded to 

encompass neutron data as well3,30,31. Following data collection, models can be refined using refinement 

packages such as phenix.refine, CNSsolve (nCNS) or SHELXL29,32–34. During the refinement process, 

neutron scattering density maps can be visualized for manual fitting using COOT35. Following structure 

solution, the coordinates and the neutron and/or X-ray data diffraction data files can be submitted to the 

PDB, who will validate and deposit the model, making it available for public access19,30,31. 

 

Structural analysis of proteins is a multifaceted approach in which numerous techniques are used 

to probe their function and mechanism36. Neutron protein crystallography provides valuable chemical 

insights to expand on and complement findings from additional studies such as X-ray diffraction, 

spectroscopy, nuclear magnetic resonance (NMR) or micro crystal electron diffraction (microED)37. 

Neutron protein diffraction is uniquely positioned to provide insights into enzymatic mechanisms, since H 

atoms are central to their chemistry. The absence of radiation damage induced by neutrons make them a 

probe exceptionally suited to the study of metalloproteins38. We present here a representative example of 

the process of neutron protein diffraction from sample preparation to data collection, refinement and 

analysis (Figure 1.23). Crystals of sufficient size for neutron diffraction experiments have been grown of 

the metalloprotein Neurospora crassa LPMO9D (NcLPMO9D). NcLPMO9D is a copper-containing 

metalloprotein involved in the degradation of recalcitrant cellulose by oxygen atom insertion at the 

glycosidic bond39,40. The NcLPMO9D active site contains a mononuclear copper center within a 

characteristic “histidine-brace” composed of the N-terminal histidine and a second conserved histidine 

(Figure 1.24)41. The N-terminal of fungal LPMOs is methylated but the post-transitional modification does 

not occur during recombinant expression in yeast. In the NcLPMO9D resting state, the copper center is 

present in a Cu2+ oxidation state and is activated by single electron reduction to Cu1+, allowing molecular 

oxygen to bind and be activated by rapidly being reduced to a superoxide species42,43. The overall 
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NcLPMO9D reaction requires further addition of one electron and two protons to form the hydroxylated 

polysaccharide product44. The identity of the activated oxygen species responsible for hydrogen atom 

abstraction (HAA) from the polysaccharide substrate has not been identified and intensive structural and 

computational studies are currently ongoing45,46. Given the redox chemistry at the NcLPMO9D active site, 

mitigation of radiation damage is particularly pertinent We illustrate here room temperature and cryo-

temperature data collection on NcLPMO9D crystals to determine the NcLPMO9D structure in the resting 

state and in the activated reduced form, respectively47. Emphasis will be given to protein crystal mounting, 

beamline instrument setup for data collection, the preparation of the data and coordinate files and the 

refinement steps necessary to model an all-atom neutron structure. 
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Figure 1.23 Flow chart of neutron protein crystallography workflow. Protein Production: In order to 
obtain a neutron structure, protein is first expressed. Bacterial expression in H2O- or D2O-based media is 
typically used to produce a high yield of hydrogenated or perdeuterated recombinant protein, respectively. 
The protein is purified in H2O-based buffer and then crystallized in either H2O- or D2O-based crystallization 
buffer to grow crystals to a minimum size of 0.1 mm3. Sample Preparation: Prior to neutron diffraction 
data collection, H2O-grown crystals undergo H/D exchange to exchange the protein titratable H atoms with 
D. H/D exchange can be done by direct soaking of the crystals in deuterated crystallization buffer, 
equilibration of the crystallization drop with a D2O-based reservoir, or by mounting the crystals in quartz 
capillaries for vapor exchange with deuterated crystallization buffer. Neutron Data Collection: Following 
H/D exchange, potential crystals are screened to determine the diffraction quality. Crystals with a minimum 
resolution of 2.5 Å are considered suitable for a full dataset to be collected. Crystals are mounted in quartz 
capillaries for data collection at room temperature or flash frozen in a cryo-loop for data collection at 
cryogenic temperature. An X-ray dataset is collected on the same (or an identical) crystal at the same 
temperature. Model Building: Refinement is performed using phenix.refine against both neutron and X-
ray data or against the neutron data only. Manual model building of the protein structure is performed in 
Coot using the neutron SLD maps. Complete Structure: Following completion of the protein structure, 
the coordinate model is validated and deposited in the Protein Data Bank. 
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Figure 1.24 Structure of the lytic polysaccharide monooxygenase NcLPMO9D. The NcLPMO9D copper-
active site is located on a flat polysaccharide binding surface. The copper is coordinated by two histidine 
residues in a classical “histidine brace” as well as an axial tyrosine residue.  
 
1.3.5 Representative results 
 

Neutron diffraction data on crystals of a lytic polysaccharide monooxygenase from Neurospora 

crassa (NcLPMO9D) were collected on IMAGINE at the HFIR at room temperature and at MaNDi at the 

SNS under cryo-conditions following the protocol described above. Crystals of the hydrogenated protein 

grown in H2O-based buffer with volume greater than 0.1 mm3 were used (Figure 1.25) Crystals were 

mounted in quartz capillaries and vapor exchange with the D2O-based buffer was performed for three weeks 

prior to data collection.  
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Figure 1.25 Crystal with sufficient volume in sitting drop crystallization tray. (A) Large crystals are grown 
in sitting drops set up in 9-well siliconized glass plates. (B and C) Crystals are measured to identify those 
with volume > 0.1 mm3. 
 

Room temperature data collection was performed on the IMAGINE beamline (Figure 1.21). A four 

hour white-beam test led to high resolution diffraction suggesting that the crystal was of suitable size and 

quality for a full dataset to be collected. In addition to providing preliminary information on the diffraction 

quality of the crystal, the initial broad bandpass exposure can be used to index the diffraction pattern and 

determine the crystal orientation matrix. Given the P21 space group of the crystal, a data collection strategy 

of 18 frames with a collection time of 20 hours per frame was implemented. As with X-ray diffraction data 

collection, higher symmetry space groups require fewer frames (i.e., less angular coverage) to collect a 

complete dataset. The data were collected in quasi-Laue mode using a wavelength range of 2.8 – 4.0 Å. 

Following data collection, the data were indexed, integrated scaled and merged to give a neutron SLD file 

in MTZ format at a resolution of 2.14 Å. Data were evaluated to be of sufficient quality following similar 

guidelines for X-ray data analysis, although a completeness of 80 % and a CC1/2 of at least 0.3 were 

considered acceptable since neutron protein diffraction is a flux-limited technique. 
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Following room-temperature neutron diffraction data collection, the same crystal was used to 

collect a room temperature X-ray diffraction dataset at 1.90 Å resolution. The X-ray data were used to 

determine the positions of the “heavier” atoms including C,N,O and S. The structure refined against the X-

ray data alone was then used as the starting model to perform a joint refinement against the X-ray and 

neutron data. Phenix ReadySet was used to add H atoms at non-exchangeable sites, H and D atoms at 

exchangeable sites and D atoms to water molecules of the starting X-ray model. Following this model 

preparation, iterative refinements were performed against both datasets. Interactive model building was 

performed in Coot by visually inspecting the density maps to orientate side-chains and water molecules 

accordingly. The neutron data were primarily used to determine protonation states and water molecule 

orientations. Comparison of the electron density map of residues such as serine and tryptophan and the 

corresponding neutron SLD map illustrate the information that can be gained on protonation states at H/D 

exchangeable sites from neutron protein diffraction (Figure 1.26). A map overlay of electron and neutron 

SLD maps for water molecules also indicate that while hydrogen bond interactions can be inferred from X-

ray data, neutrons provide clear information regarding the orientation of these hydrogen bonds (Figure 

1.27). Neutron SLD Fo-Fc omit maps were generated to determine protonation states and H/D orientation 

of side-chains. Illustrated are the neutron SLD maps obtained for tyrosine and threonine residues, in which 

the neutron Fo-Fc maps clearly indicate positive peaks signifying the presence of H/D (Figure 1.28). The 

collected neutron diffraction data also provided valuable information about multiple protonation states, 

such as the -ND3
+ group of lysine (Figure 1.29). Refinement statistics (Rwork and Rfree) were closely 

monitored during model optimization to prevent over-fitting. Final statistics gave an X-ray Rwork of 12.77 

% and an Rfree of 18.21%, and a neutron Rwork of 14.48 % and an Rfree of 21.41% with 389 water molecules 

present.  
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Figure 1.26 Additional information from neutron SLD maps. (A) 2Fo-Fc electron density map (blue) 
displays the positions of the “heavier” atoms in serine. (B) 2Fo-Fc neutron SLD map (purple) clearly 
displays the position of the “lighter” D atom in serine. (C) 2Fo-Fc electron density map (blue) displays the 
positions of the “heavier” atoms in tryptophan. (D) 2Fo-Fc neutron SLD map (purple) clearly displays the 
position of the “lighter” D atom in tryptophan. 
 
 

 
 

Figure 1.27 Water molecule positioning. (A) The spherical shape of an 2Fo-Fc electron density map (blue) 
feature for water. (B) The 2Fo-Fc neutron SLD map (purple) provides information about the water 
orientation and hydrogen bond interaction. (C) Map overlay of electron and neutron SLD maps of water. 
The 2Fo-Fc neutron SLD map is displayed in purple and 2Fo-Fc electron density map is displayed in blue. 
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Figure 1.28 Neutron SLD Fo-Fc omit maps. (A) The Fo-Fc neutron SLD map (green) provides clear 
information on the H/D orientation of tyrosine residues. The 2Fo-Fc neutron SLD map is displayed in purple 
and 2Fo-Fc electron density map is displayed in blue. (B) Tyrosine residue with correct H/D orientation. 
(C) Fo-Fc neutron SLD map (green) provides clear information on the H/D orientation of threonine residues. 
(D) Threonine residue with correct H/D orientation 
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Figure 1.29 Multiple protonation states displayed with neutron SLD maps. (A) The 2Fo-Fc electron density 
map (blue) only provides the position of the N atom of lysine e-ammonium group. (B-E) The Fo-Fc neutron 
SLD omit map (green) clearly demonstrates the positively charged -NH3 group. The 2Fo-Fc neutron SLD 
map is displayed in purple and 2Fo-Fc electron density map is displayed in blue. (F) Overlay of electron 
density and neutron SLD maps.  
 

Cryo-temperature data were collected on NcLPMO9D following an ascorbate soak to reduce the 

copper active site from CuII to CuI on the MaNDi beamline (Figure 1.22) 46. Data were collected using TOF 

Laue mode following a neutron diffraction test using a 4 hour exposure to verify the quality of diffraction. 

Given the space group of the crystal, a data collection strategy of 18 frames with a collection dose of 80 

Coulombs per frame was devised. The data were collected in TOF-Laue mode at a wavelength range of 2.0 

– 4.0 Å. Following data collection, the data were indexed, integrated, scaled and merged to give a neutron 

SLD file in MTZ format at a resolution of 2.40 Å48,49. 

 

Following data collection, the 2.40 Å cryo-temperature NcLPMO9D neutron diffraction dataset 

was used for neutron-only data refinement. The neutron data were phased by molecular replacement using 

PDB 5TKH as the starting model. Phenix ReadySet was used to add H atoms at non-exchangeable sites and 

H/D atoms with partial occupancies at exchangeable sites. Water molecules were removed from the starting 
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model with PDB Tools. Model preparation was followed by refinement with phenix.refine using the neutron 

scattering table. Interactive model building was performed in Coot, with water molecules being added using 

the positive peaks of the Fo-Fc map and positioned according to potential hydrogen bond interactions 

(Figure 1.30 A and Figure 1.30 B). When analyzing neutron SLD maps, water molecules are clearly visible 

if they are highly ordered, however their density may be spherical or ellipsoidal if they are not well-ordered 

(Figure 1.30 C-E).  

 

 
 

Figure 1.30 Appearance of water molecules in neutron SLD maps. (A) Water molecules are positioned 
according to Fo-Fc neutron SLD maps (green) and potential hydrogen bonds. The 2Fo-Fc neutron SLD map 
is displayed in purple. (B) Correctly positioned water molecule. (C-E) The various shapes of neutron SLD 
maps for water molecules depending on B-factors and hydrogen bond interactions.  
 

Neutron SLD maps were used to provide valuable information on the orientation of residues such 

as asparagine, in which differentiating between the carbonyl and amino groups can be challenging when 

using X-ray diffraction data alone (Figure 1.31 A and Figure 1.31 B). Peaks in Fo-Fc neutron SLD omit 

maps were also very informative in determining the protonation states of histidine residues at the Nd- or Ne-
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position (Figure 1.31 C and 1.31 D). The protonation state of residues with multiple H/D exchangeable sites 

can also be determined using neutron SLD maps. This was clearly illustrated with an Fo-Fc neutron SLD 

omit map of arginine, which is known to have a positive charge (Figure 1.31 E and 1.31 F). As previously, 

over-fitting was prevented by monitoring Rwork and Rfree. Final statistics gave an Rwork of 22.58% and an Rfree 

of 30.84%. Given that neutron protein diffraction is a flux limited technique in which the negative scattering 

length and large incoherent scattering factor of H must be taken into account, it can be expected that a 

neutron data-only refinement would have poorer statistics than a joint X-ray/neutron-data refinement with 

fewer visible water molecules. 
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Figure 1.31 Information about amino acid orientation and protonation provided by neutron SLD maps. (A) 
The neutron SLD Fo-Fc map peaks (green) indicate incorrect orientation of an asparagine residue. The 2Fo-
Fc neutron SLD map is displayed in purple and 2Fo-Fc electron density map is displayed in blue. (B) 2Fo-
Fc neutron SLD map (purple) of the correct asparagine orientation. (C) The neutron SLD Fo-Fc map peak 
(green) indicates single protonation of the histidine at Ne. (D) 2Fo-Fc neutron SLD map (purple) of histidine 
Ne -protonation. (E) Neutron SLD Fo-Fc omit map peaks (green) confirm the positive charge of arginine. 
(F) 2Fo-Fc neutron SLD map (purple) of positively charged arginine.  
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When analyzing neutron SLD maps, it will become apparent that density cancellation due to the 

negative neutron scattering length of H will occur for hydrogenated proteins that were subjected to vapor 

exchange with D2O-containing crystallization buffer. Due to this reason, neutron SLD maps in which non-

exchangeable H atoms are attached to carbon appear incomplete when compared to their electron density 

map counterpart (Figure 1.32 A). The effect of cancellation is often more apparent at poorer resolutions, 

making it imperative to obtain protein crystals of a high quality. It is therefore preferable to perform a joint 

refinement of a sample with both X-ray and neutron data in which the X-ray data can be used to determine 

the position of the protein backbone (Figure 1.32 B). Furthermore, sulfur atoms in cysteine and methionine 

may be poorly visible, requiring X-ray data for exact atom placement (Figure 1.32 C and 1.32 D). Metals 

with weak neutron scattering lengths may also be challenging to model in neutron SLD maps, as is apparent 

in our LPMO9D maps. Collection of a low dose X-ray dataset on the same crystal is therefore useful, since 

it permits metal atom positioning using electron density maps (Figure 1.32 E and 1.32 F). 
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Figure 1.32 Discontinuous neutron SLD maps. (A) 2Fo-Fc neutron SLD map (purple) of a hydrogenated, 
vapor H/D exchanged protein. Glutamic acid displays neutron SLD map cancellation due to the negative 
scattering length of non-exchangeable H atoms. (B) An overlayed 2Fo-Fc electron density map (blue) 
clearly displays the density of the glutamic acid. (C) Sulfur atom in methionine is poorly visible in 2Fo-Fc 
neutron SLD maps (purple). (D) An overlayed electron density map clearly displays the density of the 
methionine. (E) Metal atoms, here copper, are poorly visible in neutron 2Fo-Fc SLD maps (purple). (F) An 
overlayed 2Fo-Fc electron density map (blue) clearly displays the density of the coordinated copper atom. 
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1.3.6 Discussion 
 

Neutron protein crystallography is a highly sensitive technique to probe protonation states and 

water molecule orientation in proteins. This information sheds light on protein catalytic mechanisms since 

changes in protonation and hydrogen bonding interactions are often central to enzyme chemistry10. Neutron 

protein crystallography, albeit an informative technique, has a number of factors that should be taken into 

consideration before planning to conduct a neutron diffraction experiment, namely: 

 

1. The requirement for large protein crystals for data collection. 

2. The scattering properties of hydrogen and other elements, such as metal ions. 

3. Limitations in the structure refinement and model building software when working with 

deuterated samples. 

 

Neutron protein crystallography is a flux limited technique. In contrast to X-ray diffraction datasets, 

higher R-factors and lower completeness, redundancy and signal-to-noise ratios are expected for neutron 

datasets due to the technique inherent limitations (flux limited, quasi-Laue, longer wavelengths). Data 

collection of a single frame is typically 12 – 18 hours. Success of an experiment is highly dependent on 

sample size and quality with crystals of 0.1 mm3 often being the minimum requirement3. Neutron diffraction 

requires production of large amounts of protein to set up crystallization drops ranging from 10 to 800 µL. 

The minimum volume for growing sufficiently large crystals can be estimated using a Volume Calculator 

given the crystal and sample parameters (https://neutrons.ornl.gov/imagine). Growth of large crystals has 

most prevalently been accomplished by vapor diffusion 3. Hanging drop crystallization permits growth of 

crystals in large drops ranging from 10-25 µL, while larger drops ranging up to ~ 50µL can be set up using 

commercially available sitting drop equipment15,50. Siliconized nine-well glass plates can be used to set up 

very large drops, with volumes up to 800 µL. These glass plates are placed in “sandwich boxes” 

commercially available from Hampton Research (https://hamptonresearch.com/). Further crystallization 



   

90 
 

techniques include batch crystallization, in which the limit of the drop size is dictated by the vessel. Batch 

crystallization experiment set up can range from microliters to milliliters51. Crystallization can also be 

performed using the dialysis technique in which the protein is equilibrated with the precipitant via a dialysis 

membrane or by counter-diffusion along a precipitant concentration gradient or through a porous plug such 

as agarose52,53. Seeding offers another alternative to obtain crystals of the desired volume. Micro- and 

macroseeding have been successfully employed for large crystal growth, including large crystal of 

NcLPMO9D46. Some knowledge of the protein phase diagram, including the influence of temperature on 

solubility, aid in large crystal growth.  

 

When planning a neutron diffraction experiment, optimization of the protein preparation to 

maximize signal-to-noise ratio during diffraction data collection is essential7. To circumvent density 

cancellation and high incoherent scattering caused by H atoms, neutron SLD maps can be improved by 

exchanging H atoms for its isotope D, which possesses a positive coherent scattering length and low 

incoherent scattering length. To accomplish this, vapor exchange of the hydrogenated protein crystal against 

deuterated crystallization buffer is performed. This ensures H/D exchange of solvent molecules and the 

labile, titratable protein H atoms24. Vapor exchange is performed by mounting the hydrogenated crystal in 

a quartz capillary with D2O-based deuterated crystallization buffer “plugs” and it represents an effective, 

gentle technique that is most often applied15,24,36. The exchange can take several weeks and preferably 

requires the deuterated buffer to be frequently changed to ensure maximum H/D exchange. H/D exchange 

can also be performed by directly soaking the crystal in deuterated buffer. To avoid placing the crystal 

under stress due to D2O exposure, the soaking process should be performed gradually by incrementally 

increasing the D2O:H2O ratio54. In addition to this, crystallization of hydrogenated protein can also be 

performed in deuterated buffer for H/D exchange at labile H sites 23,55. It should be noted, however, that 

D2O-based buffer has an effect on protein solubility requiring further adjustment of the known H2O-based 

conditions3,55. D2O-based buffers have also been observed to lead to smaller crystals in some cases55. Full 

exchange of titratable and carbon-bound H atoms to D can be achieved by expressing proteins in deuterated 
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media to generate a perdeuterated sample21. The resulting neutron SLD maps of the perdeuterated sample 

will be significantly improved, no longer displaying the density cancellation of the hydrogenated sample 

counterpart. This is beneficial when characterizing H/D bound at non-exchangeable sites in a protein or 

cofactor. However, expression of perdeuterated protein is both high in cost and low in yield56. The Oak 

Ridge National Laboratory (ORNL) Center for Structural Molecular Biology (CSMB) offers a deuteration 

facility for users seeking to generate a perdeuterated sample (https://www.ornl.gov/facility/csmb). 

Perdeuterated expression is typically performed in a bioreactor on the 1 L scale yielding ~50 mg of purified 

protein57.  

 

Following the collection of neutron diffraction data, refinement and interactive model building is 

performed. Refinement can be run using multiple software suites including phenix.refine, nCNS or 

SHELXL29,32–34. The Phenix suite is the most commonly utilized software for refinement of neutron 

diffraction data in conjunction with Coot which is used to manually build the model from the neutron SLD 

maps35. Although both Phenix and Coot allow for the processing of neutron diffraction data, they may lack 

certain features necessary to process the idiosyncrasies associated with neutron data and deuterated 

samples. For example, Coot does not contain geometry optimization for deuterated residues, which can lead 

to complications during model building since the “Real Space Refine” feature results in “exploding” 

residues58. This can be resolved by generating restraint files for all the deuterated residues. However, this 

is an intensive process and such libraries are not currently publicly available. When performing refinements 

in Phenix, exchangeable H/D sites will initially be set to 0.50 occupancy for H and D. As refinements are 

performed, the occupancy of H and D will be refined according to the neutron SLD maps. During interactive 

model building, difference density Fo-Fc maps are very informative in assessing H/D occupancies. Maps 

can be used to determine which sites possess high D occupancy, which is particularly informative at the 

active site where protonation states are catalytically relevant59. Ambiguous situations do arise, however, 

when the H:D occupancy is close to 0.70:0.30 which results in complete signal cancellation in neutron SLD 

maps60. It should also be taken into account that quasi-Laue neutron datasets often have a completeness of 
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~80%, which is lower than the routinely observed ≥ 98% for X-ray diffraction data. When refining neutron 

diffraction data in Phenix, the missing observed amplitudes (Fo) are therefore calculated from the model to 

complete the reflection list, thus introducing model bias. To account for this potential bias “no_fill” maps 

should be examined during interactive model building as opposed to “fill” maps.  

 

Users can choose to perform a joint X-ray/neutron data refinement of their structure, or a neutron-

data only refinement. Visualizing neutron SLD maps, particularly at lower resolution, may initially be 

disconcerting especially for a hydrogenated protein in which H is still present at non-exchangeable sites 

despite H/D vapor exchange. This results in neutron density map cancellations, giving the impression of 

discontinuous maps61,62. Collecting a corresponding X-ray dataset advantageously complements these 

cancellations in a joint refinement (Figure 1.32 A and 1.32 B). A joint-refinement strategy typically 

involves refining the protein backbone coordinates against the X-ray data, while the neutron diffraction 

data is used to refine the position and occupancy of the H/D atoms at exchangeable sites29. Since 

introduction of joint H/D occupancy at exchangeable sites increases the number of parameters being 

refined, a joint refinement with X-ray data also increases the data-to-parameter ratio. A joint refinement 

requires a corresponding X-ray dataset to be collected at the same temperature on the same crystal or a 

crystal grown under the same conditions. For neutron diffraction data collected at room temperature (300K), 

the corresponding X-ray dataset should be collected at room temperature using a low-dose data collection 

strategy to limit radiation damage. Perdeuterated samples, in contrast, provide improved and continuous 

neutron SLD maps since they do not possess the same magnitude of H/D signal cancellation. However, the 

neutron scattering length of certain elements including metals and sulfur make them poorly visible in 

neutron SLD maps, even if the protein has been perdeuterated (Figure 1.32 C-F)19. If a metal needs to be 

characterized, it is best to utilize X-ray diffraction in a joint refinement or apply spectroscopic techniques 

to complement diffraction experiments. Neutron-only data refinements are often performed when the 

neutron dataset has high resolution or if a perdeuterated protein was used. In addition, neutron-only data 

refinement is particularly useful if a protein highly sensitive to radiation damage is being studied, since an 
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X-ray derived structure may possess radiation-induced artefacts. If a neutron-data-only refinement is to be 

performed, it must be ascertained whether the corresponding neutron dataset has sufficient completeness 

and resolution.  

 

ORNL offers two facilities for collection of neutron diffraction data: the IMAGINE beamline at 

the HFIR as well as the MaNDi beamline at the SNS37,63. While both instruments provide effective means 

for collecting a neutron diffraction dataset employing similar principles, each instrument has unique 

specifications that should be taken into account when applying for beam time. IMAGINE collects quasi-

Laue data and is optimized for room temperature data collection on crystals with unit cells up to ~100 Å. 

MaNDi can be used for the collection of room temperature and cryo-temperature data employing TOF-

Laue collection on crystals with unit cells up to ~ 300 Å. Prior to collecting a complete dataset, a test is 

performed on the crystal to evaluate the quality of the obtained diffraction pattern in which the crystal is 

exposed to the neutron beam for a single frame. If the crystal is of sufficient quality, a full neutron 

diffraction dataset will be collected, indexed, integrated, scaled and merged in a process analogous to X-

ray data processing. IMAGINE makes use of Lauegen and Lscale and MaNDi utilizes the Mantid package 

and employs three-dimensional profile fitting48,64–68. Scientists who become users at either of these facilities 

will be provided with a dataset in MTZ or HKL format for further analysis. 

 

Neutron diffraction is a non-destructive, highly sensitive technique for probing the protonation state 

and hydrogen bond interactions of biological macromolecules. It is particularly useful for photo-sensitive 

proteins and metalloproteins. Several considerations regarding the technique as well as the processing of 

the data must be taken into account before conducting an experiment, however the outcome yields results 

which may give valuable insight into the catalytic mechanism of the protein of interest. Neutron protein 

crystallography complements computational, structural, biochemical and spectroscopic studies, making it 

a valuable tool in the biologist’s toolbox of techniques used to characterize biological macromolecules. 
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1.4 Overview of research 

Metalloproteins possess a broad “chemical toolbox”, catalyzing numerous essential reactions in 

living organisms. The metal cofactor expands the physiochemical properties of proteins, often playing a 

central role in activation and stabilization during the catalytic cycle. The research performed in this 

dissertation sought to further characterize the structure and reaction mechanism of metalloproteins, with 

particular emphasis on metal-coordinated oxidoreductases. The systems examined in this thesis are the 

copper center lytic polysaccharide monooxygenases (LPMOs) and the heme-iron center cytochrome P450s. 

Chapter 1 provides background on how structural studies, particularly neutron protein crystallography, can 

be used as a powerful tool to elucidate the metalloprotein reaction mechanism. In addition to this chapter 

includes a technical overview of performing neutron protein crystallography under room temperature and 

cryo-conditions. 

 

LPMOs catalyze the insertion of oxygen into the glycosidic bond of recalcitrant crystalline 

cellulose, and while much research has been performed on the reaction intermediates involved in catalysis, 

most of this remains theoretical due to the insoluble nature of the polysaccharide substrate. This work aims 

to provide a structural basis for the theoretically proposed catalytic mechanisms since fundamental aspects 

of the LPMO reaction mechanism remain poorly understood. Chapter 2 provides insight into the structural 

studies performed to characterize the initial steps of dioxygen activation by the fungal Neurospora crassa 

NcLPMO9D as well as the role of second shell residues in catalysis. To characterize the activated dioxygen 

intermediate, neutron protein crystallography was performed on a reduced NcLPMO9D in which an 

activated dioxygen species was cryogenically trapped. A further neutron protein crystal structure of 

NcLPMO9D at low pH conditions characterizes the protonation state of seconds shell residues under these 

functionally relevant conditions.  

 

Cytochrome P450s (CYP450) enzymes comprise a superfamily of heme-containing proteins 

ubiquitous in most life forms that catalyze the highly regio- and stereoselective hydroxylation of the sp3-
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hybridized carbons in non-activated hydrocarbons. In order to achieve catalysis, cleavage of the O-O bond 

in molecular dioxygen bond is necessary to form the catalytically active form of CYP450cam, the high-

valent iron-oxo species termed Compound I. The cleavage of this O-O bond in requires the leaving oxygen 

to be protonated. In related enzyme systems, such as peroxidases, there are suitably positioned groups in 

the active site (Arg and His) capable of mediating this function. There are no similar groups found at the 

active site of CYP450s. Instead, a complicated proton delivery pathway involving active site residues and 

water molecules is likely to be involved, but the exact nature of the pathway is still debated. In Chapter 3, 

the work performed to purify and crystallize CYP450cam from Pseudomonas putida which is involved in 

camphor hydroxylation is described. The aim of these crystallization trials was to grow crystals of sufficient 

volume (> 0.1 mm3) for studies by neutron protein crystallography. Growth of such crystals would permit 

determination of the protonation pathway by determination of protonation state, water molecule orientation 

and hydrogen bond interactions near the active site using neutron protein crystallography.  

 

To achieve catalysis CYP450cam requires the addition of molecular oxygen and two electrons 

obtained from reduced cofactors. The first reduction of CYP450cam can be achieved by non-native redox 

partners including small molecules, however Putidaredoxin (Pdx), a Fe2S2 ferredoxin redox partner protein, 

is essential for the second reduction. Pdx binds to CYP450cam on the proximal side of the heme and is 

believed to play an important effector role, inducing conformational changes essential for substrate 

hydroxylation. Chapter 4 examines the effector role of Pdx using small angle X-ray scattering (SAXS). 

This chapter additionally studies the conformational state of substrate-free CYP450cam and conformational 

changes induced by binding of the substrate camphor using SAXS. 

 

Chapter 5 provides a discussion of the insights gained from the structural characterization of 

LPMOs and CYP450s using X-ray and neutron scattering, how this can be placed into context with current 

knowledge on these systems and future avenues of research.  
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Chapter 2 : Elucidating the reaction mechanism of lytic polysaccharide monooxygenases 

with neutron protein crystallography 

 
2.1 Introduction to catalysis by lytic polysaccharide monooxygenases 

2.1.1 Lignocellulosic biomass 
 

Biomass is composed of photosynthetically derived organic materials, encompassing wood, grass, 

crops, algae and animal waste 1. Given the production of biomass from sunlight, water and CO2, it is 

inherently renewable and represents a crucial energy source with additional applications for the production 

of fine chemicals 2. Biomass is composed of a large number of organic molecules such as lipids, proteins, 

nucleotides and steroids, however it is carbohydrates in particular that serve as an energy repository 3. 

Carbohydrates also play an important structural role by forming polymers from cellulose and hemicellulose 

in plant cell walls 4. The cellulose and hemicellulose polymers associate with lignin, a polymer made 

of phenylpropanoid subunits, to form lignocellulosic biomass, the most abundant form of biomass on earth 

5. Lignocellulose is highly organized into a hierarchical structure highly recalcitrant to degradation (Figure 

2.1) 6. Lignocellulose is composed primarily of cellulose, a linear homopolymer made up of D-

glucopyranose linked by β-(1,4)-glycosidic bonds, with the “true” repeating unit represented by the 

disaccharide cellobiose composed of two glucose units (1-β-D-glucopyranosyl-4- β-D-glucopyranose) 7. 

The linear cellulose strands assemble into microfibrils with a very stable crystalline core held together by 

inter- and intramolecular hydrogen bonds as well as Van der Waals interactions 8. Hemicellulose, a 

polysaccharide that forms irregular and amorphous structures, is the second component of the microfibrils 

in lignocellulose 9. The short-chain branched architecture of hemicellulose results in a lower molecular 

weight than cellulose. It is composed of the pentoses D-xylose and L-arabinose, the hexoses D-glucose, D-

mannose, D-galactose, D-rhamnose as well as 4-O-methyl-glucuronic, D-galacturonic, and D-glucuronic 

acids which are linked by β-1,3- and β-1,4-glycosidic bonds 10. The hemicellulose heteropolymers form a 

complex network that intertwines with the cellulose microfibrils, providing structural stability 11. Lignin is 

the final constituent of lignocellulose and provides a structural support for the hemicellulose and cellulose 
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microfibrils as well as forming a protective barrier 12. Lignin forms a three dimensional heteropolymer that 

acts as a “glue” by crosslinking with hemicellulose via its phenylpropanoid units 13. Lignin is composed of 

three phenolic components: p-coumaryl alcohol, coniferyl alcohol and sinapyl alcohol which form p-

hydroxyphenyl (H), guaiacyl (G), and syringyl (S), respectively during polymerization 14.  

 

 
 

Figure 2.1 The hierarchical structure of lignocellulose. The plant cell wall is composed of three major 
components: cellulose, hemicellulose and lignin. The cellulose forms microfibrils that are embedded in a 
lignin and hemicellulose matrix. Within the microfibrils, there are crystalline and amorphous sections of 
cellulose. Cellulose is composed repeating cellobiose units which consists of two glucose units (1-β-D-
glucopyranosyl-4- β-D-glucopyranose. Hemicellulose is primarily composed of the five-carbon 
pentoses D-xylose and L-arabinose and the six-carbon hexoses D-glucose, D-mannose, D-galactose, D-
rhamnose. Lignin is composed of the phenols p-coumaryl alcohol, coniferyl alcohol and sinapyl alcohol. 
Figure adapted from Isikgor et al.6 and reprinted with permission of the Royal Society of Chemistry. 
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Lignocellulose has a unique composition higher in oxygen and lower in hydrogen and carbon than 

fossil fuel derived petroleum making it a multi-faceted precursor for the production of value-added 

compounds 15. As non-renewable fuel resources from petroleum become limited and demand continues to 

increase, however, the use of renewable biomass such as lignocellulose for biofuel production is gaining 

increasing importance 16,17. In order to harness the potential of lignocellulose for fuel and fine chemical 

production, it is necessary to break it down into its primary constituents: cellulose, hemicellulose and lignin 

18. Deconstruction of lignocellulose is a multistep process given its inherent recalcitrance due to its complex 

hierarchical structure that involves pretreatment via mechanical, chemical, physicochemical or biological 

methods before further conversion and processing methods to obtain biofuels and valued-added compounds 

19. Pretreatments are designed to disrupt the lignocellulose structure, reduce crystallinity and polymer size, 

allowing fractionation and solubilization of the cellulose, hemicellulose and lignin using heat, milling, acid 

hydrolysis, steam, microwave irradiation and ammonia fiber expansion amongst others 20. Additionally, 

pretreatment can also be accomplished by biological methods, particularly with the use of ligninolytic 

enzymes that depolymerize lignin to yield holocellulose 21,22. Following pretreatment, cellulose, 

hemicellulose and lignin act as feedstocks that can undergo conversion for downstream applications 23,24. 

Production of cellulosic ethanol from the fractionated products of lignocellulose pretreatment requires 

saccharification of cellulose to yield its monosaccharide components for fermentation 25. The cellulose 

glycosidic bond can be disrupted chemically by acid-catalyzed hydrolysis. However acid catalysis has the 

drawback of resulting in incomplete hydrolysis and producing unwanted furan derivatives 26. Enzymatic 

hydrolysis of cellulose, in contrast, is highly specific thereby avoiding undesirable side-reactions and can 

be performed under comparatively mild conditions 27. Cellulases (EC 3.2.1.4) are classified as O-glycoside 

hydrolases (GH) according to the Carbohydrate-Active enZyme Database (CAZy) that classifies enzymes 

according to their structural similarity 28. GH catalyze hydrolysis of β-1,4-glycosidic bonds in cellulose and 

cellulases of both fungal and bacterial origin have biotechnological applications in the production of soluble 

sugars 29. A forerunner in biofuel applications has been the fungus Trichoderma reesei, whose secreted 

cellulases have been widely used in industrial biorefineries 30, however several strains of Penicillium spp., 
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Aspergillus spp. and Clostiridium spp. have also emerged as alternatives for biofuel production 31,32. 

Industrial biofuel production from cellulose makes use of a cellulolytic cocktail of enzymes to maximize 

cellulose deconstruction 33. Fungi are the preferred source of enzymes for cellulolytic cocktails, since they 

secrete the large amounts of cellulases extracellularly, making them ideal for industrial applications, while 

bacterial secreted cellulases are limited and remain associated with the cell wall 34.  

2.1.2 Fungal enzymatic cellulose breakdown 
 

Fungi secrete a number of cellulases that function simultaneously and synergistically for the 

breakdown of cellulose 35. The primary cellulases secreted by fungi include endoglucanases (EG) that act 

on amorphous cellulose, cellobiohydrolases (CBH) that act on cellulose chain ends and β-glucosidases (β-

G) that breaks down cellobiose into D-glucose (Figure 2.2) 36–38. EGs (GH5, GH6, GH7, GH9, GH12, GH45 

and GH74) act on the amorphous regions of cellulose by randomly cleaving internal β-1,4-glycosidic bonds 

and releasing fragments with reducing and non-reducing chain ends 39. CBHs (GH6 and GH7) are also 

known as exoglucanases and act on the cellulose chain ends to release cellobiose subunits 40. CBH are 

classified into two classes: CBHI that acts on reducing ends and CBHII that acts on non-reducing ends 41. 

β-Gs (GH1 and GH3) hydrolyze cellobiose and soluble gluco-oligosaccharides to D-glucose 42. These 

cellulases function in concert to breakdown cellulose, and the synergism between different components 

including endoglucanases (endo-exo), cellobiohydrolases (exo-exo), cellobiohydrolases and β-glucosidases 

has been studied 43–45.  
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Figure 2.2 Enzymes involved in the degradation of cellulose. Fungi contain a host of enzymes to break 
down the cellulose component of microfibrils. Crystalline cellulose composed of repeating cellobiose. 
Exoglucanases such as cellobiohydrolases (CBHI – reducing-end active and CBH II – non-reducing end 
active) act on chain ends to generate soluble sugars. Endoglucanases (EG) increase the accessibility of 
cellulose chain ends to exoglucanases by creating new chain ends from internal regions of amorphous 
cellulose. β-glucosidases (β-G) break down cellobiose into D-glucose. Lytic polysaccharide 
monooxygenases (LPMO) oxidatively cleaves the glycosidic bond with cellobiose dehydrogenase 
providing reducing equivalents for LPMO catalysis. Adapted from Andlar et al.46 and reprinted with 
permission of the Engineering in Life Sciences Journal. 
 

 Although these GH are able to degrade cellulase, a significant hurdle remained for the efficient 

degradation of crystalline cellulose, which due to its regular packing and strong hydrogen bond interactions 

is highly recalcitrant to depolymerization, leading to postulation of an external factor to assist in making 

crystalline cellulose more accessible 47. There was a new dawn in enzymatic degradation of lignocellulose, 

when it was found than an enzyme was able to act on the glycosidic bond via an oxidative mechanism, 

thereby disrupting cellulose crystallinity and making it more accessible to cellulases 48. These lignocellulose 

degradation-enhancing enzymes were originally classified as GH61 in the CAZy database due to a low 
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level of endoglucanase activity 49,50. A structure by Harris et al. on a GH61 from Thielavia terrestris showed 

that this enzyme enhanced cellulose breakdown by T. reesei and the X-ray crystal structure revealed a fold 

significantly different to the canonical GH family, with a Zn2+ or Mg2+ coordinated to histidine residues 

(Figure 2.3) 51. It was found that the stimulated cellulose deconstruction was eliminated in the presence of 

a chelating agent, while mutagenesis of residues near the coordinating metal negatively affected cellulose 

degradation. 

 

 
 
Figure 2.3 Structure of TtGH61E with Zn2+ modelled in the active site (PDB 3EJJ). Harris et al. found that 
mutation of His1, His68 and Gln151 eliminated cellulose deconstruction while the rate of cellulose 
deconstruction was decreased by mutation of His142 and Tyr15351. 
 

Studies on chitin breakdown by Serratia marcescens SmAA10A by Vaaje-Kolstad et al., 

subsequently found that a GH61-like protein was responsible for the oxidative breakdown of crystalline 

chitin 52. This oxygenase activity resulted in chain disruption by formation of oxidized ends which were 

then accessible to chitinases for further breakdown. Quinlan et al. demonstrated that a GH61 from 

Thermoascus aurantiacus performed oxidative cellulose chain cleavage and demonstrated that GH61 

enzymes are copper binding enzymes by performing metal binding assays with a range of metal ions 

including Ca2+, Co2+,Cu2+, Mg2+, Mn2+ and Zn2+ 53. It was postulated that the discrepancy of GH61 activity 

when binding to Mg2+ and Zn2+ could be attributed to the fact that residual amounts of Cu2+ remained, 
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His142 

Tyr153 

H2O H2O 
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enabling catalysis. Given the monooxygenase activity of these GH61 enzymes, they were designated 

polysaccharide monooxygenases (PMO) or lytic polysaccharide monooxygenases (LPMO) given their 

ability to instigate crystalline cellulose chain lysis 54. Dynamic imaging on an LPMO from Neurospora 

crassa using fluorescence from confocal laser scanning microscopy showed that the LPMO introduces 

carboxyl groups on the surface of crystalline cellulose, while atomic force microscopy confirmed that 

disruption of crystallinity by LPMO provided access to cellulases for improved degradation 55. Following 

their discovery and characterization, LPMOs were utilized in commercial cocktails for cellulose processing 

for bioethanol production 56. The commercially produced Novozymes Inc. enzyme cocktail Cellic Ctec2 

which contains LPMOs resulted in a 85% cellulose conversion of hydrothermally pretreated wheat straw 

to fermentable sugars in comparison to a 60% cellulose conversion for the cellulase-only cocktail 

Celluclast/Novozym 188 57. The use of LPMOs in commercial enzyme cocktails to function as “cellulase 

boosters” has become prevalent, with several new commercially available cocktails such as Cellic Ctec3 

and Spirizyme (Novozymes Inc.) as well as Accellerase 1500 (Genencor Inc.) 58–60. Industrial 

biotechnological applications of enzymatic degradation of cellulose employ either a saccharification and 

separate hydrolysis and fermentation (SHF) or a simultaneous saccharification and fermentation approach 

(SSF) 61. During SHF, soluble sugars are first produced by enzymatic degradation of pretreated biomass, 

after which yeast is added for fermentation, providing the advantage of giving each process the optimal 

operation conditions 62. In SSF, enzymatic deconstruction of cellulose from pretreated biomass and 

fermentation of these sugars by yeast take place in the same reactor, providing the advantage of efficiency 

and preventing product inhibition 63. While enzymatic degradation of lignocellulose to produce fermentable 

sugars has the advantages of requiring low energy input, since enzymes require moderate temperature and 

pH to function, and does not produce toxic or environmentally harmful byproducts as may be the case for 

chemical treatments, there are several aspects that must still be taken into consideration 64. Enzymatic 

cellulose conversion results in lower yields than non-biological methods, is more time consuming, requires 

large sterile areas and constant monitoring during catalysis 65. Furthermore, the cost of enzymatic 

deconstruction of cellulose should also be taken into consideration, since it has been considered a significant 
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contributor to the final cost of cellulosic ethanol 66. The cellulase cost for the production of 1 gallon of 

ethanol was estimated to be $0.34, however this decreased to $0.23 per gallon if soluble sugars from 

biomass deconstruction were used as a feed source as opposed to pure glucose 67. To mitigate costs, future 

research will be necessary to develop optimized enzymatic cocktail tailored to the biomass substrate 

composition 33,68. Production of bioethanol from a renewable source such as lignocellulose is important in 

an era of ever-depleting fossil fuel reserves and the European Council has committed to 0.5% of the fuel 

supply to be from bioethanol by 2030, while the US seeks to include 36 billion gallons of biofuel in transport 

fuel consumption by 2022 69. 

2.1.3 Lytic polysaccharide monooxygenases 
 
2.1.3.1 Classification of LPMOs 
 

Following their discovery and initial classification as glycoside hydrolases, LPMOs were assigned 

“auxiliary activities” (AA) enzyme category in the CAZy database 70. The AA classification created a 

category for enzymes that assist  glycoside hydrolases (GH), polysaccharide lyases (PL) and carbohydrate 

esterases (CE) in gaining access to the carbohydrate substrate. LPMOs are classified into the AA9, AA10, 

AA11, AA13, AA14, AA15 and AA16 families, originating from a range of organisms including bacteria, 

fungi, algae as well as animals 71. The various AA families as well as their organism of origin and substrate 

are specified in Table 2.1. The AA9 family comprises LPMOs of primarily fungal origin that degrade 

cellulose, galactoglucomannan, xylan or xyloglucan, with some fungi possessing multiple genes 53,54,72–75. 

LPMOs in the AA10 family are mainly present in bacteria and are involved in chitin and cellulose oxidation 

52,76,77. The AA11 family which is active on chitin was established in 2014 in with the characterization of 

AoLPMO11 from the fungus Aspergillus oryzae RIB40, which thus far remains the only characterized 

member 78. The AA13 family is present in fungi and is involved in starch degradation 79,80. Family AA14 

are also of primarily fungal origin and degrade xylan fibers 81. The AA15 family is present mostly in insects 

and algae and involved in the degradation of chitin and cellulose, with both characterized members isolated 

from the insect Thermobia domestica 82. The newest AA family member is AA16, which is present in fungi 
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and oomycetes, with a single characterized cellulase-active enzyme, AaAA16, isolated from Aspergillus 

aculeatus 83.  

 
Table 2.1 Classification of LPMO families. 
 

LPMO Organism Characterized 
enzymes 

Structures 
solved 

Polysaccharide substrate  

AA9 (GH61) Fungi 32 16 Cellulose, galactoglucomannan, 
xylan or xyloglucan (C1 and/or C4) 
 

AA10 
(CBM33) 

Bacteria, viruses, 
plants 

30 
 
 

23 Chitin or cellulose (C1) 

AA11 Fungi 1 1 Chitin (C1) 
 

AA13 Fungi 4 1 Amylose, amylopectin or starch (C1) 
 

AA14 Fungi 2 1 Xylan (C1) 
 

AA15 Insects, Metazoa, 
Oomycota, 
Alveolata, 
Rhodophyta, 
Chlorophyta, 
Haptophyta, 
Ichthyosporea, 
Phaeophyceae, 
Bacillariophyceae, 
viruses  
 

2 1 Cellulose or chitin (C1) 

AA16 Fungi, Oomycota 1 - Cellulose (C1) 
 

 
2.1.3.2 Structure of LPMOs 
 

The structure of LPMOs is characterized by a immunoglobulin G-like β-sandwich fold 84. The 

LPMO catalytic copper active site is solvent accessible and located on the surface of the protein, forming a 

flat surface complementary to the planar cellulose substrate 85. Comparison of the of protein surface of the 

LPMO families shows a distinct complementarity of the substrate binding surface to its polysaccharide 

substrate (Figure 2.4) 86. LPMOs from the family AA9, AA10 and AA11 exhibit a planar binding surface 

around the copper active site, corresponding to the linear fibrils of their cellulose and chitin substrates 87,88. 

In contrast, the AA13 active site contains a groove above the copper active site that is shaped to house the 

amylose double helix present in starch and bring the glycosidic bond linkages in proximity to the 
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coordinated copper 80,89. The xylan-active AA14 displays a contoured surface which may provide 

complementarity to its polysaccharide substrate shape 81, while the cellulose-active AA15 appears to have 

a planar active site surface 82.  
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Figure 2.4 Common architecture of the LPMO conserved copper-coordinating histidine brace across families. The copper-center active site is located 
on the solvent accessible surface with the surface topology complementary to the polysaccharide substrate. Illustrated are (A) AA9 (PDB 5ACH) 
(B) AA10 (PDB 5OPF) (C) AA11 (PDB 4MAI) (D) AA13 (4OPB) (E) AA14 (5NO7) with putative copper site (F) AA15 (5MSZ).
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LPMO substrate specificity and catalytic regioselectivity of LPMOs is governed by loops 

connecting the β-strands of the substrate binding surface. The loops can be grouped as follows: L2 is the 

loop between the β1 and β2 strands (β1 and β3 in AA10), L3 is the loop between the β3 and β4 strands, LS 

for “loop short” is a loop located opposite L2 on the protein and LC is a C-terminal loop 86. The amino 

acids within L2, L3, LS and LC interact directly with the polysaccharide substrate as has been shown in X-

ray crystallographic studies of Lentinus similis LsAA9A and Collariella virescens (CvAA9A) bound to 

oligosaccharide substrates 87,90. In AA9 LPMOs, the loops contain a number of aromatic residues that can 

interact with the oligosaccharide via pyranose ring stacking interactions 91,92. On the other hand, AA10 only 

has one aromatic residue that interacts with the polysaccharide substrate and AA11 and AA13 interact with 

their polysaccharide substrates via polar residues instead 78,93. In addition to ensuring substrate binding, 

interaction of the LPMO binding surface with the polysaccharide substrate chain ensures positioning of C1 

or C4 for oxidation by position of the carbon near the active site copper 94.  

2.1.3.3 Active site 

 
The mono-copper active site, located on the LPMO surface, is coordinated in a characteristic 

coordination termed the “histidine-brace” which was coined by Quinlan et al. 53. The histidine brace is 

composed of the N-terminal histidine that coordinates copper in a bidentate manner through its amino 

terminal nitrogen and the Nδ nitrogen of the imidazole group as well as the Nε nitrogen of a second 

downstream histidine. This results in a T-shaped N3 coordination geometry in the copper equatorial plane, 

with Cu-N distances of 1.9 – 2.4 Å 91,95–97. Fungal LPMOs, including AA9 and AA13 families, display 

methylation of the N-terminal Nε nitrogen 53,80,98. This post-translational modification is not present in 

LPMOs after heterologous expression in Pichia pastoris 91,99. It has been proposed that N-terminal 

methylation contributes to fungal LPMO stability by protecting it from oxidative damage, however absence 

of the methylation does not negatively impact oxygen activation or substrate binding 100. In the Cu2+ form, 

LPMO AA9, AA11 and AA13 possess four ligands in the equatorial plane composed of the three nitrogen 

histidine brace atoms and a water molecule, resulting in an approximate square planar geometry. Upon 
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reduction to the Cu1+ form, a transition from a four- to three-coordinate system takes place as the equatorial 

water is eliminated as indicated by Extended X-Ray Absorption Fine Structure (EXAFS), X-ray Absorption 

Near Edge Spectroscopy (XANES) and DTF studies on T. aurantiacus TaLPMO9A 101. While it has been 

shown that the reduced Cu1+ LPMO possesses three equatorial ligands in a T-shaped geometry, there is 

variation in the ligand identity of the remaining axial and equatorial positions in the Cu2+ resting state. 

LPMOs from the AA9, AA11 and AA13 have a tyrosine residue in the axial position 2.5 – 3.0 Å from the 

copper center 78,80,91. LPMO AA10 families possess a phenylalanine residue in place of the axial tyrosine 

residue 102. In the Cu2+ form, LPMO AA9, AA11 and AA13 exhibit tetragonal geometry with Jahn-Teller 

distortion resulting in axial elongation 53,96,101. Both AA9 and AA10 have two waters coordinated to Cu2+, 

however while AA9 exhibits a tetragonal geometry with one water in the axial and one in the equatorial 

position 84, AA10 has a trigonal bipyramidal structure in which the equatorial plane is formed by the two 

water ligands and the and the N-terminal nitrogen (Figure 2.5) 102.  

 

 
 

 
Figure 2.5 Tetragonal and trigonal geometry of AA9 and AA10. (A) NcLPMO9D displays a tetragonal 
geometry is the Cu2+ resting state (PDB 5TKG). (B) EfAA10 (PDB 4ALC) displays trigonal geometry in 
the Cu2+ resting state. 
 

2.1.3.4 Mechanism of LPMOs 

 
The LPMO active site is responsible for the oxidative cleavage of the glycosidic bond by 

hydroxylation of the C1 or C4 carbon and the overall reaction can be summarized as follows: 
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R-H + O2 + 2e- + 2H+ → R-OH + H2O  

During catalysis oxygen is inserted at the C1 or C4 position which destabilizes the glycosidic bond 

and results in bond breakage via an elimination reaction (Figure 2.6) 54,103. Hydroxylation of the C1 position 

results in formation of a lactone which is in equilibrium with a reducing-end aldonic acid species via a 

hydration equilibrium 104. Hydroxylation of the C4 position results in formation of a 4-ketoaldose which 

hydrates to form a gemdiol with which it is in equilibrium.  

 

 
 
Figure 2.6 Overview of the oxidative reaction catalyzed by LPMOs. LPMOs oxidize either the C1 or C4 
of the glycosidic bond which results in polysaccharide substrate chain cleavage. C1 oxidation results in the 
formation of a lactone which is hydrates to form a reducing-end aldonic acid. C4 oxidation results in 
formation of a ketoaldose which hydrates to form a gem-diol. 
 

Given that LPMOs are responsible for the hydroxylation of the C1 or C4 carbon, but that the 

resulting bond breakage can be considered spontaneous, it has been reasoned that LPMOs are therefore not 

inherently “lytic” and should be classified solely as polysaccharide monooxygenases (PMOs) 54. 

 

The LPMO reaction mechanism is initiated by single electron reduction of the Cu2+ center to Cu1+, 

with this reduced form designated as the activated state 54,98,103. Copper center reduction additionally 
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increases the affinity for the polysaccharide substrate and it has been shown that O2 binding to Cu1+ is 

thermoneutral 105–108. Oxygen subsequently binds to the reduced LPMO and is reduced to a superoxo species 

via an inner sphere pathway resulting in a superoxide Cu2+-(O2
•-) complex as has been demonstrated by 

DFT calculations informed by (EXAFS), X-ray Absorption Near Edge Spectroscopy (XANES) and DTF 

studies on T. aurantiacus TaLPMO9A by Kjaegaard et al. 101. Structural studies have sought to characterize 

the copper-oxygen adduct with Li et al. proposing that oxygen coordinates in the copper axial position with 

end-on positioning in early studies of Neurospora crassa NcLPMO9D and NcLPMO9M 98. The LPMO9D 

structure indicated a oxygen species with an unusually short O-O bond length of 1.16 Å and a Cu-O distance 

of ~2.94 Å, while the LPMO9M structure indicated a peroxide species with a O-O bond length of 1.49 Å 

and a Cu-O distance of 3.44 Å. Both Cu-O bond lengths are longer than the coordination length observed 

in copper complexes, even when the Jahn-Teller bond length distortion is taken into consideration 109. This 

may indicate that the observed oxygen species and their coordination was a result of radiation-damage 

induced artefacts. A further X-ray crystallographic study on an ascorbate reduced NcLPMO9D by O’Dell 

et al. indicated the presence of a peroxo species with a O-O bond length of 1.44 Å in the equatorial plane 

with side-on positioning 110. An X-ray and neutron diffraction study on Jonesia denitrificans JdLPMO10A 

by Bacik et al. indicated an oxygen species in the equatorial plane 111. The X-ray structure contained two 

molecules in the asymmetric unit, with Molecule A showing a peroxo species with side-on coordination 

and Molecule B a peroxo species with a O-O distance of 1.5 Å and end-on coordination, both in the 

equatorial plane. The neutron structure indicated an end-on equatorial dioxygen species, however resolution 

did not permit a chemical assignment. Caldararu et al. later re-refined the data, using the neutron and X-

ray data to perform a joint refinement 112. Analysis of a joint quantum refinement led the authors to conclude 

that the Molecule A dioxygen was in an end-on position and QM/MM calculation suggested that it may be 

a superoxo species. Ambiguity of the identity and coordination of the dioxygen species remains however, 

given the weak nuclear density and the discrepancy of binding modes. In addition to Kjaegaard et al., 

QM/MM calculations by Hedegård and Ryde also indicated an equatorial Cu2+-(O2
•-) with  

end-on geometry 113,114. Studies performed using artificial copper complexes have also provided support for 
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the formation of a superoxide species following oxygen binding to the Cu1+ active site with end-on 

coordination 115,116.  

2.1.3.5 H2O2 as the LPMO co-substrate 

 
In addition to utilizing oxygen as a co-substrate, it has been found that LPMOs possess 

peroxygenase activity with H2O2 as the co-substrate 117. Studies on the bacterial Streptomyces coelicolor 

ScLPMO10C by Bissaro et al. showed that addition of H2O2 results in much higher catalytic rates and 

labelled oxygen atoms in conjunction with mass spectrometry indicated that H2O2 was the preferred co-

substrate 117. Furthermore, it was found that reducing equivalents are not consumed in stoichiometric 

amounts during the catalytic cycle, suggesting that the copper reduction occurs once to “prime” the LPMO 

after which the LPMO remains in this reduced active state for several rounds of catalysis. If H2O2 is the 

primary co-substrate of LPMO, this would result in a “streamlined” catalytic pathway, since following the 

initial priming reduction, further supply of electrons and protons is not necessary. The identity of the co-

substrate remains debated, however, with Hangasky et al. having performed analysis of O2 and H2O2 

reactivity 118. Kinetic assays and high-resolution mass spectrometry analysis on the fungal 

Thermothelomyces thermophila MtPMO9E (formerly Myceliophthora thermophila) indicated that while 

both O2 and H2O2 are co-substrates, reactions with H2O2 results in non-specific oxidation of the 

polysaccharide substrate, while reactions with O2 was regioselective for the C4 carbon of the glycosidic 

bond of the polysaccharide substrate. Hangasky et al. posited that under low substrate conditions, when 

many LPMO active sites remain unbound, off-pathway reactions result in H2O2 formation which can 

outcompete O2. When LPMO is saturated with substrate, however, O2 is the principal co-substrate. A recent 

study by Hedison et al. also found that H2O2 is an efficient co-substrate with spectroscopic electron 

paramagnetic resonance (EPR) studies showing that following an initial priming reduction, copper remains 

in a Cu1+ state for several catalytic cycles 119. Given these findings, it is clear that both O2 and H2O2 can act 

as the co-substrate, however the LPMO research community remains divided about which is the main co-

substrate during catalysis 120.  
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2.1.4 Proposed hydrogen atom abstraction (HAA) species 
 

During LPMO catalysis, it is necessary for an H atom to be abstracted from the C1 or C4 carbon to 

be hydroxylated in the glycosidic bond 121. This step presents a significant energy barrier since the bond 

dissociation energy (BDE) of the glycosidic C-H bond is approximately 100 kcal mol-1 122,123. Intensive 

research has been dedicated to the identification of this oxidizing species responsible for hydrogen atom 

abstraction (HAA), although currently most of these studies span synthetic complexes and computational 

analysis since it has thus far not been possible to trap the HAA intermediate and characterize it 

spectroscopically or structurally 124. The unique configuration of the histidine brace plays a central role in 

the LPMO mechanism, facilitating the formation and stabilization of reaction intermediates 125. 

Furthermore, second shell residues may play an important role in regulation of catalysis and intermediate 

formation 114,126,127. Potential species for HAA include superoxo, hydroperoxo and oxyl intermediates, 

which will be discussed further below. 

2.1.4.1 Superoxo Cu2+-(O2
•-) 

 
The Cu2+-(O2

•-) superoxo species was established as a reaction intermediate in the LPMO 

mechanism following spectroscopic and DFT studies by Kjaergaard et al. 101. They showed that the 

superoxo species is formed by single electron reduction of O2 by Cu1+ to form a radical species O2
•-. 

Additionally, studies on synthetic cupric superoxo complexes suggested a role of the superoxo intermediate 

in C-H bond activation 128. While these synthetic studies indicated that it is energetically feasible for the 

superoxo species to abstract hydrogen from the substrate C-H bond, the C-H bonds studied were 

considerably weaker than those of the LPMO polysaccharide substrate at ~72 kcal mol-1 129. In a 

computational study of the Thermoascus aurantiacus TaAA9A structure, Kim et al. studied a limited active 

site composed of the histidine brace, the axial tyrosine, the second shell residues glutamine and histidine, 

three crystallographic waters and a truncated disaccharide substrate 130. It was found that HAA by the 

superoxo species is less favorable when compared to HAA by a Cu2+-(O•) oxyl species. It must be noted 

however, that these calculations were performed with the assumption that oxygen binds in the axial position, 
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which is not experimentally supported since X-ray crystallographic, spectroscopic and DFT studies have 

found that oxygen binds to the copper active site in the equatorial position 110. 

2.1.4.3 Hydroperoxo Cu2+-(OOH) or Cu3+-(OOH) 

 
The Cu2+-(OOH) hydroperoxo species is formed by the addition of one electron and one proton to 

the Cu2+-(O2
•-) superoxo species 131. This Cu2+-(OOH) species has been shown be stabilized by hydrogen 

bond interactions in a synthetic copper protein with a histidine-like brace 132. In a study of the potential of 

a hydroperoxo species to performed HAA, Trammell et al. used as synthetic Cu2+-(OOR) complex as a 

model for monooxygenase activity 133. It was found that following homolytic cleavage, a generated RO• 

radical performs HAA and subsequent hydroxylation via a radical rebound mechanism. Alternatively, a 

Cu3+-(OOH) species can be formed by protonation of the Cu2+-(O2
•-) superoxo species. This Cu3+-(OOH) 

species has been shown to be responsible for substrate HAA in the bicopper peptidylglycine α-

hydroxylating monooxygenase (PHM) and it is postulated that LPMOs may follow a similar mechanism 

134. The Cu3+-(OOH) species can also be formed by reaction of Cu2+ with H2O2 to form Cu3+-OH species 

that reacts with H2O2 to form an OOH radical which can perform HAA as shown by Garcia-Bosch et al. 

using a synthetic copper complex 135. During such catalysis, it can be presumed that a Cu3+-(OOH) 

intermediate is formed.  

2.1.4.4 Hydroxyl Cu3+-(OH)  

 
It is also feasible that HAA occurs following cleavage of the O-O bond 124. A model complex of 

the Cu3+-(OH) hydroxide species with a copper ion coordinated to three nitrogen atoms in T-shaped 

geometry was used to study C-H bond activation 136. The Cu3+-(OH) species was found to have high rates 

of HAA from phenols and dihydroanthracene, making it a candidate as an intermediate in LPMO catalysis. 

A hydroxide intermediate has been suggested to be involved in C-H bond activation in particulate methane 

monooxygenases (pMMO) 137. However these were recently shown to be mononuclear copper enzymes, 

with a single copper responsible for methane oxidation, in contrast to the binuclear copper site that was 

previously used for mechanistic model studies 138. It has been postulated that a ligand is necessary to 
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stabilize the high oxidation state of the Cu3+-(OH) species and assist in driving HAA 139. An observed 

deprotonated coordinating N-terminal nitrogen of the histidine brace in a study by Bacik et al. has been put 

forward as evidence of such a strong electron donating ligand, however subsequent re-refinement of that 

data using a joint quantum refinement approach did not support the deprotonated nature of the N-terminus 

112,140. A further case against the Cu3+-(OH) intermediate as the HAA species, lies in the fact that following 

HAA a Cu2+-(OH2) species would result which is incapable of undergoing a rebound reaction to form the 

hydroxylated product 125.  

2.1.4.5 Oxyl Cu2+-(O•) and oxo Cu3+-(O) 

 
Early mass spectrometric studies coupled with computational analysis were used to show that a 

Cu2+-(O•) oxyl species can be used for C-H bond activation 141–143. In their DFT study of TaAA9A, Kim et 

al. also investigated whether the formation of a Cu2+-(O•) oxyl radical could perform substrate HAA 130. 

Their calculations led them to put forward the mechanism that the Cu2+-(O•) species is responsible for HAA 

from the substrate, and hydroxylation subsequently occurs via a rebound mechanism. Although this 

mechanism was energetically favorable, the axial placement of the oxyl species was not supported by 

additional structural studies 110. Hedegård and Ryde confirmed that the O-O bond is broken before HAA in 

a QM/MM study of LsAA9A with a truncated polysaccharide substrate bound 123. The bond dissociation 

energy for the Cu2+-(O•) was found to be -25 kJ mol-1, while the Cu3+-(O) species displayed a bond 

dissociation energy of -34 kJ mol-1, making both these intermediates candidates for HAA. The Cu2+-(O2
•-), 

Cu2+-(OOH) and Cu3+-(OH) intermediates were all shown to have endothermic bond dissociation energies, 

making them less feasible as HAA species. A late follow-up study by Hedegård and Ryde on the same 

substrate bound LsAA9A, confirmed that following Cu2+ reduction to Cu1+, oxygen binds and is reduced to 

the Cu2+-(O2
•-) superoxo species 114. This complex is protonated by a second-shell histidine and further 

electron reduction results in O-O bond cleavage and formation of a Cu2+-(O•) oxyl intermediate, the most 

energetically favorable candidate for HAA. A tour de force study by Bertini et al. used QM/MM to evaluate 

the energetics of NcLPMO9M bound to a celloheptaose oligosaccharide to mimic substrate binding 144. 



   

120 
 

They concluded that the most energetically feasible mechanism is formation of Cu2+-(OOH), followed by 

one electron reduction and loss of water to form the Cu2+-(O•) species that performs HAA with the 

hydroxylated product formed by a rebound mechanism.  

2.1.4.6 Oxyl Cu2+-(O•) derived from H2O2 

 
The Cu2+-(O•) oxyl intermediate has also been shown to be a probable HAA in the H2O2-dependent 

pathway demonstrated by Bissaro et al.117. It was proposed from these findings that the most likely pathway 

would involve elimination of a water molecule to form a Cu2+-(O•) oxyl that would perform HAA 

abstraction and form the hydroxylated product through a rebound mechanism. The utilization of H2O2 to 

form a Cu2+-(O•) oxyl was additionally confirmed by the QM/MM studies of Bertini et al. and Hedegård 

and Ryde who found that either a Cu2+-(O•) oxyl or Cu3+-(OH) hydroxide species can be formed from H2O2 

and perform HAA 114,144. Wang et al. sought to address the H2O2 catalytic mechanism and performed 

QM/MM studies on LsAA9A bound to a trisaccharide substrate 145. Wang et al. proposed that one electron 

reduction of H2O2 by Cu1+ results in O-O bond breakage to form Cu2+-(OH) and OH•. This reactive OH• 

radical abstracts a hydrogen from the Cu2+-(OH) resulting in formation of a Cu2+-(O•) oxyl that is 

responsible for HAA. The proposed formation of a OH• follows a Fenton-like mechanism, in which H2O2 

reacts with a reduced metal to form a free hydroxyl radical 146. While the OH• radical is thought to be highly 

reactive an result in non-specific reactions, it has been observed in lignocellulose degradation by brown-rot 

fungi 147,148. To this end, Wang et al. argue that the hydrogen bonding interactions at the active site may 

function to stabilize the OH• radical, preventing off-pathway reactions. A later QM/MM study by Wang et 

al. also found that the Cu2+-(O•) oxyl functions as the HAA species, even when O2 is the co-substrate 149. 

During O2 activation, Wang et al. propose that the Cu2+-(O2
•-) superoxo species formed after O2 reduction 

by Cu1+ abstracts a hydrogen atom from the ascorbate reductant to form Cu2+-(OOH-). This Cu2+-(OOH-) 

is protonated on its proximal oxygen atom which is followed or coupled to a single electron reduction to 

form Cu1+-(H2O2) which proceeds through the Fenton-like mechanism proposed for H2O2. The authors 

conclude that this rationalizes the observation that LPMO can utilize both O2 and H2O2 as their co-substrate. 
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This further explains the formation of H2O2 in the absence of substrate, since the formed H2O2 is not 

barricaded in the active site where it can form the reactive oxyl species but diffuses into the bulk-solvent 

leading to reaction uncoupling.  

2.1.5 Electron donors 

 
In order for O2 to be activated at the copper active site for LPMO catalysis, it is necessary for the 

resting state Cu2+ active site be reduced to Cu1+ 52,103. The reduction potential of LPMOAA9 is in the range 

of 150 – 330 mV 96, while that of AA10 is 220 – 370 mV at pH 6 when compared to a standard hydrogen 

electrode 97. The catalytic performance of LPMO can be correlated to the reduction potential of the 

reductants as shown by Kracher et al. using a range of small molecules as well as reductases and 

dehydrogenases 150. It was further found that pH can be used to modify the reduction potential of reductants, 

in this case ascorbic acid and 3-methylcatechol 151.  

2.1.5.1 Small molecule electron donors 

 
Numerous small molecules can function to reduce LPMO, including ascorbic acid and glutathione 

shown in the early characterization studies by Vaaje-Kolstad on SmLPMO10A 52. Further small molecules 

include gallic acid, hydroquinone and catechin 152, however it has been demonstrated that reducing agents 

are not universally effective and many LPMOs display preference for certain reducing agents 153. Lignin 

and lignin derived compounds, which are present in biomass feedstocks, can also act as reductants 154. 

Lignin present as a high molecular weight polymer can further function as a “reservoir” of electrons driving 

catalysis in synergy with LPMO action 155. 

2.1.5.2 Cellobiose dehydrogenase (CDH) 

 
In addition to reduction by small molecules, LPMO is reduced by several enzymatic electron donors 

124. Cellobiose dehydrogenase (CDH) has been the most extensively characterized 54,150,156. CDH enzymes 

are classified as flavocytochromes that possess a heme-b binding cytochrome domain (CYT) which is 

connected to a flavin adenine dinucleotide (FAD)-binding dehydrogenase (DH) domain through a flexible 

linker region 157. CDHs can be divided into various subclasses depending on their structural organization 
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and organism of origin 158. Class I CDHs are found in basidiomycetes and Class II is found in ascomycetes 

with Class IIA containing a carbohydrate-binding module (CBM) which is absent in Class IIB 159. The DH 

domain is responsible for the oxidation of cellobiose and other oligosaccharides resulting in two electron 

reduction of the FAD cofactor 160. These electrons are transferred to the CYT domain by sequential 

interdomain electron transfer, after which the electrons are transferred to an electron acceptor 161,162. In 

addition to LPMO acting as the electron acceptor of CDH, CDH can also reduce O2, resulting in the 

formation of H2O2 163,164. The formation of H2O2 has led to the proposal that the catalytic role of CDH in 

cellulose degradation is to generate H2O2 for LPMO catalysis, however, the kinetic studies have shown that 

CDH is more efficient at reducing the LPMO copper active site than O2 150,165,166. NMR and docking studies 

have suggested that CDH interacts with LPMO through direct contact with the copper active site 160,161. The 

direct interaction of CDH with the LPMO active site required for catalysis in the O2-dependent mechanism 

does not address the impediment that bound substrate presents, since the substrate would block access to 

the active site for reduction by CDH 121,167. To circumvent this steric obstacle, the active site tyrosine residue 

has been proposed to play a role in catalysis, acting as an electron source and forming a radical species 

quenched by a second electron donation from CDH following substrate hydroxylation and release 127. 

Electron transfer from CDH, or indeed small molecules, may proceed via long range electron transfer along 

LPMO surface aromatic residues 98,121,155,168. A very recent study by Wang et al. using QM/MM as well as 

MD, showed that electron transfer can proceed along the heme propionates of the CYT domain and a 

network of water molecules and is enhanced by the presence of O2 at the copper active site 169. 

2.1.5.3 Pyrroloquinoline quinone (PQQ)-dependent pyranose dehydrogenase (PDH) 

 
The pyrroloquinoline quinone (PQQ)-dependent pyranose dehydrogenase (PDH) present in 

Coprinopsis cinerea, CcPDH, can also reduce LPMOs from the AA9 family 170. The PDH structure is 

composed of a CBM domain, a PQQ-dependent dehydrogenase domain and a CYT domain 171. PDH has 

been shown to oxidize D-glucosone, L-fucose and certain pyranoses.  
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2.1.5.4 Glucose-methanol choline (GMC) Oxidases and Polyphenol Oxidases 

 
Glucose-methanol-choline (GMC) oxidoreductases can reduce LPMO via a plant derived diphenol 

intermediate 150. The single-domain flavoenzymes glucose dehydrogenase (GDH) and aryl-alcohol quinone 

oxidoreductase (AAQO) may also function as compatible electron donors to LPMO 172. LPMOs catalysis 

can also be driven by reducing equivalents derived from the action of polyphenol oxidases that convert 

lignin-derived monophenols into diphenols 173. These diphenols were shown to be efficient electron donors 

of Myceliophthora thermophila MtLPMO9B.  

2.1.5.5 Light-driven reduction 

 
Cannella et al. showed that LPMOs can be reduced by photosynthetic pigments such as 

chlorophyllin 174,175. It was found that the combination of these pigments with reducing agents such as 

ascorbic acid and light greatly improved catalytic efficiency. This finding has been put into question since 

it may be he generation of H2O2 that is driving the reaction as opposed to direct donation of electrons from 

the photosynthetic pigment 117,176.  

2.1.6 Structural studies on oxygen activation in Neurospora crassa LPMO9D  
 

The AA9 family of LPMOs is particularly abundant, currently containing 32 characterized enzymes 

and 16 solved structures according to the CAZy database 177. Neurospora crassa is a well-characterized 

filamentous fungus whose growth on dead plant matter has made it an ideal candidate for cellulose 

degradation applications 178,179. In addition to secreting numerous cellulases, N. crassa encodes 14 LPMO 

genes from the AA9 family and one from the AA13 family 180. Nine of the N. crassa LPMOs have been 

characterized, namely the C1-oxidizing NcLPMO9E, NcLPMO9F, NcLPMO9G and NCU02344; C4-

oxidizing NcLPMO9A, NcLPMO9C and NcLPMO9D; mixed C1/C4-oxidizing NcLPMO9B and 

NcLPMO9M 72,99,181. The cellulose regiospecificity of AA9 cellulose glycosidic bond carbon oxygen 

insertion can be categorized into four classes: Type 1 oxidized C1; Type 2 oxidizes C4; Type 3 oxidizes 

C1 or C4 and Type 3* represents a subgroup with structural differences from Type 3 that oxidizes C1 181. 
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The studies described in this chapter center on NcLPMO9D and the structural studies that have been 

performed to elucidate the LPMO mechanism.  

 

The structure of NcLPMO9D (initially designated PMO-2) was first elucidated by Li et al. with the 

determination of a 1.10 Å X-ray structure (PDB 4EIR) 98. The structure revealed a characteristic histidine 

brace composed of the N-terminal histidine and His84 with an axially coordinated Tyr168. The 

NcLPMO9D active site was present in a planar surface substrate binding region with aromatic residues 

Tyr25 and Tyr206 postulated to be involved in polysaccharide substrate interactions. The Asn60 residue 

displayed N-linked glycosylation with two N-acetylglucosamine residues present in the deposited X-ray 

structure. Due to the fact that this NcLPMO9D was purified from the N. crassa secretome, the N-terminal 

His1 displays methylation on the Nε atom. Interestingly, the structure solved by Li et al. displayed a 

dioxygen species bound in the axial position with a Cu-O distance of 2.94 Å. Given the bond length of 1.16 

Å following unrestrained refinement, this species was designated as a superoxo species weakly coordinated 

to Cu2+, with the proximal oxygen atom at an occupancy of 0.80 and the distal oxygen atom at an occupancy 

of 0.71. The observed Cu-O distance of 2.94 Å is however longer than would be expected for coordination 

to be feasible 109. It can be presumed that the protein underwent X-ray-induced radiation damage during 

data collection, which is known to cause metallocenter reduction, lengthening of metal to ligand bonds and 

formation or loss of ligands 182–185. The presence of an activated dioxygen species, while probably an 

artefact, demonstrated the feasibility of reactive intermediate capture, paving the way for future structural 

studies 121,186. 

 

O’Dell et al. subsequently crystallized NcLPMO9D and collected a X-ray diffraction structure as 

well as a neutron diffraction structure 187. To achieve this, NcLPMO9D was heterologously expressed in a 

glycoengineered strain of Pichia pastoris, which ensured limited glycosylation of two N-acetylglucosamine 

subunits linked to five mannose subunits at the Asn60 position. The reduced glycosylation pattern allowed 

the authors to grow large high-quality crystals following multiple rounds of micro- and macroseeding. 
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Determination of the Cu2+ resting state structure at a resolution of 1. 20 Å revealed a copper coordinated in 

the histidine brace composed of His1 and His84, with an axial Tyr168 110. In contrast to Li et al., the Nε 

atom of His1 was not methylated since expression was performed heterologously in yeast 87,96,98. The copper 

was additionally coordinated to two water molecules in the axial and equatorial position as expected for 

LPMO AA9 Cu2+ coordination geometry 84. O’Dell et al. additionally observed an O2 molecule in a “pre-

binding” position in a pocket delimited by the residues His157 and Gln166 which are conserved in LPMOs 

in the AA9 family 110.  

 

Following reduction of the Cu2+ site to Cu1+ using the small molecule ascorbate, the NcLPMO9D 

was flash-frozen and a 1.20 Å X-ray crystal structure solved. This structure revealed an activated dioxygen 

species present in the copper equatorial plane with end-on geometry, which agrees with experimental and 

computational findings (Figure 2.7) 101,113,114,123. The activated dioxygen species had an O-O bond length 

of 1.44 ± 0.06 Å and a Cu-O bond length of 1.90 ± 0.05 Å, which did not permit definitive discrimination 

between the superoxo or peroxo species. 

 

 
 

Figure 2.7 The active site of the ascorbate-reduced NcLPMO9D (PDB 5TKH). Copper reduction of the 
LPMO9D crystals resulted in the binding of of molecular oxygen at the equatorial plane and activation to 
a superoxo/peroxo species. 2Fo-Fc density (σ = 1.00) and Fo-Fc density (σ = 3.00) is displayed as blue and 
green mesh, respectively. 
 

A 2.12 Å room-temperature neutron diffraction structure was also collected on a large high-quality 

crystal in the Cu2+ resting state. This structure was solved using joint refinement with a 1.50 Å X-ray 
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diffraction dataset collected on the same crystal. Analysis of the neutron scattering length density maps 

(NSLD) of the neutron protein structure permitted identification of the protonation states and hydrogen 

bond interactions of active site and second-shell residues (Figure 2.8). In particular, the authors noted that 

the His157 residue, which forms part of the O2 pre-binding pocket, was singly Nε-protonated.  

 

 
 

Figure 2.8 Neutron structure of the resting state active site of NcLPMO9D (PDB 5TKI). The second-shell 
His157 is neutral in the Cu2+ resting state. 2Fo-Fc NSLD map (σ = 1.50) is displayed as purple mesh; H and 
D atoms displayed in white and turquoise respectively. 
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2.1.7 Aim of research 
 

It stands to reason that since the optimal pH for cellulase function 148,188,189, along which LPMOs 

perform catalysis in a synergistic manner, is acidic, it could be expected that this His157 may be doubly 

Nε- and Nδ-protonated and positively charged. It was postulated that double protonation of His157 may 

make pre-binding of O2 for catalysis more likely. DFT calculations of the limited active site including 

His157 and Gln166 indeed showed that double His157 protonation makes oxygen pre-binding 

thermodynamically favorable with ΔG = -17.2 kcal mol-1, in comparison to a ΔG = -1.1 kcal mol-1. These 

structural studies on NcLPMO9D lay the groundwork for the examination of oxygen activation and 

protonation states described herein. Using structural interrogation of the NcLPMO9D active site and 

second-shell residues, we aim to further characterize the reaction intermediates and mechanism of 

LPMO9D.  
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2.2 Preliminary results on neutron and X-ray diffraction data collection of a lytic 

polysaccharide monooxygenase under reduced and acidic conditions 

The following work was reprinted with permission from: Schröder, G. C., O’Dell, W. B., Swartz, 

P. D. & Meilleur, F. Preliminary results of neutron and X-ray diffraction data collection on a lytic 

polysaccharide monooxygenase under reduced and acidic conditions. Acta Crystallogr. Sect. F Struct. Biol. 

Commun. 77, 128–133 (2021). 

2.2.1 Synopsis 
 

Neutron diffraction data collection of Neurospora crassa LPMO9D under ascorbate-reduced 

conditions at cryo-temperature and at low-pH conditions at room temperature are presented here. 

2.2.2 Abstract 
 

Lytic polysaccharide monooxygenases (LPMOs) are copper-center enzymes involved in the 

oxidative cleavage of the glycosidic bond in crystalline cellulose and other polysaccharides. The LPMO 

reaction is initiated by the addition of a reductant and oxygen to ultimately form an unknown activated 

copper–oxygen species responsible for polysaccharide substrate hydrogen atom abstraction. Given the 

sensitivity of metalloproteins to radiation damage, neutron protein crystallography provides a non-

destructive technique for structural characterization while also informing on the position of hydrogen 

atoms. Neutron cryo-crystallography permits trapping of catalytic intermediates, thereby providing insight 

into protonation states and chemical nature of otherwise short-lived species in the reaction mechanism. To 

characterize the reaction mechanism intermediates of LPMO9D from Neurospora crassa, a cryo-neutron 

diffraction dataset was collected on an ascorbate-reduced crystal. A second neutron diffraction dataset was 

collected at room temperature on a LPMO9D crystal exposed to low pH conditions to probe the protonation 

states of ionizable groups involved in catalysis under acidic conditions. 
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2.2.3 Keywords 
 

Lytic polysaccharide monooxygenases; Neurospora crassa, neutron protein crystallography; 

reduction; protonation; enzymatic mechanism. 

2.2.4 Introduction 
 

Fungi and bacteria employ a number of enzymes functioning in concert to unlock the energetic 

potential of lignocellulose for their cellular functions 1,2. This enzymatic conversion of biomass is valuable 

for the generation of biofuels. Several commercial cocktails composed of glycoside hydrolases have been 

commercially employed 3,4. However, the inherent recalcitrance of lignocellulose, particularly its crystalline 

cellulose content, is known to limit the yields of solubilized sugar. This hurdle has been alleviated by 

addition of lytic polysaccharide monooxygenases (LPMOs) that assist in the oxidative polysaccharide 

cleavage 5,6. LPMOs are a class of copper-dependent enzymes involved in the oxidative cleavage of 

cellulose at the glycosidic bond, thereby disrupting crystalline cellulose and increasing its accessibility to 

cellulases for hydrolytic depolymerization 7,8. The structure of LPMOs is characterized by an active site 

located at the planar enzyme–cellulose binding surface and a copper(II) ion coordinated by two conserved 

histidine residues shown in Figure 2.9 9. Within this “histidine-brace” (Figure 2.9 B) the copper is 

coordinated by three nitrogen atoms in the equatorial plane: two from the N-terminal histidine amino group 

and imidazole ring and one from a second histidine imidazole ring 9,10. LPMOs perform glycosidic bond 

cleavage of the polysaccharide substrate by hydroxylation of a glycosidic carbon at the C1 or C4 position 

11. In the O2-dependent pathway, the reaction is initiated by a single electron reduction of the copper(II) 

center to copper(I), after which molecular dioxygen spontaneously binds and is reduced to the superoxide 

species 12. The reaction mechanism of LPMO requires further reduction and protonation to complete the 

mechanism; however the nature of the intermediates and oxidizing species responsible for hydroxylation 

are an ongoing area of investigation 13. Central to the characterization of the mechanism is the chemical 

nature of the hydrogen atom abstracting (HAA) species responsible for abstraction of the hydrogen atom 

from the substrate. Potential candidates include superoxide 8,10,14, oxyl (15–19, and hydroxy 20 and 

hydroperoxy 21 species. Several computational studies have interrogated the LPMO mechanism with 
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quantum mechanical calculations 12,16,18,22–25; however structural data to validate these results are still 

needed. The majority of LPMO crystallographic studies are of the resting state 26, with a limited number of 

oxygen- 27,28 or substrate-bound 29–31 structures.  

 

We previously determined the X-ray structure of substrate-free Neurospora crassa LPMO9D in its 

reduced form bound to an activated dioxygen intermediate 27. This structure has provided insight onto the 

initial stages of oxygen activation directly following copper reduction. The activated dioxygen intermediate 

was present in the equatorial copper coordination site with end-on geometry as had been previously 

proposed for LPMO and other mononuclear copper enzymes and synthetic complexes 12,32,33. However, 

given the limitations of X-ray crystallography for revealing the position of light atoms such as hydrogen, 

the exact chemical identity and protonation state of the activated dioxygen species remains to be 

determined. Neutron protein crystallography represents an effective technique to determine the protonation 

state and orientation of critical active site residues and water molecules, thereby providing insight into the 

underlying protein chemistry 34–36. It is also a non-destructive technique, particularly suited to 

metalloproteins sensitive to photoreduction 37. To further characterize the chemical nature of the copper-

bound, activated dioxygen species and protonation states at the LPMO copper active site, we sought to 

employ neutron diffraction to solve the full-atom structure of a cryogenically trapped intermediate 

following LPMO9D reduction. Neutron cryo-crystallography has seen a rise in implementation since, 

similar to X-ray cryo-crystallography, it allows short-lived reaction intermediates to be captured, providing 

information on their chemical identity 38. Since LPMOs oxidatively degrade lignocellulose alongside 

cellulases which display optimum activity in acidic conditions (pH 3.5 – pH 5.5), we additionally measured 

neutron diffraction from LPMO9D under relevant acidic conditions 4,39,40. Our previous neutron 

crystallography findings of LPMO9D suggest that the protonation of second-shell His157 may influence 

oxygen pre-binding to the active site 27, and we sought to further characterize the protonation state of this 

ionizable group as well as the hydrogen bond interactions of the conserved nearby Gln166 at acidic 

conditions. 
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Figure 2.9 The structure of the LPMO active site (PDB code 5TKH; O’Dell, Agarwal et al., 2017). (A) 
Cartoon model of the LPMO structure with the copper active site situated on the surface for interaction with 
the planar cellulose substrate. Conserved second shell residues His157 and Gln166 are displayed. (B) 
“Histidine-brace” active site of LPMO9D from Neurospora crassa composed of a central copper, two 
planar histidine residues and an axial tyrosine. 

 
Reported here are two neutron crystallography datasets of N. crassa LPMO9D under reduced and 

acidic conditions collected on the Macromolecular Neutron Diffractometer (MaNDi) at the Spallation 

Neutron Source (SNS) at Oak Ridge National Laboratory 41. Cryo-neutron diffraction data collection of an 

ascorbate reduced LPMO9D crystal was performed to trap the activated dioxygen intermediate at the 

LPMO9D active site. Room temperature X-ray and neutron diffraction datasets were furthermore collected 

on the LPMO9D resting structure at pH 4.4 (pD 4.8). Determination of the protonation states of the 

intermediates and titratable residues under these conditions will further inform on the oxygen activation 

mechanism of LPMOs, a topic of active investigation. 
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2.2.5 Methods and Materials 
 

2.2.5.1 Protein production and crystallization 

 
A glycoengineered form of LPMO9D from Neurospora crassa with limited mannose glycosylation 

was heterologously expressed in Komagataella phaffii (previously Pichia pastoris) and crystallized as 

previously reported 42. In summary, crystals of LPMO9D with sufficient size for neutron protein diffraction 

were grown by vapor diffusion over two months in 750 µL sitting drops in 9-well glass plates with a 25 mL 

reservoir (Hampton Research). The reservoir buffer was composed of 22%(w/v) PEG 3350 and 100 mM 

HEPES pH 6.0. A crystal measuring ~ 1500 µm x 900 µm was mounted in a thin-walled quartz capillary 

(Hampton Research) with a deuterated reservoir buffer plug to achieve vapor exchange of titratable residues 

and the crystal solvent from H to D. 

2.2.5.2 Data Collection 

 
Initial white beam neutron diffraction tests (Figure 2.10 A) were performed on the IMAGINE 

beamline at the High Flux Isotope Reactor (HFIR) 43. Test frames clearly displayed the superposition of 

two distinct diffraction patterns, both extending to high resolution indicating that the crystal had cracked 

during capillary mounting (Figure 2.11 A). Microscopic examination of the crystal revealed a very fine 

hairline fracture. The crystal was then split in two along this apparent faultline, and each piece was mounted 

separately (Figure 2.11 B and 2.11 C). 
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Figure 2.10 Neutron diffraction images of LPMO9D. (A) Test Laue neutron diffraction pattern of the 
LPMO9D crystal on IMAGINE at HFIR displaying superposition of two distinct diffraction patterns. (B) 
Quasi-Laue Neutron diffraction pattern of the low pH room temperature dataset at MaNDi at SNS following 
manual crystal separation and mounting.  

 
To reduce the resting state copper(II) to copper(I) the crystal was soaked for two hours in deuterated 

buffer containing 100 mM HEPES pD 6.0 (pH 5.6), 25%(w/v) PEG 3350 and 100mM ascorbic acid pD 6.0 

(pH 5.6). The crystal was subsequently flash-cooled in liquid nitrogen using a cryoprotectant composed of 

the deuterated soaking buffer supplemented with 25%(v/v) glycerol. Neutron time-of-flight diffraction data 

was collected at 100 K on the MaNDi instrument at the SNS 44. An incident neutron wavelength of 2 – 4 Å 

was used with a Dj of 10° between frames. A total of 14 diffraction images were collected with an average 

exposure of 18 hours. 

 

Low pH LPMO9D conditions were achieved in the second crystal via vapor exchange of the quartz 

capillary mounted crystal in three stages. The deuterated buffer plug was initially composed of 22%(w/v) 



   

143 
 

PEG 3350 and 100 mM sodium acetate pD 5.6 (pH 5.2) and exchange proceeded for three days. The acetate 

component of the deuterated buffer plug was then decreased to pD 5.2 (pH 4.8) for six days and finally pD 

4.8 (pH 4.2) for 16 days. Neutron diffraction data were collected on MaNDi (Figure 2.10 B) at 298 K with 

an incident neutron wavelength of 2 – 4 Å and 15 diffraction images with an average exposure of 30 hours 

and a Dj of 10° between frames was used. Following collection of neutron diffraction data, an X-ray dataset 

was collected on the same crystal at 298 K on a home-source X-ray diffractometer. Additionally, small-

size LPMO9D crystals were directly soaked in a low pH buffer for X-ray diffraction data collection. The 

crystals were harvested and incubated in buffer composed of 22%(w/v) PEG 3350 and 100 mM sodium 

acetate of which the pH was sequentially lowered to pH 5.6, pH 5.2 and finally pH 4.8 with a 10 minute 

incubation at each step. These low pH crystals were flash-cooled in liquid nitrogen with the pH 4.8 acidic 

buffer containing 25%(v/v) glycerol as cryoprotectant. 

 

 
 

Figure 2.11 LPMO9D crystal for data collection. (A) The original large LPMO9D crystal contained a small 
hairline fracture which affected diffraction quality. This fracture was used to separate the crystal int two 
pieces as shown (B) An individually mounted half of the larger LPMO crystal in a 1.5 mm quartz capillary 
used to collect cryo-data of the ascorbate reduced form. (C) The second half of the original LPMO9D 
crystal in a 1.0 mm quartz capillary used to collect data under low pH conditions.  

 
Both neutron datasets were reduced using the Mantid package 45, integrated using three dimensional 

profile fitting 46 with LAUENORM from the LAUEGEN suite being used for wavelength normalization 47,48. 
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The X-ray data were indexed, integrated using CrysAlis PRO (Rigaku, Woodlands, Texas, USA) and scaled 

and merged with AIMLESS in the CCP4 suite 49,50.  

2.2.6 Results and Discussion 
 

The unique interactions of neutrons with light elements makes neutron protein crystallography 

sensitive to hydrogen and its isotope deuterium which are often invisible in X-ray diffraction 51. Hydrogen 

atoms are central to enzyme chemistry and intermediate formation, and in order to capitalize on their 

visibility with neutron protein crystallography we collected two datasets of LPMO9D under reduced and 

acidic conditions. The ascorbate reduced LPMO9D neutron structure was collected on MaNDi at the SNS 

at 100 K at a resolution of 2.4 Å (Table 2.2) to probe the protonation state of activated oxygen intermediates. 
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Table 2.2 Data Collection and Processing. 
Values in parentheses are for the outer shell. 
 

 Ascorbate soak 
(neutron) 

Low pH vapor 
(neutron) 

Low pH vapor  
(X-ray) 

Direct soak low pH 
(X-ray) 

Diffraction source BL-11B, MaNDi, 
SNS 

BL-11B, MaNDi, 
SNS 

MicroMax-007 HF, 
Rigaku 

MicroMax-007 HF, 
Rigaku 

Wavelength (Å) 2.0-4.0 2.0-4.0 1.54 1.54 
Temperature (K) 100 Ambient Ambient 100 
Detector SNS Anger Camera SNS Anger Camera Eiger 4M Detector Eiger 4M Detector 
Crystal-to-detector distance 
(mm) 

450 450 77 57 

Rotation range per image (°) 0† 0† 1 0.50 
Total rotation range (°) 140 150 360 n/a‡ 
No. of exposures 14 15 360 1284 
Exposure time per image (s) 64800 108000 2 10 
Space group P 1 21 1 P 1 21 1 P 1 21 1 P 1 21 1 
a, b, c (Å)  67.73, 42.18, 69.76 68.30, 42.27, 70.41 68.30, 42.27, 70.41 67.67, 42.21, 69.72 
α, β, γ (°) 90, 99, 90 90, 98.47, 90 90, 98.47, 90 90, 98.90, 90 
Resolution range (Å) 14.79 - 2.40 

(2.49 - 2.40) 
14.65 - 2.14 
(2.22 - 2.14) 

12.65 - 1.90 
(1.97 - 1.90) 

12.61 - 1.50 
(1.55- 1.50) 

Total No. of reflections 45082 (2985) 75277 (6053) 190116 (11672) 512918 (27801) 
No. of unique reflections 14168 (1300) 18963 (1655) 30950 (2859) 62507 (6159) 
Completeness (%) 91.16 (84.86) 84.65 (74.75) 97.56 (91.75) 99.78 (99.97) 
Redundancy 3.2 (2.3) 4.0 (3.3) 6.1 (4.1) 8.2 (4.5) 
〈 I/σ(I)〉 7.15 (2.28) 10.01 (3.02) 15.24 (4.40) 62.56 (7.14) 
Rmeas 0.2148 (0.3327) 0.1751 (0.3824) 0.1258 (0.3443) 0.1495 (0.3133) 
Rmerge 0.1851 (0.2737) 0.1532 (0.328) 0.1152 (0.299) 0.142 (0.2775) 
CC1/2 0.956 (0.297)  0.97 (0.363)  0.991 (0.88)  0.992 (0.94)  
Overall B factor from 
Wilson plot (Å2) 

31.17 34.32 17.17 11.79 

 
† Still quasi-Laue neutron diffraction images were collected with a 10° j rotation between each frame 
‡Data strategy was optimized to maximize completeness using the CrysAlis strategy routines.  
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Neutron data generally display completeness in the range of 80 – 85% 52, however the data was 

very complete at 91.16% due to the high number of frames collected and the spherical arrangement of the 

of the 44 MaNDi Anger camera detectors. We further collected a 298 K dataset on a LPMO9D crystal in 

which the pH had been decreased via vapor exchange to a resolution of 2.14 Å (Table 2.2). Lowering of 

the pH of a protein crystal by vapor equilibration is most suitable for the large fragile crystals used in 

neutron protein crystallography and has been demonstrated 53,54. An X-ray dataset was collected on the low 

pH vapor exchange crystal at 298 K following neutron diffraction for joint refinement with the neutron data 

to a resolution of 1.90 Å. The completeness of the neutron dataset at low pH was 84.65% while that of the 

X-ray dataset was 97.56%. To verify that the pH of the LPMO9D crystal had been successfully acidified 

by vapor exchange, we performed a direct soak of a separate smaller LPMO9D crystal at pH 4.8 collected 

a 100 K X-ray dataset to verify similarity between the structures (Table 2.2). The X-ray dataset collected 

at cryo-conditions extended to 1.50 Å resolution. 

  

Cryogenic neutron crystallography provides valuable structural and mechanistic insights 38 with 

several recent cryo-studies performed on the MaNDi instrument 55–57. Presented here is the first neutron 

cryogenic dataset of a freeze-trapped active-site intermediate collected on MaNDi at the SNS. We further 

collected a room temperature neutron diffraction dataset under functionally relevant acidic conditions 

following vapor-exchange. Alteration of the in crystallo pH has the potential to provide information on 

protein titratable groups and their underlying function, however a direct buffer soak may result in crystal 

damage. Vapor-exchange therefore represents a gentler technique to modify the protein environment and 

opens the possibility to collect multiple datasets from a single crystal, ensuring consistency across 

experiments and mitigating loss of sample. This work further illustrates that well diffracting protein crystals 

can be salvaged from cracked samples. This is an important consideration since large crystals of sufficient 

size and quality for neutron diffraction are often challenging to obtain. 
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2.3 Neutron cryo-crystallography captures activated dioxygen intermediates at the copper-

active site of a lytic polysaccharide monooxygenase 

G.C. Schröder, W.B. O’Dell, S.P.Webb, P.K. Aggarwal and F. Meilleur 

2.3.1 Abstract 
 

Metalloproteins perform a diverse array of redox-related reactions facilitated by the increased 

chemical functionality afforded by their metallocofactors. Lytic polysaccharide monooxygenases (LPMOs) 

are a class of copper-dependent enzymes that are responsible for the breakdown of recalcitrant 

polysaccharides via oxidative cleavage at the glycosidic bond. The activated copper-oxygen intermediates 

and their mechanism of formation remains to be established. Neutron protein crystallography which permits 

direct visualization of protonation states was used to investigate the initial steps of oxygen activation 

directly following active site copper reduction in Neurospora crassa LPMO9D. Herein, we cryo-trap a 

stabilized activated dioxygen intermediate in a mixture of superoxo and hydroperoxo states, and we identify 

the conserved second coordination shell residue His157 as the proton donor. Density functional theory 

calculations indicate that both active site states are feasible. The hydroperoxo formed is potentially an 

intermediate in the mechanism of hydrogen peroxide formation in the absence of substrate. We establish 

that the N-terminal amino group of the copper coordinating His1 remains doubly protonated directly 

following molecular oxygen reduction by copper, ruling it out as proton donor during early intermediate 

formation. Aided by mining minima free energy calculations we establish His157 conformational flexibility 

in solution that is abolished in the crystal due to the close packing of the two molecules in the asymmetric 

unit. A neutron crystal structure of NcLPMO9D at low pH supports occlusion of the active site which 

prevents protonation due to binding-face to binding-face crystal packing by indicating a neutral His157 at 

these conditions.  
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2.3.2 Introduction 
 

Lytic polysaccharide monooxygenases (LPMOs; also designated PMOs) are copper 

metalloenzymes that perform unique redox chemistry resulting in disruption of polysaccharide chains by 

oxygen atom insertion at the glycosidic bond.1 The LPMO active site contains a mononuclear Cu2+ center 

within a “histidine brace” motif in which the copper is coordinated by the N-terminal histidine amino group, 

the Nd atom of His1 and the Ne atom of a second conserved histidine.2 Of particular commercial and 

biotechnological interest is the ability of fungal LPMOs to catalyze the oxidative cleavage of recalcitrant 

crystalline cellulose at the C1 and/or C4 position, thereby enhancing polysaccharide depolymerization by 

increasing glucan access to hydrolytic enzymes via the overall reaction shown in Scheme 1.3–5  

 

 
 
Scheme 1 Oxidation of the C1/C4 carbon in the glycosidic bond catalyzed by LPMOs with oxygen as the 
co-substrate. H atoms to be abstracted by the reactive oxygen species shown in green.  
 

While H2O2 has also been shown to be a LPMO co-substrate,6 the work presented here focuses on 

the activation of O2. One-electron reduction of the copper active site to Cu1+ and binding of the molecular 

oxygen co-substrate initiates the reaction cycle with the generally accepted formation of a Cu2+ superoxide, 

[Cu-O2]+.3,4,7,8 In the current consensus for the O2-based mechanism, following the rapid reduction of 

molecular dioxygen to the superoxide, the LPMO reaction mechanism requires further delivery of electrons 

and protons to form a reactive oxygen intermediate which oxidizes the polysaccharide substrate.9 The 

identity of the activated oxygen species responsible for hydrogen atom abstraction (HAA) from the 

polysaccharide substrate leading to subsequent substrate oxidation, is however still a matter of ongoing 
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research.10 Intensive studies encompassing X-ray crystallographic, computational and spectroscopic 

examinations of mononuclear copper monooxygenases as well as biomimetic copper complexes have 

proposed dioxygen intermediates such as the superoxide [Cu-O2]+ and hydroperoxo [CuOOH]+ species 

where the O–O bond remains intact.8,11–14 Furthermore, formation of the hydroxide [CuOH]2+ and oxyl 

[CuO]+ intermediates after O–O bond scission, with subsequent involvement in HAA, have been 

proposed.15–23 Formation of a hydroperoxo, hydroxy or oxyl HAA species would require further protonation 

and reduction of the superoxide however the identity of the proton donor is still debated. Several second-

shell residues including histidine (His147 in LsLPMO9A/His 161 in MtPMO3*) as well as Gln 167 in 

MtPMO3* and Glu 201 from JdLPMO10A have been proposed to be involved in intermediate 

protonation.22,24,25 Quantum mechanics/molecular mechanics (QM/MM) calculations have also shown that 

a hydrogen atom could be abstracted by the superoxide species from an exogenous reducing agent such as 

ascorbic acid.26 

 

Neutron protein crystallography is particularly well suited to the determination of protonation states 

within a protein due to the technique’s unique sensitivity to hydrogen atoms and protons often invisible to 

X-ray diffraction.27,28 We report here two neutron models of a carbohydrate-free C4-hydroxylating 

Neurospora crassa LPMO9D: a structure of the activated, ascorbate-reduced form and a structure of the 

resting state at pH 4.4 (pD 4.8) to further address open questions regarding initial molecular oxygen 

activation. The neutron crystallographic structure of the reduced NcLPMO9D shows cryo-capture of 

activated dioxygen at the copper active site modelled as a superoxo and protonated hydroperoxo species 

with a population ratio of 0.30:0.70. The neutron scattering length density maps of the conserved secondary 

coordination shell His157 is best represented as 70% imidazolate and a 30% singly protonated form. The 

copper coordinating N-terminal amino group His1 remains in a doubly protonated ND2 state following 

copper reduction and molecular oxygen activation. Mining minima energy calculations reveal His157 

flexibility in solution which is absent in the crystal structure due to binding-face to binding-face crystal 
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packing. Furthermore, the neutron and X-ray crystal structures of the resting state NcLPMO9D at low pH 

show that His157 remains singly protonated when exposed to acidic conditions. 

2.3.3 Results and discussion 
 
2.3.3.1 Crystallographic features of the NcLPMO9D neutron structures 
 

Both the ascorbate-reduced and low pH neutron crystals of NcLPMO9D belonged to the monoclinic 

P21 space group. The crystal structure includes two protein molecules per asymmetric unit (Molecule A 

and Molecule B) related by non-crystallographic symmetry (NCS). Structural analysis of the packing in our 

NcLPMO9D protein crystal shows that the two NCS related molecules pack with their planar substrate 

binding interfaces against each other in a binding-face to binding-face configuration also seen in PDB 

structures 4EIR, 5TKG, 5TKH and 5TKI (Figure 2.12 A).7,29,30 While present in a dimeric conformation in 

the crystal structure, LPMOs including NcLPMO9D function as single-domain monomeric proteins in 

solution, where they associate with planar crystalline cellulose as confirmed by early LPMO structural 

studies,7,31,32 and single-molecule observations of LPMO using atomic force microscopy (AFM).33 

Furthermore, within this binding-face to binding-face packing architecture, the two coordinated coppers are 

~12 Å apart, precluding direct interaction. Notably, the symmetry of the two molecules in the asymmetric 

unit is broken by Tyr25, Tyr206 and Trp206, which have asymmetric conformations in Molecule A and B, 

contributing to different microenvironments near the active site (Figure 2.12 B). Structural alignment of 

our NcLPMO9D Molecule A or Molecule B with the oligosaccharide-bound form of LsLPMO9A (PDB 

5ACI),34 indicates that the substrate pyranose rings of the LsLPMO9A structure superimpose with the 

proline rings Pro43 and Pro163 for both Molecule A or Molecule B of NcLPMO9D (Figure 2.12 C). The 

alignment further indicates that Tyr206 of Molecule A and Tyr162 of Molecule B are positioned to interact 

with substrate via their phenol rings. This suggests that the binding-face to binding-face packing in our 

crystal mimics surface residue interaction with the pyranose ring of the glucose units and creates an 

occluded active site, possibly analogous to the bulk solvent-protected environment created when the planar 

active site of LPMO binds to its crystalline linear polysaccharide substrate. Such crystal packing in which 
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active site residues mimic carbohydrate substrate pyranose rings has also been observed in the crystal 

packing of NcLPMO-3 (PDB 4EIS).7 Representation of the protein surface additionally illustrates the active 

site occlusion due to crystal packing (Figure 2.13). 

 

 
 
Figure 2.12 Crystal packing of the Molecule A and B in the LPMO9D crystals. (A) Cartoon of Molecule 
A (coral) and Molecule B (light green) of the planar active site surfaces packed facing each other. (B) 
Crystal symmetry in Molecule A and B is broken by alternate conformations of Tyr 25, Tyr206 and Trp207. 
(C) Alignment of Molecule B of NcLPMO9D with the Gluc6 bound LsLPMO9A (PDB 5ACI) in grey to 
illustrate superposition of proline residues with glucose pyranose rings.  
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Figure 2.13 Solvent accessible surface in the crystal packing of Molecule A and Molecule B of the 
asymmetric unit of LPMO9D. 
 
2.3.3.2 Ascorbate-reduced copper active site 
 

To probe the protonation states of key catalytic residues and intermediates in the NcLPMO9D 

active site, a neutron diffraction dataset to 2.4 Å resolution was collected at 100 K on a crystal of 

NcLPMO9D reduced with ascorbate at pD 6.0 (pH 5.6) in the presence of atmospheric oxygen. Structure 

refinement was performed solely against neutron data to circumvent potential artefacts induced by X-ray 

radiation damage. The axial position is vacant, supporting displacement of both the equatorial and axial 

water molecules upon Cu2+ reduction. The neutron scattering length density maps at the active site of 

Molecule A indicate the presence a fully occupied equatorially coordinated dioxygen species in a mixed 

state two-atom superoxo species and a three-atom hydroperoxo species with occupancies of 0.30 and 0.70, 

respectively (Figure 2.14 A and 2.14 B). The intermediates have η1 end-on geometry at a Cu–O1 distance 

of ~1.96 Å and ~1.98 Å for the superoxo and hydroperoxo species, respectively. The superoxo species is 

modelled with an O-O bond length of 1.28 Å while the hydroperoxo species is modelled with a bond length 

of 1.46 Å. The Cu–O1–O2 angles are ~147° and 151° for the superoxo and hydroperoxo species 

respectively. A Glu30 residue from Molecule B is modeled 2.06 Å and 2.08 Å away from the O2 of the 

superoxo and hydroperoxo species, respectively, however it displays a disordered conformation with 

limited NSLD, as has been observed for NcLPMO9D structures with the same crystal packing.7,29,30 The 
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modeling of an activated dioxygen species is in good accordance with our previous high resolution X-ray 

structures which indicated the presence of a peroxo species with a 1.44 ± 0.06 Å bond length with a Cu-

O1-O2 angle of 140.52° and 1.90 Å from the Cu following ascorbate reduction (Figure 2.14 C).29 Activated 

dioxygen species have been observed in further LPMO structures including NcLPMO9D and NcPMO-3 

from Li et al., JdLPMO10A from Bacik et al. as well as in an artificial copper protein from Mann et al. 

(Table 2.3).7,12,25,29,35 In our previous high-resolution X-ray structure, discrimination between a putative 

superoxo and peroxo species was based on bond length determination due to the lack of visibility of 

hydrogen atoms. In addition, the occupancy of the activated dioxygen species only refined to 0.59 and an 

axial water was present with a 0.48 occupancy. We reason that photoreduction due to X-ray beam exposure 

resulted in presence of intermediates with low occupancy. The NcLPMO9D active site presented here is 

absent of radiation damage since neutron protein crystallography represents a non-destructive technique 

permitting capture of a mixed occupancy of a superoxo and hydroperoxo species.28 The observed 

hydroperoxo species may represent an intermediate in the mechanism of LPMO H2O2 formation, since 

LPMOs are known to produce H2O2 in the absence of substrate.36 Caldararu et al. have further shown it is 

more energetically favorable for H2O2 formation to proceed by dissociation of H2O2 from the copper active 

site than HO2.25 This higher dissociation energy of HO2 is supported by the observed binding stability of 

the hydroperoxo species in our structure. The Molecule B copper active site contains a water molecule 

coordinated in the axial position with a partial occupancy of 0.65 and a Cu-O distance of ~2.2 Å while the 

equatorial position is vacant (Figure 2.14 D). This geometry, while not chemically relevant, has been 

observed in partially photo-reduced LPMO structures,37 suggesting that the active site of Molecule B 

underwent only partial reduction during the ascorbate soak.  
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Figure 2.14 Neutron diffraction structure of the ascorbate reduced LPMO9D crystal. (A) Active site of 
Molecule A (coral) with a hydroperoxo species bound at the equatorial position. (B) Active site of Molecule 
A (coral) with a superoxo species bound at the equatorial position. (C) Active site of Molecule B (light 
green) with a water bound at the axial position. (D) Equatorially coordinated activated dioxygen 
superoxo/peroxo in X-ray diffraction structure of ascorbate reduced LPMO9D (green) by O’Dell et al.29 
(PDB 5TKH). Neutron scattering length density 2Fo-Fc maps displayed in blue at a 1.0 s cut-off. Neutron 
scattering length density Fo-Fc maps displayed in green at a 2.5 s cut-off. H atoms displayed in white and 
D atoms displayed in turquoise. Electron density 2Fo-Fc maps displayed in grey at a 1.0 s cut-off. Electron 
density Fo-Fc maps displayed in green at a 3.0 s cut-off.  
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Table 2.3 Structurally characterized dioxygen species in LPMOs. 
 

LPMO PDB Dioxygen species  Position Cu-O 
(Å) 

O1-O2 
(Å) 

Cu-O-O (°) 

NcLPMO9D 4EIR - Chain A Superoxide – end-on Axial 2.96 1.16 147.75 

  4EIR- Chain B Superoxide – end-on Axial 2.92 1.15 142.11 

NcPMO-3 4EIS Peroxo – end-on Axial 3.44 1.49 117.16 

JdLPMO10A 5VG0 – Chain 
A 

Peroxo – side-on Equatorial O1 – 2.14 
O2 – 1.84 

1.48 O1 – 57.67 
O2 – 79.39 

JdLPMO10A 5VG0 – Chain 
A 

Peroxo – end-on Equatorial 1.83 1.46 109.52 

JdLPMO10A 5VG1 – Chain 
B 

Peroxo – end-on Equatorial 2.49 1.45 115.32 

  5VG0/5VG1 
joint quantum 
refinement 
(ComQum-X) 
– Chain A 

Superoxide – end-on Equatorial 2.31 1.25 108.6 

  5VG0/5VG1 
joint quantum 
refinement 
(ComQum-X) 
– Chain B 

Superoxide – end-
on  

Equatorial 2.27 
  

1.25 113.6 

NcLPMO9D 5TKH – Chain 
A 

Peroxo – end-on Equatorial 1.90 1.44 140.52 

Artificial 
copper 
protein 

6ANX Hydroperoxo Intermediate 1.94 1.52 137.60 

NcLPMO9D 
(current 
neutron 
structure) 

Chain A 
Chain A 

Superoxo 
Hydroperoxo 

Equatorial 
Equatorial 

1.96 
1.98 

1.28 
1.46 

147 
151 

 
2.3.3.3 Protonation state of His157 
 

Examination of the 2Fo-Fc and Fo-Fc omit neutron scattering length density maps of the Molecule 

A secondary coordination shell His157 suggest that this residue is best modelled by the neutral Ne- 

protonated form and the imidazolate form with occupancies of 0.30 and 0.70, respectively (Figure 2.15 A 

and 2.15 B). Analysis of the Molecule B neutron scattering length density maps indicate that His157 is 
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singly Ne-protonated at full occupancy (Figure 2.15 C). The Ne nitrogen of His157 in Molecule A is 

observed at a distance of ~3.25 Å from the distal oxygen O2 of the equatorially bound superoxo species 

and ~2.86 Å from the hydroperoxo species. These findings indicate that His157 plays a role in protonation 

of the activated dioxygen species observed in the barricaded active site presented here. Activity and 

structural studies of MtPMO3* as well as QM/MM calculations of LsLPMO9A have implicated this 

conserved histidine residue in proton transfer to the copper-bound superoxide during LPMO catalysis 

(His161 and His147 in MtPMO3* and LsLPMO9A, respectively).22,24 QM/MM studies have also indicated 

that the Glu201 residue near the copper active site in JdLPMO10A is capable of donating a proton to a 

bound superoxo to form a hydroperoxo species.25 Computational studies have suggested that ascorbate may 

function as a proton donor to the superoxo species;26 however, the active site occlusion due to crystal 

packing in our structure does not permit ascorbate to access the copper active site, and there was no evidence 

in the NSLD maps for an ascorbate molecule near the active site. Following formation of the superoxide in 

NcLPMO9D, protonation by His157 may form the copper(II)-hydroperoxyl species [CuOOH]2+, the 

copper(III)-hydroperoxo, or upon further reduction a copper(II)-hydroperoxo [CuOOH]+, all of which have 

been posited as viable reaction intermediates.12,23,38,39  

 

Superoxo: [Cu]+ + O2 → [Cu-O2]+ 

Hydroperoxyl radical/Hydroperoxo: [Cu-O2]+ + H+ → [Cu-OOH]2+ 

Hydroperoxo: [Cu-O2]+ + H+ + e- → [Cu-OOH]+ 

 

While the neutron data supports modeling of a two and three atom dioxygen species at the active 

site, it does however not permit definitive discrimination between the hydroperoxyl or hydroperoxo species 

nor does it resolve the redox state of the copper ion. We performed preliminary DFT studies on active site 

models to further assess the intermediates modelled in the copper active site of Molecule A (Table 2.4). 

The calculations indicate that the Nε- protonated His157 plus superoxo species and the imidazolate plus 

hydroperoxo species are both feasible states in that they both remain bound when geometry optimized to a 
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stationary point on the potential energy surface; however, they each have a different combination of charge 

and copper spin state precluding a direct comparison of their DFT calculated energies. The second reduction 

to form the hydroperoxo species can potentially be derived from ascorbate by long-range intramolecular 

electron transfer to the active site as has been proposed to occur via LPMO aromatic residues localized near 

the copper active site.5,7,40,41 An accurate calculated energy difference between the two states will require a 

multi-determinant QM treatment due to propensity of copper centers to exhibit multiple near degenerate 

electronic states. While beyond the scope of the current paper, this will be addressed in planned future 

calculations using QM/MM with a multi-determinant wavefunction QM method. The energy levels of 

different models used for the DFT calculations cannot be directly compared. These models, which have 

different charges and spin states, represents points on different energetic surfaces and a direct comparison 

of energy is not possible as they have different number of electrons. A direct comparison of the energetic 

differences would require QM/MM calculations with same number of electrons, which can be pursued in 

future studies. 

 
Table 2.4 Stability and electronic state of DFT models. 
 

Model DFT active site 
residues 

Starting 
proton position 

System 
net charge 

Multiplicity Stability Final state 

Superoxo, His157 
NE2-protonated  

His1, His84, His157, 
Gln166, Tyr168 

His157 NE2 +1 2 Stable His157 singly 
NE2-
protonated 

Hydroperoxyl 
radical, His157 
doubly deprotonated  

His1, His84, His157, 
Gln166, Tyr168 

O-O-H +1 2 Stable Double 
deprotonated 
His157 

Hydroperoxo, 
His157 doubly 
deprotonated 

His1, His84, His157, 
Gln166, Tyr168 

O-O-H 0 2 Stable Double 
deprotonated 
His157 

Hydroperoxo, 
His157 doubly 
deprotonated 

His1, His84, His157, 
Gln166, Tyr168 

O-O-H -1 1 Stable Double 
deprotonated 
His157 
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Figure 2.15 Mixed protonation state His157 in ascorbate reduced LPMO9D. (A) The Molecule A (coral) 
second shell His157 is deprotonated with an equatorial hydroperoxo species coordinated to Cu2+. (B) The 
Molecule A second shell His157 is singly Ne-protonated with an equatorial superoxo species coordinated 
to Cu2+. (C) The Molecule B (light green) second shell His157 is singly Ne-protonated with an axial water 
coordinated to Cu2+. Neutron scattering length density 2Fo-Fc maps displayed in blue at a 1.0 s cut-off. H 
atoms displayed in white and D atoms displayed in turquoise. 
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2.3.3.4 N-terminal protonation following initial dioxygen activation 
 

The N-terminal amino group of the histidine brace has been postulated to play a role in intermediate 

formation and stabilization during LPMO catalysis.42 A previous neutron protein crystallography study of 

unreduced JdLPMO10A, a bacterial LPMO, suggested that the amino terminal is present as a mixture of 

the -ND- and -ND2 protonation states. 35 The JdLPMO10A neutron structure was, however, later revisited 

and a joint X-ray–neutron quantum refinement concluded that the amino terminal is present solely in the -

ND2 state.25 We therefore sought to determine the protonation state of the N-terminal amino group upon 

NcLPMO9D reduction by ascorbate in the presence of atmospheric O2. The neutron scattering length 

density map indicates that both Molecule A and Molecule B contain the amino terminal in the -ND2 

protonation state. Fo-Fc omit difference maps calculated confirm the -ND2 state in both Molecule A and 

Molecule B (Figure 2.16 A – D). The role of possible deprotonation of the N-terminal histidine amino group 

came to the forefront when it was proposed to promote reactive intermediate formation and stabilization 

based on findings from a small molecule copper complex.43 Structural and spectroscopic studies of a 

substrate-bound LsLPMO9A suggested that the two protons of the N-terminus are exposed to different 

chemical environments, with one being involved in a hydrogen bond network, which potentially promotes 

N-terminal deprotonation during LPMO catalysis.34 Our neutron protein crystallography structures show 

that the N-terminal amine is not involved in protonation upon initial Cu2+ reduction and molecular dioxygen 

activation. However, a mechanistic role for the N-terminal amine in other contexts cannot be conclusively 

ruled out by our experiments. 

 



   

164 
 

 

 
 
Figure 2.16 Protonation state of the N-terminal His157 amino group in the ascorbate reduced LPMO9D 
crystal. (A) Molecule A (coral) omit map displaying D2-protonation and (B), D3-protonation of the N-
terminal nitrogen. (C) Molecule B (light green) omit map displaying D2-protonation and (D) D3-
protonation of the N-terminal nitrogen. Neutron scattering length density 2Fo-Fc maps displayed in blue at 
a 1.0 s cut-off. Neutron scattering length density Fo-Fc maps displayed in green at a 3.0 s cut-off. H atoms 
displayed in white and D atoms displayed in turquoise. 
 
2.3.3.5 Histidine protonation at acidic conditions 
 

During LPMO catalysis, a second shell histidine has been proposed to be involved in protonation 

of active site intermediates with QM/MM studies by Hedegård and Ryde on LsAA9A suggesting that 

His147 in a doubly protonated state can act as a proton donor.22 Additionally, Span et al. have proposed 
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that His 161 in MtPMO3 plays a role as a proton donor based on structural, mutagenesis and spectroscopic 

studies as well as activity assays.24 LPMOs are expected to catalyze oxygen insertion under acidic 

conditions since they function synergistically alongside cellulases which show optimum activity at pH3.5 

- 5.5.44–46 Given the surprising role of a neutral His157 as a proton donor to the activated dioxygen species 

in our crystal packing environment, we sought to probe the protonation state of His157 when exposed to 

acidic buffer conditions. We collected a 2.14 Å room-temperature neutron diffraction dataset under low pH 

conditions (pH 4.4/pD 4.8) achieved by vapor exchange of the crystal with acidified buffer. Analysis of the 

nuclear scattering length density maps indicate that the His157 residue remains singly protonated at the Ne-

position at this pH, which is supported by Fo-Fc omit difference maps in both Molecule A and B (Figure 

2.17). To further support our acidic pH structure obtained by vapor exchange, a 1.5 Å X-ray dataset was 

collected on a crystal directly soaked in acidic buffer. The position of His157 at pH 4.4 superimposes to its 

position at pH 6.0. In this position, Nd-protonation would sterically clash with the backbone amide proton, 

further supporting the single Ne-protonation state observed in the neutron structure. The barricaded active 

site observed in crystallo and electropositive environment of the copper potentially play a role in 

maintaining the observed single histidine protonation state and prevent formation of protonation pathways 

to the active site. In both the neutron and X-ray low pH structures, the copper remains coordinated in the 

histidine brace, contrary to the disordered His78 observed in LsLPMO9A at pH 3.5 (PDB 5N04).47 The low 

pH structure of LsLPMO9A was obtained using high NaCl concentrations, however, resulting in His 78 

displacement by a chloride anion. The absence of NaCl in our crystallization conditions precludes 

coordinating histidine residue displacement by a chloride anion. 
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Figure 2.17 Protonation state of second-shell His157 at acidic conditions. (A) Molecule A (coral) His157 
Ne-protonation. (B) Molecule B (light green) His157 Ne-protonation. Neutron scattering length density 2Fo-
Fc maps displayed in blue at a 1.0 s cut-off. Neutron scattering length density Fo-Fc maps displayed in 
green at a 3.0 s cut-off. H atoms displayed in white and D atoms displayed in turquoise. 
 
2.3.3.6 Conformational flexibility of His157 
 

Analysis of the crystal structure of MtPMO3* deposited by Span et al. indicate that the second shell 

His161 corresponding to NcLPMO9D His157 is present in two conformations: an “inward” copper-facing 

conformation with a with a Cu-Ne distance of ~5 Å, and an “outward” copper-distant conformation with a 

Cu-Ne distance of ~10 Å (Figure 2.18).24 The experimentally observed existence of both “inward” and 

“outward” conformations indicates mobility of the conserved second shell histidine, at least when the 

copper active site is solvent exposed. To further probe the extent of such local flexibility, if any, in our own 

structure, we carried out 2nd-generation mining minima (VM2) free energy calculations,48–51 and compared 

the predicted thermodynamically accessible NcLPMO9D His157 conformations found when the active site 

is solvent exposed to those found when the active site is in the crystal structure with binding-face to binding-

face packing. 

 

When applied to NcLPMO9D with its active site exposed to solvent (i.e. the monomeric structure), 

the VM2 method, which performs extensive molecular conformational searching and provides a total free 
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energy via a Boltzmann weighted ensemble of the resultant low energy conformers, predicts that both 

“inward” and “outward” His157 confirmations are populated. Focusing only on the two lowest energy 

conformers found by VM2 (Figure 2.19), the first conformer is “inward” and the second conformer is 

“outward” with a free energy difference of only 0.11 kcal mol-1 between them. Furthermore, summing the 

probabilities of each type of conformation populated, so that 99.0% of the total population is included, 

His157 has a predicted 3:1 “inward” to “outward” probability distribution. In contrast, when applied to the 

NcLPMO9D dimer, as per the crystal structure (Figure 2.12 A), VM2 finds only conformations where 

His157 remains fully “inward”. This is despite VM2’s ability to drive molecular conformations over large 

energy barriers, as well as a free energy window set at 10 kcal mol-1 for retaining minima found by the 

conformational search. This result strongly supports preclusion of movement of His157 to an “outward” 

conformation due to the barricaded active site present in the crystal structure. 

 

We conclude, then, that the steric obstruction resulting from crystal packing of the dimer has 

significantly limited the conformational flexibility of His157 and suggest that the likely mobility of this 

residue in the monomer, which has a solvent exposed active site, may facilitate its protonation and serve a 

functional role. Taken together with the crystal structure active site occlusion, these factors may explain 

the single Nε-protonation of His157 observed even at acidic conditions. However, the single protonation of 

His157 solely at the Nε position in our crystal structures does not rule out formation of the doubly protonated 

second shell histidine residue under similar acidic operando conditions where the active site would not be 

barricaded by crystal packing.  
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Figure 2.18 Alignment of a second shell residue His157 in the “inward” and “outward” conformation. 
Alignment of Molecule A MtPMO3* His161 (PDB 5UFV) Molecule A (teal), Molecule B (yellow), 
Molecule C (pink), Molecule D (purple), Molecule E (turquoise) and Molecule F (red) with NcLPMO9D 
His157 from Molecule A (coral) and Molecule B (green). 
 
 

 
 

Figure 2.19 Second shell His157 conformations from VM2 free energy minima calculations. For 
NcLPMO9D with its active site exposed to solvent His157 adopts an “inward” (cyan) and “outward” (pink) 
conformation. The inward and outward conformations are separated by a 0.11 kcal mol-1. H atoms displayed 
in white.  
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2.3.4 Conclusion 
 

The neutron structure presented here provides a full-atom snapshot of the early catalytic 

intermediates in the LPMO reaction pathway. Our results provide the first direct observation of a cryo-

trapped protonated copper–dioxygen species at the LPMO active site. The unique occluded active site 

environment found in the crystal structure presented here has resulted in stabilization of an activated 

dioxygen species at the NcLPMO9D active site with joint occupancy as a superoxo intermediate and a 

hydroperoxo intermediate, potentially to ultimately form H2O2 in the absence of substrate. A second-shell 

histidine was further observed in a single Ne-protonation state and in the imidazolate form, leading us to 

postulate that it plays a role in the early stages of dioxygen intermediate protonation in the unique barricaded 

environment provided by the binding-face to binding-face crystal packing. Although unusual, a neutral 

histidine functioning as a general acid has been mechanistically proposed for the His95 residue in triose 

phosphate isomerase and the His98 residue in methylglyoxal synthase.52–54 To quote Martin Karplus: 

“Although it is generally thought that the imidazole of histidine must be doubly protonated to act as an acid, 

the simulation suggests that neutral imidazole can transfer a proton to O2 of the enediolate.”55 It remains to 

be determined whether the role of the second shell His157 in protonation of the activated dioxygen species 

prevails operando when NcLPMO9D is solvent-exposed and intermittently binds substrate. The flexibility 

of His157 and potentially that of neighboring active site residues may serve a role in catalysis that must be 

further explored.  
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2.3.5 Experimental section 
 

A detailed account of the experimental procedure, data collection and refinement strategy has been 

described.56 Provided here are the experimental details in brief.  

2.3.5.1 Protein expression and crystallization 
 

Neurospora crassa LPMO9D (NcPMO-2) was heterologously expressed in the Pichia pastoris 

SuperMan5 strain and purified and crystallized as described by O’Dell et al. previously 29,30 Crystal quality 

was assessed on beamline CG4-D, the IMAGINE instrument at the High Flux Isotope Reactor at Oak Ridge 

National Laboratory.57 

2.3.5.2 Crystal ascorbate soak and data collection 
 

To reduce the copper active site, a large crystal was harvested and placed in a deuterated buffer 

containing 100 mM HEPES pD 6.0 (pH 5.6), 25 % PEG 3350 and 100mM ascorbic acid pD 6.0 (pH 5.6). 

The crystal was incubated for two hours after which it was flash-frozen in liquid nitrogen using the 

deuterated buffer supplemented with 25 % glycerol as cryoprotectant. Time-of-flight neutron diffraction 

data were collected on beamline 11B, the Macromolecular Neutron Diffractometer (MaNDi) at the 

Spallation Neutron Source (SNS) at Oak Ridge National Laboratory.58 

2.3.5.3 Crystal low pH vapor exchange data collection 
 

To obtain low pH conditions in the LPMO crystal, a large crystal was harvested and mounted in a 

quartz capillary to which a deuterated low pH buffer was added to facilitate vapor exchange in three 

stages.59,60 The first vapor exchange was performed in 22% PEG 3350 and 100 mM sodium acetate pD 5.6 

(pH 5.2) for three days, followed by 22% PEG 3350 and 100 mM sodium acetate pD 5.2 (pH 4.8) for six 

days and 22% PEG 3350 and 100 mM sodium acetate pD 4.8 (pH 4.4) for 16 days. Time-of-flight neutron 

diffraction data were collected on beamline 11B, the Macromolecular Neutron Diffractometer (MaNDi) at 

the Spallation Neutron Source (SNS) at Oak Ridge National Laboratory.58 Following this, an X-ray dataset 

was collected on the same crystal at 298 K using a copper rotating-anode home source.  
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2.3.5.4 Crystal low pH direct soak and data collection 
 

LPMO crystals were directly exposed to acidic conditions by soaking crystals in low pH buffer. A 

crystal was transferred to a buffer composed of 22% PEG 3350, 100 mM and 100 mM sodium acetate with 

sequential incubation at pH 5.6, pH 5.2 and finally pH 4.8 for ten minutes each. Crystals were subsequently 

flash-frozen in liquid nitrogen with the pH 4.8 acidic buffer supplemented with 25 % glycerol used as a 

cryoprotectant. Data were collected at 100 K using a copper rotating-anode home source.  

2.3.5.5 Model refinement 
 

X-ray data were indexed, integrated and scaled with CrysAlisPRO and the CCP4 suite.61,62 Neutron 

diffraction data were reduced using the Mantid data analysis and visualization package.63 The time-of-flight 

diffraction data were integrated using three-dimensional profile fitting of the Bragg peaks.64 Structure 

solution and refinement of the X-ray diffraction data of the low pH structures as well the neutron diffraction 

data of the ascorbate-soaked structure were performed by utilizing the PHENIX software suite with manual 

model building to fit density maps performed in Coot.65–67 Dioxygen species were modelled using restrained 

bond length refinements. 

2.3.5.6 Electronic structure (density functional theory) calculations  
 

The active site models used for DFT calculation were derived by extracting coordinates from the 

resting state X-ray structure (PDB 5TKG, O’Dell et al.29) including residues His1, His84, His157, Gln166 

and Tyr168 along with the active site copper(II) ion, pre-bound molecular O2 and the axial and equatorial 

water molecules. To reduce the total number of atoms in these models, the main chain of residues His84, 

His157, Gln166 and Tyr168 were truncated at Cβ which was modeled as a methyl group. DFT calculations 

were performed with Gaussian 09 using the B3LYP functional with the 6-31G** basis set applied to all 

atoms. The model was implicitly solvated using the polarizable continuum model as implemented in 

Gaussian 09 with a dielectric constant of 4.24 (scrf keyword solvent=DiethylEther). For geometry 

optimization, the coordinates of one heavy atom per residue (as performed previously in DFT calculation 
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of LPMO9D in O’Dell et al.29) were constrained to their starting values to maintain the relative 

conformation imposed by the protein backbone. 

2.3.5.7 VM2 calculations 
 

VM2 is an implementation of the second-generation Mining Minima (M2) method originally 

developed by Gilson et al.68–73 It is a free energy calculation method, which combines extensive molecular 

conformational searching48,74 with a rigorous statistical mechanics approach.68 Molecular configuration 

integrals over all space are closely approximated in a tractable manner by summation of local configuration 

integrals associated with the low energy minima of the system.75,76 VM2’s search algorithm can drive 

molecular conformations over high-energy barriers, via a mode-distort-minimize procedure, to find relevant 

minima even when they structurally diverse. As such, VM2 is well suited for exploration of thermally 

accessible conformations of His157 in monomeric and dimeric NcLPMO9D, respectively, as carried out in 

this study.  

 

We applied molecular mechanics (MM) based VM2, taking the AMBER ff14SB parameter files 

(prmtop etc.) generated by the setup for MD simulations (see above) and converting them to formats 

readable by the VM2 software. It should be noted that for computational efficiency, VM2 includes solvation 

effects through continuum models (see below for details), so only the water molecules coordinating directly 

with active site copper centers were explicitly included. To further manage computational expense, and to 

focus on the region of interest, not all protein atoms were included in the VM2 calculation. Rather, a 

“cutout” approach was taken, where all residues containing an atom within 14 Å of the His157 alpha carbon 

(CA) were present in the energy model, and of these all atoms within 12 Å of His157 CA were set as mobile. 

For the monomer, this resulted in 904 atoms present in the calculation, with 476 of these mobile; for the 

dimer, this resulted in 1256 atoms present, with 600 of these mobile. To maintain the basic arrangement of 

the active site copper first-shell coordination residues (histidine brace, tyrosine, and two water molecules) 
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during aggressive conformational searching, a flat-bottomed energy well restraint potential1 was applied to 

their coordinating atoms, as well as the central copper atom itself. 

 

VM2 is an iterative method,48 with each iteration comprising a conformational search, with removal 

of any repeat conformers produced, calculation of the configuration integrals at 300K for the resulting set 

of new conformers,75,76 addition of this set of conformers to the pool already established, and then 

determination of the total free energy by summation of the local configuration integrals of all conformers 

(minima) currently in the pool. Once the conformational search no longer finds new low energy conformers 

the total free energy stops changing between iterations. The calculations in this study were deemed 

converged when the absolute value of the free energy change between iterations was less than 0.01 kcal 

mol-1. The conformational search carried out during each VM2 iteration included 1200 mode-distort-

minimize procedures. Molecular distortions were from atom displacements along single-modes produced 

by diagonalization of the Hessian matrix in torsional space and, in addition, atom displacements based on 

random combinations of pairs of these modes.48,74 For energy-derivative involved steps, e.g. the mode-

distort-minimize procedure and the Hessian (energy 2nd-derivative) calculation, required for 

configurational entropy terms, solvation energy was included using the generalized Born (GB) continuum 

model.77,78 The Poisson–Boltzmann Surface Area (PBSA) method79 was applied to provide a more accurate 

single-point solvation energy correction at GB determined geometries. On completion, VM2 calculations 

output the total free energy, and in addition the relative free energy of each individual conformer along with 

its Boltzmann distribution probability. Also outputted are PDB and mol2 formatted files containing all 

protein conformers produced within 10 kcal mol-1 of the lowest energy conformer, up to a maximum of 

1,000, allowing for structural visualization and analysis. 
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Chapter 3 : Optimization of expression and crystallization of CYP450cam 

 
3.1 Introduction to the structure and mechanism of cytochrome P450s. 

Cytochrome P450 (CYP450) enzymes comprise a superfamily of heme-containing proteins 

ubiquitous in most life kingdoms that catalyze the important process of oxygen insertion into a wide range 

of substrates.1 The origin of the name CYP450 (Pigment-450) derives from the Soret peak observed in 

pigments of rat liver microsomes at 450nm in the presence of carbon monoxide for these enzymes in 1958 

when they were still functionally uncharacterized.2,3 CYP450s most commonly catalyze the highly regio- 

and stereoselective oxyfunctionalization of a wide variety of substrates.4 While substrate hydroxylation is 

most commonly catalyzed by CYP450s, they also catalyze epoxidation, sulfoxidation and N- or O-

dealkylations.5 Their biological functions include drug metabolism, biosynthesis of lipids, steroids and 

degradation of xenobiotics and currently approximately 300 000 sequences that code for CYP450s have 

been identified.6 While their ubiquity in nature is well characterized, CYP450s are absent in certain Archaea 

and Eubacteria as well as the model prokaryotic Escherichia coli.7,8 CYP450s are present in prokaryotes, 

viruses, fungi, plants and mammals with the number and diversity of functions closely related to 

environment and physiological function.9 

3.1.1 Cytochrome P450s in the different kingdoms of life 
 
3.1.1.1 Prokaryotic CYP450s 
 

P450s are plentiful in prokaryotes spanning more than 600 families and display a broad range of 

activities.6 Their roles include fatty acid hydroxylation and metabolism of xenobiotics.10 In contrast to 

eukaryotic CYP450s that are membrane-bound, prokaryotic CYP450s are soluble, which facilitated their 

characterization.11 Indeed, the first X-ray crystal structure of a CYP450 was of CYP450cam (CYP101A1) 

from the prokaryotic Gram-negative Pseudomonas putida by Poulos et al. in 1985.12  
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3.1.1.2 Viral CYP450s 
 

Although exceptionally rare in viruses, the virus Acanthamoeba polyphaga mimivirus (APMV) was 

first found to encode for two CYP450 genes in 2009.13 Two genes were identified: MIMI_L532 

(YP_142886) and MIMI_L808(YP_143162). MIMI_L532 was found to have homology to a number of 

bacterial and nematode CYP450s proteins, however expression was not possible by Lamb et al.13 

MIMI_L808 possessed homology to CYP51, a sterol 14-demethylase, and was successfully expressed. The 

native function of MIMI_L808 remains unknown, however, with sterol substrates showing no binding. 

Several giant viruses have now been proposed to contain CYP450 genes as well as a herpesvirus and a 

mycobacteriophage.14 Lamb et al. were successfully able to crystallize a phage CYP450 classified as 

CYP102L1, representing an exciting new insight into viral CYP450s.14 

3.1.1.3 Fungal CYP450s 
 

The fungal kingdom contains approximately 800 CYP450 families and close to 8000 annotated 

members.6 The families CYP51 and CYP61 are found in most species of fungi since they play a role in the 

synthesis of ergosterol, a membrane component.15 Fungal CYP450s are associated with many roles in 

metabolism, with various species displaying a range of CYP450s dependent on their ecological niche.16  

3.1.1.4 Plant CYP450s 
 

The sheer diversity of plant metabolites, particularly oxygenated low molecular weight natural 

products involved in signaling, defense and adaptation have necessitated large number of specialized 

CYP450s.17 There are about 277 plant CYP450s and more than 16 000 annotated members.6 Plant CYP450s 

can be categorized into A-type and non-A-type; the A-type CYP450s are now part of the CYP71 family 

and play a role in plant specific metabolism including lignin alkaloid and flavonoid biosynthesis while the 

non-A-type CYP450s are involved in a more general role of oxygenation of lipids and sterols.18  
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3.1.1.5 Mammalian CYP450s 
 

Due to their central role in medical research, mammalian CYP450s have been extensively studied.19 

CYP450s play an essential role in drug, steroid and fat-soluble vitamin metabolism as well as xenobiotic 

oxygenation, but they are also involved in the formation of reactive intermediates that affect signal 

transduction pathways, causing tumorigenesis and inflammation.20 Mammalian CYP450s involved in 

detoxification are located in liver microsomes where they are membrane-bound through an N-terminal 

anchor.21 There are 18 CYP450 families in the human genome with 17 annotated members.22 CYP3A4 is 

the best characterized and most targeted of human CYP450s since it is involved in half of all drugs 

metabolized by CYP450s.23  

3.1.2 Nomenclature of CYP450s 
 

The vast number of CYP450s has necessitated the development of a CYP450 nomenclature 

system.24 Within this hierarchical system based on sequence identity, CYP450s are divided into families if 

they have more than 40% sequence identity which is further divided into subfamilies if they share more 

than 55% sequence identity (Figure 3.1).25,26 This is designated as the name “CYP” followed by a family 

number, then the subfamily is designated with a letter and finally the individual CYP is given by the last 

number. It should be noted that while this system groups CYP450s according to their sequence identity, 

often the CYP450s within these families have dissimilar substrates and physiological functions.27 As of 

2018, there were 791 crystal structures of CYP450s with close to 55 000 named CYP450 genes.28  
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Figure 3.1 Nomenclature of cytochrome P450s (CYP450s). CYP450s are given the name “CYP” to 
indicate the superfamily of “pigments” that have an absorbance maximum at 450 nm when reduced and 
bound to CO. This is further divided into families and sub-families depending on sequence identity with 
individual CYP450s designated by the final number. Figure prepared with BioRender. 
 
3.1.3 Classes of CYP450s 
 

In order to perform catalysis CYP450s require an electron source or reductase partner protein.29 

CYP450s are classified into ten different classes depending on their reductase type and electron transport 

chain architecture and cellular localization.30 While the classes are diverse and may expand when new 

CYP450s are discovered, Class I and Class II make up about 90% of all CYP450s.26 Class I CYP450s are 

subdivided into Class Ia and Class Ib and encompass bacterial and mitochondrial CYP450s which are 

cytosolic and mitochondrial-membrane-bound, respectively (Figure 3.2 and Figure 3.3).30 In Class I, the 

electron transport chain is composed of a three component system which is expressed from separated genes: 

the FAD-dependent ferredoxin reductase (FdxR), an iron-sulfur cluster ferredoxin (Fdx) and the heme-

center CYP450. For both Class Ia and Ib, NAD(P)H functions as the electron donor with Fdx acting as a 

soluble, mobile electron shuttle. While all the components in Class Ia are soluble, both FdxR and CYP450 

of Class Ib are embedded in the mitochondrial membrane (Figure 3.2). The prokaryotic Class Ia plays a 

role in the metabolism of fatty acids and xenobiotics,31 while the eukaryotic Class Ib is involved in synthesis 

of vitamin D and steroid hormones derived from cholesterol.32 
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Figure 3.2 CYP450 Class I electron transport system. (A) The bacterial Class Ia system is a soluble system 
composed of ferredoxin reductase (FdxR), an iron-sulfur cluster ferredoxin (Fdx) and the heme-center 
CYP450. (B) The mitochondrial Class Ib is membrane bound and composed of a ferredoxin reductase 
(FdxR), a soluble iron-sulfur cluster ferredoxin (Fdx) to act as an intermediary and the heme-center 
CYP450. Figure prepared with BioRender. 
 

Class II represents the most common class amongst eukaryotic CYP450s and have a range of 

functions including metabolizing endogenous compounds in mammals to playing a role in structural 

polymer synthesis in plants.30 Class II is a two component integral membrane system composed of CYP450 

reductase (CPR) domain which has a FAD and FMN cofactor and the CYP450 domain. Like Class I, the 

electron source for Class II is reduced NAD(P)H (Figure 3.3).  

 

 
 
 
Figure 3.3 CYP450 Class II electron transport system. The eukaryotic integral membrane protein Class II 
system is composed of a CYP450 reductase (CPR) and a CYP450. Figure prepared with BioRender. 
 

The remaining eight classes of CYP450s vary according to their domain architecture and electron 

sources and cofactors.30 Of note are Class VII and VIII which are designated as fusion systems derived 

from a single gene. Class VII systems are composed of an N-terminal CYP450 domain fused to a C-terminal 

phthalate family oxygenase (PFOR)-like reductase domain that has a FMN and iron-sulfur cluster. 33 Class 

A B 
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VIII is composed of an N-terminal CYP450 domain fused to a C-terminal FMN and FAD cofactor 

dependent CYP450 reductase (CPR) domain. Self-sufficient CYP450s have garnered much scientific 

interest for biotechnological applications because of their broad substrate specificity, chemical versatility 

and self-sufficient nature that makes them catalytically efficient and amenable to enzyme engineering.34 

3.1.4 Structure of CYP450s 
 

The overall structure of CYP450s is very similar, even with sequence identity across the CYP450 

superfamily of less than 20%.35 CYP450 forms an overall triangular prism shape composed primarily of α-

helices and some β-sheets, with a catalytic heme center (Figure 3.4).36 First structural insights were gained 

from the crystal structure of CYP101A1 (CYP450cam).12 This structure contained 12 α-helices designated 

A – L and 5 β-sheets designated β1 - β5. This structural knowledge has been expanded to approximately 

800 total structures with the scope extending from prokaryotic and eukaryotic to even include viral 

structures. 14,28 As the number of CYP450 structures has increased, so have the labels to describe the 

secondary structure components which currently include α-helices A, A′, B, B’, B′′, C, D, D’, E, F, F′, G, 

G′, H’, J, J’, K, K’,K′′, L, L′ and β-sheets β1-β6.37 
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Figure 3.4 Representation of the structural elements of CYP450s (PDB 1DZ4). CYP450 forms a triangular 
prism shape composed of α-helices and β-sheets, with a catalytic heme center next to the I-helix. 
 

The core of CYP450s is composed of a four-helix bundle in which three helices (D, L and I) are 

parallel and the E-helix is antiparallel.38 The active site of a CYP450 contains a heme group coordinated to 

the sulfur of a conserved cysteine residue within the CYP450 “signature sequence” FXXGXbXXCXG, 

where X represents any residue and Xb represents a basic residue.4 The sulfur atom of the cysteine is 

liganded to the heme iron, forming the proximal ligand.39 The region near the heme active site is the most 

conserved structurally with the active site heme neighbored by the I-helix and L-helix on the distal face, 

and the proximal cysteine coordinated to the heme iron. The I-helix is the longest helix on CYP450 and 

contains the conserved (A/G)GX(E/D)T sequence, resulting in a characteristic “kink” believed to form the 

oxygen binding site.40,41 Schlichting et al. subsequently showed that a water molecule binds in this groove 

and stabilizes the bound oxygen.42 Regions proposed to be involved in substrate recognition and binding 

are called substrate recognition sites (SRS) and include the B’-helix (SRS1), F- and G-helices (SRS2 and 
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SRS3), the I-helix (SRS4), the β4-sheet hairpin (SRS5) and the K-helix β2-sheet loop (SRS6).43 The regions 

involved in substrate specificity show the most structural divergence permitting the broad range of CYP450 

substrates and varied regio- and stereo-selectivity.44 

3.1.5 The Cytochrome P450 Catalytic cycle 
 

Central to the chemistry of CYP450s is the cysteine coordinated heme in the active site.45 The 

overall reaction catalyzed by CYP450s requires molecular oxygen and two electrons derived from the 

reduced cofactors NAD(P)H and can be summarized as follows: 46 

 

RH + O2 + NAD(P)H + H+ à ROH + NAD(P)+ + H2O 

 

In its resting state, the heme iron is in a low-spin ferric Fe3+ state with a water molecule coordinated 

in the distal site.47 Upon substrate binding, the resting state water molecule is displaced and the Fe3+ shifts 

from a low-spin to a high-spin state (Figure 3.5).48 This change in spin-state results in a lowered redox 

potential and Fe3+ is subsequently reduced to the to the Fe2+ ferrous heme. It has, however, also been shown 

that one-electron reduction can occur before the substrate binds.49 The molecular oxygen co-substrate 

subsequently binds and following a second reduction a ferric-peroxo intermediate is formed.50 This ferric-

peroxo intermediate is protonated to the ferric hydroperoxo species, termed Compound 0.51,52 Further 

protonation results in scission of the O-O bond and the release of water and a ferryl-oxo porphyrin radical. 

This ferryl-oxo porphyrin radical is highly reactive and has been designated “Compound I” since it reacts 

directly with the substrate. 4,53 Compound I performs hydrogen atom abstraction from the substrate by 

homolytic bond cleavage forming a substrate radical and a ferryl hydroxide termed Compound II.54,55 Since 

the substrate radical is highly reactive, this recombines with the ferryl hydroxide to form the hydroxylated 

product.56,57 Following product release, water binds to the ferric heme, returning the enzyme to its resting 

state. In an alternative pathway, H2O2 can also serve as the CYP450 co-substrate, resulting in direct 

formation of Compound I via a “peroxide shunt”.58 
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There are several routes for the “uncoupling” of the CYP450 reaction cycle. This can occur after 

the formation of the ferric-peroxo intermediate, resulting in formation of a superoxo species, or by 

protonation of the ferric hydroperoxo in absence of substrate resulting in formation of H2O2. The Compound 

I can also be reduced protonated and reduced to form water and the resting state ferric heme.  

 

 
 
Figure 3.5 The overall CYP450 catalytic cycle. The CYP450 cycle is initiated by substrate binding 
followed by reduction and oxygen binding. Following a second reduction and two protonation steps, the 
ferryl-oxo porphyrin radical Compound I forms. Compound I abstracts a hydrogen from the substrate and 
forms the hydroxylated product following recombination with the substrate radical. Solid arrows represent 
the productive cycle and the dashed lines represent the uncoupling reaction. Adapted from Behrendorff et 
al.59 and reprinted with permission of Frontiers in Microbiology. 
 

In order to perform catalysis, CYP450s require the addition of two electrons. The transfer of 

electrons to the CYP450 active site is often the rate limiting step in catalysis.60 The primary source of these 

electrons in two consecutive single reduction steps are reduced NAD(P)H which is oxidized by a diflavin 

reductase partner protein, the CYP450 reductase (CPR), which transfers the electrons to the CYP450 heme 

either directly or via additional diflavin, flavodoxin or ferredoxin redox partner proteins.30,61,62 In addition 
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to partner protein-dependent reduction, a number of chemical reductants can serve as electron sources such 

as sodium dithionite and titanium(II)citrate, as well as electrodes light-derived electron sources.63–65 

3.1.6 Protonation pathway 
 

Oxygen insertion is catalyzed by the high-valent iron-oxo species termed Compound I.4 This 

requires cleavage of the O-O bond in molecular oxygen by protonation of the leaving oxygen.44 A 

complicated proton delivery pathway involving active site residues and water molecules is likely to be 

involved, but the exact nature of the pathway is still debated since there is no residue in the vicinity that 

can function as a acid-base catalyst such as the histidine residue as observed in peroxidases.66 Currently, 

most of the insight into the protonation pathway has been obtained from studies on CYP450cam from 

Pseudomonas putida which catalyzes the hydroxylation of camphor in the 5-exo position.12,67,68 

Neighboring the kink of the I-helix of CYP450, there is a highly conserved “acid-alcohol pair” composed 

of Asp/Glu and Ser/Thr which are designated Asp251 and Thr252 in CYP450cam (Figure 3.6).40,41,45 Early 

crystallographic and mutagenesis studies by Gerber et al. suggested that Thr252 protonates the dioxygen 

species with Asp251 acting as a proton donor and that there may be a bridging water molecule involved.69,70 

Asp251 shuttles protons from the surface residues Lys178, Asp182 and Arg186 to the active site, thereby 

functioning as a “carboxylate switch”.  
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Figure 3.6 Residues involved in the CYP450 protonation pathway (PDB 1DZ4). (A) Thr252 is located in 
the I-helix kink and in the closed state there is only one water molecule in the I-helix and Asp251 is 
restrained in a salt bridge interaction. (B) Asp251 is held in a salt bridge interaction in the closed state with 
Lys178 and Arg186 (camphor omitted for clarity). 
 

Mutagenesis of the Thr252 residue indicate that while a Ala252 mutant does not show reduced 

NADH consumption, there is significant uncoupling with H2O2 formation observed.71,72 Further 

mutagenesis studies by Vidakovic et al. supported that Asp251 functions as a “carboxylate switch” 

mediating protons from the surface of the protein.73 Their activity studies indicated that mutation of Asp251 

to asparagine significantly reduced the rate of camphor hydroxylation to 1% of that observed in the wild 

type. In the model proposed by Vidakovic et al., an additional water molecule is present in the active site 
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with Asp251 shuttling protons to the dioxygen species via a two water molecule network stabilized by 

Thr252. Driving the reaction with in-beam chemistry Schlichting et al. found that Asp251 may act as a 

“carbonyl switch”, stabilizing active site waters instead of functioning as a proton donor, a role assigned to 

Thr252 and two water molecules which form a part of a proton delivery mechanism.42 These findings 

implied that following oxygen binding, there is a conformational change in the I-helix in which the carbonyl 

group of the Asp251 residue flips. This causes rearrangement of the active site in which Thr252 forms a 

hydrogen bond with the bound dioxygen and two water molecules enter the active site.41,42 Early studies by 

Kimata et al. put the role of Thr252 as a direct source of protons into question since a CYP450cam with 

chemical modification of the Thr252 hydroxyl group to a methoxy group still displayed activity.74 An 

additional structural and mutagenesis study by Hishiki et al. on a Thr252Ile mutant proposed that a proton 

delivery network is formed by Lys178/Arg186, Asp251 and two waters molecules. In this scenario, a water 

molecule serves as the proton donor and Thr252 stabilizes this water via a hydrogen bond.75 Structural 

studies of the ferrous dioxygen mutants Thr252Ala and Asp251Asn by Nagano et al. also suggested that 

Thr252 does not play a role as a hydrogen bond donor or acceptor during dioxygen activation.41 It was 

concluded that Thr252 may acts as a hydrogen bond acceptor from the hydroperoxy intermediate, thereby 

increasing affinity of the distal oxygen in the hydroperoxy species for second protonation. QM/MM studies 

by Zheng et al. and Wang et al., however, suggested that protonation of the dioxygen species occurs through 

a concerted mechanism involving transfer from a protonated Asp251 via a water molecule and Thr252.76,77 

An alternative to an acid-alcohol pair being involved in the first protonation step has been recently proposed 

by Kalita et al. used QM/MM studies to show that a heme propionate/Arg299 pair may be involved in 

intermediate protonation.78 The discussed findings illustrate that the first protonation in the CYP450cam 

first protonation step still remains a debated topic. Thus far it can be concluded that the Asp/Glu and Ser/Thr 

acid-alcohol motif is important for intermediate protonation during catalysis, however, the exact proton 

delivery pathway may differ amongst different CYP450s.79 
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3.1.7 CYP101A1 (CYP450cam) 
 

CYP450cam (CYP101A1) from Pseudomonas putida was the first CYP450 structure to be 

determined and most mechanistic insights into CYP450s have been gained from studies of this “archetypal” 

system. 67,68 CYP450cam is a 46.7 kDa protein that catalyzes the regio- and stereoselective hydroxylation 

of camphor in the 5-exo position. This structure contains 12 α-helices designated A – L and 5 β-sheets 

designated β1 - β5. The active site heme is positioned between helices I and L and the heme iron is 

coordinated to the cysteine residue Cys357 (Figure 3.7). The substrate access channel is composed of the 

antiparallel F and G-helices, the F-G loop and a part of the B’-helix. These structural elements are 

positioned around the heme to ensure correct camphor positioning for catalysis.80,81 

 

 
 
Figure 3.7 Overview of the CYP450cam structure (PDB 1DZ4). The heme iron is coordinated to the sulfur 
of a cysteine on the proximal side and the substrate camphor binds in the vicinity of the I-helix on the distal 
face. The substrate entry channel is bounded by the F-, G- and B-helices and FG-loop. 
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In the catalytic mechanism of CYP450cam, camphor binding results in a shift of the low spin ferric 

heme to a high spin state which also results in a change of the reduction potential from -303 mV to -173 

mV (Figure 3.8).82 Following this, the heme can be reduced by a 11.6 kDa Fe2S2 ferredoxin redox partner 

protein Putidaredoxin which has a reduction potential of -240 mV.83 Following this molecular dioxygen 

binds and is activated for substrate hydroxylation.  

 

 
 

Figure 3.8 The catalytic cycle of CYP450cam. The oxidized CYP450cam (CYPo) in the low spin state (ls) 
binds the substrate, D-camphor and transitions to a high spin state (hs). The reduced CYPr binds oxygen 
and reduced Pdxr which can form the active complex to form the product 5-exo-camphor. If Pdxr does not 
bind, the oxygen is reduced by the heme iron to superoxide and dissociates. Adapted from Pochapsky et 
al.84 and reprinted with permission of the American Chemical Society (ACS). Please contact publisher for 
reuse. 
 

In addition to its role in electron delivery to the CYP450cam heme, Pdx plays an important effector 

role, inducing conformational changes essential for substrate hydroxylation.85–89 During catalysis, the first 

reduction of CYP450cam can be achieved by non-native redox partners including small molecules, however 

Pdx is essential for the second reduction.90,91 Crystallographic studies by Tripathi et al. showed that 

substrate bound CYP450cam adopts a closed conformation which shifts toward an open conformation upon 

Pdx binding.92 This conformational change involves movement of the F and G helices and FG loop of 

CYP450cam that form the substrate binding channel. Conformational changes by Pdx binding also caused 



   

193 
 

Asp251 to be freed from a salt bridge interaction with Arg186 and Lys178, which triggers formation of the 

proton relay network required for camphor hydroxylation.92  

3.1.8 Neutron Studies of CYP450cam 
 

The protonation pathway responsible for delivery of a proton to the peroxo intermediate during 

CYP450cam catalysis remains a field of active investigation as discussed in Section 3.1.6. Since detailed 

knowledge of this complex hydrogen bonding network is necessary to determine the exact architecture of 

the acid-alcohol pair and surrounding water molecules, neutron protein crystallography is the ideal probe. 

As discussed in Chapter 1, neutron protein crystallography allows the position of hydrogen (H) and 

deuterium (2H/D) atoms to be determined. In contrast to X-ray crystallography, where the magnitude of 

scattering is proportional to the number of electrons, the magnitude of neutron scattering is dependent on 

complex interactions with the nucleus. 93,94 This makes light H/D atoms similarly visible to protein C, N, O 

and S atoms in neutron scattering length density maps.95,96 Thus protonation states, hydrogen bonding 

interactions and water molecule orientations are visible at moderate resolutions in contrast to the sub-atomic 

resolutions necessary for X-ray diffraction.97 While there have been numerous studies on metalloproteins 

using neutron protein crystallography to elucidate their reaction mechanism as discussed in Chapter 1.1,98 

currently the only heme-center proteins characterized by neutron protein crystallography are the heme 

peroxidases.99 Studies on the Class I heme peroxidases cytochrome c peroxidase (CcP) permitted 

characterization of compound I as a deprotonated Fe(IV)=O and with a positively charged, doubly 

protonated distal histidine.100 Further neutron protein crystallography studies of ascorbate peroxidase 

(APX) permitted characterization of Compound II as a protonated Fe(IV)-OH.101 The structure further 

indicated that the distal histidine was doubly protonated and therefore positively charged. A recent neutron 

crystal structure investigating a distal arginine as a dynamic proton donor, found this residue to be 

deprotonated and neutral, supporting its capacity as a proton donor.102 

 

The studies of CcP and APX represent an excellent precedent of the information that can be gleaned 

from neutron protein crystallography of heme-center proteins. In particular, the capture of catalytic 
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intermediates permits further insight into the mechanism. Although there is currently no complete structure 

of CYP450cam, preliminary studies to determine its suitability to neutron studies have yielded promising 

results. Due to the negative coherent neutron scattering length and a high incoherent cross section of 

hydrogen, it is advantageous perdeuterate the protein and to exchange all the H atoms within the protein to 

D to improve data quality.103,104 Perdeuteration of a protein may however affect its physiochemical 

properties.105 Studies by Meilleur et al. on CYP450cam have shown that the hydrogenated and 

perdeuterated forms are structurally and physiochemically similar and that a perdeuterated protein would 

therefore serve as a suitable system to further study CYP450cam catalysis.106 To ascertain this, CYP450cam 

was expressed in hydrogenated and perdeuterated form and characterized by Fourier transform infrared 

(FTIR) spectroscopy. The thermal stability and unfolding was investigated by using the amide band 

absorption peaks. Additionally, step-scan time-resolved FTIR was used to study the binding of the CO 

ligand by monitoring the CO stretch vibration band and the amide band absorption peaks. It was found that 

perdeuteration does not affect CO binding, however the perdeuterated CYP450cam was less thermally 

stable. Meilleur et al. further demonstrated perdeuterated CYP450cam crystals were very suitable for 

diffraction experiments.107 X-ray diffraction of crystals of perdeuterated CYP450cam that were >99% 

deuterium enriched diffracted to a resolution of 1.7 Å. Hydrogenated crystals of CYP450cam grown using 

the same conditions diffracted up to 1.4 Å. Structural analysis revealed no significant differences between 

the hydrogenated and perdeuterated forms. Taken together, these successful structural studies support the 

use of perdeuterated CYP450cam as a system for characterization by neutron protein crystallography. 

3.1.9 Large crystal growth for neutron protein crystallography 
 

While neutron protein crystallography provides mechanistically important structural information 

about the protonation states, hydrogen bonding interactions and water molecule orientations, it is presents 

challenges due to neutron source flux limitations and weak sample scattering.108 During neutron diffraction, 

the intensity of diffraction can be given by the following equation109: 
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where I is the diffraction intensity, I0 is the incident neutron intensity, F is the structure factor, V is 

the volume of the crystal sample, A is the detector area subtended by the sample and v0 is the unit cell 

volume. This equation illustrates that ! ∝ ' indicating that the larger the crystal, the better the signal-to-

noise ratio, ! +, . Neutron protein crystallography, therefore, requires large crystals for successful data 

collection with a minimum volume of 0.1 mm3.110,111 It should be noted that in addition to crystal volume, 

the unit cell volume also contributes to the diffraction intensity.112 To prevent close reflections that are 

difficult to discern due to overlap, large crystals with small unit cells are optimal.113 

The number of neutron protein diffraction structures is significantly lower than the number of X-

ray diffraction structures with neutrons constituting close to 190 deposited structures in the Protein Data 

Bank (PDB) in contrast to more than 160 352 X-ray structures as of October 2021.113 The majority of solved 

neutron structures utilized hydrogenated protein that had undergone H/D vapor exchange since 

perdeuteration can hamper crystal growth and has lower protein expression yields.114 Analysis of the 

submitted neutron crystal structures indicates that large crystal growth is achieved by vapor diffusion and 

batch crystallization, while dialysis and capillary counter- diffusion have also yielded a few successful 

results.103,113 Additionally, crystal seeding techniques have contributed to the success of the growth of larger 

crystals with improved diffraction.115,116 

3.1.10 General principles of protein crystallization 
 

In biology, the central principle of crystallization is to achieve a state of supersaturation of a 

macromolecule that facilitates their aggregation subsequent growth into ordered assemblies.117 

Crystallization proceeds in two phases termed nucleation and growth.118 Nucleation is the first step during 

which self-assembly into an organized structure for crystal growth occurs.119 These ordered nuclei continue 

to grow until a critical size is exceeded and crystal growth commences. In order to achieve a state of 

supersaturation where the protein concentration is greater than its solubility limit, a number of precipitants 

are used to reduce the proteins solubility.120 These include salts, organic solvents, polymers or alcohols, 
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however, every protein is unique and the exact composition of precipitant that will yield successful 

crystallization can only be determined by trial and error. 

 

Crystal growth can be described using kinetics and it is governed by equilibrium 

thermodynamics.121 Formation of nuclei and subsequent crystal growth can be illustrated with a phase 

diagram in which the states of the protein are described as a function of precipitant.122 This provides insight 

into the protein solubility at increasing precipitant concentrations and provides a set of conditions at which 

there is an equilibrium between solution and crystal growth.123 When a protein crystallizes, a phase 

transition occurs with the solubility curve demarcating the a change in phase from protein in solution in an 

undersaturated state to four saturation zones: metastable, nucleation, precipitation and phase separation 

(Figure 3.9).124 In the undersaturation zone, there is no nucleation or crystal growth. Increase in protein and 

precipitant concentration results in a supersaturation environment in which the concentration of the protein 

is greater than its solubility limit. The lowest level of supersaturation i.e., the metastable zone, does not 

have sufficient levels of supersaturation for nucleation to take place, however it presents the ideal 

environment for crystallization from formed nuclei or seeded crystals. The nucleation zone presents 

moderate supersaturation conditions in which proteins can aggregate to form nuclei from which crystals 

will grow. Further increasing protein and precipitant concentrations results in the precipitation zone where 

concentrations are too high for nucleation. An extreme case occurs when protein and precipitation 

concentrations are increased beyond the precipitation and phase separation, characterized by formation of 

droplets with an oily appearance.125 
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Figure 3.9 Crystallization phase diagram for proteins. The kinetic trajectories for dialysis, vapor diffusion 
and batch are shown in arrows. The undersaturation and supersaturation zones are separated by the 
solubility curve and the supersaturation zone is composed of the metastable, precipitation and nucleation 
zones. Figure prepared with BioRender.  
 

Crystallization techniques represent different kinetic trajectories within this phase diagram to 

achieve nucleation and subsequent crystal growth and will be discussed below. Crystallization is a trial-

and-error process that leverages on variations of precipitant type, precipitant concentration, pH, temperature 

and protein concentration to achieve successful crystal growth.126 A plethora of precipitants are at the 

protein crystallographer’s disposal, often conveniently provided as screens of several hundred conditions 

for evaluation and subsequent optimization.127,128 The primary crystallization techniques include vapor 

diffusion using both sitting and hanging drops, batch crystallization and crystallization by dialysis (Figure 

3.10). While the apparatus used for protein crystallography can vary, the primary principle of achieving a 

state of supersaturation to enable nucleation and subsequent crystal growth remains a unifying concept. 
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Figure 3.10 Illustration of the conventional crystallization methods. (A) Hanging drop vapor diffusion in 
which the protein droplet is suspended above the precipitant reservoir. (B) Sitting drop vapor diffusion in 
which the protein drop is sitting on a bridge above the precipitant reservoir. (C) Batch protein crystallization 
in which the protein and precipitant are combined and covered in a low-density non evaporative oil. (D) 
Dialysis crystallization in which the protein equilibrates with the precipitant though a semi-permeable 
dialysis membrane. Figure prepared using BioRender. 
 
3.1.10.1 Vapor diffusion 
 

Vapor diffusion is the most commonly applied protein crystallization technique.129 In this 

technique, a droplet composed of protein in buffer is mixed with a precipitant solution is equilibrated against 

a reservoir with a higher concentration of precipitant.130 The precipitant concentration within the protein 

droplet gradually increases as vapor diffusion to achieve equilibration of the drop and the reservoir occurs. 

During this equilibration with the reservoir, the drop will reach supersaturation conditions that encourage 

nucleation and crystal growth. In the practical application of this technique, the wells are sealed with a 

cover slide and vacuum grease or tape to create a closed environment. The protein droplet can be placed on 

a support above the precipitant reservoir in a “sitting drop” conformation, on the underside of the siliconized 

glass cover slide used to seal the well in a “hanging drop” or sandwiched between two siliconized glass 

cover slides.126 

3.1.10.2 Dialysis 
 

Like the vapor diffusion method, dialysis also makes use of a gradual equilibration with a 

precipitant solution, but the equilibration occurs through a semi-permeable membrane.131 The membrane 

used should permit the movement of small molecules, such as salts, but prevent the diffusion of the protein. 

Generally, the protein in buffer is placed in a “button” which is covered in the semi-permeable membrane 

A B D C 
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of a certain molecular weight cutoff.132 This dialysis button is immersed in the precipitant and gradually the 

precipitant diffuses into the button creating conditions of supersaturation.  

3.1.10.3 Batch 
 

Batch crystallization can be thought of as an “end-point” technique because there is no gradual 

exploration of the phase diagram through evaporation or diffusion to achieve supersaturation.133 In a batch 

set-up, the protein and buffer are mixed with precipitant to and nucleation must occur from these 

proportions of protein and precipitant. To perform a batch experiment, protein and precipitant are combined 

in vials to supersaturation levels and left undisturbed. An alternative to this larger scale method is 

microbatch in which droplets of protein mixed with precipitant are covered with an inert low density, non-

evaporative oil such as paraffin, creating a closed environment.134 

3.1.10.4 Capillary counter-diffusion 
 

This technique is also known as “free interface diffusion” since it permits free diffusion of the 

protein solution with the precipitant solution where they meet at an interface.135 To achieve this a protein 

solution is placed in a capillary and the precipitant is carefully layered on top of this. The interface of the 

protein and precipitant undergoes diffuses mixing and a supersaturation environment is generated with 

crystals forming as a “nucleation front” progresses.136 It is also possible to suspend the precipitant in a 

matrix or gel to regulate diffusion and prevent rapid mixing.  

3.1.10.5 Strategies for neutron protein crystallography 
 

The techniques applied to obtain crystal for X-ray diffraction are the same as those applied for 

neutron diffraction, with the primary difference being scale.104,110,137 While crystallization drops for X-ray 

diffraction usually range from 1 μL to 10 μL, neutron diffraction requires larger volumes of several hundred 

microliters to even the milliliter range.103 Optimization of conditions which provide crystal “hits” is also 

highly advantageous. Optimization is performed by creating a grid with variations of a condition that has 

been found to promote crystal growth.138 The parameters that can be adjusted include the precipitant 

concentration, the protein concentration and the pH; all within a range of the original condition that yielded 
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crystals.139 Optimization permits improvement of the crystal morphology and allows the conditions that 

favor growth of large, single crystals to be established. Since larger drops result in a different 

thermodynamic behavior during diffusion, optimization of conditions that worked for small-scale 

crystallization may be necessary when bigger drops are used. Finally, seeding remains an invaluable 

technique to obtain large crystals.140 Large crystals, by necessity, require large amounts of protein. It may 

occur that a high-quality crystal may have depleted all the protein material within a drop to continue 

growing in which case transference of this crystal to another drop with lower supersaturation levels i.e. the 

metastable zone to continue growth typically via vapor diffusion. Macroseeding is usually preceded by a 

step termed “etching” in which the crystal is placed in an unsaturated solution to remove the ultimate crystal 

layer that may contain malpositioned protein molecules which would adversely affect regular growth along 

the planes of the crystal surface.141 Microseeding is particularly useful if a condition that provides crystals 

has been established, however the morphology or quality of these crystals is undesirable.142 A nucleant 

solution is generated by crushing a crystal and feeding this into a protein precipitant solution that is less 

supersaturated and commencing with vapor diffusion crystallization. Seeding can also be performed by 

streak-seeding in which a fine hair/whisker is used to transfer crystal fragments from a nucleant solution or 

simply by streaking the hair gently across a drop containing crystal(s) to dislodge seeds.143 The “seeded” 

hair/whisker is then streaked across the protein drop that will be exposed to vapor diffusion to deposit donor 

seeds for crystallization.  
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3.2 Aim of research 

The wealth of structural, spectroscopic and computational research of CYP450cam has provided 

information on the reaction mechanism as well as proposed numerous putative pathways for intermediate 

protonation. Controversy of the source of these protons and their precise mechanism of delivery to the heme 

active site remain. Recent studies have proposed that, contrary to a protonation pathway involving the acid-

alcohol pair Asp251-Thr252, a heme propionate/Arg299 pair may be involved in intermediate 

protonation.78 Neutron protein crystallography represents the ideal technique to uncover the protonation 

pathway since it permits the visualization of H/D atoms. This will provide information on the protonation 

states of the active site residues, hydrogen bond interactions and the orientation of water molecules. 

Meilleur et al. have successfully perdeuterated and crystallized CYP450cam, establishing that this system 

is suited to neutron diffraction experiments by performing preliminary neutron diffraction data 

collection.106,107 The aim of this research is to replicate the successful crystallization of CYP450am and 

optimize this for growth of large crystals. Once these large crystals are obtained, it will be possible to 

perform neutron diffraction studies of the CYP450cam resting state, as well as oxygen-activated reaction 

cycles intermediates to elucidate the protonation pathway and reaction mechanism.  
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3.3 Materials and methods  

3.3.1 Reagents 
 

All reagents, unless otherwise stated were obtained from Fischer Scientific (Hampton, New 

Hampshire, USA) and Sigma-Aldrich (St. Louis, Missouri, USA) and purifications columns were from GE 

Healthcare Life Sciences (Chicago, Illinois, USA). 

3.3.2 Protein Expression 
 

The CYP101A1 (CYP450cam) from Pseudomonas putida with the C334A mutation was cloned 

into the pET-M11 vector (EMBL).144 The C334A mutation prevents dimerization and has been shown to 

not influence activity.145 This CYP450cam contains a N-terminal His6-tag with a TEV protease site and will 

be termed CYP450cam(C334A)-His. The CYP450cam C334A mutant was additionally synthesized 

(Genscript) into the pET-15b vector (Novagen). This CYP450cam contains no His6-tag and will be termed 

CYP450cam(C334A). CYP450cam(C334A)-His6 and CYP450cam(C334A) were overexpressed in E.coli 

BL21(DE3) grown in Luria-Bertani broth for to an OD600 of 0.7 after which expression was induced with 

0.4 mM isopropyl β-D-1-thiogalactopyranoside (IPTG) supplemented with 1 mM 5-aminolevulinic acid 

(heme precursor) and 50 μM FeCl3 for 24 h at 25°C. Cell pellets were resuspended in either 50 mM KPi pH 

7.6, 50 mM KPi pH 6 or 50 mM Tris pH 7.8 which each also contained 1 mM D-camphor and 0.5 mg/mL 

lysozyme. Cells were lysed by sonication and centrifuged at 30 000g for 45 min.  

3.3.3 Protein purification 
 
3.3.3.1 Ni-affinity purification 
 

P450cam(C334A)-His6 lysate was loaded onto a HisTrap HP column equilibrated with 50 mM KPi 

pH 7.6, 250 mM KCl, 1 mM D-camphor and 20 mM imidazole pH 7.6. Elution was performed using a 

linear gradient of 50 mM KPi pH 7.6, 250 mM KCl, 1 mM D-camphor and 500 mM imidazole pH 7.6. The 

eluate was pooled from a peak obtained monitoring the absorbance peak at 391 nm and fractions were 

concentrated using a 30 kDa cutoff centrifugal filter (Amicon).  
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3.3.3.2 Anion exchange purification 
 

P450cam(C334A) lysate loaded onto a either a DEAE HiTrap DEAE FF equilibrated with 50 mM 

KPi pH 6 and 1 mM camphor or a HiTrap Q XL column equilibrated with 50 mM Tris pH 7.8 and 1 mM 

camphor. Elution was performed using a linear gradient of 50 mM KPi pH 6 or 50 mM Tris pH 7.8 for the 

DEAE and Q-columns, respectively, as well as 1 mM D-camphor and 1 M KCl. The eluate was pooled 

from a peak obtained monitoring the absorbance peak at 391 nm and fractions were concentrated using a 

30 kDa cutoff centrifugal filter (Amicon).  

3.3.3.3 Size exclusion chromatography 
 

P450cam(C334A)-His6 and CYP450cam(C334A) from the affinity anion exchange purification 

was loaded onto a Superdex 75 prep grade, HiLoad 16/60, 120 mL column equilibrated with a wash buffer 

composed of 50 mM KPi pH 7.6, 250 mM KCl and 1 mM D-camphor. The eluate was pooled from a peak 

obtained monitoring the absorbance peak at 391 nm and fractions were concentrated using a 30 kDa cutoff 

centrifugal filter (Amicon).  

3.3.4 Hemin reconstitution 
 

To ensure that any apoprotein without heme coordinated in the active site would be reconstituted 

with heme, hemin chloride was added to purified CYP450cam according to the protocol by Auclair et al. 

146 A hemin solution was prepared in which 24 mg of hemin chloride was dissolved in 330 μL 0.1 M NaOH. 

This was diluted to 30 mL in 50 mM KPi pH 7.6 and 4 mM D-camphor. 10 mL of this hemin solution was 

added to 57 mg of CYP450cam(C334A) in 190 mL of 50 mM Tris pH7.4, 250 mM KCl and 1 mM camphor. 

This reaction was stirred overnight at room temperature. A buffer exchange was performed using a 30 kDa 

cutoff centrifugal filter (Amicon) to 50 mM KPi pH 7.6, 250 mM KCl and 1 mM camphor. This gave a 

final concentration of ~ 60 μM hemin chloride added to 6 μM CYP450cam. 

Alternatively, the Lee et al. protocol was followed in which 0.1 mM hemin chloride added to the 

E. coli BL21(DE3) that had expressed CYP450cam lysis buffer.147 
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3.3.5 Characterization 
 
3.3.5.1 SDS-PAGE 
 

Gel electrophoresis was performed on whole cells following expression as well as purification 

fractions using sodium dodecyl-sulfate polyacrylamide gel electrophoresis (SDS-PAGE).148 Samples were 

run on Mini-PROTEAN TGX Stain-Free Precast Gels (BioRad Laboratories, Hercules, California, USA) 

and performed according to the manufacturer’s protocol using 5 μL of the Precision Plus Protein Unstained 

Standards (BioRad Laboratories, Hercules, California, USA). 

3.3.5.2 Native SDS-PAGE 
 

Blue native PAGE (BN-PAGE) was performed using precast Bis-Tris 4 – 16% gels from the 

NativePAGE™ Novex® System (Life Technologies, Carlsbad, California, USA) in the XCell SureLock 

minicell with 5 μL of NativeMark unstained protein standard and stained with Coomassie G-250 for 

analysis.149 

3.3.5.3 Absorption spectrum 
 

UV-Vis spectroscopy was performed using a Shimadzu UV-VIS spectrophotometer (SHIMADZU 

SCHWEIZ GmbH, Switzerland) using 1 cm pathlength quartz cuvettes.  

3.3.5.4 CO-difference spectrum 
 

Whole cells or purified CYP450cam(C334A)/P450camC334A-His6 was used for CO difference 

spectroscopy. CYP450cam was reduced with a few grains of sodium dithionite in duplicate and one of the 

samples was exposed to CO in a sealed environment for 10 min. Absorbance of the CO-bound and free 

CYP450cam was measured from 360 – 500 nm in a microtiter plate using a SpectraMax i3 

spectrophotometer (Molecular Devices, San Jose, California, USA).  
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3.3.6 Crystallization 
 
3.3.6.1 Vapor diffusion 
 

Crystallization was performed using purified CYP450cam(C334A) or CYP450camC334A-His6 

exchanged into a buffer composed of Tris pH7.4 and 1 mM camphor using a 30 kDa cutoff centrifugal filter 

(Amicon). Crystallization was performed with CYP450cam in a concentration range of 5 – 40 mg/mL. 

Crystallization was performed in both sitting and hanging drops in 24-well Cryschem and VDX plates 

(Hampton Research, Aliso Viejo, California, USA) sealed with tape or 22 mm siliconized cover slides. A 

range of conditions were used for crystallization with polyethylene glycol (PEG) PEG 3350 - PEG 12 000 

in a 2% - 22% range, 100 – 250 mM KCl, 1 – 2 mM D-camphor and 50 mM Tris in a 6.5 – 8.5 pH range 

and temperatures ranging from 4°C - 25°C. Protein drops were added to precipitant in multiple ratios (1:1, 

1:2, 1:3, 2:1, 3:1) and drop sizes ranged from 2 μL – 60 μL. Additionally, large sitting drops ranging from 

100 μL– 800 μL were set up in the 9 well glass plate and sandwich box setup (Hampton Research, Aliso 

Viejo, California, USA). 

3.3.6.2 Microbatch  
 

Crystallization was performed using purified CYP450cam(C334A) or CYP450camC334A-His6 

exchanged into a buffer composed of in Tris pH7.4 and 1 mM camphor using a 30 kDa cutoff centrifugal 

filter (Amicon). Microbatch crystallization was performed using 72 well Greiner microbatch plates 

(Hampton Research, Aliso Viejo, California, USA) and protein drops were submerged in paraffin or Al’s 

oil. Crystallization was performed with CYP450cam in a concentration range of 5 – 40 mg/mL. A range of 

conditions were used for crystallization with PEG 3350 - PEG 12 000 in a 2% - 22% range, 100 – 250 mM 

KCl, 1 – 2 mM D-camphor and 50 mM Tris in a 6.5 – 8.5 pH range and temperatures ranging from 4°C - 

25°C. Protein drops were added to precipitant in multiple ratios (1:1, 1:2, 1:3, 2:1, 3:1) and drop sizes 

ranged from 2 μL – 20 μL. 
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3.3.6.3 Microdialysis 
 

Crystallization was performed using purified CYP450cam(C334A) or CYP450camC334A-His6 

exchanged into a buffer composed of in Tris pH7.4 and 1 mM camphor using a 30 kDa cutoff centrifugal 

filter (Amicon). Dialysis was performed using the dialysis button setup from Hampton (Hampton Research, 

Aliso Viejo, California, USA) with buttons ranging from 5 μL – 350 μL with a Spectra/Por6 25 kDa cutoff 

dialysis membrane (Repligen, Waltham, Massachusetts, USA). Crystallization was performed with 

CYP450cam in a concentration range of 5 – 40 mg/mL. A range of conditions were used for crystallization 

with PEG 3350 - PEG 12 000 in a 2% - 22% range, 100 – 250 mM KCl, 1 – 2 mM D-camphor and 50 mM 

Tris in a 6.5 – 8.5 pH range and temperatures ranging from 4°C - 25°C.  

3.3.6.4 Screens 
 

Crystallization was performed using purified CYP450cam(C334A) or CYP450camC334A-His6 

exchanged into a buffer composed of in Tris pH7.4 and 1 mM camphor using a 30 kDa cutoff centrifugal 

filter (Amicon). Crystallization was performed with CYP450cam in a concentration range of 5 – 40 mg/mL.  

A number of screens from Qiagen (Hilden, Düsseldorf, Germany) including JCSG Core I-IV. PEGs 

Suite I-III and NexTal MB Class Suite I – II were used. Proteins were crystallized in a 1:1 ratio with 

precipitant in drops ranging from 1 μL – 2 μL at temperatures from 4°C - 25°C.  

3.3.6.5 Microseeding 
 

Formed crystals were harvested and microseeds were generated using Seed Beads (Hampton 

Research, Aliso Viejo, California, USA). Stabilizing solutions for microseed solutions were generated using 

the well conditions for subsequent crystallization in a dilution series of 100, 10-1, 10-2, 10-3, 10-4 and 10-5. 

Drops composed of 1 μL protein and 1 μL precipitant pre-equilibrated overnight at 6°C and 1 μL seed was 

added to this. Crystallization was performed with CYP450cam at a concentration range of 20mg/mL. 

Crystallization conditions contained PEG 3350 - PEG 12 000 in a 2% - 22% range, 250 mM KCl, 1 mM 

D-camphor and 50 mM Tris pH 7.6. 
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3.3.7 X-ray diffraction 
 

X-ray diffraction data at 295 K were collected on a Rigaku MicroMax-007 HF X-ray generator 

coupled with a Dectris EIGER R 4M detector. Collected data was reduced with CrysAlisPro software suite 

(Rigaku, The Woodlands, Texas, USA) and scaled and merged with AIMLESS in the CCP4 suite 150,151. 

Structure solution and refinement of the X-ray diffraction data was performed using the PHENIX software 

suite with manual model building to fit electron density maps in Coot.152–154 
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3.4 Results and discussion 

3.4.1 Protein expression and purification 
 

In order to successfully obtain crystals of sufficient size for neutron protein crystallography, 

sufficient quantities of pure, high-quality protein are necessary. With respect to CYP450cam, this 

necessitates expression of a correctly folded protein with the heme prosthetic group incorporated. To ensure 

this, expression was performed with the addition of 5-aminolevulinic acid, a heme precursor,155 and FeCl3. 

Analysis of expression indicated that both CYP450cam(C334A)-His6 and the CYP450cam(C334A) without 

the tag showed expression. This was seen on an SDS-PAGE gel as a band at approximately 47 kDa (Figure 

3.11).  

 

 
 

Figure 3.11 SDS-PAGE of protein expression. (A) CYP450cam(C334A)-His6. (B) CYP450cam(C334A) 
without a tag. 
 

To evaluate expression of CYP450cam with heme incorporated into the active site, a CO-difference 

spectrum analysis was performed. The active site of CYP450cam consists of an iron protoporphyrin IX 

complex with the iron coordinated to the sulfur of a deprotonated cysteine on the proximal face.68 Reduction 

of CYP450cam with dithionite and exposure to CO results in formation of a peak at 446 nm termed the 

Soret band.156,157 The Soret band is an indicator that a CYP450 is in its native state and its attributed to 

mixing of the cysteine thiolate sulfur and heme iron orbital charge transfer transition with the porphyrin π–
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π* transitions.158 Displacement of the thiolate or protonation represent loss of the native active state and are 

characterized by a Soret absorbance maximum at 420 nm. This P420 species is considered catalytically 

inactive.159 The CO-difference spectrum is obtained by subtracting the oxidized spectrum from the reduced 

form. Appearance of a peak at 450 nm following whole cell CO difference spectroscopic analysis indicate 

that expression of CYP450cam in a native form had been achieved (Figure 3.12).  

 

 
 

Figure 3.12 Representative whole cell CO-difference spectrum of CYP450cam after expression. 
 

Following confirmation that the native form of CYP450cam had been expressed for both 

CYP450cam(C334A)-His6 and CYP450cam(C334A), purification was performed by Ni-affinity and anion 

exchange chromatography.  

3.4.1.1 His-tag dependent purification 
 

His-tag dependent purification was performed using immobilized metal ion affinity (IMAC) with 

a Ni2+-NTA column. During this purification, the N-terminal hexahistidine (His6) tag of the CYP450cam 

binds to the Ni2+ charged resin.160 Imidazole, which competes with the His6-tag for binding, is used for 

elution of the protein. As a first step, the cell lysate of CYP450cam(C334A)-His6 was purified on a HisTrap 

HP column which resulted in enrichment of the CYP450cam(C334A)-His6 (Figure 3.13 A). Size exclusion 

chromatography (SEC) in which molecules are separated according to their size because of their different 
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migration rates through a porous gel or polymer.161 One round of SEC was performed after affinity 

purification (Figure 3.13 B). 

 
 

 
 

Figure 3.13 SDS-PAGE CYP450cam(C334A)-His6 after affinity purification. (A) After Ni-affinity column 
purification. (B) Peak fractions after size exclusion column purification.  
 
3.4.1.2 Anion exchange chromatography 
 

In addition to the purification of the His6-tagged form of CYP450cam, untagged CYP450cam was 

also purified using anion exchange chromatography. Ion exchange chromatography separates proteins 

according to their charge. Proteins are eluted by use of a salt which has a high ionic strength, competing 

with the bound protein and displacing it. In this case, anion exchange chromatography was used in which 

a positively charged column binds to negatively charged proteins. The strength of an anion exchanger 

depends on its ability to maintain its positive charge over a range of pH conditions. To ensure strong binding 

to the anion exchange column, it is necessary to ensure that the net charge of the protein is negative, 

therefore the pH of the buffer should be greater than the isoelectric point (pI) of the protein.  

 

In order to determine the best protocol, two columns were tesyed: the weak anion exchanger diethyl 

aminoethyl (DEAE-column) and the strong anion exchanger (Q-column). The pI of CYP450cam(C334A) 

is 5.24, therefore buffers with a pH > 5.24 were used to ensure a net negative charge on CYP450cam.  
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3.4.1.3 DEAE column 
 

The DEAE column was used with a equilibration and wash buffer composed of 50 mM KPi pH 6 

and 1 mM camphor and gradient elution was performed using with KCl. While protein did bind to the 

column, and elution with KCl did yield some CYP450cam enrichment, it was apparent that along with 

CYP450cam, there were many additional cellular proteins binding to the column. This was apparent after 

SEC which did not yield a pure CYP450cam (Figure 3.14).  

 

 
 
Figure 3.14 SDS-PAGE CYP450cam(C334A) after anion exchange purification. (A) After DEAE anion 
exchange column purification. (B) Peak fractions after size exclusion column purification.  
 
3.4.1.4 Q-column purification 
 

Due to the limited purity using the DEAE weak anion exchange column, a strong Q-column anion 

exchanger was used instead with 50 mM Tris pH 7.8 and 1 mM camphor as the equilibration and wash 

buffer. Subsequent purification of CYP450cam yielded a more enriched sample, indicating that the Q-

column along with the Tris buffer were more effective as was also seen in a reasonable pure sample after 

SEC (Figure 3.15). 

 

A B 

15 

25 

40 

50 

kDa 

25 

40 
50 

kDa 
Wash Elution 



   

212 
 

 
 
Figure 3.15 SDS-PAGE CYP450cam(C334A). (A) After Q-column anion exchange column purification. 
(B) Peak fractions after size exclusion column purification.  
 

While both Ni-affinity and Q-column anion exchange purification yielded reasonably pure protein, 

there were a few impurities still visible in SDS-PAGE gels following one round of SEC. To circumvent 

this, a second round of SEC was performed which yielded pure CYP450cam (Figure 3.16).  

 

 
 

Figure 3.16 Representative SDS-PAGE of pure CYP450cam used for crystallization shown in a 
concentration range. 
 
3.4.2 Heme reconstitution 
 

While a protocol had been established to obtain pure CYP450cam, spectroscopic analysis indicated 

that heme incorporation levels were low. While a CO-difference spectrum confirms the presence of 

correctly folded native CYP450cam, it does not provide information on the apoprotein which is devoid of 
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its iron protoporphyrin IX prosthetic group. The high spin substrate bound CYP450cam exhibits an 

absorbance peak at 391 nm.162 A further indication of heme incorporation and purity is the “Rz” value in 

which camphor bound CYP450cam with a A391:A280 ratio of greater than 1.45 is considered a native 

CYP450cam with approximately 90% purity.162–166 Additionally, the low-spin substrate free form of 

CYP450cam exhibits an absorbance peak at 417 nm.162,167 Initial fractions of CYP450cam showed very low 

A391:A280 values of ~0.46 (Figure 3.17).  

 

 
 

Figure 3.17 Absorbance spectrum of CYP450cam to determine sample purity. 
 

In order to improve heme incorporation, a heme reconstitution protocol may be followed in which 

hemin chloride is added to the purified protein. In order to reconstitute the heme, the protocol by Auclair et 

al. was followed in which hemin is added in a ~ 10:1 ratio to CYP450cam.146 Addition of the hemin chloride 

and subsequent spectroscopic analysis after buffer exchange indicated an improvement in the incorporation 

levels to ~ 1.44 in comparison to 0.55 before the addition of hemin (Figure 3.18). However, a CO difference 

spectrum indicated a prominent P420 peak, suggesting incorrect heme coordination (Figure 3.19). Indeed, 

analysis of the absorbance spectrum indicates significant peak broadening around 350 – 400 nm. This is a 

hallmark of unbound hemin in the hydroxide form at 386 nm as well as a µ-oxo bridged hemin. Therefore, 

the hemin had not been correctly incorporated into the apoprotein and excess unbound hemin was 

potentially still present.  
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Figure 3.18 Absorbance spectrum of CYP450cam to determine sample purity and heme incorporation after 
hemin addition. 
 

 

 
 

Figure 3.19 Representative whole cell CO-difference spectrum of CYP450cam after addition of hemin. 
 

To avoid the presence of excess hemin and minimize incorrectly incorporated heme, the protocol 

applied by Lee et al. was utilized.168 In this heme reconstitution method, hemin is added to the E.coli 

BL21(DE3) cells following CYP450cam expression in the lysis buffer. This ensures that hemin is present 

for reconstitution, but excess is removed during subsequent purification. Following purification, heme 

0

0.2
0.4
0.6
0.8

1
1.2
1.4
1.6

270 370 470

Ab
so

rb
an

ce

Wavelength (nm)

With Hemin
Without Hemin

-0.005

0.005

0.015

0.025

0.035

390 410 430 450 470

Δ 
A

Wavelength (nm)



   

215 
 

incorporation was improved with a A391:A280 ratio Rz ratio above the required 1.46 (Figure 3.20). 

Additionally, the CO difference spectrum no longer displayed a P420 peak (Figure 3.21).  

 

 
 

Figure 3.20 Absorbance spectrum of CYP450cam to determine sample purity and heme incorporation after 
the Lee et al. protocol was used for heme incorporation. 
 
 

 
 

Figure 3.21 Representative CO-difference spectrum of CYP450cam after the Lee et al. protocol was used 
for heme incorporation. 
 
3.4.3 Native SDS-PAGE 
 

In order to verify that CYP450cam CYP450cam(C334A)-His6 and CYP450cam(C334A) were not 

forming dimeric assemblies a blue native polyacrylamide gel electrophoresis (BN-PAGE) was run. Like 

SDS-PAGE, BN-PAGE enables protein separation in a polyacrylamide gel.148,149 However, BN-PAGE 
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allows the resolution of complexes since it does not use a strong ionic detergent and reductants such as β-

mercaptoethanol (βME) which cause protein unfolding.169 SDS-PAGE relies on protein separation 

according to their mass since one molecule of SDS binds to every two amino acids ensuring a uniform 

charge-to-mass ratio in the denatured protein.170–172 BN-PAGE does not use denaturants, instead using 

Coomassie Blue-G250 dye to impart proteins with a negative charge and facilitate their migration through 

the electric field applied to the polyacrylamide matrix.173,174 During BN-PAGE separation is dependent on 

the mass, size and structure/shape of the protein which migrates through the polyacrylamide gel pores until 

it arrives at its pore size limit.175 Analysis of CYP450cam using BN-PAGE indicated that no dimeric 

complexes were formed (Figure 3.22). This further verifies that introduction of the C334A mutation 

prevents dimeric assemblies.145 

 

 
 

Figure 3.22 Blue-native PAGE of CYP450cam(C334A) shown in a concentration range. 
 
3.4.4 Crystallization 
 

P450cam crystallizes well in PEG, however the crystal morphology is often that of needles. While 

needles are sufficient to collect X-ray diffraction data, neutron protein crystallography requires crystals that 

have a minimum size of 0.1 mm3. Attempts were therefore made to grow CYP450cam crystals with a less 

elongated shape. Attempts at crystallization were successful, however it was not possible to obtain crystals 

other than needles or thin plates for either CYP450cam(C334A)-His6 or CYP450cam(C334A). 
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3.4.4.1 Vapor diffusion 
 

Sitting drop vapor diffusion experiments were conducted in a range of volumes 2 μL – 60 μL. 

Precedence by Meilleur et al. for successful crystallization using polyethylene glycol (PEG) was used as a 

starting condition for optimization.107 A range of conditions were used for crystallization with polyethylene 

glycol (PEG) PEG 3350 - PEG 12 000 in a 2% - 22% range, 100 – 250 mM KCl, 1 – 2 mM D-camphor and 

50 mM Tris in a 6.5 – 8.5 pH range and temperatures ranging from 4°C - 25°C. Protein drops were added 

to precipitant in multiple ratios (1:1, 1:2, 1:3, 2:1, 3:1). Shown below are representative results of these 

crystallization conditions (Figure 3.23). The morphology remained needle and plate-like even when 

temperatures as well as protein concentrations were lowered to slow the nucleation and crystal growth.  

 

 
 
Figure 3.23 Crystallization trials using sitting drop vapor diffusion. 22 mg/mL CYP450cam in a 6 μL drop 
with 1:1 protein to reservoir ratio. (A) 50 mM Tris pH = 7.4, 15.6% PEG4000, 250 mM KCl, 1 mM camphor 
(B) 50 mM Tris pH = 7.4, 16% PEG8000, 250 mM KCl, 1 mM camphor (C) 50 mM Tris pH = 7.4, 16% 
PEG6000, 250 mM KCl, 1 mM camphor (D) 50 mM Tris pH = 7.4, 14% PEG6000, 250 mM KCl, 1 mM 
camphor. 
 

Large sitting drop were additionally set up to determine whether this could encourage large crystal 

growth or whether the altered vapor diffusion rates on a larger drop may contribute to crystal growth with 

a different morphology. Needle crystals were still obtained however some drops remained clear without 

any crystal growth (Figure 3.24). 
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Figure 3.24 Crystallization trials using large scale sitting drop vapor diffusion. 35 mg/mL CYP450cam in 
a 60 μL drop with 1:1 protein to reservoir ratio. (A) 50 mM Tris pH = 7.4, 16% PEG8000, 250 mM KCl, 2 
mM camphor (B) 50 mM Tris pH = 7.4, 17% PEG6000, 250 mM KCl, 2 mM camphor (C) 50 mM Tris pH 
= 7.4, 15.2% PEG6000, 250 mM KCl, 2 mM camphor (D) 50 mM Tris pH = 7.4, 10% PEG4000, 250 mM 
KCl, 2 mM camphor. 
 
3.4.4.2 Microbatch  
 

Microbatch crystallization was performed under oil (Paraffin or Al’s Oil). A range of conditions 

were used for crystallization with polyethylene glycol (PEG) PEG 3350 - PEG 12 000 in a 2% - 22% range, 

100 – 250 mM KCl, 1 – 2 mM D-camphor and 50 mM Tris in a 6.5 – 8.5 pH range and temperatures ranging 

from 4°C – 25°C. Since these microbatch drops were run as trials, smaller volumes of 2 μL – 20 μL were 

used. Protein drops were added to precipitant in multiple ratios (1:1, 1:2, 1:3, 2:1, 3:1). The morphology 

continued to be needle-like, however the dynamics of growth appeared different with the needles appearing 

to grow radially from a point of origin (Figure 3.25). 
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Figure 3.25 Crystallization trials using microbatch under paraffin oil. 18 mg/mL CYP450cam in a 4 μL 
drop. (A) 50 mM Tris pH = 7.4, 25% PEG3350, 250 mM KCl, 1 mM camphor, 3:1 protein to reservoir 
ratio (B) 50 mM Tris pH = 7.4, 16.8% PEG4000, 250 mM KCl, 1 mM camphor, 2:1 protein to reservoir 
ratio (C) 50 mM Tris pH = 7.4, 15.2% PEG6000, 250 mM KCl, 2 mM camphor, 1:2 protein to reservoir 
ratio (D) 50 mM Tris pH = 7.4, 10% PEG8000, 250 mM KCl, 1 mM camphor, 3:1 protein to reservoir ratio. 
 
3.4.4.3 Microdialysis 
 

Meilleur et al. had successfully used microdialysis buttons for the growth of crystals large enough 

for neutron diffraction tests. Therefore, microdialysis buttons with a range of sizes from 5 μL – 350 μL 

were used. Consistent with the conditions used to successfully grow voluminous crystals by Meilleur et al., 

a range of conditions were used for crystallization with PEG 3350 - PEG 12 000 in a 2% - 22% range, 100 

– 250 mM KCl, 1 – 2 mM D-camphor and 50 mM Tris in a 6.5 – 8.5 pH range and temperatures ranging 

from 4°C - 25°C. Crystals grown were up to 2 mm in length, but still in a needle shape, often growing as 

hollow tubes (Figure 3.26).  
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Figure 3.26 Crystallization trials using microdialysis buttons. 37 mg/mL CYP450cam in a 50 μL volume 
button. (A) 50 mM Tris pH = 7.4, 18% PEG4000, 250 mM KCl, 1 mM camphor (B) 50 mM Tris pH = 7.4, 
16.8% PEG8000, 250 mM KCl, 1 mM camphor (C) 50 mM Tris pH = 7.4, 32% PEG6000, 500 mM KCl, 
2 mM camphor. 
 
3.4.4.4 Screens 
 

To expand upon the conditions used to obtain crystals that had a needle-like morphology, various 

commercially available crystal screens from Qiagen were used. The crystals obtained continued to have 

needle or plate morphologies or formed hollow rectangular cylinders with very jagged edges (Figure 3.27).  

 

 
 
Figure 3.27 Crystallization screens in sitting drop vapor diffusion. 20 mg/mL CYP450cam in a 2 μL drop. 
(A) 0.2 M Magnesium acetate, 20% PEG 3350, JCSG Core I condition 12 (B) 0.2 M Lithium sulfate, 0.1 
M Tris pH = 8.5, 16% PEG4000, PEGS II Suite condition 31 (C) 0.1 M HEPES pH = 7.0, 30% PEG6000, 
JCSG Core IV condition 60 (D) 0.1 M Sodium acetate pH = 5.0, 2M Sodium formate, Protein Complex 
Suite condition 78. 
 

One trial condition yielded what appeared to be a rhombus shape crystal as opposed to needles or 

plates. Larger sitting drop optimization trials of this condition were performed; however, they did not yield 

the same rhomboid shape.  
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3.4.4.5 Microseeding 
 

Seeding pre-equilibrated drops with microseeds was also attempted. The crystals grown had a 

needle like morphology or formed small crystalline aggregates (Figure 3.28). Additionally, many drops 

remained clear and did not form any crystalline material. 

 

 
 
Figure 3.28 Crystallization screens in sitting drop vapor diffusion.18 mg/mL CYP450cam using 
microseeding with 1 μL seed, 1 μL protein and 1 μL reservoir. (A) 50 mM Tris pH = 7.4, 16% PEG6000, 
250 mM KCl, 2 mM camphor, 10-4 dilution seed (B) 50 mM Tris pH = 7.4, 16% PEG8000, 250 mM KCl, 
2 mM camphor, 10-4 dilution seed (C) 50 mM Tris pH = 7.4, 16.8% PEG6000, 250 mM KCl, 2 mM 
camphor, 10-3 dilution seed (D) 50 mM Tris pH = 7.4, 18% PEG6000, 250 mM KCl, 2 mM camphor, 10-4 
dilution seed (E) 50 mM Tris pH = 7.4, 15.2% PEG8000, 250 mM KCl, 2 mM camphor, 10-4 dilution seed 
(F) 50 mM Tris pH = 7.4, 16% PEG6000, 250 mM KCl, 2 mM camphor, 10-2 dilution seed. 
 
3.4.5 X-ray diffraction 
 

While the needle and plate morphology of the crystals was not suitable for neutron protein 

diffraction, they were however suited for X-ray diffraction data collection. Test diffraction indicated that 

the needles were present in the orthorhombic P212121 space group as observed by Meilleur et al. in initial 

X-ray diffraction studies. Crystals diffracted in the 2.0 – 2.2 Å resolution range.  

 

A complete X-ray diffraction dataset was collected at room temperature. Room temperature X-ray 

diffraction has been shown to reveal conformational flexibility that are lost or modified by cryo-cooling.176–
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179 This structural plasticity includes alternate conformations that may have significant functional and 

mechanistic implications. An example of this on the higher temperature extremes for proteins was a 

thermostable copper nitrite reductase that displayed monodentate binding of nitrite at cryogenic conditions, 

however this switched to bidentate binding in a structure collected at 320 K.180 Conformational 

heterogeneity of a room temperature and cryogenic structure of the Staphylococcus aureus virulence factor 

staphylococcal protein A (SpA) revealed that the residues in helix1 conformational heterogeneity which 

facilitates in binding partner interactions.181 

 

A room temperature X-ray diffraction dataset was collected of CYP450cam(C334A) at a resolution 

of 1.8 Å (Table 3.1). The crystal was in the P21 space group with the same unit cell as had been observed 

previously by Schlichting et al. in the ferric form of CYP450cam (PDB 1DZ4).42 Analysis of the structure 

confirmed correct heme incorporation in the active site with an occupancy of 1. Camphor was further visible 

in the in the active site with the C5 carbon 4.32 Å from the heme iron. Structural alignment of the room 

temperature structure with the cryogenic 1DZ4 had an RMSD of 0.20 Å for the main chain and were thus 

very similar. Detailed analysis of the catalytically important residues did not reveal significant 

conformational differences.  
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Table 3.1 Data collection and refinement statistics. 
 

 P450cam 

Wavelength (Å) 1.54 

Resolution range (Å) 28.75 - 1.8 (1.864 - 1.8) 

Space group (Å) P 1 21 1 

Unit cell a, b, c (Å) α, β, γ (°) 67.78 62.77 95.76 90 90.67 90 

Total reflections 490977 (42857) 

Unique reflections 74684 (7382) 

Multiplicity 6.6 (5.8) 

Completeness (%) 99.92 (99.88) 

〈 I/σ(I)〉 18.65 (4.00) 

Wilson B-factor (Å2) 17.75 

R-merge (%) 0.1396 (0.3541) 

R-meas (%) 0.1513 (0.3893) 

R-pim (%) 0.05772 (0.1589) 

CC1/2 0.978 (0.892) 

CC* 0.994 (0.971) 

Reflections used in refinement 74658 (7381) 

Reflections used for R-free 3707 (381) 

R-work (%) 0.1399 (0.1890) 

R-free (%) 0.1767 (0.2424) 

CCwork 0.969 (0.921) 

CCfree 0.974 (0.832) 

Number of non-hydrogen atoms 7493 

 macromolecules 6800 

 ligands 111 

 solvent 582 

Protein residues 809 

RMS(bonds) 0.009 

RMS(angles) 1.05 

Ramachandran favored (%) 98.01 

Ramachandran allowed (%) 1.99 

Ramachandran outliers (%) 0 

Rotamer outliers (%) 1.2 

Clashscore 6.35 

Average B-factor (Å2) 22.09 

 macromolecules 21.14 

 ligands 11.21 

 solvent 35.3 
Statistics for the highest-resolution shell are shown in parentheses. 
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Analysis of the active site indicated a well-ordered camphor bound to the active site with the 

carbonyl group forming a hydrogen bond with Tyr96 and the C5 carbon 4.32 Å from the heme iron (Figure 

3.29). The CYP450cam is in the substrate-bound, closed state with the I-helix Thr252 hydroxyl group 

pointing away from the active site heme. Asp251 is in a conformation characteristic of the closed state, 

locked in a salt bridge with Lys178and Arg186 (Figure 3.30). The I-helix is closed with Thr252 forming a 

distant hydrogen bond with only a single water molecule.  

 

 
 

Figure 3.29 Active site of CYP450cam with camphor bound. 2Fo-Fc maps displayed in blue at σ = 1.00. 
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Figure 3.30 CYP450cam Asp251 salt bridge interactions. 2Fo-Fc maps displayed in blue at σ = 1.00. 
 

The B’-helix is in an ordered state with a K+ ion coordinated to the carbonyl oxygen atoms of 

Glu84, Gly93 and Glu94 as well as two water molecules to form a hexacoordinated system (Figure 3.31). 

This is characteristic of the closed state, since the B’-helix is disordered in the open state. 2Fo-Fc maps 

displayed in blue at σ = 1.00. 

 
 
 

 
 
Figure 3.31 Interactions of the B’-helix in CYP450cam. (A) The B’-helix is ordered interacting with K+ in 
the closed form. (B) K+ interacts with the carbonyl oxygen atoms of Glu84, Gly93, Glu94 and Tyr96 and 
coordinates two water molecules. 2Fo-Fc maps displayed in blue at σ = 1.00. 
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3.5 Conclusions 

The studies presented here have permitted a robust expression and purification protocol of 

CYP450cam(C334A)-His6 or CYP450cam(C334A) to be established. In order to obtain a pure CYP450cam 

sample with sufficient heme incorporation, CYP450cam can be expressed with a His6 tag and purified using 

Ni-affinity chromatography or without a tag using a strong anion exchange Q-column. This is followed by 

two consecutive rounds of SEC to ensure a sample with sufficient purity and heme incorporation levels (Rz 

of 1.45). The most effective way to ensure that any apo CYP450cam missing the heme cofactor is 

reconstituted is by addition of hemin chloride to the lysis buffer prior to purification. This ensures that 

excess unbound hemin chloride does not remain, interfering with sample purity, while also ensuring that 

heme is incorporated in the active site.  

 

X-ray diffraction data collected on the crystals grown from purified protein confirmed heme 

incorporation at the active site and camphor substrate binding. While the majority of crystals grown were 

in the P212121 space group, crystals were also grown in the P21 space group. The crystallization studies 

performed here resulted in CYP450cam crystals with a needle or plate morphology. These crystals are not 

suitable for neutron protein diffraction data collection. Further optimization and use of varied crystallization 

techniques will be necessary to obtain crystals of a sufficient volume for neutron studies.  
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Chapter 4 : Conformational dynamics of CYP450cam investigated by small angle X-ray 

scattering  

 
4.1 Introduction to cytochrome P450cam conformational dynamics 

Proteins are complex macromolecular machines, catalyzing crucial biological processes in the cell. 

The advent of protein X-ray crystallography has provided in a surge of information regarding the structure 

and function of proteins, however the inherent static environment present in protein crystals provides an 

incomplete picture.1 Crystallography can be described as the ultimate purification process which selects for 

a single conformer.2 Proteins are highly dynamic molecules, traversing the energy landscape continuously 

to achieve efficient catalysis. Protein mobility plays an important role in the binding of substrate, release 

of product and stabilizing different transition states during catalysis. These essential conformational 

transitions can be induced by small molecule binding or interaction with a partner protein, as is the case in 

the hemoprotein cytochrome P450 (CYP450).3,4 CYP450s are a class of monooxygenases ubiquitous in 

most life forms that catalyze the insertion of oxygen into a non-activated C-H bond with the addition of 

molecular oxygen and two electrons obtained from reduced cofactors.5,6 Cytochrome P450cam 

(CYP101A1) from Pseudomonas putida is an archetypal CYP450 which catalyzes the regio- and strereo-

selective hydroxylation of camphor.7–9 CYP450cam undergoes a variety of conformational changes that 

depend on substrate binding, substrate analog binding, interaction with its redox partner protein 

putidaredoxin (Pdx) as well as ligands such as CO and CN—.10–12 

4.1.1 Catalysis by the CYP450cam-Pdx Couple 
 

CYP450cam is responsible for the 5-exo-hydroxylation of D-camphor, the first step in camphor 

catabolism as an energy source.7 To achieve this hydroxylation CYP450cam interacts with putidaredoxin 

(Pdx) which is a 11.6 kDa redox partner protein with a Fe2S2 cluster.13 Pdx binds to CYP450cam on the 

proximal side of the heme and is believed to play an important effector role, inducing conformational 

changes essential for substrate hydroxylation.14–16 Pdx functions as a shuttle, ensuring the step-wise 

donation of electrons from NADH to the heme active site of CYP450cam. The redox potential of Pdx in its 
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reduced form is -240 mV.17 Upon camphor binding at the active site of CYP450cam, there is a heme iron 

spin state transition from ferric low spin to high spin, accompanied by a change in the reduction potential 

from -303 mV to -173 mV (Figure 4.1).18,19 This change in reduction potential makes electron transfer from 

reduced Pdx to CYP450cam feasible and ensures that Pdx only reduces CYP450cam when substrate is 

bound.20,21 Following active site heme reduction, catalysis can proceed with oxygen binding and eventual 

product formation as described in Chapter 3.1. The importance of Pdx as an effector is highlighted by the 

fact that while the first reduction be achieved by non-native redox partners including small molecules, Pdx 

is essential for the second reduction.13,22 The absence of Pdx for a second reduction results in decomposition 

of the reduced CYP450cam-O2 complex to the oxidized CYP450cam dissociation of a superoxide species.22 

 

 
 

Figure 4.1 The catalytic cycle of CYP450cam. The oxidized CYP450cam (CYPo) in the low spin state (ls) 
binds the substrate, D-camphor and transitions to a high spin state (hs). The reduced CYPr binds oxygen 
and reduced Pdxr which can form the active complex to form the product 5-exo-camphor. If Pdxr does not 
bind, the oxygen is reduced by the heme iron to superoxide and dissociates. Adapted from Pochapsky et 
al.2 and reprinted with permission of the American Chemical Society (ACS). Please contact publisher for 
reuse. 
 
4.1.2 Substrate-dependent CYP450cam conformational changes 
 

The fundamental conformational change of CYP450cam from an open to a closed conformation 

upon camphor binding was characterized by Lee et al. using X-ray crystallography.23 Prior to this, 

CYP450cam had been widely believed to be a static system.24,25 Lee et al. however established that in the 
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absence of camphor CYP450cam mostly adopts an open conformation in which the F- and G-helices and 

FG-loop retract forming a substrate binding channel and the B’-helix is in a disordered state (Figure 4.2). 

Camphor binding, results in closure of the substrate access channel formed by the F- and G-helices and the 

B’-helix adopts an ordered conformation. The FG-loop displayed the most movement from the open form, 

with a 9 Å displacement.  

 

 
 

Figure 4.2 The open (PDB 3L61) and closed conformation (PDB 2CPP) of CYP450cam. Upon substrate 
binding, CYP450cam reverts to a closed conformation in which the substrate binding channel, delimited 
by the F-helix, G-helix and FG-loop contracts and the B’-helix adopts and ordered conformation. 
 

The F- and G-helices showed a 5-6 Å movement when compared the open conformation. The open 

CYP450cam form a solvent-filled channel which permits substrate entry to the active site. These water 

molecules are absent in the closed camphor-bound conformation along with the access channel. This 

suggests that upon substrate binding, the CYP450cam active site closes to ensure productive substrate 

binding and prevent egress of substrate and reactive intermediates. On the proximal face it was noted that 

Arg112 and Leu358 move away from the heme in the closed conformation. The existence of an open and 

closed conformation were subsequently supported by computational, infrared spectroscopy and NMR 

studies.26–30 
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4.1.3 Structural characteristics of the CYP450cam-Pdx complex  
 

Early attempts to determine the structure of Pdx were hampered by its intractability to crystallize. 

Solution NMR studies represented the first headway made to determine structure of Pdx by substitution of 

the iron with gallium to avoid paramagnetic broadening due to the two high-spin iron atoms.31,32 

Sevrioukova et al. were subsequently able to solve the crystallographic structure of Pdx by generating a 

surface cysteine mutant that permitted crystallization.13 The structure of Pdx is made up of a hydrophobic 

core composed of a five stranded β-sheet which are flanked by α-helices and a protruding C-terminal 

involved in interaction with CYP450cam. The effector role of Pdx had been established, with kinetics 

studies indicating that substrate hydroxylation occurs when Pdx is added to oxy-ferrous substrate bound 

CYP450cam.22,33 

 

The structural basis of the role of Pdx as an effector was confirmed crystallographically by Tripathi 

et al. using a covalent CYP450cam-Pdx complex.34 They determined the crystal structure of oxidized and 

reduced CYP450cam complexed to Pdx. In the complex, Pdx binds to the proximal side of CYP450cam 

(Figure 4.3 A). Interestingly, analysis of the reduced complex structure revealed that of the four molecules 

in the asymmetric unit, three contained the hydroxylated product, 5-exo-camphor which confirms the 

complex represents an active form of CYP450cam. Residues that had been predicted to be involved in 

CYP450cam-Pdx interactions by EPR were confirmed by the crystal structure.35 The Asp38 and C-terminal 

Trp106 are involved in interactions with CYP450cam. Pdx Asp38 forms an electrostatic interaction with 

CYP450cam Arg112. Pdx Trp106, whose central role in interaction with CYP450cam has been confirmed 

by mutagenesis,36 forms numerous interactions with CYP450cam: Pdx Trp106 forms hydrophobic 

interactions with CYP450cam Ala113 and CYP450cam Arg109 forms electrostatic interactions with the 

Ser44 carboxyl group (Figure 4.3 B). Their structure revealed that Pdx binding shifts CYP450cam toward 

an open conformation. The open conformation of CYP450cam in the substrate free form had been 

previously characterized by CYP450cam the retraction of the F- and G-helices and FG-loop to form a 

substrate binding channel and open the active site.  

B 
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Figure 4.3 The CYP450cam-Pdx complex (PDB 4JWU). (A) Pdx binds on the proximal face of 
CYP450cam. (B) Pdx Trp106 forms hydrophobic interactions with CYP450cam Ala113 and CYP450cam 
Arg109 forms electrostatic interactions with the Ser44 carboxyl group. 
 

The Pdx-dependent conformational change primarily involves movement around the Pdx docking 

site and the substrate access channel. The C-helix of CYP450cam moves ~ 3 Å to accommodate interactions 

with Pdx Trp106. The movement of the CYP450cam C-helix is coupled with movement of helices F, G, I 

and B’ with the net effect of opening the active site. The large I-helix, that traverses the active site and 

contains the characteristic kink involved in oxygen binding,37 also indicated structural rearrangement upon 

Pdx binding. When oxygen binds near the active site, the hydrogen bond pair formed by Gly248 and Thr252 

in the I-helix is disrupted, with Gly248 moving closer towards the bound oxygen. The oxygen-bound 

CYP450cam conformation can be described as halfway between the open and closed conformation. This 

led the authors to propose that Pdx favors binding this “more” open conformation, resulting in the shift to 

a “fully” open conformation, widening the I-helix kink and enabling water molecules to enter, thereby 

forming the protonation pathway necessary for catalysis. The CYP450cam Asp251 residue which has been 

proposed to be involved in shuttling protons to the active site,38 was also found to be freed from salt bridge 

interactions with Lys178 and Arg186 when Pdx binds which further supports the role of Pdx as an effector 

that induces the conformational changes necessary for catalysis. This has been termed the “Asp switch 
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hypothesis” in which the open conformation induced by Pdx frees Asp251 from a salt bridge interaction 

with Lys178 and Arg186 ensuring that water enters the active site providing the proton relay network 

required for camphor hydroxylation can form.34 This Tyr33 has been shown to be have conformational 

flexibility and play a role in complex formation.39,40 

 

In another study published in the same year by Hiruma et al., paramagnetic NMR spectroscopy and 

and X-ray crystallography were used to determine the CYP450cam-Pdx complex structure.41 While the 

positioning of Pdx relative to CYP450cam is very similar to that found by Tripathi et al., there are some 

differences including different orientations of CYP450cam Arg109, Asn116 and Leu358. There is also 

some discrepancy of the residues interacting with Pdx Trp106 and the authors believe that this may be due 

to differing redox states. The structure determined by NMR in solution also indicates that Pdx Tyr33 is 

highly mobile and distant from CYP450cam, while in the crystal structure it interacts with CYP450cam Pro 

122 and Asp 125. The dynamics of Tyr33 may play a role during Pdx to CYP450cam electrons transfer. 

Similar to Tripathi et al. the CYP450cam displays open state characteristics with opening of the substrate 

access channel. The open conformation of CYP450cam due to Pdx binding was further confirmed by double 

electron-electron resonance (DEER).15,16  

 

There have, however, been studies that refute the open conformation that Pdx is said to induce. An 

NMR study on the same complex found that the CYP450cam-Pdx complex remains in a closed state.42 

They postulated that the closed state is required to ensure substrate retention in the active site and 

regioselectivity. Given this disparity of the open and closed forms, Batabyal et al. performed a molecular 

dynamics (MD) and mutagenesis study to investigate the CYP450cam conformational dynamics.43 

Principle component analysis (PCA) of the MD simulations suggested that Pdx induces an intermediate 

state in CYP450cam, between the open and closed states. The authors establish a more nuanced role for 

Pdx, where a partially open conformation is induced that frees Asp251 to form a proton relay network, 

however the active site remains stabilized in a more closed conformation which ensures camphor retention 
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and correct positioning. The F/G helical region more resembles the closed state with less flexibility, 

ensuring that substrate remains bound. Camphor mobility is also decreased ensuring productive substrate 

binding by active site stabilization. This selective conformational change by Pdx targeting only Asp251 

was confirmed by mutagenesis study in which Asp251 was freed from its salt bridge interaction with 

Arg186. The Arg186Ala mutant structure showed that Asp251 had been released from the salt bridge to 

form the proton relay network and structural analysis further revealed the product 5-exo-campor in the 

active site, supporting a targeted conformational change by Pdx involving Asp251 to ensure catalysis. This 

intermediate conformation of CYP450cam and Pdx was observed in a complex with the O2 mimic CN—, 

using DEER analysis.11 The conformational changes involved the residues Arg186, Asp251 and Thr252 

within the I-helix to enable water molecule entry and formation of the proton transfer pathway. The F-helix 

was however not in a fully open conformation which prevents opening of the active site and loss of 

substrate.  

4.1.4 The L358P mutation 
 

Numerous spectroscopic studies including NMR,44 EPR,45 IR46 and Resonance Raman47 were 

initially used to characterize the conformational changes induced on CYP450cam by Pdx. It was found that 

the same spectroscopic properties caused by perturbations due to Pdx were achieved by use of a Leu538 to 

Pro mutant (L358P).48 This was confirmed by formation of the product 5-exo-camphor in the presence of 

oxygen and non-physiological, small molecule donors such as ascorbic acid and dithionite. Solution of the 

crystal structure of L358P indicated that the mutation induced several structural changes similar to the 

conformational changes caused by Pdx docking.49 The structural changes included movements of 

CYP450cam Arg112, increased proximity of the heme to the substrate camphor and structural changes in 

the I-helix to aid protonation pathway formation.  
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Figure 4.4 Position of the CYP450cam L358P mutation (PDB 1T86). The L358P mutation is located on 
the proximal face of the heme in the vicinity of the Pdx binding site. Wild type CYP450cam displayed in 
purple L358P mutant displayed in coral. 
 

The CYP450cam Leu358 residue is positioned on the Pdx binding site after the heme coordinating 

Cys357 residue (Figure 4.4).49 The effect of the L358P mutation is both electronic and steric. Firstly, in the 

wild-type, partial positive charge on the peptide amide connecting Cys357 to Leu358 stabilizes the negative 

charge localized on the cysteine sulfur. Mutation of Leu358 to proline decreases this electronic stabilization, 

increasing the negative charge distribution on the sulfur which promotes cleavage of the O-O bond of bound 

oxygen. Secondly, substation of Leu358 for the rigid proline residue has numerous steric effects. Pro358 

causes the C-helix to push against the heme, which in turn results in the I-helix converting from a closed 

conformation to partially open, with Thr252 adopting an alternate conformation which allows water to enter 

the active, ensuring formation of the proton transfer pathway for intermediate protonation. 

4.1.5 An allosteric site for CYP450cam 
 

The structural changes induced by substrate and redox partner protein interactions discussed above 

demonstrates that CYP450cam function is governed by a delicate conformational balance. The most recent 

facet of this dynamic picture of CYP450cam was introduced by the discovery of an allosteric site on 

CYP450cam.50 Using molecular dynamics (MD), Follmer et al. defined an allosteric site on CYP450cam 

that results in opening of the substrate binding channel formed the the F- and G-helixes, FG-loop and B’-
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helix, designated “Channel 1”, and primes formation of a new channel thought to be involved in substrate 

egress and designated “Channel 2”.50 Follmer et al. subsequently published a X-ray crystal structure of the 

CYP450cam-Pdx complex with CN- bound to mimic O2 binding a the active site iron.51 The CN- bound 

complex displayed significant conformational changes including Pro89 undergoing a cis-trans 

isomerization and they observe formation of the theoretically proposed Channel 2.  

 

The allosteric site proposed by Follmer et al. is located between the C-, D-, and E-helices near the 

residues Val118, Val123, Lys126, Leu127, Thr217, Ala219 and Leu166 (Figure 4.5).50 Previously, NMR 

studies found that a similar region shows perturbations in the presence of high camphor levels.52,53 

Formation of Channel 2 was observed in MD simulations near the residues spanning Ser83 – Ser102. The 

presence of a second camphor binding site within ~ 16 Å of the heme was suggested by Yao et al. with a 

KD of ~ 43 μM.54 Furthermore, a X-ray crystal structure by Lee et al. of a substrate-free CYP450cam which 

was subsequently soaked in camphor appears to have a Fo-Fc peak near the proposed allosteric site at 7.σ 

but was not considered definitive structural evidence of an allosteric site.23,50  

 

 
 
Figure 4.5 Proposed CYP450cam allosteric binding site (PDB 1DZ4). (A) The CYP450cam allosteric site 
where a second camphor binds to the surface of CYP450cam is located near the C-, D-, and E-helices. (B) 
The residues comprise the camphor binding site comprise Val118, Val123, Lys126, Leu127, Thr217, 
Ala219 and Leu166.  
 

Follmer et al. propose that after binding of one camphor molecule to the allosteric site, there is 

opening of Channel 1 by movement of the FG-loop, allowing substrate to bind and Channel 2 is formed 
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soon after by mechanical coupling, permitting product egress.50 A cooperative model is proposed in which 

camphor binding to the allosteric site favors a more open conformation allowing a second camphor to enter 

the active site which is followed by dissociation of camphor from the allosteric site and formation of 

Channel 2 for product egress. MD simulations with the Pdx binding mimic L358P suggest that since both 

Pdx binding and camphor allosteric binding promote formation of the open conformation, their binding is 

synergistic. Additionally, allosteric camphor binding was found to make the Leu358 rotamer more flexible. 

Since Pdx binding results in an altered Leu358 dihedral angle, allosteric camphor binding may support Pdx 

binding and subsequent induction of an open conformation. In terms of a biological context, the authors 

propose that this allosteric site ensures that camphor is only utilized as a carbon source when it is in 

abundance, at high concentrations. At low concentrations CYP450cam is camphor bound, but in a closed 

conformation. Higher camphor concentrations result in camphor binding to the allosteric site, resulting in 

the open conformation of CYP450cam which promotes Pdx binding. This can also be associated with the 

CamR repressor of CYP450cam expression which only dissociates from the CamR regulatory sequence at 

high camphor concentrations.55 

 

To further examine the role of the CYP450cam allosteric site and camphor binding in solution, 

where there are no crystal packing artefacts, Skinner et al. performed paramagnetic NMR pseudocontact 

shift (PCS) analysis along with MD simulations.56 The MD simulations of only CYP450cam indicate that 

in excess camphor, a camphor molecule binds to the allosteric site, opening Channel 1 and priming Channel 

2 to open. This is followed by a second camphor binding in the active site near the first camphor which 

widens Channel 2. Formation of Channel 2 was however not observed for the CYP450cam-Pdx complex 

in MD simulations. PCS analysis supports the presence of an allosteric site involving the residues Lys126, 

Leu166, Gly168, Thr217 and Ala219 as proposed by Follmer et al.50 Additionally, distance distribution 

analysis of the F-, G- and B’-helices indicate that Pdx binding results in an intermediate open-closed 

conformation as has been proposed by Batabyal et al.43 Given these results, the authors propose the 

following mechanism: at low camphor concentrations CYP450cam is present in the closed camphor-bound 
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conformation. At high concentrations of camphor, a second camphor binds to the allosteric site, resulting 

in a partially open CYP450cam conformation in which the substrate entry channel is partially opened and 

the Arg186-Asp251 salt bridge is destabilized. Pdx preferentially binds to this partially open conformation 

resulting in breakage of the Arg186-Asp251 bridge and formation of the protonation pathway as well as 

formation of Channel 2 to permit product egress.  

4.1.6 Small angle X-ray scattering studies of CYP450cam 
 

Lewis et al. performed a small angle X-ray scattering (SAXS) study on CYP450cam to investigate 

the CYP450cam conformation in the presence and absence of camphor.57 SAXS is a solution scattering 

technique that provides information on the size, shape, conformational flexibility and macromolecular 

architecture in native conditions.58 SAXS measure the intensity of X-rays scattered by a sample as a function 

of the angle at which they are scattered.59 On a basic level, a SAXS experiment permits the characterization 

of the molecular weight, extended particle volume, overall size of the sample by determining the radius of 

gyration (Rg) and the sample’s maximum dimension (Dmax).60 The SAXS studies performed by Lewis et al. 

found that the CYP450cam showed characteristics of an elongated protein. The Rg of CYP450cam, i.e., the 

average weighted distance to the center of the molecule, was found to be 24.14 Å ± 0.20 Å and 23.93 Å ± 

0.21 Å for the camphor-free and bound forms, respectively. This led the authors to conclude that, within 

experimental error, there was no change between the camphor-free and camphor-bound forms. Given the 

deviation of the Rg from what is expected for a perfect sphere (Rg = 18.5 Å), the authors predict an ellipsoid 

shape with maximum dimensions of 80 Å. Given the occurrence at that time of tetragonal CYP450cam 

crystals with unit cells of 64 x 64 x 255 Å (8 asymmetric units per unit cell) and orthorhombic crystals with 

unit cell dimensions of 36 x 104 x 109 Å (4 asymmetric units per unit cell),61 negated the possibility of an 

oblate ellipsoid or short cylinder. It was therefore concluded that CYP450cam forms an approximate 

cylinder 80 Å in length 30 Å wide. The solution of the crystal structure of CYP450cam two years later at a 

resolution of 2.6 Å, revealed that CYP450cam forms a triangular prism with a maximum dimension of 60 

Å and a minimum dimension of 30 Å.9,24,62 



   

246 
 

4.2. Aim of research 

CYP450cam is a highly dynamic system with a delicate conformational balance regulating activity. 

Studies of CYP450cam in isolation as well as in complex with its redox partner protein Pdx have revealed 

how these effectors may regulate catalysis. It is essential, however, to take into account the artefacts that 

may be introduced by crystal packing in X-ray diffraction studies. Crystallization may only capture the 

conformations that will fit into the crystal lattice or reduce the mobility of regions that have a dynamic role 

in catalysis. Solution studies of CYP450cam are therefore necessary to elucidate catalytic insights that a 

crystal structure will not provide. The aim of this research is to study the conformation of CYP450cam 

using small angle X-ray scattering (SAXS). SAXS provides information of the conformational state, shape 

and size of a protein or assembly in native conditions in solution. Using SAXS, we will be able to determine 

the effects that substrate binding and redox partner protein interaction have on the structural flexibility and 

conformational rearrangements of CYP450cam. The role of substrate as an allosteric effector has recently 

been postulated, with the second binding site for camphor at an allosteric providing a more nuanced picture 

of the reaction. The conformation of CYP450cam in solution will be studies by SAXS to determine the 

effect of increasing camphor concentrations, the Leu358Pro mutation which results in an open 

conformation of CYP450cam an interaction with Pdx. SAXS studies were performed on CYP450cam in 

the early 1980s, however these were performed at limited camphor concentration ranges and did not 

investigate the role redox partner binding.57 We therefore aim to create a more complete picture of 

CYP450cam dynamics.  
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4.3 Materials and methods 

4.3.1 Reagents 
 

All reagents, unless otherwise stated were obtained from Fischer Scientific (Hampton, New 

Hampshire, USA) and Sigma-Aldrich (St. Louis, Missouri, USA) and purifications columns were from GE 

Healthcare Life Sciences (Chicago, Illinois, USA). 

4.3.2 Mutant constructs 
 
4.3.2.1 CYP450cam C334A 
 

The CYP450cam C334A mutant was synthesized (Genscript) into the pET-15b vector (Novagen). 

This CYP450cam contains no His6-tag and will be termed CYP450cam(C334A). 

4.3.2.2 CYP450cam L358P 
 

The CYP450cam with the mutations C334A and L358P mutant was synthesized (Genscript) into 

the pET-28a vector (Novagen). This CYP450cam contains a N-terminal His6-tag and will be termed 

CYP450cam(L358P). 

4.3.2.3 CYP450cam crosslink mutant 
 

The CYP450cam with the mutations C59S, C86S, C137S, C286S, C334A and K344C was 

synthesized (Genscript) into the pET-28a vector (Novagen). This CYP450cam will be termed 

CYP450cam(Crosslink). 

4.3.2.4 Pdx crosslink mutant  
 

The Putidaredoxin (Pdx) gene with the mutations D19C, C73S and C85S was synthesized 

(Genscript) into the pET-28a vector (Novagen). This Pdx contain a N-terminal His6-tag and will be termed 

Pdx(Crosslink). 
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4.3.3 Protein Expression 
 

CYP450cam(C334A), CYP450cam(L358P), CYP450cam(Crosslink) and Pdx(Crosslink) were 

overexpressed in E.coli BL21(DE3) grown in Luria-Bertani broth for to an OD600 of 0.7 after which 

expression was induced with 0.4 mM isopropyl β-D-1-thiogalactopyranoside (IPTG) for 24 h at 25°C. The 

CYP450cam mutants were additionally supplemented with 1 mM 5-aminolevulinic acid and 50 μM FeCl3 

upon induction. Pdx(Crosslink) was additionally supplemented FeCl3 upon induction.  

 

Mutant CYP450cam cell pellets were resuspended in 50 mM Tris pH 7.8 and 0.5 mg/mL lysozyme. 

Additionally, the Lee et al. protocol was followed and 0.1 mM hemin chloride added to the E. coli harvested 

cells.63 Cells were lysed by sonication and centrifuged at 30 000g for 45 min. Pdx(Crosslink) cell pellets 

were resuspended in either 50 mM KPi pH 7.6, 50 mM KPi pH 6 and 0.5 mg/mL lysozyme. Cells were 

lysed by sonication and centrifuged at 30 000g for 45 min. 

4.3.4 Purification 
 
4.3.4.1 CYP450cam 
 
Anion exchange purification 
 

P450cam mutants cell lysate was loaded onto a either a HiTrap Q XL column equilibrated with 50 

mM Tris pH 7.8. Elution was performed using 50 mM Tris pH 7.8 and 1 M KCl in a linear gradient. The 

eluate was pooled from a peak obtained monitoring the absorbance peak at 391 nm and fractions were 

concentrated using a 30 kDa cutoff centrifugal filter (Amicon).  

Size exclusion chromatography 
 

The CYP450cam mutants from the anion exchange purification were loaded onto a Superdex 75 

prep grade, HiLoad 16/60, 120 mL column equilibrated with a wash buffer composed of 50 mM KPi pH 

7.6 and 250 mM KCl. The eluate was pooled from a peak obtained monitoring the absorbance peak at 391 

nm and fractions were concentrated using a 30 kDa cutoff centrifugal filter (Amicon).  
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4.3.4.2 Putidaredoxin 
 
Ni-affinity purification 
 

Pdx(Crosslink) lysate was loaded onto a HisTrap HP column equilibrated with 50 mM KPi pH 7.6, 

250 mM KCl, and 20 mM imidazole pH 7.6. Elution was performed using 50 mM KPi pH 7.6, 250 mM 

KCl and a linear gradient of 500 mM imidazole pH 7.6. The eluate was pooled from a peak obtained 

monitoring the absorbance peak at 391 nm and fractions were concentrated using a 5 kDa cutoff centrifugal 

filter (Amicon).  

Size exclusion chromatography 
 

Pdx from the Ni-affinity purification was loaded onto a Superdex 75 prep grade, HiLoad 16/60, 

120 mL column equilibrated with a wash buffer composed of 50 mM KPi pH 7.6 and 250 mM KCl. The 

eluate was pooled from a peak obtained monitoring the absorbance peak at 391 nm and fractions were 

concentrated using a 5 kDa cutoff centrifugal filter (Amicon).  

4.3.5 Complex formation 
 

In order to form the CYP450cam-Pdx complex, the chemical crosslink approach utilized by 

Triptathi et al. was followed.34 The CYP450cam(Crosslink) mutant with surface cysteines removed (C59S, 

C86S, C137S, C286S and C334A) and a cysteine near the Pdx binding site (K344C) was used. The 

Pdx(Crosslink) mutant with surface cysteines (C73S and C85S) removed and a cysteine near the 

CYP450cam binding site (D19C) was used.  

 

Complex formation was performed using purified CYP450cam(Crosslink) and Pdx(Crosslink). To 

perform the crosslinking reaction, 100μM homobifunctional crosslinker bis(maleimido)hexane (BMH), 

was added to 5 μM of CYP450cam and 50 μM Pdx in 20 mM KPi pH 7.6 pH 7.4 and 50 mM KCl. This 

mixture was stirred overnight at 4°C.  

 

Purification of the complex from the reaction mixture was first performed using a 50 kDa cutoff 

centrifugal filter (Amicon) to ensure removal free Pdx(crosslink). The complex was then loaded onto a a 
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HisTrap HP column equilibrated with 50 mM KPi pH 7.6, 250 mM KCl, and 20 mM imidazole pH 7.6. 

Elution was performed using 50 mM KPi pH 7.6, 250 mM KCl and a linear gradient of 500 mM imidazole 

pH 7.6. The eluate was pooled from a peak obtained monitoring the absorbance peak at 391 nm and fractions 

were concentrated using a 50 kDa cutoff centrifugal filter (Amicon).  

4.3.6 Characterization 
 
4.3.6.1 SDS-PAGE 
 

Gel electrophoresis was performed on whole cells following expression as well as purification 

fractions using sodium dodecyl-sulfate polyacrylamide gel electrophoresis (SDS-PAGE).64 Samples were 

run on Mini-PROTEAN TGX Stain-Free Precast Gels (BioRad Laboratories, Hercules, California, USA) 

and performed according to the manufacturer’s protocol using 5 μL of the Precision Plus Protein Unstained 

Standards (BioRad Laboratories, Hercules, California, USA). 

4.3.6.2 CO-difference spectrum 
 

Whole cells of CYP450cam mutants were used for CO difference spectroscopy. CYP450cam was 

reduced with a few grains of sodium dithionite in duplicate and one of the samples was exposed to CO in a 

sealed environment for 10 min. Absorbance of the CO-bound and free CYP450cam was measured from 

360 – 500 nm in a microtiter plate using a SpectraMax i3 spectrophotometer (Molecular Devices, San Jose, 

California, USA).  

  



   

251 
 

4.3.7 Small angle X-ray scattering sample preparation 
 
4.3.7.1 Concentration series 
 

CYP450cam(C334A) was prepared in 1 mg/mL, 2 mg/mL, 3 mg/mL, 4 mg/mL, 5 mg/mL, 6 mg/mL 

in 50 mM KPi pH 7.6, 250 mM KCl and 1 mM D-camphor. Buffer containing KPi pH 7.6, 250 mM KCl 

and 1 mM D-camphor was used for buffer subtraction. 

4.3.7.2 Camphor binding 
 

All CYP450cam mutants and the CYP450cam-Pdx complex were analyzed at a 6 mg/mL 

concentration in 50 mM KPi pH 7.6 and 250 mM KCl. CYP450cam(L358) samples in 0 μM, 1.6 μM, 43 

μM and 1000 μM camphor concentrations were measured. CYP450cam(Crosslink) samples in 0 μM, 1 μM, 

1.6 μM, 2 μM, 10 μM, 20 μM, 43 μM, 60 μM, 100 μM and 1000 μM camphor concentrations were 

measured. The CYP450cam-Pdx complex in 0 μM, 1.6 μM, 43 μM and 1000 μM camphor concentrations 

were measured. All buffers containing camphor at the assigned concentrations and KPi pH 7.6 and 250 mM 

KCl were prepared for buffer subtraction. 

4.3.8 Small angle X-ray scattering data collection 
 

SAXS data was collected on a Rigaku Bio-SAXS 2000 instrument which uses Cu Kα radiation at 

λ=1.54 Å. The X-ray beam was collimated to provide a scattering vector q-range of 0.008 – 0.67 Å−1, where 

q is defined as - = 4/0123/5, where 23 is the scattering angle and 5 is the incident wavelength.65 Samples 

were measured for a total of 90 min with 10 min scans and all data were corrected for transmission and 

sample background. Reduction and averaging were performed with Rigaku SAXSLab 3.1.0b14.  

 

To perform buffer subtraction, Guinier fits and Pair-Distribution 6(8) function calculations, the 

BioXTAS RAW program was used.66 Guinier analysis was performed at low q,67 and the radius of gyration 

(Rg) was derived using the Guinier approximation: 

!(-) = !(0)
;<

=!>"!
? @
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with an upper limit defined by - ∙ BC = 1.3. Molecular mass was determined from the SAXS data 

using the volume of correlation based molecular weight calculation, VC,68 which uses !(0) and RH and is 

independent of protein concentration. Dmax were manually chosen in the RAW interface using GNOM to 

optimize the 6(8) function.69 To determine how well the experimental data fit theoretical curves from 

atomistic models, the FOXS server was used.70,71 The PDB structures used for the atomistic theoretical 

models included 3L61 - camphor free, 2CPP - camphor bound, 1T86 - L358P mutant camphor bound, 

4JWS - CYP450cam-Pdx complex camphor free and 4JX1 - CYP450cam-Pdx complex camphor bound. In 

order to refine the high-resolution crystallographically determined CYP450cam structures and ensure 

improved agreement with experimentally determined SAXS data, normal mode analysis (NMA) was used 

to explore their conformational space in SREFLEX.72  
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4.4 Results and discussion 

4.4.1 Protein expression and purification 
 

CYP450cam(C334A), CYP450cam(L358P) and CYP450cam(Crosslink) were successfully 

expressed in the absence of camphor to ensure no camphor content for subsequent small angle X-ray 

scattering (SAXS) studies (Figure 4.6). Expression was performed with the addition of 5-aminolevulinic 

acid, a heme precursor,73 and FeCl3 to ensure heme incorporation as discussed in Chapter 3.2. Additionally, 

the Pdx(crosslink) mutant was successfully expressed with addition of FeCl3 during expression to ensure 

formation of the Fe2S2-cluster.  

 

 
 

Figure 4.6 SDS-PAGE of CYP450cam mutant expression. (A) CYP450cam(L358P) expression. (B) 
Pdx(Crosslink) expression. (C) CYP450cam(Crosslink) expression. 
 

The first step of purification of all the CYP450cam mutants was performed using a strong Q-

column anion exchange column. This was followed by two rounds of SEC to obtain a pure sample (Figure 

4.7). To ensure that the CYP450cam(Crosslink) mutant had been expressed and purified in an active form, 

a CO-difference spectrum was performed. The CO-difference spectrum displayed a peak at 450nm 

suggesting that the surface cysteine mutations had not interfered with heme incorporation at the active site 

(Figure 4.8). 
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Figure 4.7 Representative SDS-PAGE of pure CYP450cam(Crosslink) samples.  
 

 
 

Figure 4.8 Representative CO-difference spectrum of CYP450cam(Crosslink). 
 

Purification of the His6-tagged Pdx(Crosslink) was performed using Ni-affinity chromatography 

followed by SEC to ensure that a pure sample was obtained (Figure 4.9).  
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Figure 4.9 SDS-PAGE of purified Pdx(Crosslink) shown in a concentration range. 
 
4.4.2 Complex formation 
 

The role of Pdx as an effector during CYP450cam catalysis was studied by Tripathi et al. in 2013 

using a covalent CYP450cam-Pdx complex.34 This complex was generated using the homobifunctional 

maleimide crosslinker, bis(maleimido)hexane (BMH) (Figure 4.10). X-ray crystallographic studies 

indicated successful formation of the CYP450cam-Pdx complex in a 1:1 ratio, with Pdx binding at the 

correct proximal site.  

 

 
 
Figure 4.10 Structure of the covalent CYP450cam-Pdx complex (PDB 4JWU). (A) The 
CYP450cam(Crosslink) mutant is covalently bound to the Pdx(Crosslink) mutant via BMH. (B) The 
mutated Cys344 CYP450cam(Crosslink) is covalently bound to the mutated Cys19 of Pdx(Crosslink) 
through a BMH linker.  
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In order to study the effect of Pdx binding on CYP450cam, this BMH linked covalent complex was 

formed. A CYP450cam(Crosslink) mutant in which the surface cysteine residues have been mutated to 

serine to avoid nonspecific crosslinking to Pdx(Crosslink). A new cysteine residue was introduced at 

Lys344 as a primary site for crosslinking (K344C) of CYP450cam to Pdx. Additionally, a cysteine was 

introduced at Asp19 of Pdx (D19C) to crosslink to the Cys344 residue via BMH (Figure 4.10 B). The 

complex has been successfully formed as is illustrated in the SDS-PAGE gel (Figure 4.11).  

 

 
 

Figure 4.11 SDS-PAGE of components of the crosslink reaction mixture and the formed CYP450cam-Pdx 
complex. 
 
4.4.3 SAXS data evaluation 
 
Guinier analysis  
 

Evaluation of the particle size, data quality and aggregation was performed using a Guinier 

analysis.67 Two parameters are obtained from Guinier analysis: the radius of gyration (Rg), which is a 

measure of the particle size, represents the average root-mean-square distance to the center of particle 

density and I(0), the intensity at zero scattering angle q = 0, which can be related to the molecular weight 

of the particle. 

 

The Guinier analysis is a plot of ln !(-)	vs	-& in the low q region of the scattering profile. The 

Guinier approximation is represented by  
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!(-) = !(0)	(<
=!>"!
? )	 

which is linearized to  

ln !(-) = ln !(0) −
BC&

3 ∙ -& 

where I(q), I(0), Rg, and q are intensity as a function of the scattering vector, intensity at zero 

scattering angle, radius of gyration, and the scattering vector, respectively. Guinier analysis was performed 

with an upper limit defined by - ∙ BC = 1.3 for a globular system.  

Kratky plot 
 

To ascertain the degree of folding of the macromolecule, a Kratky plot is utilized.74 In the Kratky 

plot -&!(-)	vs	-	is plotted.75 This plot provides information about sample flexibility, where unfolded 

samples are characterized by a plateau at high q, while globular proteins are characterized by a bell-shape. 

A Kratky plot can be expressed as  

-&!(-)
!(0) 	vs	- 

which normalizes the scattering profiles by mass and concentration by dividing by I(0).6 

Additionally, the Kratky plot can be made dimensionless by multiplying the q-vector by Rg and multiplying 

I(q) by (q Rg) 

N-BCO
&!(-)

!(0) 	vs	-BC 

which allows comparison of particles with different mass and conformation.77  

 

The Rg was determined in addition to the molecular weight using the volume of correlation based 

molecular weight calculation, VC,68 which uses !(0) and RH and is independent of protein concentration. 

The volume of correlation, VC, is defined as 

VQ = 	
I(0)

∫ qI(q)dq$
V
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where I(q), I(0), and q are intensity as a function of the scattering vector, intensity at zero scattering 

angle, and the scattering vector, respectively.68 This integral can be used to determine the molecular weight 

as 

WX =

⎝

⎛
'[&
BC
\
⎠

⎞

_

 

upon convergence in which #̀!

>"
 is logarithmically proportional to the molecular weight, Mw. \ and 

a are sample dependent constants, in the case of proteins, \ = 0.1231 and a = 1. 

Pair distribution function 
 

A pair distribution or P(r) function was used to determine the maximum dimension of the particles, 

Dmax, and evaluate the shape of the particle.78,79 The P(r) function provides information of the distances 

between all atom pairs in a molecule and is defined as follows: 

6(8) = 	
8
2/c !(-)-012(-8). d-

V

$

 

in which r is the radius between scattering atoms in Å. Solution of this equation is performed by 

inverse Fourier transform (IFT), as implemented in GNOM.69 The P(r) function provides qualitative 

information about Rg and I(0) and comparison with the Rg and I(0) obtained from the Guinier fit can be 

made to ascertain reliability of the result. Dmax is determined P(r) plot of  

6(8)
!(0) 	vs	8 

in which the P(r) function should approach zero gradually at the appropriate Dmax. Additionally, 

the P(r) function varies according to particle shape, with a globular protein (approximate spherical shape) 

displaying a bell-shaped curve.80 
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4.4.4 Effect of camphor concentration on CYP450cam 
 

Previous studies of CYP450cam at in the presence and absence of camphor using SAXS had not 

yielded any significant changes in conformation.57 These studies were performed at 0 μM and 500 μM 

camphor. This concentration of camphor however far exceeds the binding constant of camphor at KD ~ 1.6 

μM.81–83 A range of camphor concentrations including these lower levels of camphor were therefore 

employed. Additionally, given the presence of a postulated second binding site on CYP450cam with a KD 

~ 43 μM,54 SAXS data was additionally collected at this concentration. Data was collected with a of qmin of 

0.008 Å-1 and a qmax of 0.696 Å-1 

 

Initial analysis of CYP450cam(C334A) at a range of concentrations was performed to determine 

linearity of the data to ensure monodispersity of the system. This ensures that the protein molecules behave 

as free particles in solution (i.e., without interparticle interferences). The Guinier plot for 

CYP450cam(C334A) maintained linearity throughout the 1 mg/mL – 6 mg/mL concentration range, 

indicating an absence of aggregation or interparticle interactions. Characterization of 

CYP450cam(Crosslink) at 1000 μM camphor indicated a typical small angle scattering profile comprised 

of a plateau region at low-q which obeys the laws of Guinier, a sloping mid-q range sensitive to the shape 

of the CYP450 and a steep high-q area dependent on the interface between CYP450cam and the surrounding 

solvent environment (Figure 4.12 A). A Kratky plot indicated a bell-shaped curve indicating a globular 

shape, however a small shoulder at high-q suggests a degree of flexibility (Figure 4.12 B). Guinier analysis 

was performed and the Guinier plot was linear at low-q indicating an absence of aggregation or interparticle 

repulsion and a calculated Rg of 23.85 Å ± 0.03 Å (Figure 4.12 C). 
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Figure 4.12 SAXS analysis of CYP450cam at 1000 μM camphor. (A) SAXS curve of intensity of scattering 
over a q-range. (B) Kratky plot indicating a globular protein with some flexibility. (C) Guinier analysis plot 
to determine radius of gyration (Rg). 
 

Analysis of the CYP450cam at different camphor concentrations indicated that there is a change of 

Rg dependent on camphor concentration. Initial studies by Lewis et al. concluded that the CYP450cam 

conformation and dynamics were independent of camphor, citing an Rg of 24.14 Å ± 0.20 Å and 23.93 Å 

± 0.21 Å for the camphor-free and bound forms, respectively.57 These studies were performed at 0 μM 

camphor and at an excess of 500 μM camphor. The Rg for the collected data is 24.31 Å ± 0.03 Å at 0 μM 

camphor which is in good agreement with the previous studies. SAXS data was collected at a range of 

concentrations from 0 μM to 1000 μM camphor to provide a comprehensive picture of camphor-dependent 
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CYP450cam conformational changes (Table 4.1 and Figure 4.13). In contrast to the study by Lewis et al., 

we observe a marked decrease in Rg upon substrate addition. At 1 μM camphor there is a decrease in the Rg 

to 23.01 Å ± 0.05 Å. In addition to this, there is a decrease in the Dmax from 81 Å to 68 Å suggesting 

compaction of the structure as can be seen from the P(r) function (Figure 4.14 A).  

 
Table 4.1 Size analysis of CYP450cam(Crosslink) as a function of camphor concentration. 
 

 
 
 
 
 
 
 
 
 
 
 

 
 
 
 

 
 
Figure 4.13 The radius of gyration (Rg) of CYP450cam as a function of camphor concentration.  

 

Camphor (μM) Rg (Å) Dmax (Å) Mw (kDa) 
0 24.31 ± 0.03 81.0 47.0 
1 23.01 ± 0.05 68.0 44.0 
1.6 23.55 ± 0.06 72.0 45.4 
2 23.78 ± 0.03 76.0 45.9 
10 23.75 ± 0.03 75.0 46.0 
20 23.48 ± 0.03 72.0 45.7 
43 24.10 ± 0.03 80.0 46.5 
60 23.67 ± 0.03 74.0 46.0 
100 23.60 ± 0.03 75.0 45.5 
1000 23.85 ± 0.03 78.0 46.1 
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Figure 4.14 Pair distribution function P(r) of CYP450cam. (A) P(r) with 0 μM and 1 μM camphor. (B) 
P(r) with 1 μM and 43 μM camphor. 
 

The Rg remains below the initial Rg at 0 μM camphor at 1.60 μM, 2 μM, 10 μM and 20 μM camphor 

(Figure 4.13). This drop in Rg supports the structural transition from CYP450cam in an open form in the 

absence of camphor which transitions to a closed form in the presence of camphor.23 This transition is 

characterized by closure of the substrate access channel formed by the F- and G-helices and ordering of the 

B’-helix when camphor binds. These structural changes observed in the X-ray crystal structure may play a 

role in the solution structure studied here by SAXS.  

 

A further observation was an increase in the Rg at 43 μM camphor to 24.10 Å ± 0.03 Å and an 

increase of the Dmax to 80 Å as can be seen from the P(r) function (Figure 4.14 B). This concentration is 

significant because NMR studies have proposed that a second molecule binds to CYP450cam at a 43 μM 

concentration. Furthermore, molecular dynamics (MD) and paramagnetic nuclear magnetic resonance 

(NMR) studies have confirmed the presence of a allosteric site on camphor.50,56 Upon camphor binding to 

this site, it is postulated that CYP450cam adopts an open conformation which primes it for redox partner 

binding as well as formation of a channel for product egress termed Channel 2. This site is delimited by the 

residues Lys126, Leu166, Gly168, Thr217 and Ala219.50 The SAXS data presented here suggest that at 43 

μM camphor there is indeed a conformational change that occurs resulting in an increased Rg.  
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Interestingly, the increase in Rg at 43 μM camphor is followed by a decrease in Rg and Dmax at 

higher camphor concentrations (Figure 4.13). This may initially seem counter-intuitive since at higher 

camphor concentrations, the allosteric site should remain bound. The dependence of the active site heme 

iron spin state on camphor binding may however play a role in CYP450cam catalysis since upon camphor 

binding, there is a heme iron spin state transition from ferric low spin to high spin. This is accompanied by 

a change in the reduction potential from -303 mV to -173 mV to facilitate reduction by the redox partner 

protein Pdx.18,19 Another spin state transition is however observed from high-spin back to low spin at high 

concentrations of camphor. This was first observed by Lange et al. in 1977 where changes in the absorbance 

spectrum indicated that from more than 0 μM to approximately 100 μM camphor, the heme iron is in a high 

spin state.84 Above 100 μM camphor, however, this shifts back to a low-spin state. This spin transition was 

confirmed by electron paramagnetic resonance (EPR) which concluded that camphor binding alters the 

active site electronic environment.45 Analyses of CYP450cam spin states at high and low pressure indicated 

a similar transition to low spin at high pressures.85 The spectral changes were initially related to binding 

modes by Schenkman in 1970 in liver microsomes as Type I and Type II binding modes.86 Type I binding 

in CYP450cam is characterized by camphor ligand binding to a hydrophobic pocket in the active site which 

is accompanied by the characteristic blue shift in the Soret band which indicates a shift from low spin to 

high spin.18,19 In this case, water is displaced, and the heme iron is pentacoordinate. When Type II binding 

occurs, there is a sixth ligand bound to the heme iron resulting in a low-spin heme iron.87 Given that that 

transition is observed at high concentrations, there is a possibility that high levels of camphor result in a 

similar hexacoordinate, low spin species. The high levels of camphor may saturate the active site causing 

camphor to coordinate the heme iron in the resting state.  

 

The correlation of the decrease in Rg at camphor concentrations greater than 60 μM may therefore 

be related to changes in conformation that occur at high levels of camphor which affect not only the 

electronic state of the heme active site, but also the conformational dynamics of the rest of the CYP450cam 

structure.  



   

264 
 

Analysis of the Rg of the CYP450cam(L358P) mutant as a function of camphor concentration, does 

not indicate a significant change of the protein conformation with an Rg of ~23.5 Å to  ~23.8 Å across the 

camphor concentrations (Table 4.2, Figure 4.15). The Dmax also remains at ~73.0 Å at all camphor 

concentrations as can be seen from the P(r) function (Figure 4.16).  

 
Table 4.2 Size analysis of CYP450cam(Crosslink) as a function of camphor concentration. 
 

 P450cam(Crosslink) P450cam(L358P) P450cam-Pdx complex 

Camphor 
(μM) 

Rg (Å) Dmax (Å) Mw (kDa) Rg 
(Å) 

Dmax (Å) Mw (kDa) Rg (Å) Dmax (Å) Mw (kDa) 

0 24.31 
± 0.03 

81.0 47.0 23.48 
± 0.05 

71.0 43.8 23.9  
± 0.04 

66.0 51.9 

1.6 23.55 
± 0.06 

72.0 45.4 23.76 
± 0.04 

75.0 43.8 23.94 
± 0.03 

64.0 51.6 

43 24.10 
± 0.03 

80.0 46.5 23.68 
± 0.03 

71.0 43.6 25.11 
± 0.03 

74.0 52.6 

1000 23.85 
± 0.03 

78.0 46.1 23.66 
± 0.03 

73.0 43.2 23.53 
± 0.03 

65.0 50.6 

 
 

 
 
Figure 4.15 The radius of gyration (Rg) of CYP450cam(L358P) as a function of camphor concentration.  
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Figure 4.16 Pair distribution function P(r) of CYP450cam(L358P). (A) P(r) with 0 μM and 1.6 μM 
camphor. (B) P(r) with 1.6 μM and 43 μM camphor. 
 

The Leu358Pro mutation induces several structural changes similar to the conformational changes 

caused by Pdx docking.49 This results in a CYP450cam with an open conformation in which the introduced 

Pro358 pushes against the heme, opening up the active site. This opening of the active site is predominantly 

a steric effect, which may explain why the observed Rg is independent on camphor concentration. 

CYP450cam(L358P) is locked in an open conformation with the steric changes obstructing any further 

conformational changes.  

 

Comparison of the SAXS profile of the free CYP450cam and the CYP450cam-Pdx complex 

indicates a slight change in the profile at mid-q indicating a difference in shape from the uncomplexed form 

(Figure 4.17 A). Additionally, the Kratky plot has a more pronounced shoulder indicating an additional 

domain and potentially increased flexibility (Figure 4.17 B). The Kratky plot of the CYP450cam-Pdx 

complex has a similar shape to the free CYP450cam, indicating that there is little change in the overall 

globular shape.  
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Figure 4.17 Comparison SAXS data from CYP450cam and the CYP450cam-Pdx complex. (A) SAXS 
curve of intensity of scattering over the q-range. (B) Kratky plot indicating a slight change in flexibility. 
 

SAXS analysis of the CYP450cam-Pdx complex indicates a particle with and Rg of 23.9 ± 0.04 Å 

at 0 μM camphor, not significantly larger than the Rg of the CYP450cam(Crosslink) mutant (Table 4.2, 

Figure 4.18). This suggests that upon complexation with Pdx, the CYP450cam may undergo structural 

rearrangements and compaction to accommodate Pdx in which there is not a large increase in Rg. The Dmax 

determined is smaller than that of the uncomplexed CYP450cam. Further modelling using ab initio 

modeling methods are required to determine the conformation that has resulted in this decrease in Dmax.  

 

There is not a significant change in Rg upon addition of camphor at the 1.6 μM with an Rg of 23.9 

Å ± 0.04 Å at 0 μM and 23.94 Å ± 0.04 Å at 1.6 μM camphor (Figure 4.18). The Dmax does also not 

significantly change as can be seen from the P(r) function (Figure 4.19 A). This confirms that binding of 

Pdx to CYP450cam results in a closed to open conformational change and that this open conformation is 

stabilized even in the presence of substrate. Similar to free CYP450cam, the CYP450cam-Pdx covalent 

complex indicates an increased Rg from 23.94 Å ± 0.03 Å at 1.6 μM camphor to 25.11 Å ± 0.03 Å at 43 

μM camphor, the concentration at which camphor is believed to bind to the allosteric binding site resulting 

in the more open conformation (Figure 4.18). This is accompanied by an observed increase in the Dmax from 

64.0 Å to 74.0 Å as seen from the P(r) function (Figure 4.19 B). The allosteric site is occupied at higher 

camphor concentrations (~43 μM) and it has been found that camphor remains stably bound to the allosteric 
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site in the presence of Pdx.56 These data indicate that allosteric binding of camphor can result in 

CYP450cam conformational changes when in complex with Pdx. 

 

 
 

Figure 4.18 The radius of gyration (Rg) of the CYP450cam-Pdx complex as a function of camphor 
concentration.  
 
 
 

 
 
Figure 4.19 Pair distribution function P(r) of the CYP450cam-Pdx complex. (A) P(r) with 0 μM and 1.6 
μM camphor. (B) P(r) with 1.6 μM and 43 μM camphor. 
 
4.4.5 FOXS crystal structure and data comparison 
 

In order to determine how well the experimentally obtained data fit a SAXS curve generated from 

the CYP450cam protein atomic coordinates, analysis was performed using FOXS (Fast X-ray Scattering). 
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70,71 FOXS is a web-based server that rapidly computes a SAXS profile when a molecular structure is 

provided. FOXS utilizes rigid body modelling to compute the theoretical SAXS profile. A profile is 

calculated using the Debye formula to predict the intensity I(q) as a function of the form factor fi(q). The 

calculated profile is subsequently fitted to the experimental profile and the quality of fit, X2 is determined.  

 

Analysis of the experimentally obtained Rg was larger than the calculated Rg from the crystal 

structure for all the profiles (Table 4.3). Given that the experimental Rg determined for CYP450cam was 

similar to that determined in early SAXS experiments, it can be concluded that crystal packing has a 

significant effect on the conformational flexibility of CYP450cam. Indeed, overlay of the experimental and 

theoretical plots indicate high X2 during fitting and a mismatch in the mid-q range that is sensitive to the 

shape of the particle (Figure 4.20). This suggest that the shape of CYP450cam is different in solution that 

that which is observed in the more rigid crystal packing environment. 

 
Table 4.3 Comparison of the experimental and calculated dimensions using the FOXS server. 
 

 P450cam(Crosslink) P450cam(L358P) P450cam-Pdx complex 
Camphor 
(μM) 

Rg
exp 

(Å) 
Rg

calc (Å)  
(PDB 3L61 - 
camphor free, 
2CPP - 
camphor 
bound)  

X2 Rg
exp 

(Å) 
Rg

calc (Å)  
(PDB, 1T86 
- camphor 
bound)  

X2 Rg
exp 

(Å) 
Rg

calc (Å)  
(PDB 4JWS - 
camphor free, 
4JX1 - camphor 
bound)  

X2 

0 24.31 
± 0.03 

21.50 53.78 23.48 
± 0.05 

21.12 34.99 23.9  
± 0.04 

23.27 42.20 

1 23.01 
± 0.05 

21.18 21.28       

1.6 23.55 
± 0.06 

21.18 34.06 23.76 
± 0.04 

21.12 31.26 23.94 
± 0.03 

22.93 13.40 

43 24.10 
± 0.03 

21.18 62.10 23.68 
± 0.03 

21.12 40.01 25.11 
± 0.03 

22.93 16.98 

1000 23.85 
± 0.03 

21.18 56.02 23.66 
± 0.03 

21.12 37.83 23.53 
± 0.03 

22.93 21.54 
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Figure 4.20 Overlay of calculated and experimental SAXS curves determined by FOXS and SREFLEX for 
(A) CYP450cam, (B) CYP450cam(L358P) and (C) CYP450cam-Pdx(Complex) at 0 μM, 1.6 μM and 43 
μM camphor.  
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4.4.6 SREFLEX conformational distribution calculations 
 

To establish the regions of the CYP450cam structure that may be contributing to the observed 

increased Rg, conformational analysis was performed using SREFLEX. SREFLEX represents a modeling 

approach that explores the conformational space of atomic macromolecular models using normal mode 

analysis (NMA) and refines the obtained conformations guided by experimentally obtained SAXS data.72 

In order to model the structural flexibility, the input model (generally high-resolution crystallographic 

model) is partitioned into pseudo-domains after which NMA is used to probe large and subsequently smaller 

movements in a hierarchical approach. NMA permits a coarse-grained approach to study the conformational 

changes since SAXS data provides information at a lower resolution than X-ray crystallography.88,89 The 

work flow of SREFLEX can be summarized as follows: (1) A high resolution input structure is used as the 

starting model (2) Conformational changes are predicted by NMA (3) Domain assignments are performed 

to reduce computational search space (4) Guided by experimental SAXS data, conformations are 

hierarchically sampled (5) A full-atom model is generated and the fit is evaluated using X2 values.72  

 

Evaluation of conformational flexibility was performed using the SREFLEX web-based server 

(http://www.embl-hamburg.de/bio saxs/online.html). As the starting model, PDBs of the conditions of 

interest were utilized. The PDB structures used for the atomistic theoretical models included 3L61 – 

camphor free, 2CPP – camphor bound, 1T86 – L358P mutant camphor bound, 4JWS – CYP450cam-Pdx 

complex camphor free and 4JX1 – CYP450cam-Pdx complex camphor bound. The X2 were lower than 

those observed for in comparison of the experimentally and theoretically generated curved in FOXS, 

indicating that conformational flexibility does contribute to the SAXS scattering observed in solution in 

comparison to the X-ray structure (Table 4.4, Figure 4.20).  
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Table 4.4 Comparison of the experimental and calculated dimensions using SREFLEX normal mode 
analysis. 
 

 P450cam(Crosslink) P450cam(L358P) P450cam-Pdx complex 

Camphor 
(μM) 

Rg
exp 

 (Å) 
Rg

calc (Å)  
(PDB 
3L61 – 
camphor 
free, 
2CPP – 
camphor 
bound)  

X2 RMSD Rg
exp 

 (Å) 
Rg

calc (Å)  
(PDB, 
1T86 – 
camphor 
bound)  

X2 RMSD Rg
exp  

(Å) 
Rg

calc (Å)  
(PDB 
4JWS – 
camphor 
free, 
4JX1 – 
camphor 
bound)  

X2 RMSD 

0 24.31 
± 0.03 

24.02 7.89 3.25 23.48 
± 0.05 

23.40 8.49 5.58 23.9  
± 0.04 

24.09 12.69 5.50 

1.6 23.55 
± 0.06 

23.58 6.39 3.59 23.76 
± 0.04 

23.31 6.76 5.34 23.94 
± 0.03 

24.15 10.42 2.92 

43 24.10 
± 0.03 

24.01 7.77 4.87 23.68 
± 0.03 

23.34 11.53 5.41 25.11 
± 0.03 

24.70 12.69 8.81 

 
Structural overlay of the structures generated from modelling using NMA in SFREFLEX and the 

crystal structure revealed specific regions that displayed and altered conformation. In particular, the region 

defined by residues 114-150 and 200-250 displayed positions different from that observed in the crystal 

structure (Table 4.5). In particular, the β2-sheet which connects the H- and I-helices as well as the H-helix, 

G-helix, D-helix and C-helix displayed increased mobility when compared to the crystal structure (Figure 

4.21). This region is adjacent to the allosteric site that has been proposed by Follmer et al.,50,56 where 

CYP450cam is thought to bind a second molecule of camphor.54 The allosteric site is defined by the residues 

Val118, Val123, Lys126 Leu127, Leu166, Gly168, Thr217 and Ala219.  

 

 
Figure 4.21 Structural elements in CYP450cam (PDB 1DZ4) with increased mobility found by SREFLEX 
normal mode analysis.  

 

D-helix β2-sheet 
C-helix 

G-helix 
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Structural alignment of the crystal structure with the calculated structure indicates a consistency 

with increased mobility near this allosteric site, with the β2-sheet being the prevalent element that displays 

movement for CYP450cam, CYP350cam(L358P) and the complex (Figure 4.22 – 4.24). Calculation of the 

RMSD of a structural alignment indicates a 10 – 20 Å displacement for these regions. Modeling of the 

CYP450cam-Pdx complex, however, indicated some inconsistencies. The NMA simulations indicated 

movement of Pdx that is not feasible for the 0 μM camphor and 43 μM camphor SAXS curves. The extent 

of Pdx displacement is too large to ensure correct electron transfer. Future SREFLEX studies in which 

improved restraints of the Pdx relative to CYP450cam are implemented will be necessary to reflect 

productive binding in the complex. While these initial simulations offer a coarse-grained window into the 

increased mobility that CYP450cam has in solution, it is highly informative to note that the region predicted 

by SAXS to be mobile is the same region that exerts allosteric control from a closed to an open 

conformation.  
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Table 4.5 Structural elements with increased mobility after introduction of structural flexibility using 
SREFLEX normal mode analysis. 
 

 
SAXS Curve Input PDB Residues with 

increased mobility 
Structural element with 

increased mobility 
0 μM Camphor 

CYP450cam(Crosslink) 
 

3L61 A224 – T234 β2-sheet 

1.6 μM Camphor 
CYP450cam(Crosslink) 

2CPP E209 – K214 
D218 – N225 
A224 – T234 

 

G-helix 
H-helix 
β2-sheet 

43 μM Camphor 
CYP450cam(Crosslink) 

2CPP E198 – K214 
D218 – N225 
A224 – T234 

 

G-helix 
H-helix 
β2-sheet 

0 μM Camphor 
CYP450cam(L358P) 

1T86 E209 – K214 
D218 – N225 
A224 – T234 

 

G-helix 
H-helix 
β2-sheet 

1.6 μM Camphor 
CYP450cam(L358P) 

1T86 E209 – K214 
D218 – N225 
A224 – T234 

 

G-helix 
H-helix 
β2-sheet 

43 μM Camphor 
CYP450cam(L358P) 

1T86 E209 – K214 
D218 – N225 
A224 – T234 

 

G-helix 
H-helix 
β2-sheet 

0 μM Camphor 
CYP450cam-Pdx 

Complex 

4JWS L114 – K126 
E192 – K214 
D218 – N225 
A224 – T234 

 

C-helix 
G-helix 
H-helix 
β2-sheet 

1.6 μM Camphor 
CYP450cam-Pdx 

Complex 

4JX1 A224 – T234 
 
 

β2-sheet 

43 μM Camphor 
CYP450cam-Pdx 

Complex 

4JX1 R130 – Q145 
A224 – T234 

D-helix 
β2-sheet 
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Figure 4.22 Structural alignment of SREFLEX model with original CYP450cam crystal structure. RMSD 
per residue on the right panel for each comparison. Alignment performed with PDB (A) 3L61 (B) 2CPP 
(C) 2CPP. 
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Figure 4.23 Structural alignment of SREFLEX model with original CYP450cam(L358P) crystal structure. 
RMSD per residue on the right panel for each comparison. Alignment performed with PDB (A) 1T86 (B) 
1T86 (C) 1T86. 
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Figure 4.24 Structural alignment of SREFLEX model with original CYP450cam-Pdx complex crystal 
structure. RMSD per residue on the right panel for each comparison. Alignment performed with PDB (A) 
4JWS (B) 4JX1 (C) 4JX1. 
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4.5 Conclusions 

While the structural information gained from SAXS is low resolution, it provides significant 

information about the conformational flexibility of a macromolecule in solution.77 X-ray crystallography is 

a high-resolution technique that provides atomistic information about the protein structure, however the 

inherent static environment present in protein crystals provides an incomplete picture.1 Proteins are highly 

dynamic molecules, traversing the energy landscape continuously to achieve efficient catalysis. 

CYP450cam is no exception, and spectroscopy and solution NMR have revealed a dynamic system in which 

structural perturbations ensure efficient catalysis.2 Interaction of CYP450cam with camphor has revealed 

several layers of control, from an open conformation, to a closed conformation upon substrate binding 

which shifts to an open conformation in the presence of high levels of camphor due to allosteric regulation. 

These conformational changes are coupled to delicate tuning of the electronic properties of the active site 

heme iron. It stands to reason that while experimentally, conclusions may be drawn on the iron spin state 

and redox potential, the supporting architecture of the protein structure contributes to these transitions. 

Early SAXS data concluded that “It is clear that if cytochrome P-450 undergoes a conformational change 

upon binding camphor, it is smaller than that which we can accurately detect using solution-scattering 

methods. Thus the structural changes inferred from temperature jump spin relaxation and pressure studies 

most likely involve only local rearrangements near the heme.”57 The concentration of substrate utilized 

however, far exceeded the physiological levels that may exert conformational regulation. SAXS is a probe 

that permits interrogation of a protein structure in solution under native conditions. The results here have 

confirmed X-ray crystallography findings that CYP450cam undergoes an open to closed transition upon 

substrate binding. Furthermore, the resent evidence for an allosteric site in camphor is supported by opening 

of the structure. The apparent transition observed at high camphor concentrations by a decrease in Rg 

illustrates the artefacts that can be observed in the artificially generated environment of an experiment. In 

experimental conditions, excess camphor can be added which can lead to a “crowded” active site with 

camphor resulting in a Type II low spin hexacoordinated species. Modelling of the SAXS data with 

theoretical SAXS curves indicates a discrepancy in Rg, with the Rg for the solution data being larger than 
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that of the crystallographic structure. This suggests that CYP450cam is more flexible in solution than in the 

packed environment of the crystal lattice. Initial conformational modeling has attributed this conformational 

flexibility to the β2-sheet region in proximity to the allosteric site proposed. The data presented here provide 

a perspective on the increased conformational flexibility of CYP450cam. This flexibility plays an important 

role in catalysis, with substrate and redox partner proteins affecting nuanced regulation on CYP450cam 

chemistry. 
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Chapter 5 : Conclusions and perspectives 

 
5.1 The role of active site and second shell residues in oxygen activation by NcLPMO9D 

Using neutron protein crystallography, we were successfully able to cryo-trap an activated 

dioxygen species at the NcLPMO9D copper active site following ascorbate reduction. As discussed in 

Chapter 2, this activated dioxygen species was modeled as a mixed state superoxo and hydroperoxo species 

and indicated that a second-shell His157 functions as the proton donor. The crystal packing resulted in a 

unique occluded active site environment analogous to substrate binding that permitted stabilization of the 

reactive oxygen intermediates. The insolubility of the LPMO polysaccharide substrate has made solution 

of crystal structures of a substrate bound form of LPMO challenging. The packing conformation observed 

in the LPMO9D crystal structure is therefore, while not functionally relevant in solution, a representation 

of how substrate may close off the copper active site environment and prevent dissociation of a reactive 

oxygen species as shown by Kjaergaard et al.1  

 

As a consequence of the limited substrate bound forms of LPMOs, most of the mechanistic insights 

are derived from density functional theory (DFT) and quantum mechanics/molecular mechanics (QM/MM) 

studies. While these provide a good first approximation of the energetic favorability of reaction 

intermediates and the role of second-shell residues during catalysis, the results are often dependent on the 

functional used, the residues included at the QM region and the charge and spin states assigned to the active 

site. A study by Larsson et al. has found that comparison of the TPSS, TPSSh and B3LYP methods predict 

very different stabilities of a range of potential activated oxygen species.2 It is therefore essential to take 

experimental results into consideration during a computation to limit the bias a applied functional may 

introduce. The results presented in Chapter 2 have highlighted a role for His157 in oxygen activation 

directly following copper reduction and also provided experimental evidence of a hydroperoxo species as 

an early intermediate in the LPMO reaction mixture. While our structural studies have permitted trapping 
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of an activated dioxygen species, the electronic state of the hydroperoxo intermediate cannot be determined 

solely by structural studies.  

 

Our preliminary DFT studies showed that superoxo and single protonated His157 and hydroperoxo 

and doubly deprotonated His157 states are stable, however more detailed analysis of the charge and spin 

states of the copper and bound intermediates will be required in future work. QM/MM calculations to 

determine the electronic state of copper in the early stages of dioxygen activation with an accurate 

representation of the number of electrons will be needed. Our proposed role of His157 as a proton donor, 

and its capture in the imidazolate form is unusual, however not unprecedented. A neutral histidine acting 

as a general acid has been mechanistically proposed for the His95 residue in triose phosphate isomerase 

and the His98 residue in methylglyoxal synthase.3–5 Furthermore, the electropositive copper active site 

environment may contribute to the stabilization of histidine in an imidazolate form as observed for the 

second shell His147 residue in copper amine oxidase in a neutron crystallography study by Murakawa et 

al.6 

We have further established that the second shell His157 residue displays conformational flexibility 

aided by mining minima free energy calculations. Mutagenesis studies of a the corresponding second shell 

His161 in MtPMO3 by Span et al. found that His 161 plays a role as a proton donor during oxygen 

activation.7 It would informative to perform similar mutagenesis studies on His157 in LPMO9D to 

determine whether this second shell residue is essential for dioxygen activation. Kinetic analysis as well as 

structural studies of His157 mutants would provide a more complete picture of the role of this residue in 

catalysis. Indeed, the dynamics of the LPMO-polysaccharide system may play an essential role during 

catalysis permitting shuttling of protons for catalysis but also ensuring an occluded environment for 

formation of reactive intermediates for catalysis.  
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5.2 Large crystal growth of CYP450cam 

Numerous expression and purification trials of CYP450cam were performed to optimize sample 

quality and purity. CYP450cam samples with sufficient purity and heme incorporation levels were obtained 

which were used for crystallization. As discussed in Chapter 3, CYP450cam was successfully crystallized 

and X-ray diffraction data collection and structure solution indicated that CYP450cam had correct heme 

incorporation and the substrate was correctly bound to the active site. The morphology of the obtained 

crystals presented primarily as needles and plates which are not of sufficient volume for neutron protein 

crystallography studies. Further optimization will therefore be necessary to ensure the growth of large, 

voluminous crystals. Crystallization trials employed vapor diffusion techniques as well as microbatch and 

microdialysis crystallization. Since these techniques yielded primarily needle-like crystals, further 

exploration of micro- and macroseeding will be necessary since it is apparent that initial crystals have a 

similar morphology. An alternative technique that was not applied that has been found to yield large crystals 

for neutron protein crystallography is free-interface capillary counter diffusion.8 Furthermore, since the 

needles observed in in CYP450cam crystallization trials form rapidly, often after 24 hours, the rate of 

nucleation may be too rapid to ensure the formation of large crystals. It has been found that use of a semi-

solid agarose gel (SSAG) can slow nucleation and promote large crystal growth. 9 Therefore, future trials 

using such a SSAG system as well as application of macroseeding techniques may assist large crystal 

growth for neutron protein crystallography. 
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5.3 Conformational dynamics of CYP450cam 

Solution small angle X-ray scattering (SAXS) studies were performed on CYP450cam to study its 

conformational flexibility in solution as discussed in Chapter 4. While an early study had been performed 

on CYP450cam, it concluded that conformational changes could not be detected upon substrate camphor 

binding.10 Solution of the X-ray crystal structure of CYP450cam subsequently obviated the need of the 

comparatively low resolution SAXS technique to study CYP450cam.11 While SAXS can be considered, 

low-resolution, it is however an invaluable technique for the study of the conformational flexibility of 

proteins since it permits their characterization in their native conformation in solution. Crystallographic 

structural analysis has the drawback of providing a static picture of the protein structure, since only the 

conformations that fit into the crystal lattice are selected for.  

 

SAXS analysis of CYP450cam in a range of camphor concentrations confirmed conformational 

transition from an open to a closed state as has been observed in crystallographic studies. Very low camphor 

concentrations of 1 μM near the CYP450cam KD for camphor indicated a conformational change by a 

decrease in the radius of gyration (Rg) and the particle maximum dimension (Dmax). A Leu358Pro 

CYP450cam mutant that mimics binding of the redox partner protein Putidaredoxin (Pdx) and the covalent 

CYP450cam-Pdx complex did not display this decrease in Rg confirming their stabilization in the open 

conformation. We further observed a change in Rg and Dmax a 43 μM camphor, a concentration at which 

camphor has been proposed to bind to a second site on CYP450cam.12 This second binding site of camphor 

on CYP450cam has been proposed as an allosteric site using MD and paramagnetic NMR and has been 

found to cause the partial opening of CYP450cam.13,14 The SAXS studies presented here support a change 

in conformation of CYP450cam near the concentration of camphor at which is it believed to bind to the 

allosteric site. Furthermore, normal mode analysis of the flexibility of CYP450cam informed by the 

experimental SAXS data indicate that the allosteric region delimited by the β2-sheet which connects the H- 

and I-helices as well as the H-helix, G-helix, D-helix and C-helix displayed increased mobility when 

compared to the crystal structure.  
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These studies bring to the forefront a more dynamic nature of CYP450cam that is carefully 

modulated by substrate and redox partner protein interactions. Future SAXS studies of CYP450cam with 

greater q-resolution and subsequent modeling may provide a more detailed description of the 

conformational flexibility of CYP450cam. Mutagenesis of the residues involved in camphor allosteric 

binding and studies of the resulting conformational flexibility using SAXS and catalysis using kinetic 

studies will further inform on the role of allostery and conformational change in CYP450cam. 

 

A final insight can be gleaned when taking the results from the crystallization attempts in Chapter 

3 and putting them into context with the insights on conformational flexibility in Chapter 4. It has been 

observed that crystallization is in itself a purification step in which only certain protein conformations are 

selected and effectively “purified” into a homogenous protein crystal.15 Our SAXS studies indicated a 

surprising finding that at higher (> 60 μM) of camphor, the is a decrease in the Rg and Dmax from the more 

open conformation at 43 μM camphor which may result from camphor allosteric binding. While it has been 

shown that CYP450cam undergoes a spin state transition at high levels of camphor, our SAXS results 

indicate that CYP450cam also undergoes a conformational change. At high levels of camphor CYP450cam 

adopts a low-spin hexacoordinated conformation (Type II species). The crystallization trials performed in 

Chapter 3 were conducted at high levels of camphor in excess of 1000 μM. These high levels of camphor 

may have resulted in a conformational change in the CYP450cam preventing it from crystallizing and 

altering the thermodynamics of crystallization of the population in the substrate-bound high-spin 

conformation. Indeed, all the crystallization trials of CYP450cam indicate the formation of precipitate even 

when crystals grew (Figure 5.1). 
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Figure 5.1 Sitting drop crystallization of CYP450cam with needle-like crystals and precipitate formation. 
 

This reiterates the role of crystallization as a final purification step and also highlights the delicate 

conformational balance of CYP450cam dependent on substrate concentration. Future crystallization trials 

informed by this knowledge of the conformational flexibility of CYP450cam will be performed in which 

low camphor concentrations at the KD for active site camphor binding or in the absence of camphor are 

used. This will allow us to determine whether the addition of excess camphor negatively impacted past 

crystallization efforts. 
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