
 

 

ABSTRACT 

LAI, YI-CHUN. Improving the Dunaliella viridis to Biofuel Conversion Pathway: Studies on 

Growth, Flocculation, and Cell Disruption using Cavitation. (Under the direction of Dr. Francis 

L. de los Reyes III and Dr. Joel J. Ducoste).  

Microalgal biofuels are promising but not yet economically feasible. Previous work has 

focused on one aspect of biofuels processing such as cultivation or harvesting, which may have 

limited application because of unknown feasibility in the process chain.  There has been limited 

research on multiple and integrate engineering processes to reduce overall cost due to synergies. 

The goal in this dissertation was to evaluate potential engineering processes including cultivation, 

harvesting, and cell disruption processes that are scalable and economical for commercial 

production. Dunaliella viridis, a promising marine microalga that has high lipids content and no 

cell wall, is the model species in this research study. We optimized D. viridis’ growth and lipid 

yield by regulating two abiotic factors (nitrogen and light levels) in a photobioreactor with tight 

pH and temperature control. Subsequently, D. viridis was harvested using high pH-induced 

flocculation and grown continuously in reclaimed media. Lastly, the disruption of D. viridis using 

hydrodynamic cavitation in a venturi tube as a method for cell lysis was investigated.  

We found that light and nitrogen levels individually and interactively affect lipid 

production. D. viridis accumulates lipids (at the cost of lower cell counts) the highest at low light 

and low nitrogen conditions.  For harvesting, D. viridis can be effectively flocculated at high pH 

and grown continuously in a neutralized reclaimed media. However, the co-existing bacteria and 

accumulated extracellular polymeric substances may have reduced D. viridis’ maximum specific 

growth rate and flocculation efficiency over time. When using hydrodynamic cavitation to disrupt 

D. viridis, we found that shear was the primary force in disrupting cells. Cavitation, however, 

weakened the shear force and slowed the disruption rate due to the potential that cavitation induced 



 

 

cell aggregation. Overall, this research provides new and innovative engineering process 

suggestions that are feasible, potentially more economical, and can be integrated to enhance 

commercial microalgal biofuels production.  
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Chapter 1. Introduction 

Microalgae are photosynthetic, unicellular microorganisms that are known as the source of 

third generation biofuels because they grow fast (doubling in 24 hours), photosynthesize 

effectively (5 % photoconversion efficiency versus 1 % for terrestrial plants), and fixate high 

amounts of CO2 (1.7kg CO2/kg dry biomass) (Posten and Schaub, 2009; Zhang and Liu, 2021). 

With the elevation of the atmospheric CO2 and the shortage of clean energy, converting microalgae 

to biofuels might be one of the solutions to balancing global energy needs with reducing climate 

change (Bhagea et al., 2019; Daneshvar et al., 2022).    

Currently, microalgal biofuels are not yet economically feasible (Bhagea et al., 2019). The 

U.S. Department of Energy (DOE) has set an ambitious goal of achieving $3 per gallon-of-

gasoline-equivalent (gge) by 2030 (“Researchers Strive to Reduce Cost”, 2017). However, the 

current estimated price is still three times more than that goal ($9.5-$16 per gge) (Cruce et al., 

2021; Davis et al., 2020).  

To reduce the price of microalgal biofuels, engineering solutions that encompass 

cultivation and processing of microalgae are critical (Culaba et al., 2020). Many studies only focus 

on one aspect of microalgal production, such as cultivation or harvesting (Li et al., 2008; Srirangan 

et al., 2015) and the narrow viewpoint could limit application of any individual finding. Studying 

engineering processes that can be integrated may uncover more value due to synergies. This 

research aims to evaluate multiple integratable engineering processes for reducing the overall cost 

of microalgal biofuel production.  

Dunaliella viridis is our model microalgae due to its promising characteristics: 1) it grows 

in seawater, minimizing the competition for freshwater for human consumptions; 2) it has high 
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lipid content, precursors of biofuels; and finally, 3) it lacks a rigid cell wall, which could 

significantly lower the cost of lipid extraction (Ben-amotz et al., 2009). These characteristics 

makes D. viridis a promising feedstock candidate for biofuels (Wang et al., 2013). 

To explore suitable engineering processes for D. viridis, harvesting is often identified as 

the top bottleneck in the process chain (Figure 1-1) because it accounts for 30% of total cost 

(Barros et al., 2015). Harvesting is challenging due to microalgae’s small size (1-30 μm) and 

naturally dilute culture (0.02-0.06 wt%). Considering the advantages of low price and scalability, 

flocculation compared to other harvesting methods (flotation, filtration, centrifugation, or drying) 

has the greatest potential (Fasaei et al., 2018). High pH-induced flocculation, particularly, is 

promising for marine microalgae because the flocculant contamination from inducing high pH is 

salt (NaCl), which is the major component of the media for marine microalgae. On top of the low 

price and scalability, the absence of flocculant contamination makes media reuse possible. 

Therefore, in this dissertation, we propose harvesting D. viridis using high pH-induced flocculation 

along with combining other integratable processes such as growth optimization, media reuse, and 

cell disruption to reduce production cost. 

 

 

Figure 1-1. Processes of commercial microalgal biofuel production.  
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Figure 1-2 shows the proposed integrated processes for D. viridis that will be discussed. 

In Chapter 2, we investigate optimizing the growth and lipid production of D. viridis by regulating 

nitrogen and light levels. There have been few studies about the effect of abiotic stresses (nitrogen, 

temperature, salinity, light, pH) on D. viridis’ growth (Byrd et al., 2017; Gordillo et al., 1998; 

Jiménez and Niell, 1991; Srirangan et al., 2015). However, these studies were performed in 

loosely-controlled cultivation environments where the uncontrolled and confounding factors could 

have biased their results. In this study, we will grow D. viridis in tightly pH and temperature 

controlled photobioreactor (PBR) to determine optimal nitrogen and light levels for maximum 

growth and lipid production.  

 

Figure 1-2. Proposed integrated process flow of growth, harvesting, and disruption for D. viridis. 

In Chapter 3, the goal was to evaluate harvesting efficiency using high pH-induced 

flocculation and the potential to continuously reuse the media after flocculation. Mixson et al. 

(2014) first showed that D. viridis flocculates at high pH but did not attempt to reuse the media 

after flocculation. In this chapter, we re-evaluated the efficiency of high pH-induced flocculation 

on D. viridis and continuously cultivated and flocculated the cells in recycled media. 

Cell disruption is the next step after harvesting. Chapter 4 describes disrupting D. viridis 

cells by hydrodynamic cavitation (HC) in a venturi setup. Previous studies showed that 
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hydrodynamic cavitation disrupts microalgal cells (Lee et al., 2015; Lee and Han, 2015). However, 

the effect of hydrodynamic cavitation has not been investigated with microalgae that lack cell 

walls. In this research, we will explore D. viridis cell disruption using lab-scale hydrodynamic 

cavitation setup.  

As mentioned above, harvesting is often identified as the bottleneck in the production 

process. We find that bioflocculation of microalgae by extracellular polymeric substances (EPS) 

has potential because it is chemical-free; however, this field is still at its infancy.  Microalgal EPS-

assisted bioflocculation research is behind by decades compared to research on bacterial EPS-

assisted bioflocculation. In Chapter 5, we discuss the state of the knowledge in bacterial 

bioflocculation and identify research gaps in microalgal bioflocculation to reveal future research 

opportunities.  

This dissertation presents potential engineering solutions to improve the D. viridis to 

biofuel conversion pathway from cultivation, harvesting, and cell disruption perspectives. The 

results provide information and data that may positively impact real-world value for commercial 

microalgal biofuel production.  



5 

 

1-1. Reference 

Barros, A.I., Gonçalves, A.L., Simões, M., Pires, J.C.M., 2015. Harvesting techniques applied to 

microalgae: A review. Renewable and Sustainable Energy Reviews 41, 1489–1500. 

https://doi.org/10.1016/j.rser.2014.09.037 

Ben-Amotz, A., Polle, J.E.W., Rao, D.V.S. (Eds.), 2009. The Alga Dunaliella, CRC Press.  

Bhagea, R., Bhoyroo, V., Puchooa, D., 2019. Microalgae: the next best alternative to fossil fuels 

after biomass. A review. Microbiology Research 10:7936. 

https://doi.org/10.4081/mr.2019.7936 

Byrd, S.M., Burkholder, J.M., 2017. Environmental stressors and lipid production in Dunaliella 

spp. II. Nutrients, pH, and light under optimal or low salinity. Journal of Experimental 

Marine Biology and Ecology 487, 33–44. https://doi.org/10.1016/j.jembe.2016.11.006 

Cruce, J.R., Beattie, A., Chen, P., Quiroz, D., Somers, M., Compton, S., DeRose, K., Beckstrom, 

B., Quinn, J.C., 2021. Driving toward sustainable algal fuels: A harmonization of techno-

economic and life cycle assessments. Algal Research 54, 102169. 

https://doi.org/10.1016/j.algal.2020.102169 

Culaba, A.B., Ubando, A.T., Ching, P.M.L., Chen, W.-H., Chang, J.-S., 2020. Biofuel from 

microalgae: Sustainable pathways. Sustainability 12, 8009 

https://doi.org/10.3390/su12198009 

Daneshvar, E., Wicker, R.J., Show, P.-L., Bhatnagar, A., 2022. Biologically-mediated carbon 

capture and utilization by microalgae towards sustainable CO2 biofixation and biomass 

valorization – A review. Chemical Engineering Journal 427, 130884. 

https://doi.org/10.1016/j.cej.2021.130884 

Davis, R., Wiatrowski, M., 2020. Algal biomass conversion to fuels via combined algae 

processing (CAP): 2019 state of technology and future research. Golden, CO: National 

Renewable Energy Laboratory. NREL/TP-5100-76568. 

https://www.nrel.gov/docs/fy20osti/76568.pdf. 

Fasaei, F., Bitter, J.H., Slegers, P.M., van Boxtel, A.J.B., 2018. Techno-economic evaluation of 

microalgae harvesting and dewatering systems. Algal Research 31, 347–362. 

https://doi.org/10.1016/j.algal.2017.11.038 

Gordillo, F.J.L., Goutx, M., Figueroa, F.L., Niell, F.X., 1998. Effects of light intensity, CO2 and 

nitrogen supply on lipid class composition of Dunaliella viridis. Journal of Applied 

Phycology 10, 135–144. https://doi.org/10.1023/A:1008067022973 



6 

 

Jiménez, C., Niell, F.X., 1991. Growth of Dunaliella viridis Teodoresco: effect of salinity, 

temperature and nitrogen concentration. Journal of Applied Phycology 3, 319–327. 

https://doi.org/10.1007/BF02392885 

Lee, A.K., Lewis, D.M., Ashman, P.J., 2015. Microalgal cell disruption by hydrodynamic 

cavitation for the production of biofuels. Journal of Applied Phycology 27, 1881–1889. 

https://doi.org/10.1007/s10811-014-0483-3 

Lee, I., Han, J.-I., 2015. Simultaneous treatment (cell disruption and lipid extraction) of wet 

microalgae using hydrodynamic cavitation for enhancing the lipid yield. Bioresource 

Technology 186, 246–251. https://doi.org/10.1016/j.biortech.2015.03.045 

Li, Y., Horsman, M., Wang, B., Wu, N., Lan, C.Q., 2008. Effects of nitrogen sources on cell 

growth and lipid accumulation of green alga Neochloris oleoabundans. Applied 

Microbiology and Biotechnology 81, 629–636. https://doi.org/10.1007/s00253-008-1681-1 

Mixson, S.M., Stikeleather, L.F., Simmons, O.D., Wilson, C.W., Burkholder, J.M., 2014. pH-

induced flocculation, indirect electrocoagulation, and hollow fiber filtration techniques for 

harvesting the saltwater microalga Dunaliella. Journal of Applied Phycology 26, 1701–

1709. https://doi.org/10.1007/s10811-013-0232-z 

Posten, C., Schaub, G., 2009. Microalgae and terrestrial biomass as source for fuels–A process 

view. Journal of Biotechnology 142, 64–69. https://doi.org/10.1016/j.jbiotec.2009.03.015 

“Researchers Strive to Reduce Cost and Time of Algal Biofuel Production”, 2017. Bioenergy 

Technologies Office. https://www.energy.gov/eere/bioenergy/articles/researchers-strive-

reduce-cost-and-time-algal-biofuel-production (accessed 11.15.21). 

Srirangan, S., Sauer, M.-L., Howard, B., Dvora, M., Dums, J., Backman, P., Sederoff, H., 2015. 

Interaction of temperature and photoperiod increases growth and oil content in the marine 

microalgae Dunaliella viridis. PLoS ONE 10(5), e0127562. 

https://doi.org/10.1371/journal.pone.0127562 

Wang, W.-C., Allen, E., Campos, A.A., Cade, R.K., Dean, L., Dvora, M., Immer, J.G., Mixson, 

S., Srirangan, S., Sauer, M.-L., Schreck, S., Sun, K., Thapaliya, N., Wilson, C., Burkholder, 

J., Grunden, A.M., Lamb, H.H., Sederoff, H., Stikeleather, L.F., Roberts, W.L., 2013. ASI: 

Dunaliella marine microalgae to drop-in replacement liquid transportation fuel. 

Environmental Progress & Sustainable Energy 32(4), 916–925. https://doi.org/10.1002/ep 

Zhang, S., Liu, Z., 2021. Advances in the biological fixation of carbon dioxide by microalgae. 

Journal of Chemical Technology and Biotechnology 96, 1475–1495. 

https://doi.org/10.1002/jctb.6714 

  



7 

 

Chapter 2. Relating nitrogen concentration and light intensity to the 

growth and lipid accumulation of Dunaliella viridis in a 

photobioreactor 

This chapter has been published in Journal of Applied Phycology under the citation:  

Lai, Y.-C., Karam, A.L., Sederoff, H.W. Ducoste, J.J., de los Reyes III, F.L., 2019. Relating 

nitrogen concentration and light intensity to the growth and lipid accumulation of Dunaliella 

viridis in a photobioreactor. Journal of Applied Phycology 31, 3397-3409. 

https://doi.org/10.1007/s10811-019-01897-4 

2-1. Abstract  

The marine microalgal species Dunaliella viridis is a promising source of biofuels because 

of its ability to accumulate neutral lipids without freshwater resources for growth. Less energy for 

biofuel production from D. viridis may also be required because of the possible extraction of lipids 

through osmotic lysis. However, there is a lack of experimental data on the growth of D. viridis 

that can be used in mathematical models for process design. In this study, experiments were 

performed in a 3.2 L photobioreactor with both pH and temperature tightly controlled at 7.6 and 

25°C, respectively. Levels of neutral lipids, biomass, carbohydrates, chlorophyll, and cell counts 

of D. viridis were evaluated for ten days at various initial light intensities (100, 300, 400, and 600 

μmol photons m−2 s−1) and nitrogen levels (9 and 60 g m−3 as nitrogen). The maximum lipid 

production observed was 26.9 g m−3 with 3.15 g m−3 day−1 average lipid productivity at an initial 

nitrogen concentration of 9 g m−3 and initial light intensity of 300 μmol photons m−2 s−1. The data 

show that D. viridis accumulates cellular carbohydrates as a primary carbon and energy storage 

product and then converts the cellular carbohydrates into cellular lipids as a secondary storage 

product when nitrogen is depleted. The on-line light data revealed linear relationships between 

real-time light intensity and biomass concentration (r = 0.96, p < 0.01) and between real-time light 



8 

 

intensity and chlorophyll a concentration (r = − 0.89, p <0.01), suggesting the possible use of real-

time light data as a method for in situ quantification of biomass concentration and chlorophyll a 

concentration. 

 

Keywords: Dunaliella viridis, Chlorophyta, Lipid, Light, Nitrogen, Photobioreactor 

 

Graphical abstract:  

 

Figure 2-1. Graphical abstract of chapter 2, entitled, “Relating nitrogen concentration and light 

intensity to the growth and lipid accumulation of Dunaliella viridis in a photobioreactor.” 

 

  



9 

 

2-2. Introduction 

Microalgae are a potential renewable energy source because they grow fast, do not need 

arable land for growth, and have the ability to capture CO2. The microalgal genus Dunaliella first 

drew attention because of its high production of β-carotene and its characteristic halotolerance 

(Ben-Amotz and Avron 1981). Dunaliella viridis was later recognized as a promising source of 

biofuel because of its high content of neutral lipids, which are building blocks of biodiesel (Wang 

et al. 2013). In addition, the absence of a cell wall makes possible the lipid extraction through 

osmotic lysis (Oren 2005). As a marine microalgal species, D. viridis does not need freshwater, 

avoiding issues with freshwater scarcity. 

To maximize the yield of lipids from D. viridis, its growth under different conditions must 

be understood. Previous research suggests that under environmental stress conditions, lipids 

accumulate within the algal cells. Identified stress conditions include nitrate limitation (Li et al. 

2008), changes in temperature (Srirangan et al. 2015), changes in light conditions (Gordillo et al. 

1998; Davis et al. 2015; Srirangan et al. 2015; Kharati-Koupaei and Moradshahi 2016), and salt 

concentration shock (Takagi et al. 2006). To date, most of the research on D. viridis growth has 

been conducted in lab-scale flasks (Gordillo et al. 1998; Srirangan et al. 2015) or in mass culture 

(Mixson Byrd and Burkholder 2017), approaches in which tight control of environmental 

conditions like pH and temperature are hard to achieve. In contrast, highly controlled cultivation 

environments are possible in closed photobioreactors (PBRs) (Singh and Sharma 2012; Narala et 

al. 2016), reducing the risk of results being biased by uncontrolled and confounding factors. An 

additional advantage is that sensors in the PBRs could provide automatic and real-time monitoring 

data in a non-invasive way (Sandnes et al. 2006). However, a majority of studies place the light 

sensor outside the PBRs, which complicates quantification of the irradiance experienced by the 
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microalgae because of light scattering and absorbance by the panels of the PBRs (Sandnes et al. 

2006; Melnicki et al. 2013; Shin et al. 2016). In this study, D. viridis was grown in a lab-scale PBR 

with tight control of the growth environment, including pH, light, and CO2 input, and with the light 

sensor mounted inside the PBR (Karam et al. 2017). The goal was to determine optimal conditions for 

quantifying the growth and enhancing the lipid yield from D. viridis. Since light intensity, temperature, 

CO2 concentration, nitrogen level, and photoperiod have been suggested to have profound impacts on 

the lipid accumulation of D. viridis (Gordillo et al. 1998; Srirangan et al. 2015), the interactive 

effects of initial light intensity (100, 300, 400, and 600 μmol photons m−2 s−1 photosynthetic photon 

flux density, PPFD) and nitrogen level (~ 9 and 60 g m−3 as nitrogen) on the growth of D. viridis 

with tight control of temperature, CO2 concentration, and continuous light period were explored. 

The levels of light intensities and nitrogen concentration were chosen based on the results of 

preliminary runs that showed the following: (1) the optimal growth rate was under 600 μmol 

photons m−2 s−1 and (2) the two nitrogen levels would allow comparison of the effects of nitrogen 

limitation in a ten-day experiment. To our knowledge, this is the first comprehensive characterization 

of the growth of D. viridis under tight pH and temperature control with real-time light monitoring. 

Data from these experiments would aid in mathematical modeling of growth and scale up to full-

scale PBRs. 

2-3. Materials and Methods 

2-3-1.  Microalgal strain and pre-culture conditions 

Pure cultures of Dunaliella viridis strain dumsii were obtained from the Center for Applied 

Aquatic Ecology at the North Carolina State University. Dunaliella viridis was cultured in modified 

Ben-Amotz medium (Ben-Amotz et al. 1989) with 1M NaCl and 5 mM KNO3 in sterile 500 mL 
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Erlenmeyer flasks for 5 to 7 days without CO2 actively supplied or pH control. The stock culture was 

kept at 25 °C under six lamps (F17T8/TL841 ALTO, 17W Cool while fluorescent bulb, Philips, USA) 

with continuous illumination (109 μmol photons m−2 s−1) at a shaking frequency of 40 rpm. When the 

desired cell count of ~ 5 × 106 cells mL−1 was achieved, 200 mL of stock culture was transferred from 

the flask to the photobioreactor (PBR) containing 3 L of modified Ben-Amotz medium (Ben-Amotz et 

al. 1989) with the appropriate nitrogen concentrations for the kinetic experiments. 

2-3-2.  Photobioreactor 

Kinetic tests were conducted in bench-scale 3.2 L flat-panel PBRs (Figure A-1), as 

previously reported (Karam et al. 2017) with the pH and temperature continuously controlled at 7.6 

and 25 °C, respectively. The pH was maintained by injection of 99 vol% CO2 controlled by a pH 

control algorithm (Figure A-2). An LED growth light (SOL1, HydroGrow, Deerfield Beach, FL, 

USA) was used as the continuous light source, and a light sensor (SQ-225-SS, Apogee Instruments, 

USA) was installed within the culture inside the PBR. Two different nitrogen levels (~ 9 and 60 g 

m−3 as nitrogen, in the nitrate form) under four different initial light conditions (100, 300, 400, and 

600 μmol photons m−2 s−1 PPFD) were tested. Initial light intensity was controlled by physically 

adjusting the distance of the light source to the PBR front surface until the light sensor inside the 

PBR obtained the desired light intensity. The real-time light data was continuously recorded 

through a live data acquisition and control unit (Karam et al. 2017). An ultralow nitrogen (~ 6 g m−3 

as nitrogen) experiment was conducted, and the growth rate and productivity data were measured 

(Table A-1) to further examine the effect of initial nitrogen concentration for optimal growth. Three 

replicates were conducted to examine the reproducibility of the 100 μmol photons m−2 s−1 and high 

nitrogen condition and 300 μmol photons m−2 s−1 at both low and high nitrogen conditions. 

Measurements (see subsequent texts) were taken once a day for approximately ten days. 
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2-3-3.  Cell count determination and dry weight biomass determination 

Cell counts of 10 μL microalgal suspensions were measured using an automated cell counter 

(TC 20, Bio-Rad, USA). The method for determining ash free dry weight biomass was adapted 

from Zhu and Lee (1997). Deionized water (10 mL) was used to preclean a precombusted (550 °C 

for 1 h) glassfiber filters (Whatman GF/F, 47 mm, pore size 0.7 μm) to eliminate surface fiber 

debris, and 10 mL microalgal suspension was filtered through the filter. To wash the inorganic salts 

attached to the cells, 20 mL of 0.5 M ammonium formate was used (Pillsbury 1985). Filters were 

dried at 100 °C for 24 h and then weighed after cooling to room temperature. Filters were baked 

again in a furnace oven at 550 °C for 1 h and weighed after cooling to room temperature. The 

difference between the two weights was the ash free dry weight. 

2-3-4.  Neutral lipid determination 

Neutral lipid levels were quantified using fluorometry and Nile Red dye (Sigma-Aldrich, 

USA) with coconut oil as lipid standard (Chen et al. 2009). Microalgal suspensions (1 mL) were 

sampled in triplicate, and 4 μL of 0.78 mM Nile Red solution in acetone was added to each sample. 

After mixing, 200 μL samples were pipetted to individual wells of a 96-well black microplate. 

Fluorescence was determined using a microplate reader (Synergy HT, BioTek, USA) tuned to an 

excitation wavelength of 485 nm and emission wavelength of 590 nm. 

2-3-5. Carbohydrate determination 

The phenol-sulfuric acid method was used (Masuko et al. 2005) with glucose as standard. 

Aliquots of triplicate 1 mL microalgal samples were pelleted for 10 min at 16,100 relative centrifugal 

force (rcf) at 4 °C. The pellets were immediately stored at −80 °C until further analysis. The pellets 

were resuspended in 1 mL deionized water, and 40 μL of the resuspended sample was introduced 
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into individual wells of a 96-well transparent microplate. Forty microliters of 5% phenol solution 

was added to the individual wells, and then 200 μL concentrated sulfuric acid was added rapidly 

and mixed with the sample. Absorbance at 490 nm was measured using a microplate reader 

(Synergy HT). 

2-3-6. Chlorophyll determination 

Triplicate 1 mL microalgal samples were pelleted for 10 min at 16,100 rcf at 4 °C. The 

supernatant was immediately decanted, and 1 mL pure ethanol was added to the microcentrifugation 

tubes. The mixture was vortexed until all the chlorophyll pigments were dissolved in the ethanol 

and only white algal debris remained at the bottom. The mixture was centrifuged for 10 min at 

16,100 rcf at 4 °C again, and 1 mL supernatant was extracted for absorbance measurement at 647 

and 664 nm. Chlorophylls were calculated according to the following equations (Porra et al. 1989): 

𝐶ℎ𝑙𝑜𝑟𝑜𝑝ℎ𝑦𝑙𝑙 𝐴 (
𝜇𝑔

𝑚𝐿
) = 12.25 ∗ (𝐴𝑏𝑠𝑜𝑟𝑏𝑎𝑛𝑐𝑒 𝑎𝑡 664 𝑛𝑚) − 2.55 ∗ (𝐴𝑏𝑠𝑜𝑟𝑏𝑎𝑛𝑐𝑒 𝑎𝑡 647 𝑛𝑚) 

(Equation 2-1) 

𝐶ℎ𝑙𝑜𝑟𝑜𝑝ℎ𝑦𝑙𝑙 𝐵 (
𝜇𝑔

𝑚𝐿
) = 20.31 ∗ (𝐴𝑏𝑠𝑜𝑟𝑏𝑎𝑛𝑐𝑒 𝑎𝑡 647 𝑛𝑚) − 4.91 ∗ (𝐴𝑏𝑠𝑜𝑟𝑏𝑎𝑛𝑐𝑒 𝑎𝑡 664 𝑛𝑚)  

(Equation 2-2) 

𝑇𝑜𝑡𝑎𝑙 𝐶ℎ𝑙𝑜𝑟𝑜𝑝ℎ𝑦𝑙𝑙 (
𝜇𝑔

𝑚𝐿
) = 17.76 ∗ (𝐴𝑏𝑠𝑜𝑟𝑏𝑎𝑛𝑐𝑒 𝑎𝑡 647 𝑛𝑚) + 7.34 ∗ (𝐴𝑏𝑠𝑜𝑟𝑏𝑎𝑛𝑐𝑒 𝑎𝑡 664 𝑛𝑚)  

(Equation 2-3) 

2-3-7.  External nitrogen determination 

Triplicate 1.5 mL microalgal samples were filtered (25 mm polypropylene syringe filters 

with 0.45 μm nylon membrane), and the filtrate was stored at −80 °C until analysis. Total inorganic 

nitrogen test tube kit (Method 10021, Hach Co., USA) was used to measure nitrogen residue in 

the media. 
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2-3-8.  Maximum specific growth rate determination 

Maximum specific cell count growth rates (μmax, cell count) and maximum specific biomass 

growth rates (μmax, biomass) were determined during the exponential growth phase of D. viridis using 

Equation 2-4. 

 ln (
𝑉𝑎𝑟𝑖𝑎𝑏𝑙𝑒2

𝑉𝑎𝑟𝑖𝑎𝑏𝑙𝑒1
) = μ𝑚𝑎𝑥,𝑣𝑎𝑟𝑖𝑎𝑏𝑙𝑒 × (t2 − t1)  

(Equation 2-4) 

where Variable1 and Variable2 are the cell count concentration or biomass concentration at time 

t1 (day) and t2 (day) respectively. μmax is the maximum specific growth rate of the microalgae 

(day- 1). 

Average lipid or biomass productivities were determined using data over nine days 

excluding the first day (Figure A-3a); maximum lipid and biomass productivity were obtained 

using the lipid or biomass productivities during the highest lipid or biomass production period 

(Figure A-3b). 

2-3-9. Statistical analysis 

Pearson's correlation coefficient (r) was used to examine the strength and direction of the 

linear relationship of two variables of interest, with a p-value < 0.05 considered to indicate a 

statistically significant correlation. Longitudinal data analysis was used to understand the effects 

of nitrogen and light levels on lipid productions. Data from day 0 to day 10 was used for 

consistency; two nitrogen levels (high and low) and two light levels (100 & 300 PPFD: low light; 

400 & 600 PPFD: high light) were used as predictors; lipid concentration (in mg/L) was the 

response. For covariance matrices, we tested compound symmetry and autoregressive of order 1 
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assumptions. The analyses were performed in RStudio using R version 4.0.0 (Appendix R Code 

A). 

2-4. Results and discussion 

2-4-1. Influence of initial nitrogen concentration and initial light intensity on internal cell 

bioproducts 

The external nitrogen concentration and cell growth data confirm that the initial level of 

nitrogen does not influence D. viridis growth or nitrogen uptake rate as long as nitrogen is not 

completely depleted. This observation is consistent with previous results obtained by Jiménez and 

Niell (1991). External nitrogen was continuously assimilated by the algae into biomass during 

growth before nitrogen was exhausted, and the nitrogen consumption rate at high and low nitrogen 

conditions was very similar at all light conditions (Figure 2-2). After external nitrogen was 

depleted by day 2 or day 3 at low nitrogen conditions, cell production stopped (Figure 2-2 and 

Figure A-4). 
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Figure 2-2. External nitrogen concentrations in the media under high and low nitrogen conditions 

at different initial light intensities. The observed delay of the exponential growth phase at 300 

μmol photons m−2 s−1 PPFD and high nitrogen condition was caused by a more dilute starting 

culture. To compensate for differences in lag times, the experiment was performed for a longer 

period than in other experiments 

It has been hypothesized that when the external nitrogen pool is depleted, the most accessible 

internal nitrogen source, chlorophyll, would be utilized for further cell division, and cell division will 

stop when the critical level of chlorophyll for maintaining cell life is reached (Li et al. 2008). Our 

results are in line with this hypothesis. When nitrogen was depleted, chlorophyll content decreased 

immediately, and the cell number stopped increasing after a considerable decrease in chlorophyll 

content (Figure 2-2, Figure A-4, and Figure 2-3a). This occurred at all conditions, and, at 600 μmol 

photons m−2 s−1 PPFD, the cell count decreased after nitrogen was depleted (Figure A-4). At 600 

μmol photons m−2 s−1 PPFD conditions, an increase in cells accumulating at the bottom of the reactor 

was observed. These cells were likely photo-damaged cells caused by high light exposure 

(Carvalho et al. 2011) or self-aggregated cells that flocculated because of extracellular polymeric 
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substances excreted from algal cells un- der high light exposure (Wolfstein and Stal 2002; Xiao and 

Zheng 2016). 
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Figure 2-3. Chlorophyll a concentrations and neutral lipid content per cell under (a) high and (b) 

low nitrogen conditions at different initial light intensities. Each data point represents the mean 

of three replicates. Error bars indicate plus and minus the standard deviation. 
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Carbohydrate and lipid contents of D. viridis also increased drastically after nitrogen 

deprivation (Figure 2-4a and Figure 2-5a), in accordance with other studies claiming that 

microalgae would shift its metabolic pathway to carbon storage mode (Griffiths et al. 2012; Zhu et 

al. 2014; Tan et al. 2016). We surmise, based on the temporal changes in carbohydrate and lipid 

cellular con- tents, that D. viridis converts the carbon source to carbohydrates as primary carbon 

storage product and then converts carbohydrate content to lipids, the secondary carbon storage 

product. Both Pseudochlorococcum sp. and Chlorella zofingiensis share this characteristic of 

partitioning carbohydrates into neutral lipid under nitrogen limited conditions (Li et al. 2011; Zhu 

et al. 2014). However, Scenedesmus obliquus appears to accumulate both carbohydrates and lipids 

at the same time under nitrogen starvation (Ho et al. 2012). This sequential carbohydrate then lipid 

production was evident in the 100 and 300 μmol photons m−2 s−1 PPFD and low nitrogen conditions 

(increase in carbohydrates from day 3 to day 4, followed by a decrease). However, for the 600 

μmol photons m−2 s−1 PPFD and low nitrogen condition, cellular carbohydrate content increased and 

then remained high (Figure 2-4a and Figure 2-5a). It is likely that the dual stress from nitrogen 

deprivation and high light intensity maintained the primary carbon storage process but did not lead 

to an immediate increase in neutral lipid content. In general, the low nitrogen/600 μmol photons m−2 

s−1 PPFD cells had lower neutral lipid content than those at 100 or 300 μmol photons m−2 s−1 PPFD 

low nitrogen conditions. Furthermore, because of the decreased cell counts, the overall lipid 

concentration at 600 μmol photons m−2 s−1 PPFD/low nitrogen leveled off (Figure 2-4a, Figure 

2-5a, and Figure A-4). This agrees with a previous finding (Ho et al. 2015) which suggested that 

excess light intensity under nitrogen starvation could limit lipid synthesis in the cell. The highest 

lipid content measured was 15% dry weight at low nitrogen conditions at both 100 and 300 μmol 

photons m−2 s−1 PPFD; the highest lipid concentration was 26.9 g m−3 which occurred at the low 
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nitrogen and 300 μmol photons m−2 s−1 PPFD condition. For this study, the optimal operating 

condition for high lipid yield appears to be at low nitrogen and 300 μmol photons m−2 s−1 PPFD initial 

light intensity. Despite the variation among internal components of D. viridis under different 

combinations of light and nitrogen conditions, the cellular biomass remained fairlyconsistent at 50 

pg per cell after lag phase.  
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Figure 2-4. Carbohydrate concentrations and carbohydrate content per cell under (a) low and (b) 

high nitrogen conditions at different initial light intensities. Each data point represents the mean 

of three replicates. Error bars indicate plus and minus the standard deviation. The data was not 

measured on days 1 to 3 at 300 μmol photons m−2 s−1 PPFD and high nitrogen condition because 

the starting culture was too diluted. The experiment ran beyond 10 days to compensate for the 

longer lag phase 
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Figure 2-5. Neutral lipid concentrations and neutral lipid content per cell under (a) low and (b) 

high nitrogen conditions at different initial light intensities. Each data point represents the mean 

of three replicates. Error bars indicate plus and minus the standard deviation. The data was not 

measured on days 1 to 3 at 300 μmol photons m−2 s−1 PPFD and high nitrogen condition because 

the starting culture was too diluted. The experiment ran beyond 10 days to compensate for the 

longer lag phase 
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Figure 2-6. Biomass concentrations and biomass content per cell under (a) low and (b) high 

nitrogen conditions at different initial light intensities. Each data point represents the mean of three 

replicates. Error bars indicate plus and minus the standard deviation 
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We note the sudden change of internal components in the first two days (Figure 2-3 to 

Figure 2-6), which was likely due to D. viridis adapting to a new environment after the transfer 

of the culture from the flask to the PBR. Dunaliella sp. has no polysaccharide cell wall, and the 

cells are able to rapidly change in biovolume (Chen and Jiang 2009). The biovolume of D. viridis, 

a measure of biomass, could drastically increase during lag phase and then return to more normal 

levels during log phase (Jiménez and Niell 1991). Our data showed that the average diameter of D. 

viridis was larger in the lag phase then gradually returned to their original sizes (Figure A-5). The 

dramatic changes in growth environment (light source, light intensity, and pH) induced the 

adaptation phase which led to sudden changes in the levels of the internal components. This is similar 

to previous research (Srirangan et al. 2015) that reported the lipid content doubling in one day after 

the temperature of the culture was changed from 25 to 35 °C. 

At nitrogen-sufficient conditions, cell division occurred fast, and nitrogen was 

continuously being assimilated into the chlorophyll content of new cells (Figure 2-2 and Figure 

2-3b). After the adaptation phase, the concentrations of internal components gradually increased as a 

result of growing cell numbers (Figure 2-3b, Figure 2-4b, and Figure 2-5b). Chlorophyll a 

and carbohydrate contents increased moderately over time (Figure 2-3b and Figure 2-4b) and 

particularly after the light intensity was approximately below 30 μmol photons m−2 s−1 PPFD. 

The light intensity to which D. viridis cells were exposed clearly decreased especially during 

the exponential growth phase, because of shading by biomass growth, and reached near zero 

transmission at the end of the experiments (Figure 2-7). Using a simplified light uptake rate (Choi et 

al. 2003) calculated using Appendix Equation A-1 under the assumption that light data recorded by 

the sensor was the average light energy utilized by the algae, we confirmed that light energy was very 

scarce toward the end of each run (Figure A-6). Lee et al. (2006) suggested that for Haematococcus 
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pluvialis, the optimal light for algal growth is 3.5 × 10−8 μmol photons cell−1 s−1. Similar data have not 

been reported for D. viridis. Assuming 10−9 μmol photons cell−1 s−1 was the level where D. viridis 

begins to experience light limitation, the cells at all high nitrogen conditions were light limited from 

the middle to the end of the experiment (Figure A-7). Lack of light energy led to photo limitation, and 

more light-harvesting pigments, chlorophyll a, were produced to extract more light energy (Figure 

2-3b). This is also shown by the significant increase in chlorophyll content (t test, 0.05 significance 

level) from when light uptake rate was ~ 10−9 μmol photons cell−1 s−1 to the end of the experiment, 

when light intensity was the lowest (Figure A-7a). 

 

Figure 2-7. Real-time light intensities experienced by D. viridis in a PBR under high and low 

nitrogen conditions and different initial light intensities 

 

While high light intensity at low nitrogen conditions has been shown in our study and in 

the literature to effectively increase carbohydrate content (Ho et al. 2012), we also observed that 

at extremely low light intensity conditions, carbohydrate content also slowly accumulated. Again, 
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this is shown by the significant increase in carbohydrate content (t test, 0.05 significance level) 

from when light uptake rate was ~ 10−9 μmol photons cell−1 s−1 to the end of the experiment 

(Figure A-7b). He et al. (2015) presented similar behavior of Chlorella sp. and Monoraphidium 

dybowskii, wherein the cell carbohydrate contents increased gradually when cultured at an incident 

light of 40 μmol photons m−2 s−1 PPFD. However, the lipid content and biomass at nitrogen-

sufficient conditions did not increase significantly at all conditions tested when light energy became 

scarce but were consistently maintained at around 1 and 50 pg per cell (Figure 2-5b and Figure 

2-6b) at all light conditions (Figure A-7c and A-7d).  

To gain more insight on the relationship between light uptake rate and internal cell 

components, the calculated light uptake rates were plotted against the content and reactor 

concentrations of the internal cell components and biomass (Figure A-8). Because the light 

intensity within the PBRs was not maintained constant during growth (lumostatic conditions) 

but was allowed to change due to biomass growth and shading, it is difficult to fully determine 

optimum light intensities. Furthermore, growth behavior during the lag phase (corresponding to the 

highest light intensities in any given experimental run) needs to be interpreted with caution as the 

cells were low in number and adjusting to the growth conditions. 

The lipid content per cell does not appear to be correlated to light uptake rate when nitrogen is 

not limiting (Figure A-8a), although the low cell numbers in the first few days of a run led to decreasing 

neutral lipid concentrations in the reactor at the highest light uptake rates (Figure A-8b). This is 

consistent with the light intensity analysis discussed earlier. The carbohydrate content per cell exhibits 

a U-shaped trend: an increase at both low and high light uptake rates (Figure A-8c). However, if we 

only consider the time points when light was limiting (< 10−9 μmol photons cell−1 s−1), then decreasing 

light uptake rates led to increasing carbohydrate content. The chlorophyll a content increased as light 
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uptake rate decreased (Figure A-8e), as discussed earlier. Biomass content increased at light 

update rates > 10−9 μmol photons cell−1 s−1 but was relatively flat below that. Given the nature of the 

PBR experiments, it is difficult to identify optimal light uptake rates, as lipids were accumulated across 

the span of light uptake rates measured (from 10−7 to 10−10 μmol photons cell−1 s−1). 

2-4-2. Maximum specific growth rate, biomass productivity, and lipid productivity 

From an economic standpoint, growth rate and product yield are crucial characteristics to 

consider (Davis et al. 2011). There was no distinct difference in the maximum specific growth rate 

(based on cell counts) between high and low nitrogen conditions, consistent with other data showing 

similar growth patterns before nitrogen was exhausted. The average maximum specific growth rates 

(based on cell counts) in both high and low nitrogen conditions were 0.92, 0.90, 0.95, and 1.04 day−1 

at initial light intensities of 100, 300, 400, and 600 μmol photons m−2 s−1 PPFD, respectively. A 

slight increase in the maximum specific growth rate (based on cell counts) with an increase in the 

initial light intensity was observed (Figure 2-8 and Table A-1). The maximum specific growth 

rates (based on cell counts) are in good agreement with the ~ 0.8 day−1 at 700 μmol photons m−2 s−1 

reported by Gordillo et al. (1998) and 1.11 day−1 at  150 μmol photons m−2 s−1 reported by 

Jiménez and Niell (1991). The maximum specific growth rates (based on biomass concentration) 

in both high and low nitrogen conditions were 0.39, 0.42, 0.37, and 0.37 day−1 at initial light 

intensities of 100, 300, 400, and 600 μmol photons m−2 s−1 PPFD, respectively (Figure 2-8 and 

Table A-1). As mentioned previously, the light intensity experienced by the D. viridis cells changed 

as the cells grew. Cultivating microalgae at a fixed specific light uptake rate has been shown to 

promote microalgal growth (Choi et al. 2003). This was not the focus of the current batch studies 

and investigating the growth of D. viridis at a fixed specific light uptake rate would be insightful. 
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The  highest  average  biomass productivity was 70.8 g m-3 day-3 which occurred at the 

400 μmol photons m−2 s−1 PPFD and high nitrogen condition (Figure 2-9),  and the highest average 

lipid productivity of 3.15 g m−3 day−1 occurred at 300 μmol photons m−2 s−1 PPFD and low nitrogen 

condition (Figure 2-10). The average lipid productivities were very close to the respective observed 

maximum lipid productivities at 100 and 300 μmol photons m−2 s−1 PPFD and low nitrogen conditions, 

indicating D. viridis was able to continuously produce lipids at high productivity within the ten-day 

growth period in the photobioreactor system. At any other condition, other engineering operational 

strategies should be applied to maintain high production rates for maximizing the lipid or biomass 

production. Furthermore, the ultralow nitrogen data suggest that the timing of stress to the microalgae is 

essential in maximizing lipid productivity. Without enough initial nitrogen for cell growth, D. viridis had 

comparatively low biomass growth (Figure 2-9 and Figure 2-10). A possible strategy to optimize total 

lipid productivity is to grow D. viridis under a nitrogen-rich environment at 400 μmol photons m−2 s−1 

PPFD to increase biomass levels and then transfer to a nitrogen-starved environment at 300 μmol 

photons m−2 s−1 PPFD to increase lipid levels. This two-stage cultivation has been proposed and applied 

to other microalgal species (Su et al. 2011) but not yet for D. viridis; such an approach could be the focus 

of future investigations. 

Overall, either biomass productivity or lipid productivity of D. viridis is not high enough to 

compete with many other microalgal species (Griffiths et al. 2012; Hempel et al. 2012). However, 

these two characteristics solely should not be the only parameters to consider when evaluating the 

economic efficiency of growing microalgae (Williams and Laurens 2010). Culturing D. viridis 

could potentially reduce cultivation and harvesting costs since there is no need for freshwater for 

growth, and the lack of cell wall may make cell lysis and lipid capture efficient. A comprehensive 
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life cycle assessment including cultivation and harvesting and alternative uses (e.g., biomass for 

biogas production) is needed to further evaluate the commercial potential of D. viridis cultivation. 

 

 

Figure 2-8. Maximum specific growth rates at exponential growth phase based on (a) cell count 

and (b) biomass concentration  
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Figure 2-9. Average and maximum biomass productivities under different nitrogen conditions 

two-stage 

 

Figure 2-10. Average and maximum lipid productivities under different nitrogen conditions two-

stage 
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2-4-3. Results of statistical analysis 

2-4-3-1. Real-time light data and its correlation with biomass and chlorophyll a 

concentrations 

On-line collection of light data within the photobioreactor provides the actual light 

intensity experienced by the algae at every time point and may also be used to monitor the growth 

of microalgae in real time. Analysis of real-time light intensity to which D. viridis was exposed 

reveals a linear relationship with biomass concentration above a certain light intensity (r = 0.96, p < 

0.01, Figure 2-11) and as biomass concentration increases. A strongly linear relationship between 

light intensity and chlorophyll a (r = − 0.89, p < 0.01, Figure 2-12) was also evident. With a known 

geometry of the photobioreactor, the light distribution is often predicted by biomass concentration 

using Beer–Lambert’s law (He et al. 2015). However, other research has shown that the pigment 

content in the cell could lead to errors when relating observed light intensity and biomass 

concentration (Griffiths et al. 2011). Since the major photosynthetic unit, chlorophyll a, plays a 

crucial role in utilizing light energy (Carvalho et al. 2011), a linear relationship between real-time 

light data and chlorophyll a is expected. Červený et al. (2009) showed the potential of using real-

time optical density data to approximate cell density and chlorophyll concentration with a light 

sensor installed at the rear of the PBR. With real-time in situ light monitoring, such as in our study, a 

more precise mathematical model that incorporates biomass concentration and chlorophyll a 

concentration data along with on-line light data could be developed. Such a model would greatly 

reduce the work involved in measurements of biomass and chlorophyll a concentration and 

potentially provide reliable and instantaneous quantification. 
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Figure 2-11. Correlation of transformed light data to biomass concentration 

 

Figure 2-12. Correlation of transformed light data to chlorophyll a concentration 

2-4-3-2. Longitudinal data analysis  

(a) Objective  

To understand the effects of nitrogen and light levels on the total lipid concentration, we 

applied longitudinal data analysis to figure out the impact of nitrogen levels, light levels, and their 

interactions on lipid production. The pattern of lipid production at each condition changes over 

time is also of interest. The proposed model is as follows:  

𝑌𝑖𝑗 = 𝜂1 + 𝜂2𝑡𝑖𝑗 + 𝜂3𝑠𝑖𝑗+𝜂4𝑟𝑖𝑗 + 𝜂5𝑠𝑖𝑗𝑟𝑖𝑗 + 𝜂6𝑡𝑖𝑗𝑠𝑖𝑗 + 𝜂7𝑡𝑖𝑗𝑟𝑖𝑗 + 𝜂8𝑡𝑖𝑗𝑠𝑖𝑗𝑟𝑖𝑗 + 𝐸𝑖𝑗 

(Model 2-1) 
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Yij: Lipid concentration (mg/L ) of ith batch culture at time j. 

tij: Observed time point, day 0 to day 10, for the jth measurement of the ith batch culture. 

si: The dummy variable for if the ith batch culture started with high light (Si = 0). 

ri: The dummy variable for if the ith batch culture started with high N(Ri = 0).   

η: The fix effect parameter. 

Eij: Random error term. E(Eij) = 0 and Ei = (Ei1, Ei1, … , Eij)
T. Cov(Ei) =  𝚺𝐢(ω),

ω is a vector of unknown parameter in the covariance model and the four covariance models  

are as below (𝐓𝐚𝐛𝐥𝐞 𝟐-𝟏):  

Table 2-1. Four covariance models tested in the longitudinal data analysis on lipid production 

 Compound symmetry Autoregressive of order 1 

Equal variances Unequal variances Equal variances Unequal variances 

 

𝚺(𝛚) 
D [

1 ρ
ρ 1

… ρ
… ρ

⋮ ⋮
ρ ρ

⋱ ⋮
⋯ 1

]  D D [

1 ρ
ρ 1

… ρ
… ρ

⋮ ⋮
ρ ρ

⋱ ⋮
⋯ 1

]  D D

[
 
 
 

1 ρ
ρ 1

… ρ10

… ρ9

⋮ ⋮
ρ10 ρ9

⋱ ⋮
⋯ 1 ]

 
 
 
 D D

[
 
 
 

1 ρ
ρ 1

… ρ10

… ρ9

⋮ ⋮
ρ10 ρ9

⋱ ⋮
⋯ 1 ]

 
 
 
 D 

D diag(𝜎, 𝜎, … , 𝜎) diag(σ0, σ1, … , σ10) diag(𝜎, 𝜎, … , 𝜎) diag(σ0, σ1, … , σ10) 

 

(b) Summary of fitted models 

The measures of the goodness of fit of models with four different covariance matrices are 

in Table 2-2. Because we have small sample size, the goodness of fit was based on AICc and BIC. 

The results showed that autoregressive of order 1 (AR1) with equal variances had the lowest AICc 

and BIC. 
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Table 2-2. Measures of goodness of fit from four covariance matrices 

 Degree of 

freedom 

(DF) 

Akaike 

information 

criterion 

(AIC) 

Corrected 

Akaike 

information 

criterion 

(AICc) 

Bayesian 

information 

criterion 

(BIC) 

Compound symmetry 

with equal variances 

10 457.71 460.05 483.46 

Compound symmetry 

with unequal variances 

20 451.22 461.22 502.71 

Autoregressive of order 

1 with equal variances 

10 390.45 392.79 416.20 

Autoregressive of order 

1 with unequal 

variances 

20 387.51 397.51 439.00 

 

The estimated coefficients, standard errors, t values, and p values were listed in Table 2-3. To 

obtain a proper inference, we used robust empirical covariance matrix (also known as robust 

sandwich covariance matrix) of coefficients to compute standard errors to account for the 

possibility that the AR1 with equal variances assumption was incorrect.  
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Table 2-3. Estimated coefficients and their standard error, t values, and p-values using AR1 with 

equal variances model 

Coefficients Estimate (SE) t value p-value 

η1 -0.4762 (0.0762) -6.2529 0.0000 

η2 1.9467 (0.0514) 37.8498 0.0000 

η3 1.0777 (0.1041) 10.3483 0.0000 

η4 1.2226 (0.1257) 9.7227 0.0000 

η5 -1.8980 (0.2012) -9.4325 0.0000 

η6 -0.9669 (0.1181) -8.1871 0.0000 

η7 -0.9937 (0.1819) -5.4626 0.0000 

η8 2.4674 (0.2774) 8.8962 0.0000 

 

The fitted equations and corresponding plot assuming AR1 with equal variances are in Table 2-4 

and Figure 2-13. (Residual plots in Figure A-9).  

Table 2-4. Predicted lipid production at different cultivation conditions. 

Starting 

Condition 

High light  

High N 

(Si = Ri = 0) 

High light  

Low N 

(Si = 0 & Ri = 1) 

Low light  

High N 

(Si =1 & Ri = 0) 

Low light  

Low N 

(Si = Ri = 1) 

Intercept η1 η1 + η4 η1 + η3 η1 + η3 + η4 + η5 

Slope η2 η2 + η7 η2 + η6 η2 + η6 + η7 +η8  

Predicted lipid 

production 
-0.4762+1.9467*t 0.7463+0.9529*t 0.6015+0.9798*t -0.07401+2.4535*t 
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Figure 2-13. Predicted and experimental data of lipid production at four different cultivation 

conditions. 

(c) Discussion  

We found that all the parameters are statistically significant (p-value < 0.001) including 2-

way and 3-way interactions. This result means that not only light, nitrogen individually affect lipid 

production, their interaction which is dependent on cultivation time also matters. Positive slopes 

were observed at all conditions which indicates lipid always accumulates at these tested conditions. 

Cultivating D. viridis at low light and low nitrogen condition accumulates lipids at the highest rate: 

~2.45 mg/L per day; at high light and high nitrogen condition accumulates lipids at the second 

highest rate: ~1.95 mg/L per day. It is important to note that the predicted rate was an approximate 

estimation of lipid concentration trajectories within 10 days cultivation which might not be a good 

prediction after 10 days. 

Experimental data 

Predicted data 
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2-5. Conclusions 

In a PBR with careful pH and temperature control, D. viridis accumulated cellular lipids 

when experiencing nitrogen stress and reached a lipid concentration of 26.9 g m−3 at a low nitrogen 

and 300 μmol photons m−2 s−1 PPFD condition with 3.15 g m−3 day−1 lipid productivity. D. viridis 

adjusted quickly to changes in environmental conditions, and their cell size and internal components 

varied drastically during the lag phase. As soon as nitrogen was depleted, D. viridis started to 

consume cellular chlorophyll and shifted its carbon allocation to store carbon and energy in cellular 

carbohydrates and then cellular lipids. The data and correlations from this study can be used in 

mathematical models that relate biomass and chlorophyll a concentration to real-time light intensity 

in the PBR. 
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Chapter 3. Growth of Dunaliella viridis in multiple cycles of 

reclaimed media after high pH-induced flocculation and harvesting  

3-1. Abstract 

Dunaliella spp. cells can be harvested effectively using high pH-induced flocculation and 

grow in the reclaimed media. However, the continuous growth of Dunaliella spp. in multiple 

cycles of reclaimed media after flocculation and the impact of recycling on the flocculation 

efficiency have not been explored. In this study, repeated cycles of growth of Dunaliella viridis in 

reclaimed media after high pH-induced flocculation was studied by evaluating the density and 

intracellular components of the cells, and the accumulated dissolved organic matter (DOM) and 

change in bacterial community in the reclaimed media. The data show that in the reclaimed media, 

compared to the fresh media, D. viridis grows to the same concentrations of cell density and 

intracellular lipids, carbohydrates, proteins, and biomass. However, the maximum specific growth 

rate and flocculation efficiency decreased over time, which might have been caused by the 

accumulated DOM or co-living bacteria. This research highlights the potential of repeatedly 

flocculating microalgae and recycling media with some tradeoffs in growth rate and flocculation 

efficiency.  

 

Keywords:  

Marine microalgae, Dunaliella viridis, Flocculation, Harvesting, Water reuse, Dissolved organic 

matter 
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Graphical abstract:  

 

Figure 3-1. Graphical abstract of chapter 3, entitled, “Growth of Dunaliella viridis in 

continuously reused media after high pH-induced flocculation and harvesting.” 
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3-2. Introduction 

One key strategy to sustain the microalgal industry is to reduce the use of significant 

amounts of water and nutrients in microalgae cultivation (Pugazhendhi et al., 2020). There has 

been increasing interest in growing microalgae in wastewater or in reclaimed media to recycle 

water and nutrients that were originally unused (Loftus and Johnson, 2017; Ma et al., 2017). In 

addition to cost reductions, cultivation on reclaimed media also saves energy because the in-situ 

recycling process needs less pumping. However, factors such as high concentrations of dissolved 

organic matter (DOM), high abundance of bacteria, or high contamination of chemicals from 

harvesting might inhibit microalgae from growing in reclaimed media (Lu et al., 2020).  

As a harvesting method, high pH-induced flocculation is promising because the byproduct 

is non-toxic salt (Wu et al., 2012), an essential nutrient for marine microalgae. Therefore, reusing 

media following high pH-induced flocculation is potentially a sustainable way to grow marine 

microalgae. Marine microalgae are regarded as an advantageous source of biofuels since they do 

not require freshwater and arable lands. One marine microalga, Dunaliella (Chlorophyta, 

Chlorophyceae) has engendered particular interest in the past decade because they are adaptive to 

a wide variety of salinities (or osmotic pressures) (Polle et al., 2020). The cell wall-less 

characteristic assists them in attenuating osmotic pressure and simplifies the extraction of 

intracellular components. 

Many studies have demonstrated that high pH-induced flocculation can be effective for 

harvesting Dunaliella spp. (Besson and Guiraud, 2013; Horiuchi et al., 2003). Horiuchi (2003) had 

successfully grown D. tertiolecta in one-time recycled media from flocculation. However, only 

optical density (an indirect measurement of cell density) was measured to examine the growth of 

D. tertiolecta. Dunaliella spp. can excrete high DOM to the media (Huntsman, 1963), which can 
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potentially discourage microalgal growth (Loftus and Johnson, 2019). The excreted DOM can also 

feed co-existing bacteria, which could crash the microalgal culture if they are predatory (Ganuza 

et al., 2016). However, DOM concentration and the bacterial community were not examined by 

Horiuchi (2003), and these factors may be important in understanding the effect of reclaimed 

media on Dunaliella spp. survival. 

In this research, we used the marine microalga Dunaliella viridis as the model organism to 

evaluate the growth of microalgae under conditions of sequential high-pH flocculation and 

reclaimed media. The cell density, lipids, carbohydrates, and biomass were measured as well as 

the accumulated DOM in the media. The change in bacterial community and the efficiency of 

flocculation were also monitored.  

3-3. Methods 

3-3-1. Microalgae strains 

D. viridis strain dumsii was obtained from the Center for Applied Aquatic Ecology at the 

North Carolina State University, USA, and was maintained on agar plates with growth media and 

plant tissue culture agar (Phytoagar™, PlantMedia™, Ohio, USA) in a 24 hr illuminating incubator 

at 25 °C.  

3-3-2. Cultivation 

D. viridis stock culture was inoculated from a single colony on an agar plate to a sterile 

flask containing filtered (0.22 µm) growth media, which was modified from Ben-Amotz media 

containing 1 M NaCl, 50 mM NaHCO3, 5 mM KNO3, 0.2 mM KH2PO4, 5 mM MgSO4, 1 mM 

CaCl2, 7 µM MnCl2, 1 µM ZnSO4, 1 µM Co(NO3)2, 1 µM CuSO4 , and 1 µM (NH4)6Mo7O24 (Ben-

Amotz et al., 1989). We cultivated the stock culture at 25 °C with continuous light illumination 
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(two 17 W cool while fluorescent bulbs, F17T8/TL841 ALTO, Philips, USA and two 20W Plant 

Grow Light Strips, Mosthink, USA) without controlling pH. Once the stock culture achieved ~5 × 

106 cells mL−1, 200 mL stock was transferred to 2 L working volume flask containing 1.4 L growth 

media for experiments.  

Three flasks of D. viridis cultures were grown at the same light intensity of ~25 μmol 

photons-m−2 s−1as the stock culture. The cultures were continuously mixed at 80 rpm and purged 

with 0.22 µm vent filtered (PTFE membrane 50mm inline filter, Thermo Scientific Nalgene, USA) 

20 % CO2 balance N2 gas (Arc3 Gases, USA) for 30 mins daily. The positions of the three flasks 

in the incubator were randomly changed daily and the cell density and pH were monitored daily.  

3-3-3. Flocculation test  

Flocculation was performed at the early stationary phase when the microalgae was ~ 1.2 × 

107 cells mL−1, using 3 minutes rapid mix (300 rpm), 10 minutes slow mix (20 rpm), and 30 

minutes settling (0 rpm). The designated volume of base (5 N NaOH) was added during rapid mix 

to achieve pH 9.5, pH 10.3, pH 11.1, or pH 11.7. Before the flocculation test, we measured cell 

density, intracellular carbohydrates and proteins, and ash-free biomass. After the flocculation test, 

the supernatant 1-2 cm below the water level was collected for measurements of cell density, cation 

concentrations, UV254, dissolved extracellular carbohydrates, and proteins. The flocculation 

efficiency was evaluated using cell density before and after the pH treatment. 

𝐹𝑙𝑜𝑐𝑐𝑢𝑙𝑎𝑡𝑖𝑜𝑛 𝑒𝑓𝑓𝑖𝑐𝑖𝑒𝑛𝑐𝑦 (%) = (1 −
𝐶𝑒𝑙𝑙 𝑐𝑜𝑢𝑛𝑡𝑏𝑒𝑓𝑜𝑟𝑒 𝑝𝐻 𝑡𝑟𝑒𝑎𝑚𝑒𝑛𝑡 − 𝐶𝑒𝑙𝑙 𝑐𝑜𝑢𝑛𝑡𝑎𝑓𝑡𝑒𝑟 𝑝𝐻 𝑡𝑟𝑒𝑎𝑡𝑚𝑒𝑛𝑡

 𝐶𝑒𝑙𝑙 𝑐𝑜𝑢𝑛𝑡𝑏𝑒𝑓𝑜𝑟𝑒 𝑝𝐻 𝑡𝑟𝑒𝑎𝑡𝑚𝑒𝑛𝑡

) × 100% 

(Equation 3-1) 
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3-3-4. Reclaimed media test 

After flocculation, we collected the supernatant and neutralized it to pH 7.5 with 10 N HCl. 

The retrieved supernatant was ~70% of the original volume. We then added nutrients CaCl2 and 

MgSO4 to the same concentrations of fresh media based on the results of ion chromatography (IC); 

the other nutrients and bicarbonate were replenished fully. The reclaimed media that were not 

sterilized and added additional stock were equally distributed to three flasks. We adjusted the 

volume of each flask to 1.4 L using fresh media. 

3-3-5. Sample pretreatment  

For cell density, ash-free biomass, and lipids, we used microalgal cultures without 

pretreatment. For ion chromatography (IC), UV254, extracellular carbohydrates and protein 

measurements, filtered supernatant was collected by centrifuging microalgal cultures at 3,260 g, 4 

°C for 10 minutes (filter: hydrophilic nylon membrane, 25 mm, 0.45 µm pore size, MicroSolv 

Technology Corporation, USA). The pellets were used for measuring intracellular carbohydrates, 

intracellular proteins, and for DNA extraction.  

3-3-6. Cell density and cell size 

Cell numbers and cell size were quantified using an automated cell counter (TC 20 

Automated Cell Counter, Bio-Rad Laboratories, California, USA). A ten mL culture was pipetted 

into the counting slide and counted with gating set at range 4-15 μm. The exported JPEG images 

were analyzed using TC20™ Data Analyzer Software, version 1.0.43.403. Specific growth rates 

were calculated using densities with the following equation:  

𝜇𝑚𝑎𝑥 =
ln(𝑐𝑒𝑙𝑙 𝑑𝑒𝑛𝑠𝑖𝑡𝑦𝑡2) − ln(𝑐𝑒𝑙𝑙 𝑑𝑒𝑛𝑠𝑖𝑡𝑦𝑡1)

𝑡2 − 𝑡1
 

(Equation 3-2) 
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3-3-7. Ash-free biomass 

A gravimetric approach adapted from Zhu and Lee (1997) was used. Glass fiber filters 

(Whatman GF/F, 47 mm, pore size 0.7 μm) were pre-combusted at 550 °C for 5 minutes and cooled 

to room temperature in a desiccator. On the filtration apparatus, the pre-combusted filter was 

cleaned with 10 mL deionized water, filtered with 10 mL microalgal suspension, and rinsed with 

20 mL 0.5 M ammonia formate. Deionized water was used to clean surface fiber debris, and 

ammonia formate was used to isotonically rinse out the retained salts on the microalgal cells and 

filters. Filters with samples were dried at 105 °C for 24 hours and cooled to room temperature in 

a desiccator. The cooled filters were weighed and furnaced again at 550 °C for 1 h. Furnaced filters 

were stored in a desiccator and weighed again after cooling to room temperature. The difference 

between the two weights was taken as the weight of ash-free biomass. 

3-3-8. Lipids 

Lipids were quantified using fluorometry and Nile red dye (Sigma-Aldrich, USA) with 

coconut oil as lipid standard (Chen et al., 2009). A 1 mL microalgal culture or standard was 

combined with 4 mL Nile red solution (0.78 mM in acetone) and 200 mL mixture was pipetted 

into the well in a black and flat bottom 96-well plate. The fluorescence was measured using a 

microplate reader with 485 nm (20 nm bandwidth) excitation and 595 nm (35 nm bandwidth) 

emission wavelengths (Infinite 200 PRO, Tecan, USA). 

3-3-9. Ion chromatography  

We measured Mg and Ca concentration of 5X diluted samples in an integrated ion 

chromatography system (Dionex ICS-2000, Dionex Corporation, USA). Flow rate was at 1mL per 

minute and 30 mM sulfonic acid was the eluent.  
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3-3-10. Ultraviolet absorbance at 254 nm  

UV254 was measured for comparison with dissolved extracellular carbohydrates and 

proteins. The filtered supernatant was transferred to a 10 mm quartz cell and measured at 

ultraviolet light 254 nm (DR 5000 UV-Vis Spectrophotometer, Hach, USA) with fresh media as 

background. 

3-3-11. Extracellular and intracellular proteins 

The Micro bicinchoninic acid (BCA) method (Micro BCA Protein Assay Kit, Thermo 

Scientific, USA) was used for quantifying total proteins with bovine serum albumin (BSA) as 

standard (Smith et al., 1985). Proteins were regarded as extracellular proteins if detected in filtered 

supernatant, and as intracellular proteins if detected in pellets. In the extraction process for the 

proteins in the pellets, we resuspended the pellet sequentially in 100 mL deionized water and 0.1 

N NaOH to extract dissolved cytosolic proteins and the solubilized membrane-bound proteins. We 

repeated the extraction process twice and combined the collected supernatants from resuspensions 

of one pellet. When dilution was needed, we used 1X phosphate buffered saline (PBS) solution 

(Phosphate Buffered Saline, 1X Solution, pH 7.4, Fisher Scientific, USA) to ensure the 

concentrations were within the calibration curve. We mixed 150 µL sample or standard and 150 

µL working reagent to each well in a clear and flat bottom 96-well plate. Then, the well plate was 

incubated in the dark at 37 °C for 2 hours. When samples were cooled to room temperature, we 

measured the absorbance at 560 nm (10 nm bandwidth) using a microplate reader (Infinite 200 

PRO, Tecan, USA). 
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3-3-12. Extracellular and intracellular carbohydrates 

The phenol-sulfuric acid method was used to quantify total carbohydrates with glucose as 

a standard (Masuko et al., 2005). To avoid nitrate interference when determining extracellular 

carbohydrates, the supernatant was dialyzed beforehand at room temperature. We loaded three mL 

filtered supernatant in a pre-hydrated dialysis cassette and submerged it in 900 mL, 1X PBS 

solution (Slide-A-Lyzer™ Dialysis Cassettes, 3.5K MWCO, Thermo Scientific, USA). First, we 

dialyzed the cassette for 2 hours twice with fresh PBS followed by dialyzing the cassette overnight 

with fresh PBS. The next day, we collected the samples for carbohydrates analysis. For pellet 

samples, the pellets were resuspended in deionized water and the suspension was used directly for 

carbohydrates analysis. We mixed 40 µL sample or standard and 40 µL of 5% phenol, and followed 

immediately with 200 uL, 98% concentrated sulfuric acid. When the plate was cooled to room 

temperature, we measured the absorbance at 492 nm (10 nm bandwidth) using a microplate reader 

(Infinite 200 PRO, Tecan, USA). 

3-3-13. DNA extraction and sequencing 

We extracted microbial DNA from an algal pellet that was collected by centrifuging 45 mL 

algal culture using a commercial kit (DNeasy PowerSoil Pro Kit, Qiagen, USA) according to the 

instruction. The 16S rRNA gene V4 variable region PCR modified primers 341F 

(CCTAYGGGRBGCASCAG) and 806R (GGACTACNNGGGTATCTAAT) were used. The 

illumina sequencing was conducted by MR DNA (Shallowater, TX, USA) on a MiSeq following 

the manufacturer’s guidelines. The sequences were processed using DADA2 pipeline in R. 
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3-3-14. Statistical analysis 

Multiple linear regression was used to explore the potential factors that reduce the 

maximum specific growth rate. Internal and extracellular carbohydrates and extracellular proteins 

were used as predictors; maximum specific growth rate was used as the response. The analyses 

were performed in RStudio using R version 4.0.0 (Appendix R Code B). 

3-4. Results and Discussion 

3-4-1. Growth of D. viridis in reclaimed media.  

In five sequential cycles of growth and harvesting, D. viridis grew to the same cell 

concentrations (~1.2×107 cells) but with a decreasing maximum specific growth rate (μmax) in 

reclaimed media after high pH-induced flocculation (Figure 3-2 and Figure 3-3). This 

demonstrates that D. viridis can access and use required nutrients despite the atypical environment 

in reclaimed media such as high DOM and different co-living microbiome (Figure 3-4 and Figure 

3-5). 
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Figure 3-2. The cell density of D. viridis in five cycles of growth in reclaimed media after high 

pH-induced flocculation. Values represent means of three biological replicates and error bars are 

one standard error of the mean. 
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Figure 3-3. The specific growth rate calculated from the cell densities of two adjacent time points. 

We labeled the highest specific growth point in each culture period. Values represent means of 

three biological replicates and error bars are one standard error of the mean. 
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Figure 3-4. The concentrations of extracellular carbohydrates and proteins and absorbance of 

UV254 in the culture before flocculation. Values represent means of three biological replicates 

and error bars are one standard error of the mean. 
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Figure 3-5. Bacterial microbiome composition with taxonomy at the genus level in the microalgal 

culture.  

Dunaliella spp. can excrete high DOM and is sensitive to the presence of other 

microorganisms (le Chevanton et al., 2013). Hulatt and Thomas (2010) showed that Dunaliella 

tertiolecta excreted up to 19% of the assimilated carbon. The excreted DOM can serve as a carbon 

source for co-existing microorganisms which might stimulate or inhibit microalgal growth 

(Fukami et al., 1997). While each microalgal strain reacted to accumulated DOM or other 

microbiome differently (Fukami et al., 1997; Loftus and Johnson, 2019), our growth data along 

with DOM and microbiome composition data suggest that D. viridis can tolerate co-existing with 

other bacteria which might feed on their excreted DOM. The presence of these bacteria may have 

decelerated D. viridis’ specific growth rate but not cell density. 

Our analysis shows that at the end of each growth cycle, D. viridis produces biomass, 

proteins, carbohydrates, and lipids in consistent concentrations and proportions in the reclaimed 
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media (Figure 3-6 and Figure 3-7). This consistency indicates that the accumulating DOM and 

bacteria did not cause metabolic changes in D. viridis as much as other abiotic stresses. For 

example, under nitrogen deprivation, D. viridis accumulated five times more intracellular lipids 

while decreasing in biomass (Lai et al., 2019). Therefore, growing D. viridis in reclaimed media 

can still continuously produce consistent and reliable high-value products. 

 

Figure 3-6. The concentrations of biomass and intracellular components of D. viridis. Values 

represent means of three biological replicates and error bars are one standard error of the mean. 
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Figure 3-7. The percentages of intracellular components in ash-free biomass of D. viridis. Values 

represent means of three biological replicates and error bars are one standard error of the mean. 
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a prolonged lag phase, D. viridis bounced back and continued to grow well (Figure 3-2). The 

unexpected cell death and the ability to use non-flocculated cells as stock culture in subsequent 

growth cycles demonstrated the resilience of D. viridis, which is critical for large-scale cultivation.  

3-4-2. Change of Mg and Ca concentrations in the reclaimed media. 

D. viridis were flocculated at pH 11.1 with Mg playing a major role in high-pH induced 

flocculation (Figure 3-8). At high pH-induced flocculation, metal salts precipitate to sweep 

flocculate microalgae (Wu et al., 2012). We observed Ca precipitates at pH 9.5, but they 

contributed little to the flocculation process (2.2% flocculation efficiency with 83.3% Ca salts). 

Mg precipitates at pH 11.1 but effectively flocculated D. viridis (61.7% flocculation efficiency 

with 94% Mg salts). The data indicate that metal salts flocculate D. viridis cells with different 

effectiveness, consistent with the result of Smith and Davis (2012) that Mg precipitates formed at 

pH above 10.5 settled microalgal cells. The gelatinous texture around cells (Figure B-2) could be 

Mg(OH)2 which could aid cell aggregation (Vrale, 1978).   

We later flocculated cells grown in the reuse media at pH 11.1 and monitored the change 

in Mg and Ca concentrations (Figure 3-9). The variation in Mg and Ca precipitation could be 

caused by inconsistent concentrations of other micronutrients, leading to form different types and 

amounts of Mg and Ca precipitates. The inconsistent precipitation rate suggests that Mg and Ca 

both need to be supplemented to ensure that microalgae can grow well in reclaimed media from 

pH-induced flocculation. Lack of Ca addition could be the reason that Pirwitz et al. (2015) failed 

to grow D. salina in Mg-supplemented reused media. Their data showed that Ca was still sufficient, 

but Ca and Mg act competitively and high Mg can inhibit Dunaliella spp. from uptaking Ca (Fujii 

and Hellebust, 1992). Therefore, supplementing and tracking Mg and Ca concentrations is 

important for reusing media.  
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Figure 3-8. The Mg and Ca concentrations in the supernatant before and after flocculating at 

different pH. The flocculation applied on the culture growing in fresh media. Values represent 

means of three biological replicates and error bars are one standard error of the mean. 
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Figure 3-9. The Mg and Ca precipitation rates from the media in five cycles of high pH-induced 

flocculation and media reuse.  

3-4-3. Impact of DOM on the flocculant dose.  

Carbohydrates, rather than proteins, dominate DOM in the reused media (Figure 3-4). The 

concentration of extracellular proteins fluctuated between 25 to 35 mg/L and remained steady in 

this range. Conversely, the concentration of extracellular carbohydrates continuously increased in 

the reused media periods and carbohydrates gradually dominated DOM, indicating that D. viridis 

excreted more carbohydrates. Because the carbohydrates in DOM could inhibit high pH-induced 

flocculation (Vandamme et al., 2016), the effect of increased carbohydrate levels in the reclaimed 

media on the flocculant dose was explored.  

We found that increasing carbohydrates in reclaimed media did not increase the NaOH 

dose to achieve pH 11.1; however, the flocculation efficiency decreased (from ~60% to ~46%) 
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when extracellular carbohydrates exceed 45 mg/L (Figure 3-10). The decrease in efficiency agrees 

with the finding of Vandamme et al. (2016), where external carbohydrates reduce flocculation 

efficiency from high pH-induced harvesting; the inhibition might be due to the chelating properties 

of extracellular carbohydrates (Kaplan et al., 1987). In our study, the inhibition occurred at much 

higher extracellular carbohydrate concentrations compared to that reported by Vandamme et al. 

(2016) (18 mg/L vs. 0.44 mg/L as C). The difference was likely because seawater media has more 

Mg than freshwater media (5 mM versus 0.15 mM). With more Mg, seawater media has more 

capacity to tolerate the negative effect on flocculation efficiency resulting from accumulating 

carbohydrates.  

 

Figure 3-10. The NaOH dose and flocculation efficiency in five cycles of high pH-induced 

flocculation and media reuse.  

We suggest future research should monitor DOM, especially carbohydrates in reclaimed 
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method to quantify and monitor DOM in the microalgal culture is needed. UV absorbance at 254 

nm (UV254) or specific ultraviolet absorbance (SUVA) (UV254 divided by dissolved organic carbon 

concentration) are often used to estimate the amount of natural organic matter in aquatic systems. 

We found that UV254 data related to primarily extracellular proteins in microalgal culture (Figure 

3-4). Unlike in aquatic systems, natural organic matter is more complex and has aromatic rings 

that can be detected by UV254. Organic matter in microalgal culture is composed of simpler units 

of organics such as glycerol, proteins, and carbohydrates.   

3-4-4. Effect of increasing salinity in the reclaimed media 

Salinity increased because NaCl was produced when neutralizing the culture with HCl. The 

salinity increased 6-10% in each reused cycle (Figure B-3). Dunaliella spp. can tolerate high 

salinity, but to compensate for osmotic pressure from higher salinity, they switch their metabolism 

to synthesize intracellular glycerol in two pathways: photosynthesizing CO2 into glycerol and 

degrading intracellular carbohydrates for glycerol (Goyal, 2007; Xia et al., 2014). The switch 

would reduce the production of carbohydrates and further decrease the production of lipids. 

Although we did not observe a drastic reduction of components of interest (Figure 3-6), we noticed 

that the cell size decreased over time (Figure B-4). The decrease in cell size demonstrates that D. 

viridis responded to the gradual change of the environment such as increasing salinity and DOM 

but not enough to decrease the production of components of interest such as lipids. To avoid the 

reduction of target components, when adding fresh media to compensate the loss volume from 

flocculation and evaporation, the salinity of the fresh media can be adjusted to maintain the desired 

salinity for the culture.  

3-4-5. Statistical analysis 

(a) Objective 
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To explore the potential reasons that caused decreased maximum specific growth rate, we 

applied multiple linear regression analysis to examine the dependance of maximum specific 

growth rate to internal and extracellular carbohydrates and proteins’ concentrations.  The full 

model is as follows: 

𝑌𝑖 = 𝛽0 + 𝛽1𝑥𝑖1 + 𝛽2𝑥𝑖2+𝛽3𝑥𝑖3 + 𝛽4𝑥𝑖1𝑥𝑖2 + 𝛽5𝑥𝑖1𝑥𝑖3 + +𝛽6𝑥𝑖2𝑥𝑖3 + 𝛽7𝑥𝑖1𝑥𝑖2𝑥𝑖3 + 𝜀𝑖 ,   

𝑓𝑜𝑟  𝑖 = 1,… , 𝑛 𝑎𝑛𝑑 𝜀𝑖 ~
𝑖.𝑖.𝑑.

𝑁(0, 𝜎2) 

Yi: The specific growth rate at ith observation. 

β0: Population Y intercept. 

βj: Coefficients of xij. 

xi1: Concentration of extracellular carbohydrates (mg/L). 

xi2: Concentration of internal carbohydrates (pg/cell). 

xi3: Concentration of extracellular proteins (mg/L). 

εi: Random variable with mean 0 and variance σ2. 

The concentration of internal proteins was not considered in the model because we found 

internal proteins highly correlated with internal carbohydrates (R2 = 0.894) which indicates they 

represent similar effect to the maximum specific growth rate (Figure 3-11). Since internal 

carbohydrates correlated with maximum specific growth rate more than internal proteins (R2 = 

0.505 versus 0.415), we eliminated internal proteins in the model (Figure 3-11). 
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Figure 3-11. Correlation plot between internal and external carbohydrates and proteins and 

specific growth rate. 

(b) Summary of fitted models 

Full model and two reduced models, one without 3-way interaction and the other one 

without both 2-way and 3-way interactions, were tested (Table 3-1).  None of the parameters in 

the full model was significant albeit the model was significant; therefore, in the reduced model, 

we eliminated the predictor(s) that had the lower absolute value(s). Among the three tested models, 

the full model had the lowest BIC (-35.3113). 
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Table 3-1. Estimated regressors of full and reduced multiple linear regression model. 

Regressor Model 1 Model 2 Model 3 

(Intercept) -6.81 3.13 0.665* 

External carbohydrates 0.29 -0.021 -0.005 

Internal carbohydrates 1.11 -0.234 0.046* 

External proteins 0.27 -0.090 -0.0084 

External carbohydrates: 

External proteins 
-0.01 0.00056  

External carbohydrates: 

Internal carbohydrates 
-0.04 0.00040  

External proteins: Internal 

carbohydrates 
-0.04 0.00085  

External carbohydrates: 

External proteins: Internal 

carbohydrates 

0.002   

BIC -35.3113 -23.3667 -28.54226 

Adjusted R2 0.6891 0.55871 0.6061 

Model p-value 0.004769 0.01029 0.00105 

*Indicates p-value <0.05 

(c)       Discussions 

Although all three models had significant p-values, most of the parameters did not. This 

outcome revealed that our data correlates with each other. Thus, these models failed to fit and 

predict the change of maximum specific growth rate. Biologically speaking, internal, and 

extracellular carbohydrates and proteins impact the maximum specific growth rate; however, some 

other factors should be considered too. We suggest future researcher to include data of bacterial 

contamination rate and microbial community composition and explore the correlation of 

carbohydrates and proteins to predict maximum specific growth rate. The co-existing bacteria can 
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affect carbon allocation of microalgae (Le Chevanton et al., 2013), so the remaining unexplained 

variability could be attributed to co-existing bacteria. 

3-5. Conclusions 

Our results suggest that D. viridis can grow continuously in reclaimed media after high pH-

induced flocculation. The flocculated cells have consistent concentrations of cell density, biomass, 

proteins, carbohydrates, and lipids; the non-flocculated cells that remained in reclaimed media can 

serve as inoculum for the next batch of cells. Overtime, the cell size, maximum growth rate, and 

flocculation efficiency decreased because of external stresses including increased salinity, 

enriched bacteria, and accumulated carbohydrates.  

High pH-induced flocculation is an effective harvesting method of microalgae. Using 

reclaimed media after that step would further reduce the operation cost. To use reclaimed media 

effectively, it is crucial to supplement both Mg and Ca to original concentrations, monitor DOM 

concentrations, and adjust media salinity.  
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Chapter 4.  Disrupting Dunaliella viridis cells using hydrodynamic 

cavitation 

4-1. Abstract 

Disrupting microalgal cells to release intracellular components such as lipids is a costly 

step in biofuel production. To date, hydrodynamically cavitating cell-wall less microalgal cells has 

not been reported. We evaluated the extent of disruption in Dunaliella viridis, a marine microalga 

without cell walls, with and without cavitation, in a venturi system. Size distribution, disruption 

level, settling ability, and zeta potential over time were examined. We found that shear force in 

the venturi system dominated the disruption of Dunaliella viridis; conversely, cavitation reduced 

the disruption efficiency. The reduced efficiency is likely due to cell aggregation, which is 

sensitive to culture pH. This study reveals the effect of hydrodynamic cavitation on cell-wall less 

microalgae and highlights the importance of evaluating mechanisms that are induced by the onset 

of hydrodynamic cavitation.   

Key words: hydrodynamic cavitation, microalgae, cell disruption, aggregation, proteins 

4-2. Introduction 

Disrupting microalgal cells for products (lipids, proteins, carbohydrates) is an energy-

intensive process, with specific energy consumption ranging from 0.06 to 146.9 kWh/kg disrupted 

biomass) (Lee et al., 2017). Recently, hydrodynamic cavitation (HC) has drawn attention because 

it requires low energy (~0.83 kWh/kg disrupted biomass) and can be applied at the industrial scale 

(Lee et al., 2015; Sun et al., 2020a).  

HC occurs when the static pressure of a liquid drops below its vapor pressure, inducing the 

formation of vapor bubbles; these vapor bubbles collapse and implode once the static pressure 
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returns above the liquid’s vapor pressure (Figure 4-1) (Tupper, 2004). The change in static 

pressure can be induced by setups such as the inclusion of an orifice or venture in a continuous 

flow system. In a venturi, the bubbles collapse at the exit of the throat which introduces mechanical 

(shock waves, microjets, and shear force), chemical (formation of radicals), and thermal effects to 

the liquid (Sun et al., 2020b) that can disrupt cells such as rotifers, cyanobacteria, bacteria, and 

microalgae (Dular et al., 2016; Kim et al., 2017, 2021; Lee et al., 2015). 

 

Figure 4-1. Illustration of pressure change inside of the venturi tube. 

HC-assisted cell disruption has been shown to be effective on various microalgae that have 

a rigid cell wall (Lee et al., 2015; Lee and Han, 2015; Waghmare et al., 2019). However, no study 

has been performed on cell wall less microalgae. The marine microalga Dunaliella viridis is of 

interest because it can accumulate significant amounts of lipids and can be disrupted with less 

energy due to its cell wall-less characteristic. However, the absence of a cell wall makes D. viridis 
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sensitive to not only cavitation effects but also shear force arising from the hydrodynamic 

cavitation setup.     

Most studies assess effectiveness by comparing disruption efficiency with other treatment 

techniques or with non-treated culture. Lee and Han (2015) and Waghmare et al. (2019) compared 

their cavitation results with a culture treated with ultrasonic cavitation; Kim (2021) compared their 

results with and without treatment of cultures in the cavitation system. These comparisons could 

have overlooked the effect of shear force on the cells and attributed the effectiveness solely to 

cavitation.  

To activate cavitation, flow rate plays a key role because it is inversely proportional to 

cavitation number (see below), a dimensionless number characterizing the cavitation phenomenon. 

However, a high flow rate induces a high shear force. The shear introduced in the venturi system 

and the impeller inside the pump can damage cells. Michels et al. (2016) reported that among four 

strains, three microalgal strains (Isochrysis galbana, Skeletonema costatum, and Chaetoceros 

muelleri (CCMP1316)) failed to grow after being recirculated by a centrifugal pump rotating at 4 

rpm speed. Their result showed that the damage caused by hydrodynamic shear in a pipe loop 

system should not be ignored.  

To evaluate the effect of hydrodynamic cavitation on D. viridis, we examined microalgal 

cells with and without cavitation (i.e. control) occurring in a venturi system (Figure C-1). The 

control was operated by preventing static pressure at the throat from dropping below the vapor 

pressure of the liquid, thus preventing cavitation. This is the first paper disrupting Dunaliella spp. 

using hydrodynamic cavitation. Size distribution, disruption rate, settling ability, and zeta potential 

of D. viridis with and without cavitation at three pH conditions (8.5, 9.2, and 9.6) were measured.  
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4-3. Method 

4-3-1. Microalgal strain 

The marine microalga, Dunaliella viridis strain dumsii, was obtained from the Center for 

Applied Aquatic Ecology at the North Carolina State University, USA, and was maintained on 

saline agar plates grown at an illumination of 25 μmol photons-m−2 s−1 and 25 °C. 

4-3-2. Microalgae cultivation 

We used modified Ben-Amotz media to culture D. viridis (1 M NaCl, 50 mM NaHCO3, 5 

mM KNO3, 0.2 mM KH2PO4, 5 mM MgSO4, 1 mM CaCl2, 7 µM MnCl2, 1 µM ZnSO4, 1 µM 

Co(NO3)2, 1 µM CuSO4 , and 1 µM (NH4)6Mo7O24) (Ben-Amotz et al., 1989). The stock culture, 

inoculated from a single colony on an agar plate, was grown at 25 °C with continuous 25 μmol 

photons-m−2 s−1 illumination from two 17 W cool while fluorescent bulbs and two 20W light strips 

(F17T8/TL841 ALTO, Philips; Plant Grow Light Strips, Mosthink, USA). When the stock culture 

achieved ~5 × 106 cells mL−1, 200 mL stock culture was combined with 2.8 L unfiltered growth 

media in a 3.5 L working volume bioreactor. D. viridis in the bioreactors were cultivated indoors 

at 21 °C with continuous mixing at ~50 rpm and illumination by sunlight (Figure C-2).  

4-3-3. Venturi system 

We constructed a lab-scaled, venturi system with a centrifugal pump (C63CXHNY-5070, 

½ HP, 3,450 RPM, TEFC motor, Emerson, USA) and a venturi unit (F1-28, Armfield, UK) ( 

Figure 4-2; picture in Figure C-3). When the culture was in exponential growth phase (~4 × 106 

cells mL−1), 8 L culture was harvested and used for each experimental run. We operated the venturi 

system with and without cavitation; experiments without cavitation were used as controls. The 
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cavitation numbers at the throat were 0.012 and 0.216 in the cavitation and control setting, 

calculated using the following equation:  

𝐶𝑎 =  
𝑝 − 𝑝𝑣

1
2𝜌𝑣2

 

(Equation 3-1) 

Ca: dimensionless cavitation number 

p: absolute pressure at the point of interest (Pa) 

pv: vapor pressure of the fluid (Pa) 

ρ: density of the fluid (kg/m3) 

v: velocity of the fluid at the point of interest (m/s) 

The flow rates in the cavitation and control setting were 28.52 and 24.75 L/min, 

respectively, which allowed the culture pass though the venturi ~ 30 times for every 10 minutes.  
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Figure 4-2. Illustration of the lab-scaled venturi system. 

 

4-3-4. Cell size distribution 

The cell size was quantified using particle characterization system (Mastersizer 3000, 

Malvern Instruments Ltd, UK). We used unfiltered 1 M NaCl solution as background and set 

mixing frequency and laser obscuration at 1500 rpm and 10-15%. 

4-3-5. Cell counts 

Cell count was quantified using automated cell counter (TC 20 Automated Cell Counter, 

Bio-Rad Laboratories, California, USA). A 10 mL culture was pipetted into the counting slide and 

counted with gating in the 4-15 μm range, corresponding to the size range of D. viridis cells. The 

exported JPEG images were analyzed using TC20™ Data Analyzer Software, version 1.0.43.403. 
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4-3-6. Settling test 

The settling ability was determined by measuring absorbance at 750 nm (Vernier UV-VIS 

Spectrophotometer, Vernier, OR, USA). A 2.5 mL culture was poured into a quartz cuvette and 

the absorbance data was recorded every two seconds for 25 minutes using Vernier Spectral 

Analysis software. 

4-3-7. Zeta potential measurement 

The zeta potential was measured using a zeta potential meter (Zetasizer Nano Z, Malvern 

Instruments Ltd, UK). A 1 mL culture was pipetted into the folded capillary cell (DTS1070) 

cuvette and quantified.  

4-3-8. Power usage and temperature 

The power consumption was monitored using a power monitor (Kuman KW47-US 

Electricity Usage Monitor) and the temperature was measured using a sealed glass thermometer.  

4-3-9. Statistical sample size analysis 

Disruption rate ((Cell count t=0 min-Cell count t=60min)/ Cell count t=0 min) obtained 

from cell count data to calculate sample size for detecting the effect of cavitation at the power of 

0.8. We assume the variances at different conditions were similar to that of the variance from pH 

8.5 treating in cavitation setting at which we had one biological replicated data. Data used were as 

in Table 4-1. The analyses were performed in RStudio using R version 4.0.0 (Appendix R Code 

C)  

Table 4-1. Disruption rate at 60 mins calculating using cell count data from TC 20 cell counter. 

Culture pH 9.2 8.5 

Cavitation 67.0 % Replicate 1: 49.2% 

Replicate 2: 51.1% 

Control 81.0 % 65.9% 
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4-4. Results 

4-4-1. The effect of cavitation on cell disruption rate. 

With cavitation, compared to control, D. viridis cells disrupted at a slower rate regardless 

of the culture pH. At pH 9.6, the D. viridis size distribution (~2-10 um) flattened 40 mins later 

during cavitation than in the control group (Figure 4-3). The lower rate was not as obvious for 

cultures at lower pH due to the presence of smaller sized bacteria along with the algae. Still, we 

observed the dominance of a signal gradually shifting from D. viridis to the other smaller size 

microorganism at a slower rate in the cavitation-treated cells (Figure 4-4 and Figure 4-5) (Stacked 

results shown in Figure C-4 to Figure C-6). In the cell count data shown in Figure 4-6, a slower 

disruption rate was also observed: ~50% of the D. viridis cells were disrupted at similar rates in 

the first 20 mins. However, after 20 mins, the disruption rates started to deviate with ~ 2 times 

faster rate in the control group.  
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Figure 4-3. Size distributions of D. viridis treated in the cavitation and control settings at pH 9.6. 

The arrow indicates a clear signal of potential aggregation. Values represent means of five 

technical measurement.  
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Figure 4-4. Size distributions of D. viridis treated in the cavitation and control settings at pH 9.2. 

Values represent means of five technical measurement.  
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Figure 4-5. Size distributions of D. viridis treated in the cavitation and control settings at pH 8.5. 

Values represent means of five technical measurement.  
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Figure 4-6. The cell counts of D. viridis treated in the cavitation and control settings at pH 8.5 and 

pH 9.2. Values represent means of the subsamples collected from the same batch of culture and 

vertical lines are one standard error of the mean.  

4-4-2. The effect of cavitation on cell aggregation.  

A clear aggregation signal was observed when cavitating the cells at pH 9.6 but not at other 

pH levels. After cavitating D. viridis for 10 mins, 18 % (by volume) of cells formed larger 
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Figure 4-7. The D(4,3) of D. viridis treated in the cavitation and control settings at pH 9.6. 
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Figure 4-8. Normalized absorbance curves of D. viridis treated in the cavitation and control 

settings at pH 9.2 and 8.5. 
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Figure 4-9. Zeta potentials of D. viridis treated in the cavitation and control settings at pH 9.2 and 

8.5. Values represent means of three technical replicates and vertical lines are one standard error 

of the mean. 
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Figure 4-10. The temperature of the culture and the energy consumption of the system. Values 

represent means of the three pH conditions and vertical lines are one standard error of the mean. 
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indicate that the cavitation inducing system produced cell aggregation that was not observed in the 

non-cavitation inducing system in the early minutes of the continuous flow system. Therefore, the 

altered disruption rate between cavitation and control setting may have been attributed to the 

influence of cavitation.     

4-5-2. Cavitation effect slows the cell disruption rate.  

With cavitation, cells were disrupted at a slower rate. We hypothesize two potential 

mechanisms: 

Mechanism 1: Proteins aggregate at the hydrophobic regions of vapor/liquid interfaces 

We had larger size signal in the cavitation at pH 9.6 that could be interpreted as cell 

aggregation. The aggregation might have shielded cells from shear and slowed cell disruption. 

Cavitation-induced aggregation also had been reported in other research. Spiden (2013) observed 

that Tetraselmis suecica aggregated after treatment in a high-pressure homogenizer. Huang (2018) 

found that mineral particles, molybdenite, aggregated through attaching to cavitation-induced fine 

bubbles. Randolph et al. (2015) found that proteins in drug vials aggregated due to the cavitation 

induced by a sudden physical drop. 

With high protein content of D. viridis (Lai et al. 2022) and the foam generated in the 

process of treatment (Figure C-8), we suspect proteins play an important role towards inducing 

cell aggregation. Duerkop et al. (2018a) researched protein aggregation behavior with and without 

cavitation and found that only proteins that were treated with cavitation but not with high shear 

force aggregated. Their results showed that it was the increased ratio of vapor to liquid that 

promoted aggregation. Furthermore, they indicated that the aggregation behavior is proteins-

dependent and pH-dependent: the closer the pH is to the specific protein’s isoelectric points (pI), 

the more proteins aggregate. Their results agree with our observations that aggregation occurred 
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only under cavitation and was more pronounced at pH 9.6 (Fig. 3-5 and Fig. 7). The vapor/liquid 

interface has hydrophobic regions where proteins would expose their hydrophobic sites, which 

leads to protein aggregation (Maa and Hsu, 1997).  

Mechanism 2: Hydroxyl radicals promote proteins aggregation 

Hydroxyl radical (OH·) formed from HC, albeit low (Duerkop et al., 2018b), can degrade 

organic matter (Bandala and Rodriguez-Narvaez, 2019). Sun et al. (2017) found that sun light-

induced OH· reacted with microorganisms that have high protein proportion of extracellular 

polymeric substances (EPS); this reaction promoted aggregation. Conversely, other 

microorganisms that had low protein proportion of EPS failed to aggregate. They also found that 

the salts in marine environments assisted bridging flocculation during aggregation.  

Recently, Zhu et al. (2020) suggested that OH· is inclined to degrade tryptophan, which 

has a high proportion of hydrophobic amino acids. Releasing these hydrophobic amino acids in 

the solution reduce the energy barrier gap between particles and promote aggregation. The results 

from Sun et al. (2017) and Zhu et al. (2020) demonstrated the possibility that OH· induces protein 

aggregation. 

Higher absolute flow rate in cavitation produces higher concentration of OH· (Amin et al., 

2010). Our system had a high absolute flow rate (29.9 m/s). Therefore, we suspect D. viridis 

produced high amounts of hydrophobic proteins that are susceptible to be degraded by the OH· 

formed from cavitation. The hydrophobic amino acids aggregated among themselves along with 

D. viridis cells, with the assistance of multivalent cations in the saline media, through polymeric 

and cationic bridging.  
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4-5-3. Culture pH affects culture dynamics and disruption rate.  

At pH 9.6, compared to lower pH, D. viridis culture was less contaminated and the cells 

seemed to be disrupted easier (90% disruption in 60 mins at pH 9.6 versus > 80 mins at pH 9.2 or 

8.6). The pH can affect cells’ growth, membrane properties, and extracellular polysaccharides 

production (Taraldsvik and Myklestad, 2000; Ying et al., 2014). At high pH, less hypersaline 

bacteria, like bacillus (Lai et al. 2022) and changed membrane properties could have resulted in 

less tolerance ability to shear for D. viridis.  

4-6. Proposed measurements for future experiments 

To elucidate the aggregation mechanisms, more experiments are needed. We suggest 

including amino acids profile characterization, protein structure characterization, and hydroxyl 

radical concentration. For characterizations of amino acids profile protein’s structure, 

ultracentrifuge and high-performance liquid chromatography (HPLC) are needed: ultracentrifuge 

can purify proteins that have different weights and HPLC can detect and quantify protein 

concentrations (Betancort Rodríguez et al., 1997; Scott 1970- et al., 2005; Unzai, 2018).  

For hydroxyl radical measurement, salicylic acid dosimetry at 750 ppm is suggested 

because the reaction products (2,3-dihydroxybenzoinc acid, 2,5- dihydroxybenzoic acid) are 

exclusively from reacting with hydroxyl radicals (Amin et al., 2010). To quantify concentrations 

of reactants and products, HPLC with ultraviolet detector is needed.  
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4-6-1. Statistical analysis 

(a) Objective 

To detect the effect of cavitation on disruption rate, we used two-way anova test because 

we have two factors (treatment and culture pH). Following, we estimated the power using various 

within-group variance number for future reference. 

(b) Discussion 

With only one replicate on cavitation setting at pH 8.5, we can only test the main effects 

and assume there was no interaction between the treatment and culture pH, which could be the 

case based on Figure 4-11.  

 

Figure 4-11. Interaction plot of disruption rate with two levels of culture pH and two levels of 

treatment.  
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The two-way anova result (Table 4-2) showed that both treatment and culture pH has 

significant impact on disruption rate (α = 0.01): cells are disrupted more at high pH and in control 

setting.  

Table 4-2. The result of two-way anova with only on replicate on cavitation at pH 8.2 using type 

II test 

 Sum of 

square 

Degree of 

freedom 

Value P value 

(>F) 

Treatment (Cavitation vs Control) 0.030241 1 225.68 0.004** 

Culture pH 0.026250 1 195.90 0.005** 

Residuals 0.000268 2   

** Indicates a significance level of 0.01 

The result above was under the assumption of no interaction between the treatment and the 

culture pH. We further estimated the power assuming we have at least two replicates on all 

conditions to future reference. Th within-group variance from the two-way anova (Table 4-2) was 

0.000134 (Residuals/degree of freedom). Its 95 % confidence interval using chi-square distribution 

with 2 degree of freedom was [0.000695, 0.021574] 1.With this confidence interval, the power can 

be calculated as shown in Figure 4-12. The result of power analysis showed that the within-group 

variance should be below 0.0032 to achieve 0.8 power when performing two-way anova test with 

treatment and culture pH as factors and two replicates at each condition. Under the most 

conservative scenario that the within-group variance is on the high end of the confidence interval 

(0.021574), to achieve 0.8 power, we will require 9 samples in each condition (Figure 4-13). 

However, less samples will likely suffice. 

 
1 95% confidence interval was calculated from [2*0.000134/pchisq(0.975,2) ,  2*0.000134/pchisq(0.025,2) ] 
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Figure 4-12. Statistical power analysis using different estimated within-group variances.  

0 0.005 0.01 0.015 0.02 0.025

0.2

0.4

0.6

0.8

1

P
o
w

e
r

Within-group variance

(0.0032,0.8)
Cut off line of power = 0.8



93 

 

 

Figure 4-13. Sample size determination under the most conservative estimate of within-group 

variance.  

4-7. Conclusion 
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Chapter 5. Extracellular polymeric substances-assisted 

bioflocculation of microalgae: what can we learn from the 

bioflocculation of wastewater biosolids? 

5-1. Abstract 

Microalgal bioflocculation is a promising harvesting method because it is chemical-free 

and has potential for large scale application. Because research on microalgal bioflocculation began 

only a decade ago while bioflocculation in wastewater has been studied for a century, insights from 

the field of wastewater biosolids may help advance the research of microalgal bioflocculation. We 

review the current knowledge of bioflocculation of wastewater biosolids, focusing on the role of 

extracellular polymeric substances (EPS), to identify and highlight critical research gaps in EPS-

related bioflocculation of microalgae. This paper also reviews the production and extraction of 

microalgal EPS and potential mechanisms of microalgal bioflocculation. We suggest that 

researchers should quantify proteins and polysaccharides in tightly-bound EPS (TB-EPS), loosely-

bound EPS (LB-EPS), and soluble EPS (S-EPS), report EPS concentrations in consistent units, 

investigate EPS from various types of microalgae, and explore appropriate EPS extraction methods.  

 

Keywords: 

Microalgae, Bioflocculation, Extracellular polymeric substances, Biosolids, Sludge, Thickening, 

Dewatering 
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5-2. Introduction 

Microalgae are phototrophic unicellular microorganisms that have attracted attention 

because they grow fast (five-ten times faster than food crops) and can turn light energy and carbon 

dioxide into beneficial products such as oxygen, biofuels, pigments, polysaccharides, and proteins 

(Forján et al., 2015; Khan et al., 2018; Zullaikah et al., 2019).  

However, because microalgal cultures are dilute and the algal cells are micro-sized, 

microalgal harvesting is a challenge (Singh and Patidar, 2018), and a key step, as it represents 20-

30% of the total production costs (Barros et al., 2015). Harvesting includes either or both 

thickening and dewatering processes to reduce excess water for downstream processing. 

Thickening processes such as chemical flocculation, flotation, and bioflocculation can concentrate 

algal cells to 2-7% dry weight, and dewatering processes such as filtration and centrifugation can 

concentrate algal cells to 7-30% dry weight (Barros et al., 2015) (Figure 5-1).  

Bioflocculation appears to be a promising harvesting method because it is chemical-free, 

is non-toxic to the microalgae, and has been used at the industrial scale (Alam et al., 2016; Alleman 

and Prakasam, 1983; Cho et al., 2016; Ummalyma et al., 2017). Bioflocculation involves 

microorganisms and their related products, extracellular polymeric substances (EPS), to promote 

the aggregation of cells (Alam et al., 2016). Bioflocculation using activated sludge was discovered 

in 1913 in the UK and has since been used in the wastewater field (Seviour and Nielsen, 2010). 

Although a large and growing body of literature has investigated bioflocculation of activated 

sludge (Nguyen et al., 2019; Sanin and Vesilind, 2000; Urbain et al., 1993; Vogelaar et al., 2005), 

researchers have only recently investigated microalgal bioflocculation over the last decade. We 

posit that learning from the knowledge established in activated sludge bioflocculation could be 

beneficial to a better understanding of microalgal bioflocculation. In this review, we: 
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1. Discuss the state of the knowledge in bioflocculation, particularly in relating EPS to the 

thickening and dewatering of sludges. 

2. Review the status of EPS-related microalgal bioflocculation. 

3. Discuss the potential mechanisms involved. 

4. Examine the production of bioflocculants by microalgae and bacteria. 

5. Discuss the extraction of microalgal EPS. 

6. Identify research gaps in microalgal bioflocculation.  

 
Figure 5-1. Dry and wet route extractions for microalgal products. 

5-3. Water removal in sludge 

Treated sewage sludge (biosolids) are solid by-products of wastewater treatment. Before 

disposal, sludge thickening and dewatering are two critical but fundamentally different steps that 

remove water to reduce volume and production of leachate during landfill disposal (Andreoli et 

al., 2007). Sludge thickening occurs prior to anaerobic digestion, and the common ways are gravity 

sedimentation, dissolved air flotation thickening, gravity belt thickening, rotary drum thickening, 

and centrifugation (Ontario, 2008). Conversely, sludge dewatering takes place after anaerobic 

digestion and before sludge disposal. Common dewatering methods include belt filter press, 
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vacuum filtration, centrifugation, and thermal drying (Oleszkiewicz and Mavinic, 2001). 

Generally, thickening removes water content by decreasing bulk water (or free water), whereas 

dewatering reduces water content by releasing bound water (or structured water) (Ontario, 2008). 

Figure 2 contrasts bulk water and bound water around cells. Bulk water is freely moving water and 

non-associated with sludges; bound water is physically or chemically attached to surfaces of 

sludges (Vaxelaire and Cézac, 2004). Therefore, removing bound water in dewatering requires 

more energy, compared to releasing bulk water in thickening. 

Extracellular polymeric substances (EPS) reside between water and cells as shown in 

Figure 2, and they play an important role in proper thickening and dewatering. EPS are microbial 

biosynthetic polymers secreted to the environment. They are composed of polysaccharides, 

proteins and other less dominant polymers such as nucleic acids and phospholipids (Wingender et 

al., 1999). Physiologically, they are important in nutrient interactions, enzymatic activities, water 

retention, and cell protection (details of the functions, properties, and compositions of EPS have 

been discussed in Wingender et al. (1999) and Flemming et al. (2010, 2001a, 2001b)). To facilitate 

proper separation of sludge and water, EPS help microorganisms aggregate (Sheng et al., 2010). 

The properties of EPS affect the quality of microbial aggregates, and further impact water removal 

efficiency. In the following section, we review how EPS properties impact thickening and 

dewatering.  
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Figure 5-2. Sketch of bulk water, structured water, and EPS structure. 

5-3-1.  The effect of EPS on thickening sludge 

Thickening activated sludge involves floc formation with microorganisms and their EPS, 

a process called bioflocculation. The efficiency of bioflocculation is impacted by EPS location, 

EPS composition, and cation concentrations in the liquid (Sheng et al., 2010). 

As shown in Figure 5-2, according to their positions relative to the cells, EPS can be 

classified into three categories: tightly-bound EPS (TB-EPS), loosely-bound EPS (LB-EPS), and 

soluble EPS (S-EPS) (Guo et al., 2016). Additionally, each category of EPS has unequal amounts 

of proteins and polysaccharides.   

 TB-EPS have a definite shape and reside in the inner layer of EPS matrix (Guo et al., 

2016). They play a crucial role of forming dense and compact flocs that help solid-liquid separation 

in bioflocculation (Yu et al., 2009). The formation of dense and compact flocs has been attributed 

to the high protein proportion in TB-EPS (Basuvaraj et al., 2015; Zhang et al., 2007). Basuvaraj et 

al. (2015) analyzed contents of flocs and their relationship to settling and bioflocculation. Their 

results showed that granular flocs (> 300 µm diameter) that settled well contain a high ratio of 
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proteins to polysaccharides in TB-EPS, whereas pin flocs (< 50 µm diameter) that settled poorly 

contain a high proportion of polysaccharides in LB-EPS. LB-EPS have a loose shape and reside 

in the outer layer of the EPS matrix, and S-EPS are dissolved EPS in the supernatant (Guo et al., 

2016). Some researchers presume that excess LB-EPS and S-EPS would weaken cell attachment 

and deteriorate compact flocs (Azami et al., 2012; Li and Yang, 2007). However, Liu et al. (2010) 

suggest LB-EPS should always promote sludge aggregation. These inconsistent conclusions about 

the role of LB-EPS and S-EPS may be due to different ratios of proteins to polysaccharides in 

different studies. Also, it is now apparent that the properties of proteins and polysaccharides impact 

bioflocculation differently. 

 Complex proteins have both polar and nonpolar side chains on the surface that help to 

form dense flocs. The polar regions bind with cations, especially multivalent cations, to bridge 

flocs (Higgins and Novak, 1997a; Pollack, 2001); the nonpolar regions (aromatic and aliphatics in 

proteins) create stable hydrophobic aggregates (Jorand et al., 1998). Conversely, extracellular 

polysaccharides are high molecular weight (MW) and long-chain biopolymers with charged 

functional groups. The charged functional groups (carboxyl, hydroxyl, amino, and phosphate 

groups) also bind with cations or cationic polymers and the long-chain biopolymers can adsorb 

onto cells and serve as a bridge to aggregate cells (Raszka et al., 2006).  

Although both proteins and polysaccharides seem to promote sludge aggregation, high 

hydrophobic TB-EPS are crucial to forming compact sludge aggregates (Guo et al., 2016). The 

hydrophobicity of EPS depends on the proportion of protein (Guo et al., 2016; Jorand et al., 1998). 

Thus, a high proportion of proteins in TB-EPS is key to effective sludge thickening. 
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5-3-2.  The effect of EPS on dewatering sludge 

Dewatering is essentially the removal of bound water. Bound water is adsorbed water 

attached to EPS (Pollack, 2001) that can prevent cell desiccation (Flemming and Wingender, 2010). 

Thus, too high a level of EPS, especially proteins that have better water-holding ability than 

polysaccharides, negatively affects dewatering. Houghton et al. (2001) examined sludge from 

eight municipal wastewater treatment plants and concluded that sludge dewaterability decreased 

when EPS exceeded certain amounts (for raw sludge, 20 mg EPS/g suspended solids; activated 

sludge, 35 mg EPS/g suspended solids; digested sludge, 10 mg EPS/g suspended solids). As a 

result, unlike bioflocculation, a lower protein proportion in EPS enhances bound water removal in 

sludge dewatering (Cetin and Erdincler, 2004). To improve dewatering, advanced sludge treatment, 

such as thermal hydrolysis and chemical oxidation, have been applied to purposely degrade EPS 

before the dewatering step (Neyens et al., 2004).  

5-3-3.  The effect of cations in the solution on floc formation 

The concentrations of cations in the media affect sludge floc formation and morphology, 

which further influence both thickening and dewatering (Novak et al., 2001). The cations can bind 

with charged sites on EPS to neutralize EPS; multivalent cations can neutralize charged sites and 

further bridge the gap between two charged sites (Pollack, 2001). Thus, the charge and the kind of 

the cations matter in floc formation.  

Compared to monovalent cations, multivalent cations can help form more compact sludges. 

Higgins and Novak (1997a) suggested that when the divalent to monovalent cation ratio is higher 

than 0.5, activated sludge settled and dewatered better. Besides the bridging effect, they found that 

with high concentrations of divalent cations, either Ca2+ or Mg2+, the concentration of bound 

proteins increased; the sludge with high protein proportion resists shear and settles better. On the 
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other hand, with high concentrations of monovalent cations, bound EPS are released by swapping 

with divalent cations which would loosen and break compact flocs (Higgins and Novak, 1997a, 

1997b; Novak et al., 1998). In a more recent study, Berde and Jolis (2020) suggested that not only 

the divalent to monovalent cation ratio but also the concentrations of individual ions matter when 

evaluating the cation effect on de-flocculation. They found Na+ over 1 meq/L is detrimental to 

compact flocs. To reverse the damage, Ca2+ needs to be above 1.6 meq/L. 

It is also important to note that cations with the same charge can function differently in the 

floc matrix. For example, a rising Na+ concentration in media decreases sludge hydrophobicity; 

however, K+ does not (Kara et al., 2008). Higgins and Novak (1997a) also pointed out that 

depending on the characteristics of the sludges, Ca2+ or Mg2+ could affect the thickening and 

dewatering differently. Different EPS binding ability with metals (Li et al., 2012) and hydrolyzed 

radius (the radius of metal ion complexes with water) may explain the different impacts on the floc 

matrix.  

To summarize, thickening and dewatering are responsible for removing different water 

content (bulk water and bound water) in sludge. These two important water removal steps are 

affected differently by EPS, the key component for floc formation. These insights from sludge 

treatment may be relevant to microalgal bioflocculation. We review the state of the knowledge of 

microalgal bioflocculation next and then discuss potential research gaps revealed by analogy to 

sludge bioflocculation. 
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5-4. Bioflocculation of microalgae 

5-4-1.  Types of EPS-related microalgal bioflocculation 

Microorganisms that have been used to help flocculate microalgae include yeast (Díaz-

Santos et al., 2015), protozoa (Jakob et al., 2016), fungus (Zhang and Hu, 2012), bacteria (Li et al., 

2016; Powell and Hill, 2014), and microalgae themselves. In the following sections, we review 

EPS-related microalgal bioflocculation including self-flocculating bioflocculation, bacteria-

assisted bioflocculation, and the negative impact of EPS on pH-induced flocculation. 

5-4-1-1. Self-flocculating microalgae 

Self-flocculating microalgae can excrete high EPS to aggregate microorganisms 

around them. Different microalgal strains release different amounts and types of EPS to 

facilitate flocculation (Table 5-1. Self-flocculating microalgal strains). Chlorococcum sp. and 

Ettlia texensis produce more bound proteins than bound polysaccharides (Lv et al., 2018; S 

Salim et al., 2014); Neocystis mucosa SX, Chlorella vulgaris JSC-7, and Scenedesmus 

obliquus AS-6-1 primarily depend on bound polysaccharides to flocculate (Alam et al., 2014; 

S. L. Guo et al., 2013; Lv et al., 2019a); and Desmodesmus sp. PW1 and Scenedesmus 

quadricauda produce equal amounts of proteins and polysaccharides (Aljuboori et al., 2016; 

Chen et al., 2020). Bound EPS are believed to play a more critical role than soluble EPS (Chen 

et al., 2020; S. L. Guo et al., 2013; Lv et al., 2019, 2018; S. Salim et al., 2014; Vu et al., 2019) 

and microalgae at the stationary growth phase excrete the highest amounts of EPS compared 

to exponential growth phase (Chen et al., 2020; Lv et al., 2018; Salim et al., 2013).  

These conclusions broadly corroborate those from studies of the bioflocculation of 

sludge. However, most of the microalgae studies failed to report concentrations or ratios of S-
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EPS, LB-EPS, and TB-EPS. These inconsistencies in reporting of the content and 

concentration of EPS impede comparisons of flocculating effects between different strains of 

self-flocculating microalgae.  
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Table 5-1. Self-flocculating microalgal strains 

Microalgal strain Major EPS components and 

concentrations from self-flocculating 

microalgae 

Flocculation species and efficiency Reference 

Desmodesmus sp. 

PW1 

Both bound and soluble EPS Desmodesmus sp. PW1 (76.8%) 

Chlorella vulgaris (80.5%) 

Scenedesmus obliquus (89.4%) 

Nannochloropsis oceanica (54.7%) 

Chen et al., 2020 

Neocystis mucosa SX Bound proteins: ~6mg/g DW 

Bound carbohydrates: ~50 mg/g DW 

Neocystis mucosa SX (93.6%) Lv et al., 2019 

Chlorococcum sp. Bound proteins: ~75mg/g DW 

Bound carbohydrates: ~10 mg/g DW 

Chlorococcum sp. (84.4%) Lv et al., 2018 

Scenedesmus 

quadricauda 

Soluble proteins: 41% of total EPS 

Soluble carbohydrates: 56.7% of total EPS 

Scenedesmus quadricauda (86.7%) at 

the presence of extra Zn2+ 

Aljuboori et al., 

2016 

Ettlia texensis Soluble proteins: Not detectable 

Bound protein: 233 mg/g DW 

Soluble carbohydrates: 35 mg/g DW 

Bound carbohydrates: 96 mg/g DW 

Ettlia texensis (90%) 

Chlorella vulgaris (not reported) 

Salim et al., 

2013; Salim et 

al., 2014  

Chlorella vulgaris 

JSC-7 

Bound polysaccharides Chlorella vulgaris JSC-7 (76.3%) 

C. vulgaris CNW11 (68.3%)  

S. obliquus FSP (62.7%)  

Alam et al., 2014 

Scenedesmus 

obliquus AS-6-1 

Bound EPS 

Neutral sugar: Uronic acid: Amino sugar = 

16:9:1; Glucose: Mannose: Galatose: 

Rhamnose: Fructose = 8:5:3:2:1 

Scenedesmus obliquus FSP-3 (80-85%) 

Chlorella vulgaris CNW-11 (80-85%) 

Nannochloropsis oceanica DUT01 

(30%) 

Guo et al., 2013 
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5-4-1-2. Bacteria-assisted microalgal bioflocculation  

Bacteria grow fast and bacterial bioflocculation is extensively studied in the wastewater 

field, and thus should be explored for microalgal bioflocculation. Several bacterial species 

have shown the potential to flocculate microalgae (Table 5-2). In these studies, bacteria were 

batch-cultivated for 1 to 2 days and either the bacterial culture or purified bioflocculant from 

the bacterial culture was used to flocculate microalgae (Ndikubwimana et al., 2014; Powell 

and Hill, 2013). Most studies suggested bacterial EPS aggregate microalgae, and bound 

polysaccharides seem to be dominant component in bacterial EPS (Lei et al., 2015; Liu et al., 

2015; Ndikubwimana et al., 2014). However, TB-EPS, which might contain more proteins, 

were not extracted and quantified in these studies. Thus, future research should examine S-

EPS, LB-EPS, and TB-EPS of bacteria that assist microalgal bioflocculation to elucidate 

flocculation mechanisms. 

In addition to bacterial EPS directly affecting aggregation of microalgae, Zhou et al. 

(2017) proposed another potential mechanism: bacterial quorum sensing molecules inducing 

microalgal self-flocculation. Quorum sensing (QS) molecules are excreted by microorganisms 

during growth and microorganisms gauge population density by sensing surrounding QS 

molecules (West et al., 2006). Zhou et al. (2017) found that bacterial QS signaling molecules, 

N-acylhomoserine lactones (AHLs), up-regulated the production of extracellular aromatic 

proteins of microalga Chlorophyta sp. (FACHB-729). Aromatic proteins are hydrophobic 

proteins known to promote flocculation (Hou et al., 2015; Wen et al., 2018). To date this 

research group is the only one that has examined how microalgae sense and respond to bacterial 

QS molecules.  
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It is possible that the results from prior studies were affected by QS. For example, Vu 

et al. (2019) found that bacteria induced the production of long filamentous EPS of Ettlia sp. 

YC001 that help aggregate microalgae. QS also might occur between different microalgae. 

Zhou et al. (2019) found that when Desmodesmus sp. ZFY and Monoraphidium sp. QLY-1 

were cocultured together, the flocculation efficiency increased to 85.3% from 58.0% and 

32.4% when was cultured independently, respectively. The polysaccharides in LB-EPS in 

coculture increased by 1.7 times compared to that in mono-culture. 
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Table 5-2. Bacteria strains that assist microalgal bioflocculation 

Bacterial strain Major bioflocculant 

component 

Bacterial source C/N ratio 

for bacterial 

cultivation 

Flocculation species 

and efficiency 

Reference 

Bacterial mixed 

culture  

Aromatic proteins from 

microalgae induced by 

bacteria 

Activated sludge 0.5 Chlorophyta sp. 

(FACHB-729) (41%) 

Zhou et al., 

2017 

Bacillus 

agaradhaerens C9 

65.42% polysaccharides, 

4.7% proteins, and 1.65% 

nucleic acids  

Alkaline lake  8.3 Chlorella minutissima 

UTEX2341 (80.63%) 

Liu et al., 2015 

Cobetia marina L03 31.6% polysaccharides, 

0.2% proteins 

West Pacific Ocean 

hypobenthile 

sediment 

13.2 Chlorella vulgaris 

(92.1%) 

Lei et al., 2015  

Bacillus licheniformis 

CGMCC 2876 

γ- polyglutamic acid Lab bacterial culture 6.5 Desmodesmus sp. F51 

(>99%) 

Ndikubwimana 

et al., 2014 

Solibacillus silvestris 

W01 

75.1% polysaccharides, 

24.9% proteins 

Activated sludge 5.2 Nannochloropsis 

oceanica (90%) 

Wan et al., 

2013 
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5-4-1-3. pH-induced flocculation at the presence of EPS 

Adjusting the pH of a culture can induce microalgal flocculation (Pérez et al., 2017). 

Two major mechanisms dominate pH-induced flocculation: charge neutralization and sweep 

flocculation (Wu et al., 2012). The hydrolyzed cations from the base can neutralize the 

negatively charged microalgal cells. Subsequent metal precipitates formed at high pH further 

collect and aggregate the cells. Metal precipitates such as calcium phosphate (CaPO4), Calcite 

(CaCO3), or magnesium hydroxide (Mg(OH)2) can sweep microalgal cells (Beuckels et al., 

2013; Branyikova et al., 2018; Leite et al., 2019; Mixson et al., 2014; Phasey et al., 2017; 

Vandamme et al., 2015, 2012).  

Different metal precipitates form at different pH values if the ions of the metal 

precipitates are sufficient. CaPO4, CaCO3, and Mg(OH)2 form precipitates at pH above 8.5 

(Sukenik and Shelef, 1984), above 9.2 (Cao and Harris, 2008), and above 10.5 (Sukenik and 

Shelef, 1984), respectively, Theoretically, because CaPO4 and CaCO3 form at lower pH, they 

should dominate sweep flocculation. However, Mg(OH)2 is often the major precipitate (García-

Pérez et al., 2014; Vandamme et al., 2012; Yoo et al., 2015). It is possible that, in addition to 

pH and ion concentrations, the interactive effects between existing molecules and ions matter 

as well. For example, magnesium ion and carbonate individually have inhibitory effects on 

forming CaPO4 (Cao and Harris, 2008), which might explain the dominance of Mg(OH)2 over 

CaPO4. The interactive effects might also occur between ions and EPS. EPS can bioflocculate 

microalgae, but the presence of EPS reduces pH-induced flocculation efficiency (Rashid et al., 

2019; Vandamme et al., 2016). It is possible that ions are attached to EPS leaving insufficient 

free ions to form metal precipitates. Assuming the metal precipitates flocculate microalgae 
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better than EPS, then the presence of EPS can harm the flocculation efficiency in pH-induced 

flocculation. 

5-4-2.  Mechanisms of microalgal bioflocculation. 

Many scholars have proposed potential mechanisms for EPS-based bacterial 

bioflocculation, including neutralizing charges, electrostatic patching, sweeping, and bridging 

(Malik et al., 2020). For EPS-assisted microalgal bioflocculation, here we review both collision 

and cationic bridging theories hoping to inform future research about mechanisms of EPS-assisted 

microalgal bioflocculation. 

5-4-2-1. Derjaguin–Landau–Verwey–Overbeek (DLVO) and extended DLVO 

(XDLVO) 

DLVO theory explains the stability of an aqueous colloidal system by considering the 

van der Waals forces and electric double layer forces between molecules (Ohshima, 2012). 

Extended DLVO further includes Lewis acid–base interactions, such as the effect of 

hydrophobicity, in the DLVO theory (Wu et al., 1999). The extended DLVO theory describes 

as follows: 

𝑊𝑡𝑜𝑡 = 𝑊𝐸𝐿 + 𝑊𝑣𝑎𝑛 + 𝑊𝐿𝑊 

For two similarly charged particles, Wtot is the total interaction energy, WEL is an 

approximately exponential curve of the double-layer repulsive interaction, Wvan is an attractive 

force decreasing with distance, and WLw describes the interaction between electron-donors and 

electron-acceptors. The aggregation occurs when the energy barrier is cleared (Lai et al., 2018).  

DLVO theory can quantitatively predict and explain microbial adhesion but is limited 

in describing physico-chemical interactions (Hermansson, 1999). DLVO theory also fails to 

describe biological change, the polymeric entanglement effect, or the cation bridging effect 
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on bioflocculation (Azeredo et al., 1999; Hermansson, 1999; Mikkelsen and Keiding, 2002; 

Sobeck and Higgins, 2002). Therefore, DLVO is useful when physico-chemical interactions 

are dominant in bioflocculation or as a general framework to explain physico-chemical 

interactions along with discussions on other effects. Ndikubwimana et al. (2015) made an 

example in their research to bioflocculate Desmodesmus sp. F51 by the bacterial bioflocculant, 

γ-glutamic acid. They further applied DLVO theory to calculate interaction energy change 

and found charge neutralization and bioflocculant adsorption are primary mechanisms for 

better flocculation at acidic pH.  

5-4-2-2. Polymeric bridging and cationic bridging 

Bridging effects are an important factor for modeling bioflocculation that are not 

described by DLVO theory. EPS in the media can adhere to EPS on the particles and 

polymeric bridging occurs when multiple particles attach onto one polymer (Figure 3) 

(Hocking et al., 1999).  

The other bridging effect is cationic bridging (Figure 3). Multivalent cations in a 

solution can bind to the negatively charged site of EPS and bridge multiple particles together, 

forming large flocs. Besides forming large flocs, cationic bridging can destruct vicinal water 

to improve dewatering efficiency as well. The multivalent cations perform a zipper-like 

condensation by bridging two EPS polymers and eradicate the attached vicinal water in 

between (Pollack, 2001). The impact of divalent cation on sludge settling and dewatering has 

been explored in a series of papers by Higgins and Novak. They concluded that (1) 

monovalent cation to divalent cation ratio matters for settling and dewatering, (2) cations in 

the growth media could bind with biopolymers, mainly proteins, during floc growth to form 

more shear-resistant compact floc, (3) although both divalent cations, calcium and magnesium 
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could impact unequally to settling and dewatering sludges (Higgins and Novak, 1997c, 1997b, 

1997a; Novak et al., 1998; Sobeck and Higgins, 2002). 

          

Figure 5-3. Sketch of polymeric bridging (left) and cationic bridging (right). 

The role of polymeric substances and cations in bridging flocs might be different. 

Wang et al. (2014) proposed that polymeric substances bridge individual microbes to 

microcolonies by entanglement; cations bridge the microcolonies to larger flocs. Thus, it is 

highly possible that both polymeric bridging and cationic bridging play an important role in 

EPS-assisted microalgal bioflocculation. 

5-4-3.  Research gaps in microalgal bioflocculation 

Current studies on microalgal bioflocculation suffer from three critical gaps. First, all the 

studies reviewed to date did not quantify concentrations of proteins and polysaccharides in S-EPS, 

LB-EPS, and TB-EPS. From the discussion in section 2, it is clear that proteins and 

polysaccharides and their locations in EPS greatly affect bioflocculation efficiency. To better 

elucidate the mechanisms and improve bioflocculation efficiency, more detailed information on 

EPS content and concentration needs to be reported.  

Second, the inconsistent documentation of EPS concentrations makes it difficult to 

compare data from different studies. We suggest that in future research, EPS data can be reported 

in weight per dry weight of microalgae. Also, more analyses assessing efficiency should be 
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conducted. For example, measurement of solid compressibility would be helpful. This can be 

evaluated by sludge volume index (SVI), defined as the volume occupied in mL by 1 g of biomass 

after settling, which provides an indication of the general physical properties of the solid (Dick 

and Vesilind, 1969).  

Third, there needs to be increased focus on the bioflocculation of marine microalga. Guo 

et al. (2013) and Chen et al. (2020) both found that compared to freshwater microalgae, marine 

microalgae flocculate more poorly. It is possible that the high salinity and ionic strength in 

seawater lead EPS to function differently. With the increasing interest in marine microalgae, 

understanding bioflocculation of marine microalga is necessary. Some preliminary results show 

the promise of using bacteria to flocculate marine microalgae. Studies like Liu et al. (2015) found 

the salt-tolerant stain Bacillus agaradhaerens C9 to have good flocculating ability, while Wan et 

al. (2013a) showed Solibacillus silvestris W01 from activated sludge could flocculate the marine 

microalga Nannochloropsis oceanica. 

5-5. Factors affecting the production of EPS 

5-5-1. Microalgal EPS 

Factors that affect production of microalgal EPS include: the concentrations of nutrients 

and ions in the media, conditions of cultivation, and growth phase of microalgae.  

The nitrogen concentration, nitrogen to phosphorus ratio, salinity, and concentrations of 

heavy metals (Chen et al., 2015; Soriano-Jerez et al., 2020; M. Wang et al., 2014) have shown 

effects on the microalgal EPS production. Wang et al. (2014) found that compared to low nitrogen 

wastewater, high nitrogen wastewater as a nutrient source allowed freshwater microalgae, 

Chlorella sp. and Micractinium sp. to produce more extracellular proteins. A more recent study 
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(Soriano-Jerez et al., 2020) highlights that at a fixed nitrogen concentration, Nannochloropsis 

gaditana produced more extracellular proteins at a higher phosphorus concentration (molar ratio 

N/P < 15). Furthermore, increased salinity (0.5 M NaCl to 5 M NaCl) and some heavy metals like 

cadmium (Cd) both elevate overall EPS concentration (Chen et al., 2015; Mishra and Jha, 2009).  

The physical conditions of cultivation also impact the production of microalgal EPS. CO2 

concentration and temperature significantly change the concentrations of both EPS-proteins and 

EPS-polysaccharides (Li et al., 2016). Higher light intensities (330 versus 70 PPFD) and more 

acidic pH (4.5 versus 6) induce EPS-polysaccharides production (Ekelhof and Melkonian, 2017). 

Lastly, Salim et al. (2013) suggested that in stationary growth phase, the protein proportion 

of EPS of Ettlia texensis increased. More recently, Nguyen et al. (2020) showed that the production 

of microalgal EPS was unaltered regardless of the inoculating concentration of microalgae. Thus, 

the growth phase but not the initial concentration of microalgae matters in EPS production.  

It appears that there are more studies that have evaluated production of extracellular 

polysaccharides than extracellular proteins of microalgae. This may be because the application of 

extracellular polysaccharides in the food and pharmaceutical industry is popular (Delattre et al., 

2016), and the technique of extracting extracellular proteins or TB-EPS is not well developed. The 

use of immature techniques could potentially lead to biased conclusions. For example, Halaj et al. 

(2018) extracted EPS of 17 microalgal species without additional physical or chemical methods to 

separate TB-EPS from the cells. They found, in these 17 microalgal species, protein proportions 

from 0-16% which is much lower than that of polysaccharides, 1-88%. The surprisingly low 

protein proportion could be due to overlooking TB-EPS, where most extracellular proteins are. To 

optimize the extraction of microalgal EPS, studying more microalgal strains, identifying influential 

factors, and developing proper extraction methods should be explored.     
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5-5-2.  Bacterial EPS 

The production of bacterial EPS is affected by genotype, physical (pH, temperature, 

agitation speed), chemical (carbon and nitrogen source, carbon to nitrogen ratio, mineral 

concentration), and biological (growth phase, axenic or xenic culture) conditions (More et al., 2014; 

Salehizadeh and Shojaosadati, 2001; Sheng et al., 2010). The degree to which these factors affect 

bacteria is species-specific, and More et al. (2014) has detailed how various factors affect EPS 

production among different bacterial species. Various Bacillus spp. have been studied as 

bioflocculant (Deng et al., 2003; Okaiyeto et al., 2015) and have been used in microalgal 

flocculation (Liu et al., 2015; Ndikubwimana et al., 2014; Powell and Hill, 2013). Other species 

are worth investigating, particularly those that can recycle nutrients from wastewater to save cost, 

such as Rhodococcus spp., Saccharomycete spp., and Achromobacter spp. (Batta et al., 2013; 

Cheng et al., 2004; J. Guo et al., 2013). 

5-6. Extraction of microalgal EPS  

To extract EPS, harvesting cells effectively, keeping cells intact, and maintaining cell 

structure original are important. Centrifugation plus physical stirring (Salim et al., 2013), heat 

treatment (Lv et al., 2018), enzyme treatment (Alam et al., 2014), or acid treatment (Yang et al., 

2020) have been applied to extract S-EPS and bound EPS. These methods are adapted from EPS 

extraction from sludge (Liu and Fang, 2002). However, depending on the characteristics of the 

species and EPS components, the extraction method should be individualized (Sheng et al., 2010).  

Few papers have discussed the effect of different methods on microalgal EPS extraction, 

and some have incompatible results. Lv et al. (2019) compared heating, cation exchange resin 

(CER), ethylenediaminetetraacetic acid (EDTA), acid treatment, and alkaline treatment methods 
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on the extraction of bound EPS of Neocystis mucosa SX. They found CER and heating methods 

are good for qualitative and quantitative purposes, and EDTA and acid treatment methods can be 

used for qualitative purposes. However, alkaline treatment was considered inappropriate to extract 

microalgal EPS (Lv et al., 2019). Conversely, Chu et al. (2015) found that both alkaline and heating 

methods are appropriate for extracting bound EPS from Chlorella pyrenoidosa. These conflicting 

results further show that the extraction methods for microalgal EPS are species-dependent and 

should be tested and optimized individually.  

Additionally, extraction of sludge EPS focus on bacterial EPS from municipal wastewater 

sludge (Liu and Fang, 2002; McSwain et al., 2005). The characteristics of wastewater bacteria are 

fundamentally different than those of microalgae and especially marine microalgae. For example, 

research on Dunaliella species is popular (Hejazi et al., 2004; Lai et al., 2019) but Dunaliella 

(marine species without a cell wall) are quite different from wastewater bacteria (freshwater 

species with cell walls). Extracting cell-wall less Dunaliella species would be extra challenging 

because the many vigorous steps used in extracting bacterial EPS can break their cell membranes. 

In one attempt at extraction, Mishra et al. (2009) applied 15,000 × g force to extract EPS for 

characterization from Dunaliella salina. It is likely, unfortunately, that the high g force already 

broke the cell membranes; Xu et al. (2015) showed that ~50% of the Dunaliella salina cells lysed 

when the centrifugal force was 15,000 × g. 
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5-7. Conclusions and future outlook 

In this paper, we reviewed the state of knowledge in bioflocculation of biosolids, 

bioflocculation of microalgae, extraction of microalgal EPS, and potential mechanisms of 

microalgal bioflocculation. We found the knowledge established from bioflocculation of sludge 

can help advance the field of microalgal bioflocculation. 

Bioflocculation and dewatering aim to remove bulk water and bound water respectively. 

EPS are critical in floc formation but have different impacts on bioflocculation and dewatering. 

TB-EPS, LB-EPS, and S-EPS have different amounts of proteins and polysaccharides and TB-

EPS with high protein proportions play a critical role in proper bioflocculation. The concentrations 

of cations can bridge EPS on particles and improve bioflocculation efficiency. To continue moving 

the field of microalgal bioflocculation forward, future research should: 

1. Quantify proteins and polysaccharides in TB-EPS, LB-EPS, and S-EPS. 

2. Establish protocols to extract and quantify TB-EPS, LB-EPS, and S-EPS for various types 

of microalgal cells, including marine cells, freshwater cells, and cells with and without a 

cell wall. 

3. Evaluate the metal affinity and kinetics test in TB-EPS, LB-EPS, and S-EPS, as well as 

evaluate the effects of the ratio of monovalent to divalent cations and their individual 

concentrations. 

4. Evaluate water content and SVI of microalgal concentrate after bioflocculation. 

5. Develop an understanding of the effect of the structure of proteins and polysaccharides on 

bioflocculation. For example, matrix assisted laser desorption ionization-time of flight 

mass spectrometry (MALDI-TOF) can assist in analyzing the structure of the polymers. 
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6. Explore co-culture systems such as microalgae-microalgae, microalgae-bacteria, 

microalgae-fungi, microalgae-protozoa. Quorum sensing should be evaluated in these co-

culture systems.  

7. Establish microalgal bioflocculation modeling to assist in unravelling mechanisms.  

 

 

 



121 

 

5-8. References 

Alam, M.A., Vandamme, D., Chun, W., Zhao, X., Foubert, I., Wang, Z., Muylaert, K., Yuan, Z., 

2016. Bioflocculation as an innovative harvesting strategy for microalgae. Reviews in 

Environmental Science and Biotechnology 15(4), 573-583. https://doi.org/10.1007/s11157-

016-9408-8 

Alam, M.A., Wan, C., Guo, S.-L., Zhao, X.-Q., Huang, Z.-Y., Yang, Y.-L., Chang, J.-S., Bai, F.-

W., 2014. Characterization of the flocculating agent from the spontaneously flocculating 

microalga Chlorella vulgaris JSC-7. Journal of Bioscience and Bioengineering 118, 29–33. 

https://doi.org/10.1016/j.jbiosc.2013.12.021 

Aljuboori, A.H.R., Uemura, Y., Thanh, N.T., 2016. Flocculation and mechanism of self-

flocculating lipid producer microalga Scenedesmus quadricauda for biomass harvesting. 

Biomass and Bioenergy 93, 38–42. https://doi.org/10.1016/j.biombioe.2016.06.013 

Alleman, J.E., Prakasam, T.B.S., 1983. Reflections on seven decades of activated sludge history. 

Journal (Water Pollution Control Federation) 55(5), 436–443. 

http://www.jstor.org/stable/25041901. 

Andreoli, C.V., Von Sperling, M., Fernandes, F., Ronteltap, M., 2007. Sludge Treatment and 

Disposal. IWA Publishing. https://doi.org/10.1142/9781848160798_0015 

Azami, H., Sarrafzadeh, M.H., Mehrnia, M.R., 2012. Soluble microbial products (SMPs) release 

in activated sludge systems: a review. Iranian Journal of Environmental Health Science & 

Engineering 9, 30. https://doi.org/10.1186/1735-2746-9-30 

Azeredo, J., Visser, J., Oliveira, R., 1999. Exopolymers in bacterial adhesion: interpretation in 

terms of DLVO and XDLVO theories. Colloids and Surfaces B: Biointerfaces 14, 141–148. 

https://doi.org/10.1016/S0927-7765(99)00031-4 

Barros, A.I., Gonçalves, A.L., Simoes, M., Pires, J.C.M., 2015. Harvesting techniques applied to 

microalgae: A review. Renewable & Sustainable Energy Reviews 41, 1489–1500. 

https://doi.org/10.1016/j.rser.2014.09.037 

Basuvaraj, M., Fein, J., Liss, S.N., 2015. Protein and polysaccharide content of tightly and loosely 

bound extracellular polymeric substances and the development of a granular activated sludge 

floc. Water Research 82, 104–117. https://doi.org/10.1016/j.watres.2015.05.014 



122 

 

Batta, N., Subudhi, S., Lal, B., Devi, A., 2013. Isolation of a lead tolerant novel bacterial species, 

Achromobacter sp. TL-3: Assessment of bioflocculant activity. Indian Journal of 

Experimental Biology 51, 1004–1011. 

Berde, M., Jolis, D., 2021. Effect of saltwater intrusion on activated sludge flocculation. Water 

Environment Research 93(5), 750–761. https://doi.org/10.1002/wer.1455 

Beuckels, A., Depraetere, O., Vandamme, D., Foubert, I., Smolders, E., Muylaert, K., 2013. 

Influence of organic matter on flocculation of Chlorella vulgaris by calcium phosphate 

precipitation. Biomass and Bioenergy 54, 107–114. 

https://doi.org/10.1016/j.biombioe.2013.03.027 

Branyikova, I., Filipenska, M., Urbanova, K., Ruzicka, M.C., Pivokonsky, M., Branyik, T., 2018. 

Physicochemical approach to alkaline flocculation of Chlorella vulgaris induced by calcium 

phosphate precipitates. Colloids and Surfaces B: Biointerfaces 166, 54–60. 

https://doi.org/10.1016/j.colsurfb.2018.03.007 

Cao, X., Harris, W., 2008. Carbonate and magnesium interactive effect on calcium phosphate 

precipitation. Environmental Science & Technology 42, 436–442. 

https://doi.org/10.1021/es0716709 

Cetin, S., Erdincler, A., 2004. The role of carbohydrate and protein parts of extracellular polymeric 

substances on the dewaterability of biological sludges. Water Science and Technology 50, 49–

56. https://doi.org/10.2166/wst.2004.0532 

Chen, B., Li, F., Liu, N., Ge, F., Xiao, H., Yang, Y., 2015. Role of extracellular polymeric 

substances from Chlorella vulgaris in the removal of ammonium and orthophosphate under 

the stress of cadmium. Bioresource Technology 190, 299–306. 

https://doi.org/10.1016/j.biortech.2015.04.080 

Chen, Z., Shao, S., He, Y., Luo, Q., Zheng, M., Zheng, M., Chen, B., Wang, M., 2020. Nutrients 

removal from piggery wastewater coupled to lipid production by a newly isolated self-

flocculating microalga Desmodesmus sp. PW1. Bioresource Technology 302, 122806. 

https://doi.org/10.1016/j.biortech.2020.122806 

Cheng, J.-p., Zhang, L.-y., Wang, W.-h., Yang, Y.-c., Zheng, M., Ju, S.-w., 2004. Screening of 

flocculant-producing microorganisms and flocculating activity. Journal of Environmental 

Sciences 16, 894–897. 



123 

 

Cho, K., Hur, S.-P., Lee, C.-H., Ko, K., Lee, Y.-J., Kim, K.-N., Kim, M.-S., Chung, Y.-H., Kim, 

D., Oda, T., 2016. Bioflocculation of the oceanic microalga Dunaliella salina by the bloom-

forming dinoflagellate Heterocapsa circularisquama, and its effect on biodiesel properties of 

the biomass. Bioresource Technology 202, 257–261. 

https://doi.org/10.1016/j.biortech.2015.12.047 

Chu, H., Yu, H., Tan, X., Zhang, Y., Zhou, X., Yang, L., Li, D., 2015. Extraction procedure 

optimization and the characteristics of dissolved extracellular organic matter (dEOM) and 

bound extracellular organic matter (bEOM) from Chlorella pyrenoidosa. Colloids and 

Surfaces B: Biointerfaces 125, 238–246. https://doi.org/10.1016/j.colsurfb.2014.08.007 

Delattre, C., Pierre, G., Laroche, C., Michaud, P., 2016. Production, extraction and characterization 

of microalgal and cyanobacterial exopolysaccharides. Biotechnology Advances 34, 1159–

1179https://doi.org/10.1016/j.biotechadv.2016.08.001 

Deng, S.B., Bai, R.B., Hu, X.M., Luo, Q., 2003. Characteristics of a bioflocculant produced by 

Bacillus mucilaginosus and its use in starch wastewater treatment. Applied Microbiology and 

Biotechnology 60, 588–593. https://doi.org/10.1007/s00253-002-1159-5 

Díaz-Santos, E., Vila, M., de la Vega, M., León, R., Vigara, J., 2015. Study of bioflocculation 

induced by Saccharomyces bayanus var. uvarum and flocculating protein factors in 

microalgae. Algal Research 8, 23–29. https://doi.org/10.1016/j.algal.2014.12.013 

Ekelhof, A., Melkonian, M., 2017. Enhanced extracellular polysaccharide production and growth 

by microalga Netrium digitus in a porous substrate bioreactor. Algal Research 28, 184–191. 

https://doi.org/10.1016/j.algal.2017.11.003 

Flemming, H.-C., Wingender, J., 2010. The biofilm matrix. Nature Reviews Microbiology 8, 623–

633. https://doi.org/10.1038/nrmicro2415 

Flemming, H.-C., Wingender, J., 2001a. Relevance of microbial extracellular polymeric 

substances (EPS) - Part II: Technical aspcets. Water Science and Technology 43, 9–16. 

https://doi.org/10.2166/wst.2001.0328 

Flemming, H.-C., Wingender, J., 2001b. Relevance of microbial extracellular polymeric 

substances (EPS) - Part I: Structural and ecological aspects. Water Science and Technology 

43, 1–8. https://doi.org/10.2166/wst.2001.0326 



124 

 

Forján, E., Navarro, F., Cuaresma, M., Vaquero, I., Ruíz-Domínguez, M.C., Gojkovic, Ž., Vázquez, 

M., Márquez, M., Mogedas, B., Bermejo, E., Girlich, S., Domínguez, M.J., Vílchez, C., Vega, 

J.M., Garbayo, I., 2015. Microalgae: Fast-Growth Sustainable Green Factories. Crit. Rev. 

Environmental Science & Technology 45, 1705–1755. 

https://doi.org/10.1080/10643389.2014.966426 

García-Pérez, J.S., Beuckels, A., Vandamme, D., Depraetere, O., Foubert, I., Parra, R., Muylaert, 

K., 2014. Influence of magnesium concentration, biomass concentration and pH on 

flocculation of Chlorella vulgaris. Algal Research 3, 24–29. 

https://doi.org/10.1016/j.algal.2013.11.016 

Guo, J., Yang, C., Zeng, G., 2013. Treatment of swine wastewater using chemically modified 

zeolite and bioflocculant from activated sludge. Bioresource Technology 143, 289–297. 

https://doi.org/10.1016/j.biortech.2013.06.003 

Guo, S.-L., Zhao, X.-Q., Wan, C., Huang, Z.-Y., Yang, Y.-L., Alam, M.A., Ho, S.-H., Bai, F.-W., 

Chang, J.-S., 2013. Characterization of flocculating agent from the self-flocculating microalga 

Scenedesmus obliquus AS-6-1 for efficient biomass harvest. Bioresource Technology 145, 

285–289. https://doi.org/10.1016/j.biortech.2013.01.120 

Guo, X., Wang, X., Liu, J., 2016. Composition analysis of fractions of extracellular polymeric 

substances from an activated sludge culture and identification of dominant forces affecting 

microbial aggregation. Scientific Reports 6, 1-9. https://doi.org/10.1038/srep28391 

Halaj, M., Chválová, B., Cepák, V., Lukavský, J., Capek, P., 2018. Searching for microalgal 

species producing extracellular biopolymers. Chemical Papers 72, 2673–2678. 

https://doi.org/10.1007/s11696-018-0517-4 

Hejazi, M. a, Holwerda, E., Wijffels, R.H., 2004. Milking microalga Dunaliella salina for β-

carotene production in two-phase bioreactors. Biotechnology and Bioengineering 85, 475–81. 

https://doi.org/10.1002/bit.10914 

Hermansson, M., 1999. The DLVO theory in microbial adhesion. Colloids and Surfaces B: 

Biointerfaces 14, 105–119. https://doi.org/10.1016/S0927-7765(99)00029-6 

Higgins, M.J., Novak, J.T., 1997a. The effect of cations on the settling and dewatering of activated 

sludges: Laboratory results. Water Environment Research 69, 215–224. 

https://doi.org/10.2175/106143097x125371 



125 

 

Higgins, M.J., Novak, J.T., 1997b. Characterization of exocellular protein and its role in 

bioflocculation. Journal of Environmental Engineering 123, 479–485. 

https://doi.org/10.1061/(ASCE)0733-9372(1997)123:5(479) 

Higgins, M.J., Novak, J.T., 1997c. Dewatering and settling of activated sludges: The case for using 

cation analysis. Water Environment Research 69, 225–232. 

https://doi.org/10.2175/106143097x125380 

Hocking, M.B., Klimchuk, K.A., Lowen, S., 1999. Polymeric flocculants and flocculation. J. 

Macromol. Sci. - Rev. Macromol. Chem. Phys. C39, 177–203. https://doi.org/10.1081/mc-

100101419 

Hou, X., Liu, S., Zhang, Z., 2015. Role of extracellular polymeric substance in determining the 

high aggregation ability of anammox sludge. Water Research 75, 51–62. 

https://doi.org/10.1016/j.watres.2015.02.031 

Houghton, J.I., Quarmby, J., Stephenson, T., 2001. Municipal wastewater sludge dewaterability 

and the presence of microbial extracellular polymer. Water Science and Technology 44, 373–

379. https://doi.org/10.2166/wst.2001.0792 

Jakob, G., Stephens, E., Feller, R., Oey, M., Hankamer, B., Ross, I.L., 2016. Triggered exocytosis 

of the protozoan Tetrahymena as a source of bioflocculation and a controllable dewatering 

method for efficient harvest of microalgal cultures. Algal Research 13, 148–158. 

https://doi.org/10.1016/j.algal.2015.11.011 

Jorand, F., Boué-Bigne, F., Block, J.C., Urbain, V., 1998. Hydrophobic/hydrophilic properties of 

activated sludge exopolymeric substances. Water Science and Technology 

https://doi.org/10.1016/S0273-1223(98)00123-1 

Kara, F., Gurakan, G.C., Sanin, F.D., 2008. Monovalent cations and their influence on activated 

sludge floc chemistry, structure, and physical characteristics. Biotechnology and 

Bioengineering 100, 231–239. https://doi.org/10.1002/bit.21755 

Khan, M.I., Shin, J.H., Kim, J.D., 2018. The promising future of microalgae: current status, 

challenges, and optimization of a sustainable and renewable industry for biofuels, feed, and 

other products. Microbial Cell Factories 17. https://doi.org/10.1186/s12934-018-0879-x 



126 

 

Lai, H., Fang, H., Huang, L., He, G., Reible, D., 2018. A review on sediment bioflocculation: 

Dynamics, influencing factors and modeling. Science of the Total Environment 642, 1184–

1200. https://doi.org/10.1016/j.scitotenv.2018.06.101 

Lai, Y.-C., Karam, A.L., Sederoff, H.W., Ducoste, J.J., de los Reyes, F.L., 2019. Relating nitrogen 

concentration and light intensity to the growth and lipid accumulation of Dunaliella viridis in 

a photobioreactor. Journal of Applied Phycology  31, 3397–3409. 

https://doi.org/10.1007/s10811-019-01897-4 

Lei, X., Chen, Y., Shao, Z., Chen, Z., Li, Y., Zhu, H., Zhang, J., Zheng, W., Zheng, T., 2015. 

Effective harvesting of the microalgae Chlorella vulgaris via flocculation-flotation with 

bioflocculant. Bioresource Technology 198, 922–925. 

https://doi.org/10.1016/j.biortech.2015.08.095 

Leite, L. de S., Daniel, L.A., Pivokonsky, M., Novotna, K., Branyikova, I., Branyik, T., 2019. 

Interference of model wastewater components with flocculation of Chlorella sorokiniana 

induced by calcium phosphate precipitates. Bioresource Technology 286. 

https://doi.org/10.1016/j.biortech.2019.121352 

Li, H., Wen, Y., Cao, A., Huang, J., Zhou, Q., Somasundaran, P., 2012. The influence of additives 

(Ca2+, Al3+, and Fe3+) on the interaction energy and loosely bound extracellular polymeric 

substances (EPS) of activated sludge and their flocculation mechanisms. Bioresource 

Technology 114, 188–194. https://doi.org/10.1016/j.biortech.2012.03.043 

Li, W., Xu, X., Fujibayashi, M., Niu, Q., Tanaka, N., Nishimura, O., 2016. Response of microalgae 

to elevated CO2 and temperature: impact of climate change on freshwater ecosystems. 

Environmental Science and Pollution Research 23, 19847–19860. 

https://doi.org/10.1007/s11356-016-7180-5 

Li, X.Y., Yang, S.F., 2007. Influence of loosely bound extracellular polymeric substances (EPS) 

on the flocculation, sedimentation and dewaterability of activated sludge. Water Research 41, 

1022–1030. https://doi.org/10.1016/j.watres.2006.06.037 

Li, Y., Xu, Y., Liu, L., Jiang, X., Zhang, K., Zheng, T., Wang, H., 2016. First evidence of 

bioflocculant from Shinella albus with flocculation activity on harvesting of Chlorella 

vulgaris biomass. Bioresource Technology 218, 807–815. 

https://doi.org/10.1016/j.biortech.2016.07.034 



127 

 

Liu, C., Wang, K., Jiang, J.-H., Liu, W.-J., Wang, J.-Y., 2015. A novel bioflocculant produced by 

a salt-tolerant, alkaliphilic and biofilm-forming strain Bacillus agaradhaerens C9 and its 

application in harvesting Chlorella minutissima UTEX2341. Biochemical Engineering 

Journal 93, 166–172. https://doi.org/10.1016/j.bej.2014.10.006 

Liu, H., Fang, H.H.P., 2002. Extraction of extracellular polymeric substances (EPS) of sludges. 

Journal of Biotechnology 95, 249–256. https://doi.org/10.1016/S0168-1656(02)00025-1 

Liu, X.-M., Sheng, G.-P., Luo, H.-W., Zhang, F., Yuan, S.-J., Xu, J., Zeng, R.J., Wu, J.-G., Yu, 

H.-Q., 2010. Contribution of extracellular polymeric substances (EPS) to the sludge 

aggregation. Environmental Science & Technology 44, 4355–4360. 

https://doi.org/10.1021/es9016766 

Lv, J., Wang, X., Liu, W., Feng, J., Liu, Q., Nan, F., Jiao, X., Xie, S., 2018. The performance of a 

self-flocculating microalga Chlorococcum sp. GD in wastewater with different ammonia 

concentrations. International Journal of Environmental Research and Public Health 15, 1–

13. https://doi.org/10.3390/ijerph15030434 

Lv, J., Zhao, F., Feng, J., Liu, Q., Nan, F., Xie, S., 2019. Extraction of extracellular polymeric 

substances (EPS) from a newly isolated self-flocculating microalga Neocystis mucosa SX 

with different methods. Algal Research 40, 101479. 

https://doi.org/10.1016/j.algal.2019.101479 

Malik, S., Khan, F., Atta, Z., Habib, N., Haider, M.N., Wang, N., Alam, M.A., Jambi, E.J., Gull, 

M., Mehmood, M.A., Zhu, H., 2020. Microalgal flocculation: Global research progress and 

prospects for algal biorefinery. Biotechnology and Applied Biochemistry 67, 52–60. 

https://doi.org/10.1002/bab.1828 

McSwain, B.S., Irvine, R.L., Hausner, M., Wilderer, P.A., 2005. Composition and distribution of 

extracellular polymeric substances in aerobic flocs and granular sludge. Applied and 

Environmental Microbiology 71, 1051–1057. https://doi.org/10.1128/AEM.71.2.1051-

1057.2005 

Mikkelsen, L.H., Keiding, K., 2002. Physico-chemical characteristics of full scale sewage sludges 

with implications to dewatering. Water Research 36, 2451–2462. 

https://doi.org/10.1016/S0043-1354(01)00477-8 



128 

 

Mishra, A., Jha, B., 2009. Isolation and characterization of extracellular polymeric substances from 

micro-algae Dunaliella salina under salt stress. Bioresource Technology 100, 3382–3386. 

https://doi.org/10.1016/j.biortech.2009.02.006 

Mixson, S.M., Stikeleather, L.F., Simmons, O.D., Wilson, C.W., Burkholder, J.M., 2014. pH-

induced flocculation, indirect electrocoagulation, and hollow fiber filtration techniques for 

harvesting the saltwater microalga Dunaliella. Journal of Applied Phycology  26, 1701–1709. 

https://doi.org/10.1007/s10811-013-0232-z 

More, T.T., Yadav, J.S.S., Yan, S., Tyagi, R.D., Surampalli, R.Y., 2014. Extracellular polymeric 

substances of bacteria and their potential environmental applications. Journal of 

Environmental Management 144, 1–25. https://doi.org/10.1016/j.jenvman.2014.05.010 

Ndikubwimana, T., Zeng, X., He, N., Xiao, Z., Xie, Y., Chang, J.-S., Lin, L., Lu, Y., 2015. 

Microalgae biomass harvesting by bioflocculation-interpretation by classical DLVO theory. 

Biochemical Engineering Journal 101, 160–167. https://doi.org/10.1016/j.bej.2015.05.010 

Ndikubwimana, T., Zeng, X., Liu, Y., Chang, J.-S., Lu, Y., 2014. Harvesting of microalgae 

Desmodesmus sp. F51 by bioflocculation with bacterial bioflocculant. Algal Research 6, 186–

193. https://doi.org/10.1016/j.algal.2014.09.004 

Neyens, E., Baeyens, J., Dewil, R., De heyder, B., 2004. Advanced sludge treatment affects 

extracellular polymeric substances to improve activated sludge dewatering. Journal of 

Hazardous Materials 106B, 83–92. https://doi.org/10.1016/j.jhazmat.2003.11.014 

Nguyen, T.D.P., Le, T.V.A., Show, P.L., Nguyen, T.T., Tran, M.H., Tran, T.N.T., Lee, S.Y., 2019. 

Bioflocculation formation of microalgae-bacteria in enhancing microalgae harvesting and 

nutrient removal from wastewater effluent. Bioresource Technology 272, 34–39. 

https://doi.org/10.1016/j.biortech.2018.09.146 

Nguyen, T.D.P., Vo, C.T., Nguyen-Sy, T., Tran, T.N.T., Le, T.V.A., Chiu, C.-Y., Sankaran, R., 

Show, P.L., 2020. Utilization of microalgae for self-regulation of extracellular polymeric 

substance production. Biochemical Engineering Journal 159, 107616. 

https://doi.org/10.1016/j.bej.2020.107616 

Nouha, K., Kumar, R.S., Balasubramanian, S., Tyagi, R.D., 2018. Critical review of EPS 

production, synthesis and composition for sludge flocculation. Journal of Environmental 

Sciences 66, 225–245. https://doi.org/10.1016/j.jes.2017.05.020 



129 

 

Novak, J.T., Love, N.G., Smith, M.L., Wheeler, E.R., 1998. The effect of cationic salt addition on 

the settling and dewatering properties of an industrial activated sludge. Water Environment 

Research 70, 984–996. https://doi.org/10.2175/106143098x123318 

Novak, J.T., Muller, C.D., Murthy, S.N., 2001. Floc structure and the role of cations. Water Science 

and Technology 44, 209–213. https://doi.org/10.2166/wst.2001.0622 

Ohshima, H., 2012. The Derjaguin-Landau-Verwey-Overbeek (DLVO) Theory of Colloid 

Stability, in: Electrical Phenomena at Interfaces and Biointerfaces: Fundamentals and 

Applications in Nano-, Bio-, and Environmental Sciences. John Wiley & Sons, Inc., Hoboken, 

NJ, USA, pp. 27–34. https://doi.org/10.1002/9781118135440.ch3 

Okaiyeto, K., Nwodo, U.U., Mabinya, L. V., Okoh, A.I., 2015. Bacillus toyonensis strain 

AEMREG6, a bacterium isolated from South African marine environment sediment samples 

produces a glycoprotein bioflocculant. Molecules 20, 5239–5259. 

https://doi.org/10.3390/molecules20035239 

Oleszkiewicz, J.A., Mavinic, D.S., 2001. Wastewater biosolids: An overview of processing, 

treatment, and management. Canadian Journal of Civil Engineering 28, 102–114. 

https://doi.org/10.1139/cjce-28-s1-102 

Ontario, M., 2008. Design guidelines for sewage works. Ontario Minist. Environ. 

Pérez, L., Salgueiro, J.L., Maceiras, R., Cancela, Á., Sánchez, Á., 2017. An effective method for 

harvesting of marine microalgae: pH induced flocculation. Biomass and Bioenergy 97, 20–

26. https://doi.org/10.1016/j.biombioe.2016.12.010 

Phasey, J., Vandamme, D., Fallowfield, H.J., 2017. Harvesting of algae in municipal wastewater 

treatment by calcium phosphate precipitation mediated by photosynthesis, sodium hydroxide 

and lime. Algal Research 27, 115–120. https://doi.org/10.1016/j.algal.2017.06.015 

Pollack, G.H., 2001. Cells, gels and the engines of life : a new, unifying approach to cell function. 

Seattle, WA : Ebner & Sons, Seattle, WA. 

Powell, R.J., Hill, R.T., 2014. Mechanism of algal aggregation by Bacillus sp. strain RP1137. 

Applied and Environmental Microbiology 80, 4042–4050. 

https://doi.org/10.1128/AEM.00887-14 



130 

 

Powell, R.J., Hill, R.T., 2013. Rapid aggregation of biofuel-producing algae by the Bacterium 

Bacillus sp. strain RP1137. Applied and Environmental Microbiology 79, 6093–6101. 

https://doi.org/10.1128/AEM.01496-13 

Rashid, N., Nayak, M., Suh, W.I., Lee, B., Chang, Y.-K., 2019. Efficient microalgae removal from 

aqueous medium through auto-flocculation: investigating growth-dependent role of organic 

matter. Environmental Science and Pollution Research 26, 27396–27406. 

https://doi.org/10.1007/s11356-019-05904-6 

Raszka, A., Chorvatova, M., Wanner, J., 2006. The role and significance of extracellular polymers 

in activated sludge. Part I: Literature review. Acta Hydrochim. Hydrobiologia 34, 411–424. 

https://doi.org/10.1002/aheh.200500640 

Salehizadeh, H., Shojaosadati, S.A., 2001. Extracellular biopolymeric flocculants: Recent trends 

and biotechnological importance. Biotechnology Advances 19, 371–385. 

https://doi.org/10.1016/S0734-9750(01)00071-4 

Salim, S, Kosterink, N.R., Tchetkoua, N.D., Vermuë, M.H., Wijffels, R.H., 2014. Mechanism 

behind autoflocculation of unicellular green microalgae Ettlia texensis. Journal of 

Biotechnology 174, 34–38. https://doi.org/10.1016/j.jbiotec.2014.01.026 

Salim, S., Kosterink, N.R., Tchetkoua Wacka, N.D., Vermuë, M.H., Wijffels, R.H., 2014. 

Mechanism behind autoflocculation of unicellular green microalgae Ettlia texensis. Journal 

of Biotechnology 174, 34–38. https://doi.org/10.1016/j.jbiotec.2014.01.026 

Salim, S., Shi, Z., Vermuë, M.H., Wijffels, R.H., 2013. Effect of growth phase on harvesting 

characteristics, autoflocculation and lipid content of Ettlia texensis for microalgal biodiesel 

production. Bioresource Technology 138, 214–221. 

https://doi.org/10.1016/j.biortech.2013.03.173 

Sanin, D., Vesilind, P.A., 2000. Bioflocculation of activated sludge: The role of calcium ions and 

extracellular polymers. Environmental Technology 21, 1405–1412. 

https://doi.org/10.1080/09593332208618170 

Seviour, R., Nielsen, P.H., 2010. Microbial ecology of activated sludge. IWA publishing. 

Sheng, G.-P., Yu, H.-Q., Li, X.-Y., 2010. Extracellular polymeric substances (EPS) of microbial 

aggregates in biological wastewater treatment systems: A review. Biotechnology Advances 

28(6), 822-894. https://doi.org/10.1016/j.biotechadv.2010.08.001 



131 

 

Singh, G., Patidar, S.K., 2018. Microalgae harvesting techniques: A review. Journal of 

Environmental Management 217, 499–508. https://doi.org/10.1016/j.jenvman.2018.04.010 

Sobeck, D.C., Higgins, M.J., 2002. Examination of three theories for mechanisms of cation-

induced bioflocculation. Water Research 36, 527–538. https://doi.org/10.1016/S0043-

1354(01)00254-8 

Soriano-Jerez, Y., López-Rosales, L., Cerón-García, M.C., Sánchez-Mirón, A., Gallardo-

Rodríguez, J.J., García-Camacho, F., Molina-Grima, E., 2020. Long-term biofouling 

formation mediated by extracellular proteins in Nannochloropsis gaditana microalga cultures 

at different medium N/P ratios. Biotechnology and Bioengineering 1152–1165. 

https://doi.org/10.1002/bit.27632 

Sukenik, A., Shelef, G., 1984. Algal autoflocculation—verification and proposed mechanism. 

Biotechnology and Bioengineering 26, 142–147. https://doi.org/10.1002/bit.260260206 

Ummalyma, S.B., Gnansounou, E., Sukumaran, R.K., Sindhu, R., Pandey, A., Sahoo, D., 2017. 

Bioflocculation: An alternative strategy for harvesting of microalgae – An overview. 

Bioresource Technology 242, 227–235. https://doi.org/10.1016/j.biortech.2017.02.097 

Urbain, V., Block, J.C., Manem, J., 1993. Bioflocculation in activated sludge: an analytic approach. 

Water Research 27, 829–838. 

Vandamme, D., Beuckels, A., Vadelius, E., Depraetere, O., Noppe, W., Dutta, A., Foubert, I., 

Laurens, L., Muylaert, K., 2016. Inhibition of alkaline flocculation by algal organic matter for 

Chlorella vulgaris. Water Research 88, 301–307. 

https://doi.org/10.1016/j.watres.2015.10.032 

Vandamme, D., Foubert, I., Fraeye, I., Meesschaert, B., Muylaert, K., 2012. Flocculation of 

Chlorella vulgaris induced by high pH: Role of magnesium and calcium and practical 

implications. Bioresource Technology 105, 114–119. 

https://doi.org/10.1016/j.biortech.2011.11.105 

Vandamme, D., Pohl, P.I., Beuckels, A., Foubert, I., Brady, P. V., Hewson, J.C., Muylaert, K., 

2015. Alkaline flocculation of Phaeodactylum tricornutum induced by brucite and calcite. 

Bioresource Technology 196, 656–661. https://doi.org/10.1016/j.biortech.2015.08.042 

Vaxelaire, J., Cézac, P., 2004. Moisture distribution in activated sludges: A review. Water 

Research 38, 2215–2230. https://doi.org/10.1016/j.watres.2004.02.021 



132 

 

Vogelaar, J.C.T., De Keizer, A., Spijker, S., Lettinga, G., 2005. Bioflocculation of mesophilic and 

thermophilic activated sludge. Water Research 39, 37–46. 

https://doi.org/10.1016/j.watres.2004.07.027 

Vu, C.H.T., Chun, S.-J., Seo, S.-H., Cui, Y., Ahn, C.-Y., Oh, H.-M., 2019. Bacterial community 

enhances flocculation efficiency of Ettlia sp. by altering extracellular polymeric substances 

profile. Bioresource Technology 281, 56–65. https://doi.org/10.1016/j.biortech.2019.02.062 

Wan, C., Zhao, X.-Q., Guo, S.-L., Alam, M.A. , Bai, F.-W., 2013. Bioflocculant production from 

Solibacillus silvestris W01 and its application in cost-effective harvest of marine microalga 

Nannochloropsis oceanica by flocculation. Bioresource Technology 135, 207–212. 

https://doi.org/10.1016/j.biortech.2012.10.004 

Wang, B.-B., Chang, Q., Peng, D.-C., Hou, Y.-P., Li, H.-J., Pei, L.-Y., 2014. A new classification 

paradigm of extracellular polymeric substances (EPS) in activated sludge: Separation and 

characterization of exopolymers between floc level and microcolony level. Water Research 

64, 53–60. https://doi.org/10.1016/j.watres.2014.07.003 

Wang, M., Kuo-Dahab, W.C., Dolan, S., Park, C., 2014. Kinetics of nutrient removal and 

expression of extracellular polymeric substances of the microalgae, Chlorella sp. and 

Micractinium sp., in wastewater treatment. Bioresource Technology 154, 131–137. 

https://doi.org/10.1016/j.biortech.2013.12.047 

Wen, L., Lyu, M., Xiao, H., Lan, H., Zuo, Z., Yin, Z., 2018. Protein aggregation and performance 

optimization based on microconformational changes of aromatic hydrophobic regions. 

Molecular Pharmaceutics 15, 2257–2267. 

https://doi.org/10.1021/acs.molpharmaceut.8b00115 

West, S.A., Griffin, A.S., Gardner, A., Diggle, S.P., 2006. Social evolution theory for 

microorganisms. Nature Reviews Microbiology 4, 597–607. 

https://doi.org/10.1038/nrmicro1461 

Wingender, J., Neu, T.R., Flemming, H.-C., 1999. What are Bacterial Extracellular Polymeric 

Substances?, in: Microbial Extracellular Polymeric Substances. Springer Berlin Heidelberg, 

pp. 1–19. https://doi.org/10.1007/978-3-642-60147-7_1 

Wu, W., Giese, R.F., Van Oss, C.J., 1999. Stability versus flocculation of particle suspensions in 

water-correlation with the extended DLVO approach for aqueous systems, compared with 



133 

 

classical DLVO theory. Colloids and Surfaces B: Biointerfaces 14, 47–55. 

https://doi.org/10.1016/S0927-7765(99)00023-5 

Wu, Z., Zhu, Y., Huang, W., Zhang, C., Li, T., Zhang, Y., Li, A., 2012. Evaluation of flocculation 

induced by pH increase for harvesting microalgae and reuse of flocculated medium. 

Bioresource Technology 110, 496–502. https://doi.org/10.1016/j.biortech.2012.01.101 

Xu, Y., Milledge, J.J., Abubakar, A., Swamy, R.A.R., Bailey, D., Harvey, P.J., 2015. Effects of 

centrifugal stress on cell disruption and glycerol leakage from Dunaliella salina. Microalgae 

Biotechnology 1, 20–27. https://doi.org/10.1515/micbi-2015-0003 

Yang, L., Zhang, H., Cheng, S., Zhang, W., Zhang, X., 2020. Enhanced microalgal harvesting 

using microalgae-derived extracellular polymeric substance as flocculation aid. ACS 

Sustainable Chemistry & Engineering 8, 4069–4075. 

https://doi.org/10.1021/acssuschemeng.9b06156 

Yoo, C., La, H.-J., Kim, S.-C., Oh, H.-M., 2015. Simple processes for optimized growth and 

harvest of Ettlia sp. by pH control using CO2 and light irradiation. Biotechnology and 

Bioengineering 112, 288–296. https://doi.org/10.1002/bit.25362 

Yu, G.-H., He, P.-J., Shao, L.-M., 2009. Characteristics of extracellular polymeric substances (EPS) 

fractions from excess sludges and their effects on bioflocculability. Bioresource Technology 

100, 3193–3198. https://doi.org/10.1016/j.biortech.2009.02.009 

Zhang, J., Hu, B., 2012. A novel method to harvest microalgae via co-culture of filamentous fungi 

to form cell pellets. Bioresource Technology 114, 529–535. 

https://doi.org/10.1016/j.biortech.2012.03.054 

Zhang, L., Feng, X., Zhu, N., Chen, J., 2007. Role of extracellular protein in the formation and 

stability of aerobic granules. Enzyme and Microbial Technology 41, 551–557. 

https://doi.org/10.1016/j.enzmictec.2007.05.001 

Zhou, D., Zhang, C., Fu, L., Xu, L., Cui, X., Li, Q., Crittenden, J.C., 2017. Responses of the 

microalga Chlorophyta sp. to bacterial quorum sensing molecules (N-Acylhomoserine 

lactones): aromatic protein-induced self-aggregation. Environmental Science & Technology 

51, 3490–3498. https://doi.org/10.1021/acs.est.7b00355 



134 

 

Zullaikah, S., Utomo, A.T., Yasmin, M., Ong, L.K., Ju, Y.H., 2019. Ecofuel conversion technology 

of inedible lipid feedstocks to renewable fuel, in: Advances in Eco-Fuels for a Sustainable 

Environment. Elsevier, pp. 237–276. https://doi.org/10.1016/b978-0-08-102728-8.00009-7 

 



135 

 

Chapter 6. Conclusions, suggestions, and future research 

This dissertation explored integratable engineering processes to improve the D. viridis to 

biofuel conversion pathway from cultivation, harvesting, and cell disruption perspectives. The 

results indicate D. viridis accumulates lipids at the cost of lower cell counts at nitrogen and light 

stressed conditions, flocculates effectively at high pH, grows in reclaimed media from flocculation, 

and is disrupted by shear forces through hydrodynamic cavitation. Furthermore, cavitation induces 

pH-dependent cell aggregation that is potentially related to extracellular proteins in the culture and 

reduced the disruption rate.  

The result of this research provides some potential suggestions for full scale 

implementation.  For scale up, we suggest cultivating D. viridis at low light condition (~100 PPFD) 

with sufficient nitrogen that can grow the cells to exponential growth phase (~107 cells/mL) and 

then limit nitrogen to accelerate cell lipid accumulation. After a period of cultivation to achieve 

high lipid production, harvesting cells using high pH-induced flocculation and neutralizing and 

reclaiming media for continuous cultivation would save budgets on nutrients, water, and pumping 

energy. Throughout the process and during the media reuse, operators should monitor bacterial 

contamination and extracellular organic matter levels and maintain media salinity with fresh media 

to avoid reducing cell growth rate and flocculation efficiency. Lastly, developers should design a 

high shear system that do not induce additional mechanisms (such as cavitation) that could lead to 

aggregation and limit the ability to disrupt cells. Taken together, these three strategies are large-

scale feasible and integratable processes that can reduce production cost individually and 

synergistically.  
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The limitations of this research include the following: 1) due to the limited culture volume, 

we disrupted non-harvested D. viridis cultures instead of concentrated flocculated cells. In 

concentrated cells, the viscosity and protein concentrations would be different which might impact 

the disruption efficiency. 2) elucidating the effect of extracellular polymeric substances (EPS) on 

our results was not performed because that was out of our scope; however, our results show that 

EPS affects growth, flocculation efficiency, and disruption efficiency.  

For future research, disrupting cells using flocculated cells should be explored. We also 

suggest future research should examine the effect of growth conditions to EPS production and 

compositions, bioflocculation using EPS, and the effect of EPS composition and structure on cell 

disruption. Finally, the cause of aggregation that occurred during cavitation-treated cells at high 

pH condition is another interesting research question. Quantification and characterization of amino 

acids from EPS and cavitation-induced radicals should be explored to elucidate their relationships 

to aggregation.    
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APPENDICES 
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A. Supplementary information for Chapter 2 

 

Figure A-1. Schematic of bench-scale 3.2 L flat-panel photobioreactor (similar setup used in 

Karam et al. 2017) 
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Figure A-2. pH values in the PBR during the experimental period. The algorithm measured the 

pH every minute and controlled injection of 99 vol% CO2 gas into the PBR as needed. The pH 

was maintained very tightly around 7.6 throughout the experiment. 

7.5

7.6

7.7

7.8

7.9

0 2 4 6 8 10

p
H

Cultivation time (Days)



140 

 

(a) 

 

(b) 

 

Figure A-3. Illustration of how (a) average lipid productivity and (b) maximum lipid 

productivity was determined at exponential growth phase using data set at high nitrogen and 100 

PPFD condition. 
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Figure A-4. Cell count concentration in the media under high and low nitrogen conditions at 

different initial light intensities. Each data point represents the mean of three replicates. Error 

bars indicate plus and minus the standard deviation. 
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Figure A-5. Cell size distribution of D. viridis cultivating under high and low nitrogen 

conditions at different initial light intensities.  

 

𝐸𝑙𝑖𝑔ℎ𝑡 𝑠𝑒𝑛𝑠𝑜𝑟 ∗
𝐴

𝑉 ∗ 𝐶 
 

Equation A-1. Adapted specific light update rate equation. Elight sensor is the real-time light energy 

exposed to the cell; A and V are the surface area of front panel, volume of PBR; C is the cell 

count concentration of the culture at the specific time point. 
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Figure A-6. Light uptake rate of D. viridis under high and low nitrogen conditions at different 

initial light intensities. 
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Figure A-7. (a) Chlorophyll a concentration and Chlorophyll a content, (b) carbohydrate 

concentration and carbohydrate content, (c) lipid concentration and lipid content, (d) biomass 

concentration and biomass content of D. viridis cultivated under high nitrogen conditions at 

different initial light intensities. The arrows show the day when the light uptake rate started to be 

lower than 10-9 µmol photons cell-1 s-1 and the stars indicate the data on that specific day was 

statistically significantly different to the data on the day when light was about to be limited. Only 

data from the last day of the experiments were used for statistical testing (t test with significance 

level of 0.05). 
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Figure A-8. (a) Lipid content; (b) lipid concentration; (c) carbohydrate content; (d) carbohydrate 

concentration; (e) chlorophyll content; (f) chlorophyll concentration; (g) biomass content; and 

(h) biomass concentration versus light uptake rate of the cell. Only the high nitrogen experiments 

were analyzed, as the low nitrogen data were confounded by both light intensity and nitrogen 

content. The shaded area indicates the adaptation phase when the cells were transferred from the 

flask to the PBR.  

(g) 
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Table A-1. Maximum specific growth rate, average and maximum lipid productivity, and average and maximum biomass productivity 

for various light and nitrogen conditions. 

Initial nitrogen level 

(mM) 
Initial light level 

(PPFD) 

μmax,cell count 

(1/day) 

μmax,biomass 

(1/day) 

Qavg,lipid 

(g/m3-day) 

Qmax,lipid 

(g/m3-day) 

Qavg,biomass 

(g/m3-day) 

Qmax, biomass 

(g/m3-day) 

61.9 (High) 100 0.83 0.45 0.93 1.49 44.78 76.67 

69 (High) 100 Rep. 0.97 0.33 0.85 1.24 38.49 59.67 

53.3 (High) 300  0.75 0.46 1.46 3.24 46.08 74.72 

68.4 (High) 300 Rep. 0.94 0.48 1.84 3.24 58.86 97.50 

72.5 (High) 400 0.86 0.32 1.89 3.94 70.84 94.43 

68.3 (High) 600 0.98 0.39 2.60 6.08 64.12 109.68 

8.4 (Low) 100 0.86 0.22 2.59 3.21 8.89 36.67 

7.9 (Low) 300  0.89 0.46 3.15 3.50 4.61 57.03 

9.4 (Low) 300 Rep. 1.02 0.26 na 3.71 na 53.50 

9.4 (Low) 400 1.04 0.41 na 2.18 na 54.04 

10 (Low) 600 1.10 0.34 0.81 2.62 -0.33 45.26 

5.8 (Ultra Low) 300 0.62 0.21 0.50 2.92 -11.15 41.00 
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Figure A-9. Residual and Q-Q plots of longitudinal data analysis on lipid production assuming 

covariance matrix was AR1 with equal variances. 
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R Code A 

library(Rmisc) 

library(nlme) 

library(lattice) 

library(AICcmodavg) 

library(ggplot2) 

library(dplyr) 

library(tidyverse) 

library(clubSandwich) 

library(lavaSearch2) 

# Read data 

data <- read.csv("algaeData.csv", sep = ",") 

 

# Plot setting 

plot_theme <- function(){ 

  theme( 

    panel.background = element_rect(colour="black",fill='white'), 

    panel.spacing = unit(0, "lines"), 

    panel.border = element_rect(colour = "dark grey", fill=NA, size = 0.5), 

    plot.title = element_text(size=16, face="bold"), 

    legend.text = element_text(size = 9), 

    legend.title = element_blank(), 

    legend.background = element_rect(colour= "transparent",fill = "white"), 

    legend.key = element_rect(fill = "transparent"), 

    legend.justification = c(0,1), 

    axis.title.x = element_text(size = 20, face = "bold", margin = unit(c(4, 0, 0, 0), "mm")), 

    axis.title.y = element_text(size = 20, face = "bold", margin = unit(c(0, 4, 0, 0), "mm")), 

    axis.title.y.right = element_text(size = 20, face = "bold", margin = unit(c(0, 0, 0, 4), "mm")), 

    axis.text.x = element_text(color = "black", size = 20), 

    axis.text.y = element_text(color = "black", size = 20), 

    axis.text.y.right = element_text(color = "black", size = 20), 

    axis.ticks = element_line(size = 0.1), 

    strip.text.y = element_text(size = 20, colour = "black", face="bold"), 

    strip.text.x = element_text(color = "black", size = 20,face = "bold"), 

    strip.background = element_rect(fill= "transparent")) 

} 

   

   

# Mean of triplicated data is used to do data analysis 

# Summarize data  

dataSummary <- summarySE(data, measurevar = "Measurement.Value", groupvars = 

c("Experiment.ID", "Initial.Light.PPF", "Nitrogen.Level", "Measurement", 

"Round.Time.In.Days")) 

 

# Rename column names 

colnames(dataSummary)[colnames(dataSummary)=="Round.Time.In.Days"] <- "day" 
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colnames(dataSummary)[colnames(dataSummary)=="Initial.Light.PPF"] <- "light" 

colnames(dataSummary)[colnames(dataSummary)=="Nitrogen.Level"] <- "NLevel" 

colnames(dataSummary)[colnames(dataSummary)=="Experiment.ID"] <- "id" 

colnames(dataSummary)[colnames(dataSummary)=="Measurement.Value"] <- "response" 

 

# Subset lipid data because lipid concentration is the target response.                         

DataSubset <- subset(dataSummary, Measurement =="Lipid" & NLevel!= "Extra low N" & 

day != 11 & day != 12) 

#DataSubset <- subset(dataSummary, Measurement =="Lipid" & NLevel!= "Extra low N") 

 

# Set both N levels and light levels as factors. 

DataSubset$NLevel <- as.factor(DataSubset$NLevel) 

DataSubset$lightLevel <- as.factor(DataSubset$light) 

 

# Plot 

xyplot(response~day|lightLevel+NLevel,data = DataSubset, type = "b", groups = id, col="black", 

pch=19, cex=0.5 

       ,  xlab = "Cultivation days(day)", ylab = expression(paste("Lipid concentration (g/ 

",m^3,")"))) 

 

# Combine 100&300 PPFD as low light and 400&600 PPFD as high light 

DataSubset <- DataSubset %>% 

  mutate(lightLevel = case_when( 

    light==100|light==300 ~ "Low light", 

    light==400|light==600 ~ "High light")) 

 

# Plot the data with lipid as the response and nitrogen and light as covariates. 

xyplot(response~day|lightLevel+NLevel,data = DataSubset, type = "b", groups = id, col="black", 

pch=19, cex=0.5 

       ,  xlab = "Cultivation days(day)", ylab = expression(paste("Lipid concentration (g/ 

",m^3,")"))) 

 

algaeModel<- 

response~day+lightLevel+NLevel+lightLevel:NLevel+lightLevel:day+NLevel:day+lightLevel:

NLevel:day 

 

DataSubset$timeFact <- as.numeric( factor(DataSubset$day, labels = 1:13) ) 

model.matrix(algaeModel, data = DataSubset) 

 

##Fitting the compound symmetry covariance model with equal variance over time 

gls.com.eq <-gls(algaeModel, data = DataSubset, correlation = corCompSymm(form= ~ 1 | id )) 

summary(gls.com.eq) 

 

##Fitting the compound symmetry covariance model with unequal variance over time 

gls.com.uneq <-gls(algaeModel, data = DataSubset, correlation = corCompSymm(form= ~ 1 | 

id ), weights = varIdent(form = ~1 | day)) 
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summary(gls.com.uneq) 

 

# Homogeneous AR1 structure 

gls.ar.eq <- gls(algaeModel,data = DataSubset, correlation = corAR1(form = ~1|id)) 

summary(gls.ar.eq) 

 

# Heterogeneous AR1 structure 

gls.ar.uneq <- gls(algaeModel,data = DataSubset, correlation = corAR1(form = ~1|id), weights = 

varIdent(form = ~ 1|day)) 

summary(gls.ar.uneq) 

 

# Use AIC to compare models and the lower AIC is better.  

AIC(gls.com.eq, gls.com.uneq, gls.ar.eq, gls.ar.uneq) 

anova(gls.com.eq, gls.com.uneq, gls.ar.eq, gls.ar.uneq) 

 

# Calculate robust SE of betahat.ar.eq 

betahat.ar.eq <- gls.ar.eq$coefficients 

V.robust.ar.eq <- vcovCR(gls.ar.eq, type = "CR0") 

se.robust.ar.eq <- sqrt(diag(V.robust.ar.eq)) 

 

# CI limits 

df.ar.eq <- nrow(DataSubset) - length(betahat.ar.eq) 

t.alpha.ar.eq <- qt(0.05/2, df = df.ar.eq, lower.tail = F) 

lower.ar.eq <- betahat.ar.eq - t.alpha.ar.eq*se.robust.ar.eq 

upper.ar.eq <- betahat.ar.eq + t.alpha.ar.eq*se.robust.ar.eq 

 

# t stats 

t.robust.ar.eq <- betahat.ar.eq/se.robust.ar.eq 

# p-values 

p.value.ar.eq <- round( 2*pt(q = abs(t.robust.ar.eq), df = df.ar.eq, lower.tail = FALSE), 6 ) 

# results 

tab.ar.eq <- data.frame(betahat.ar.eq, se.robust.ar.eq, lower.ar.eq, upper.ar.eq, t.robust.ar.eq, 

p.value.ar.eq) 

tab.ar.eq 

 

# Diagnostics plots 

tiff("residuals of growth.ar.eq.tiff", units="in", width=10, height=7, res=300) 

par(mfrow=c(1,2)) 

residual <- residuals(gls.ar.eq, type = "pearson") 

fitted <- fitted(gls.ar.eq) 

plot(fitted, residual, pch = 19) 

abline(h=0) 

qqnorm(residual, pch=19, cex = 0.6) 

abline(0,1, lwd=2) 

dev.off() 
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rownames(tab.ar.eq) <- 

c('eta1.ar.eq','eta2.ar.eq','eta3.ar.eq','eta4.ar.eq','eta5.ar.eq','eta6.ar.eq','eta7.ar.eq','eta8.ar.eq') 

tab.ar.eq.cf <- subset(tab.ar.eq,select = "betahat.ar.eq") 

eta1.ar.eq <- tab.ar.eq.cf['eta1.ar.eq',1] 

eta2.ar.eq <- tab.ar.eq.cf['eta2.ar.eq',1] 

eta3.ar.eq <- tab.ar.eq.cf['eta3.ar.eq',1] 

eta4.ar.eq <- tab.ar.eq.cf['eta4.ar.eq',1] 

eta5.ar.eq <- tab.ar.eq.cf['eta5.ar.eq',1] 

eta6.ar.eq <- tab.ar.eq.cf['eta6.ar.eq',1] 

eta7.ar.eq <- tab.ar.eq.cf['eta7.ar.eq',1] 

eta8.ar.eq <- tab.ar.eq.cf['eta8.ar.eq',1] 

 

HLHN.ar.eq <- subset(DataSubset, lightLevel =="High light" & NLevel =="High N") 

HLHN.ar.eq$regression <- eta1.ar.eq+eta2.ar.eq*HLHN.ar.eq$day 

HLLN.ar.eq <- subset(DataSubset, lightLevel =="High light" & NLevel =="Low N") 

HLLN.ar.eq$regression <- eta1.ar.eq+eta4.ar.eq+(eta2.ar.eq+eta7.ar.eq)*HLLN.ar.eq$day 

LLHN.ar.eq <- subset(DataSubset, lightLevel =="Low light" & NLevel =="High N") 

LLHN.ar.eq$regression <- eta1.ar.eq+eta3.ar.eq+(eta2.ar.eq+eta6.ar.eq)*LLHN.ar.eq$day 

LLLN.ar.eq <- subset(DataSubset, lightLevel =="Low light" & NLevel =="Low N") 

LLLN.ar.eq$regression <- 

(eta1.ar.eq+eta3.ar.eq+eta4.ar.eq+eta5.ar.eq)+(eta2.ar.eq+eta6.ar.eq+eta7.ar.eq+eta8.ar.eq)*LLL

N.ar.eq$day 

Data.ar.eq <- rbind(HLHN.ar.eq, HLLN.ar.eq, LLHN.ar.eq, LLLN.ar.eq) 

 

# Plot includes experimental and predicted data 

tiff("LipidLightN.tiff", units="in", width=10, height=7, res=300) 

ggplot(data = Data.ar.eq) + 

  geom_point(aes(x = day, y = regression, group = id), size = 3.5, col = "red", pch =15) + 

  geom_line(aes(x = day, y = regression, group = id), linetype = "solid", col = "red", lwd = 1.2) +  

  geom_point(aes(x = day, y = response, group = id), size = 2.5, col = "black", pch =19) + 

  geom_line(aes(x = day, y = response, group = id), linetype = "dashed", col = "black", lwd = 

1.1) +  

  facet_grid(NLevel~factor(lightLevel)) + 

  plot_theme()+ 

  scale_x_continuous(breaks = seq(0,12,by = 2)) + 

  scale_y_continuous(breaks = seq(0,25,by = 5)) + 

  labs(x = "Cultivation days(day)", y = expression(paste(bold("Lipid concentration 

(g/"),bold(m^3),bold(")"))))  

dev.off() 
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B. Supplementary information for Chapter 3 

  

Figure B-1. The photos demonstrate cell death of D. viridis caused by temperature and light 

shocks. Between the periods of growing cells in fresh media and 1st reuse media, we stored non-

harvested D. viridis cells in a dark, 4C fridge. Photo (a) was right before the cells were put back 

into the culture system and photo (b) was 24 hours after the cells grew in the culture system. 

 

  

Figure B-2. The images from cell counter before (a) and after (b) high-pH flocculation. 

(a) (b) 

(a) (b) 
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Figure B-3. The calculated increase of salinity and total salinity in the media after each 

flocculation cycle. 
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Figure B-4. The change of cell size of D. viridis in five cycles of high pH-induced flocculation 

and media reuse. Values represent means of three biological replicates and vertical lines are one 

standard error of the mean. 
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R Code B 

library(GGally) 

library(MASS) 

library(broom) 

library(AICcmodavg) 

library(tidyverse) 

library(caret) 

library(leaps) 

 

data <- read.csv("Floc data for analysis_fixed.csv", sep = ",") 

tiff("pairs.tiff", units="in", width=10, height=7, res=300) 

ggpairs(data,pch = 19,diag = list(continuous = "blankDiag")) 

dev.off() 

 

# Full Model with 2-way and 3-way interactions 

Mod1 <- 

lm(SpecificGrowthRate~ExternalProteins*ExternalCarbohydrates*InternalCarbohydrates, data = 

data) 

summary(Mod1) 

AICc(Mod1) 

BIC(Mod1) 

 

# Reduced Model without 3-way interaction 

Mod2 <- 

lm(SpecificGrowthRate~ExternalProteins+ExternalCarbohydrates+InternalCarbohydrates+Exter

nalProteins:ExternalCarbohydrates+ExternalCarbohydrates:InternalCarbohydrates+ExternalProt

eins:InternalCarbohydrates, data = data) 

summary(Mod2) 

BIC(Mod2) 

 

# Reduced Model without 2-way and 3-way interactions 

Mod3 <- 

lm(SpecificGrowthRate~ExternalCarbohydrates+InternalCarbohydrates+ExternalProteins, data 

= data) 

summary(Mod3) 

BIC(Mod3) 
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C. Supplementary information for Chapter 4 

 

Figure C-1. The cavitation and control treatment in a venturi.  
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Figure C-2. Dunaliella viridis in the bioreactors cultivating by the window. 
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Figure C-3. Picture of the venturi system.  
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Figure C-4. Stacked size distributions of D. viridis treated in the cavitation and control settings 

at pH 9.6. 

 

pH 9.6 

0.01 0.1 1 10 100

-2

0

2

4

6

8

10

12

14

16

18

0.01 0.1 1 10 100

-2

0

2

4

6

8

10

12

14

16

18

0.01 0.1 1 10 100

-2

0

2

4

6

8

10

12

14

16

18

0.01 0.1 1 10 100

-2

0

2

4

6

8

10

12

14

16

18

0.01 0.1 1 10 100

-2

0

2

4

6

8

10

12

14

16

18

0.01 0.1 1 10 100

-2

0

2

4

6

8

10

12

14

16

18

0.01 0.1 1 10 100

-2

0

2

4

6

8

10

12

14

16

18

0.01 0.1 1 10 100

-2

0

2

4

6

8

10

12

14

16

18

V
o
lu

m
e
 (

%
)

Size (um)

 0 min

 Control - 0 min
100 vol% for both peaks

V
o
lu

m
e
 (

%
)

Size (um)

 10 mins

 Control - 10 mins
100 vol%

18.02 vol%

81.98 vol%

V
o
lu

m
e
 (

%
)

Size (um)

 20 mins

 Control - 20 mins
100 vol%

88.25 vol%

11.75 vol%

V
o
lu

m
e
 (

%
)

Size (um)

 40 mins

 Control - 40 mins 100 vol%

84.52 vol%

15.46 vol%

V
o
lu

m
e
 (

%
)

Size (um)

 60 mins

 Control - 60 mins

72.76 vol%

82.67 vol%

17.34 vol%

27.23 vol% V
o
lu

m
e
 (

%
)

Size (um)

 80 mins

 Control - 80 mins

16.24 vol%

83.76 vol%

15.09 vol%84.9 vol%

V
o
lu

m
e
 (

%
)

Size (um)

 100 mins

 Control - 100 mins

32.86 vol%

7.05 vol%

60.07 vol%
89.07 vol%

10.92 vol%

V
o
lu

m
e
 (

%
)

Size (um)

 120 mins

 Control - 120 mins

74.71 vol%

25.29 vol%
8.64 vol%

91.34 vol%



164 

 

 

Figure C-5. Stacked size distributions of D. viridis treated in the cavitation and control settings 

at pH 9.2. 
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Figure C-6. Stacked size distributions of D. viridis treated in the cavitation and control settings 

at pH 8.5. 

  

Figure C-7. The D(4,3) of D. viridis treated in the cavitation and control settings at pH 9.2 and 

8.5. 
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Figure C-8. Foam produced in the treatment process.  
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Table C-1. Total dynamic head calculation in the venturi setup.  
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R Code C 

library(car) 

#Two-way anova test with no interaction 

#Factor A: treatments and Factor: culture pH 

anova.test <- aov(disruption_rate~pH+treatment, data = data) 

Anova(anova.test, type ="II") 

 

#The smallest difference among 2 groups in Factor A 

deltaA = min(c(0.81-0.67, 0.659-0.5015)) 

 

#The smallest difference among 2 groups in Factor B 

deltaB = min(c(0.67-0.5015, 0.81-0.6590)) 

 

# Variances that are of interest to test 

variance <- seq(from = 2*0.000134/pchisq(0.975,2) , to = 2*0.000134/pchisq(0.025,2) , by = 

0.0005) 

 

# Square root of variance in Factor A 

sigmaA <- sqrt(variance) 

 

 

### Use pwr.2way function in R to calculate the associated power (reference: 

###https://www.rdocumentation.org/packages/pwr2/versions/1.0/topics/pwr.2way) 

# pwr.2way is used for calculate power for two-way ANOVA models 

# a = Number of groups in Factor A 

# b = Number of groups in Factor B 

# size.A = Sample size per group in Factor A 

# size.B = Sample size per group in Factor B 

# delta.A = The smallest difference among a groups in Factor A 

# delta.B = The smallest difference among a groups in Factor B 

# sigma.A = square root of variance in Factor A 

# sigma.B = square root of variance in Factor B 

powerbyVariance <- pwr.2way(a=2, b=2, alpha=0.05, size.A=8, size.B=8, delta.A=deltaA, 

delta.B=deltaB, sigma.A=sigmaA)$power.A 

result <- data.frame(variance = variance,power = powerbyVariance) 

 

highestSigmaEstimate <- sqrt(2*0.000134/pchisq(0.025,2)) 

samplesizes <- seq(from=2,to=13,by=1) 

powerbySize <- pwr.2way(a=2, b=2, alpha=0.05, size.A=samplesizes, size.B=samplesizes, 

delta.A=deltaA, delta.B=deltaB, sigma.A=highestSigmaEstimate)$power.A 

sizeResult <- data.frame(sampleSize = samplesizes, power = powerbySize) 


