
ABSTRACT 

CHEN, WEIJUE. Activity-Based Protein Profiling of Alkane-Oxidizing Monooxygenases in 

Rhodococcus rhodochrous ATCC 21198. (Under the direction of Dr. Michael R. Hyman). 

 

Activity-based protein profiling (ABPP) is a proteomics approach that enables specific 

enzymes to be identified in complex mixtures. Although many variations of ABPP exist, 

many are based on irreversible inactivation of specific target enzymes by mechanism-based 

inactivators. In this study an ABPP approach previously developed for ammonia 

monooxygenase in the autotrophic nitrifying bacterium Nitrosomonas europaea was applied 

to the gaseous alkane-metabolizing bacterium Rhodococcus rhodochrous ATCC 21198.  This 

bacterium is the best-characterized isobutane (2-methylpropane)-metabolizing strain. 

Isobutane-grown cells of this strain can also cometabolically oxidize the important ground 

water contaminant, 1,4-dioxane (14D). As this microorganism may be useful for the 

bioremediation of 14D, there is great interest in understanding which monooxygenases are 

responsible for this activity and in methods that can be used to detect functional forms of 

these enzymes. The overall aim of this study has been to develop an ABPP approach to 

detect the gaseous alkane-oxidizing monooxygenases in R. rhodochrous ATCC 21198.   

Initial studies focused on defining the growth substrate range of R. rhodochrous ATCC 

21198 and its subsequent ability to cometabolically oxidize propylene and 14D. This strain 

grew on all C2-C4 gaseous alkanes, C2-C4 1
o alcohols, 2-propanol, 2-butanol, tetrahydrofuran 

(THF), and dextrose. Slower growth occurred with 2o alcohols and THF than with gaseous 

alkanes and 1o alcohols. Resting cells previously grown on alkanes or THF all oxidized 14D 

at rates ≥ 0.006 nmol 14D min-1 mg total protein-1. Maximal activity (~0.02 nmol 14D min-1 

mg total protein-1) was observed with cells grown on n-butane while cells grown on all 

alcohols were largely unreactive towards 14D. Although propylene was oxidized faster than 



14D, the pattern of variation in propylene oxidation rates was similar to those observed with 

14D. Our results also suggest that 14D can induce expression of the enzymes necessary for 

its own biodegradation in cells grown isobutanol. 

Subsequent experiments examined the effects of diynes on R. rhodochrous ATCC 

21198 and the fluorescent labeling patterns observed in combined SDS-PAGE and IR 

fluorescence analyses of total protein extracts of this strain after treatment with diynes. 1,7-

octadiyne (17OD) appeared to irreversibly inhibited substrate consumption in cultures 

growing on gaseous alkanes (C2-C4). A copper-catalyzed alkyne/azide cycloaddition 

(CuAAC) reaction using AlexaFluor 647 azide was then used to detect diyne-conjugated 

proteins. Although the labeling patterns in both alcohol- and alkane-grown cells varied 

depending on the diyne inactivator used, with 17OD-treated cells the amount of fluorescence 

was proportional to the amount of 17OD-treated cells analyzed by SDS-PAGE. The majority 

of the fluorescence was associated with polypeptides with mass of ~55-65 kDa. The pattern 

and intensity of the fluorescent labeling in 17OD-treated cells also generally reflected the 

levels of monooxygenase activity of cells grown on different substrates, as determined by the 

oxidation of propylene to propylene oxide. For instance, alkane-grown cells had both the 

highest propylene-oxidizing activity and levels of fluorescence while alcohol-grown cells 

typically exhibited much lower levels of propylene-oxidizing activity and fluorescence. The 

fluorescent labeling pattern in alkane-grown cells also suggested that two different 

polypeptides were often present and that these polypeptides were expressed at different levels 

depending on the alkane substrate used to grow R. rhodochrous ATCC 21198. These 

polypeptides were of the same mass as the active-site containing hydroxylase components of 

a methane monooxygenase-like soluble di-iron monooxygenase (SDIMO) and propane 



monooxygenase, the only two monooxygenases with known gaseous alkane-oxidizing 

activities encoded in the genome of strain 21198. Preliminary evidence was also obtained to 

indicate that the diyne-based ABPP approach could also be used to monitor induction of 

alkane-oxidizing monooxygenase activity in cells treated with 14D after growth on 

isobutanol. The evidence obtained from this study suggests this enzyme is likely to be a 

soluble di-iron monooxygenase with a hydroxylase component with a mass of 59 kDa.  
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1.1 Aerobic Microbial Oxidation of Gaseous Alkanes 

The ability of microorganisms to aerobically metabolize and grow on gaseous alkanes 

(C1-C4) in the environment is well known (Co & Box, 1981; Rojo, 2009; Salanitro, 2001). 

Monooxygenases are the key enzymes that initiate aerobic microbial catabolism of these 

alkanes (Ayala & Torres, 2004; Rojo, 2009). These enzymes transform alkanes into 1o or 2o 

alcohols, which are then further oxidized by alcohol and aldehyde dehydrogenases and other 

enzymes. The resulting acidic metabolites then enter central metabolic pathways such as β-

oxidation and the TCA cycle (Fig. 1.1). 

Figure 1-1: Pathways of Aerobic Alkane Degradation  

(Reference: Rojo, F. (2009). Degradation of alkanes by bacteria. Environmental 

Microbiology, 11(10), 2477–2490.) 

 

A variety of different bacterial monooxygenases are known to catalyze gaseous alkane 

oxidation. The essential features of these enzymes are outlined in the following sections 
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1.1.1 Methane Monooxygenase  

Methane monooxygenase (MMO) is found in bacteria (methanotrophs) that use methane 

as a sole source of energy for growth. Methane monooxygenases occur in two structurally 

different forms although both oxidize methane (CH4) to methanol (CH3OH). Particulate 

methane monooxygenase (pMMO) is a membrane-bound, copper-containing enzyme 

(Balasubramanian & Rosenzweig, 2007). In contrast, soluble methane monooxygenase 

(sMMO) is a cytoplasmic, non-heme di-iron-containing enzyme which is typically only 

expressed by methanotrophs under copper-limited condition (Ayala & Torres, 2004; Leahy, 

Batchelor, & Morcomb, 2003; Tracewell & Arnold, 2009). While pMMO can oxidize a 

limited number of other non-growth supporting alkanes and alkenes, the substrate range of 

sMMO is much wider and consequently sMMO-expressing bacteria are potentially useful for 

the bioremediation of many environmental contaminants (Ayala & Torres, 2004; 

Balasubramanian & Rosenzweig, 2007; Coleman, Bui, & Holmes, 2006; Ensley, 1991; Liu, 

Luo, Teng, Li, & Ma, 2010; Murrell, Gilbert, & McDonald, 2000; Nzila, 2013; Rojo, 2009). 

 

1.1.2 Propane Monooxygenase 

Propane monooxygenase is a soluble multicomponent monooxygenase encoded by the 

prmABCD gene cluster and is only distantly related to other gaseous alkane oxidizing 

monooxygenases (Kotani, Yamamoto, Yurimoto, Sakai, & Kato, 2003). This enzyme is 

unusual as it oxidizes propane to 2-propanol. The distribution of this enzyme is widespread 

in gaseous alkane-oxidizing bacteria (Cappelletti et al., 2015; Kotani et al., 2003) and it is 
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suspected that this enzyme is responsible for the subterminal oxidation of propane by many 

propane-oxidizing bacteria including Mycobacterium vaccae JOB5 (Beatty, Xie, Wang, & 

Tirrell, 2005; N Hamamura, Page, Long, Semprini, & Arp, 1997; Phillips & Perry, 1974; 

Vanderberg & Perry, 1994; Vestal & Perry, 1969).  

 

1.1.3 Other Enzymes for Gaseous Alkane Oxidation 

Alkane hydroxylase, butane monooxygenase and ammonia monooxygenase, are the 

three other bacterial enzymes capable of gaseous alkane oxidation. Alkane hydroxylase, is a 

membrane bound three-component monooxygenase (Ayala & Torres, 2004; Ji, Mao, Wang, 

& Bartlam, 2013; van Beilen & Funhoff, 2007). Although alkane hydroxylases are diverse, 

the canonical enzyme studied in Pseudomonas putida GPo1 most rapidly oxidizes C5-C8 n-

alkanes (Smits, Balada, Witholt, & van Beilen, 2002; van Beilen & Funhoff, 2007) but can 

also more slowly oxidize both propane and n-butane, but not methane or ethane (Johnson & 

Hyman, 2006). Butane monooxygenase found in Thauera butanivorans is structurally similar 

to sMMO and can oxidize all gaseous alkanes, including methane (Halsey, Sayavedra-Soto, 

Bottomley, & Arp, 2006; Sluis, Sayavedra-Soto, & Arp, 2002). Likewise, ammonia 

monooxygenase which is structurally similar to pMMO, can also oxidize all gaseous alkanes, 

including methane (Holmes, Costello, Lidstrom, & Murrell, 1995; Hyman & Wood, 1983; 

Hyman, Murton, & Arp, 1988). 

 

1.2 Enzyme Activity Assays 
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A long-term aim of this study is to develop an ABPP approach that can be used to detect 

catalytically active forms of gaseous alkane-oxidizing enzymes in environmental samples. A 

variety of other approaches have previously been used to detect other enzymes in 

environmental samples and these are briefly summarized in the following sections.  

 

1.2.1 Soil Respiration 

Soil respiration measures O2 consumption (or CO2 generation) by members of the soil 

microbiota. Soil respiration measurements have been used since late 19th century (Anderson, 

1965; Stotzky, 1965) and are impacted by soil pH, temperature, water content, organic 

content matter, and other parameters (Conant, Klopatek, & Klopatek, 2000; Davidson, Belk, 

& Boone, 1998; Han et al., 2007; Stotzky, 1965). Even though soil respiration measurements 

are simple, they are non-specific and measure total aerobic decomposition processes while 

neglecting decomposition processes by anaerobes in soil aggregates or soils with higher 

water content (Greenwood, 1961).  

 

1.2.2 Fluorescein Diacetate Hydrolysis and Dehydrogenase Activity 

Since 1977, fluorescein diacetate (3’,6’-diacetylfluorescein [FDA]) has been widely 

used to quantify living microorganisms in environmental samples (Söderström, 1977). The 

assay exploits the uptake of colorless FDA by intact cells and its subsequent hydrolysis to 

fluorescent fluorescein by non-specific hydrolytic enzymes including proteases, esterases, 

and lipases. Schnürer and Rosswall (1982) improved the FDA hydrolysis assay by 

demonstrating acetone is an effective reaction terminator. Adam and Duncan (2001) 
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expanded the accuracy of FDA hydrolysis in a boarder range of soils, especially the ones 

with low enzymatic activity such as sandy soils. FDA hydrolysis assays are limited by the 

facts that not all microorganisms can take up FDA and the expression levels of FDA-

hydrolyzing enzymes are often different in different types of microbes. Consequently, FDA 

hydrolysis measurements are useful for comparing different samples but the measurements 

are only relative and selective.  

Measurements of non-specific dehydrogenase activity follow the reduction of colorless 

2,3,5-triphenyltertrazolium chloride (TTC) to a red triphenylformazan (TPF) which can be 

determined spectrphotometrically at 485 nm (Casida Jr, Klein, & Santoro, 1964; Lenhard, 

1956; Stevenson, 1959). There is a significant correlation between soil respiration and 

dehydrogenases activity (Skujinš, 1973; Stevenson, 1959). However, dehydrogenase activity 

varies along with soil complexity and can be impacted by the presence of pollutants (Trasar-

Cepeda, Leirós, Seoane, & Gil-Sotres, 2000). Many of the constraints of assays based on 

FDA hydrolysis also impact measurements of dehydrogenase activity.  

 

1.2.3 Nitrogen Fixation and the Acetylene Reduction Assay (ARA) 

While measurements of FDA hydrolysis and dehydrogenase activity are useful for 

measuring overall levels of microbial activity, these assays are based on non-specific and 

universally distributed enzymes. Assays that are specific for individual enzymes have also 

been widely used in studies of microbial activities in the environment. The most notable of 

these is the acetylene reduction assay (ARA), which is used to measure the activity of 

nitrogenases. Nitrogenase is the microbial enzyme that “fixes” nitrogen gas into 
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metabolically useable ammonia (NH3) and is found in both Bacteria and Archaea.  Acetylene 

(C2H2) is a potent inhibitor of N2 reduction and, in addition to reducing N2 to mixtures of 

NH3 and H2, and nitrogenases can also reduce acetylene to ethylene (C2H4). This 

physiologically irrelevant reaction can be easily measured by gas chromatography. It also 

provides for a simpler, more sensitive and potential continuous measurement than assays 

involving N2 which requires the use of 15N2 and mass spectrometry (Dilworth, 1966; Hardy, 

Burns, & Holsten, 1973). C2H2/N2 conversion factors are ~3 for most nitrogenases and ARA 

results can therefore be used to accurately estimate N2-fixing activity in many environments 

(Hardy et al., 1973; Liengen, 2011; Nohrstedt, 1983; Peterson & Burris, 1976).  

 

1.2.4 Denitrification and the Acetylene Blockage Assay (ABA) 

Denitrification is a microbially mediated process in which nitrate (NO3
-) is used as a 

terminal electron acceptor under anoxic conditions. The complete denitrification pathway 

involves in sequence; nitrate, nitrite (NO2
-), nitric oxide (NO), nitrous oxide (N2O) and 

dinitrogen (N2) as intermediates. Each of these reduction reactions is catalyzed by a separate 

reductase. In addition to inhibiting nitrogenase, acetylene also specifically inhibits nitrous 

oxide reductase (NOR), the terminal reductase in the denitrification pathway. The presence 

of acetylene during active denitrification therefore leads to the accumulation of N2O. Like 

acetylene reduction, N2O accumulation can be rapidly and sensitively measured by gas 

chromatography (Fedorova, Milekhina, Il’iukhina, & Brazhnikov, 1973; Yoshinari & 

Knowles, 1976). However, acetylene can sometimes only partially inhibit N2O reduction to 

N2 in soil, and ABA results need to be modified depending on soil types and soil conditions 
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(Qin, Hu, & Oenema, 2012). Again, compared to the other methods such as measurements of 

Ar/N2 ratios or 15N2 production from 15N-NO3
-, the simplicity of the ABA makes this the 

most widely used approach for estimating denitrification activity in soil (Smith, Firestone, & 

Tiedje, 1978). 

 

1.3 Alkyne Inactivation of Bacterial Monooxygenases 

1.3.1 Mechanism-based Enzyme Inactivators 

In addition to inhibiting nitrogenase and nitrous oxide reductase, acetylene and other 

terminal alkynes have many other effects on microbial enzymes (Hyman & Arp, 1988). In 

particular, terminal alkynes often act as mechanism-based inactivators of microbial 

monooxygenase enzymes. These inactivators, more commonly known as suicide substrates, 

are compounds that bind to the target enzyme and are then converted into highly reactive 

intermediates during the normal catalytic cycle of the enzyme. The resulting intermediate 

then reacts with, and covalent modifies, components of the enzyme, leading to irreversible 

enzyme inactivation (Silverman, 1988). The kinetic criteria and characteristics of 

mechanism-based enzyme inactivators are well established and include, among others, a 

time-dependent, first order loss of enzyme activity, an inactivator concentration-dependent 

but saturable rate of inactivation, the requirement for catalytic activity for inactivation to 

occur, the irreversible nature of the inactivation process, and the competitive and protective 

effect of non-inactivating substrates on the inactivation process. In many cases the reactive 

intermediate generated during catalytic activation is very short lived and enzyme inactivation 

occurs through covalent modification of amino acids or cofactors closely located to the active 
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site of the target enzyme (Silverman, 1988; Walsh, 1982). However, it is also often observed 

that a portion of the reactive intermediate can diffuse away from the active site and can react 

at other positions on the target enzyme. If the inactivator is added to whole cells, diffusion of 

reactive intermediates can lead to reactions with other cellular components and decrease the 

specificity of the inactivator effects.  

 

1.3.2 Alkyne Inactivation of Gaseous Alkane-Oxidizing Monooxygenases 

Acetylene, the simplest alkyne, is a potent and specific inactivator of methane 

monooxygenase (MMO) (Prior & Dalton, 1985). Radiolabeling studies demonstrated 14C-

label is associated with a single polypeptide when cell free extracts of Methylococcus 

capsulatus (Bath) containing either sMMO or pMMO are exposed to 14C2H2 (Prior & Dalton, 

1985). The labeled polypeptides migrate with the same apparent mass as the hydroxylase 

components of each enzyme. Acetylene is also a potent and irreversible inactivator of 

ammonia-oxidizing activity in the nitrifying bacterium Nitrosomonas europaea (Hynes & 

Knowles, 1982). The kinetics of inactivation of AMO activity in N. europaea fit well with 

those expected of a mechanism-based inactivator and exposure of whole cells to 14C2H2 also 

results in the covalent radiolabeling of a single major 28 kDa polypeptide  (Hyman & Wood, 

1985). Proteomic studies have demonstrated that H191 is derivatized in the hydroxylase 

component of AMO (AmoA) after exposure to C2H2 and that this covalent modification is 

compatible with a reactive ketene intermediate (Gilch, Vogel, Lorenz, Meyer, & Schmidt, 

2009). 

Besides acetylene, other alkynes, can inactivate both forms of MMO and AMO. For 
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example, n-alkynes ≤ C10 are all time-dependent inactivators of AMO activity in N. 

europaea, and many of these compounds also inhibit AMO activity in ammonia-oxidizing 

Archaea (Hyman et al., 1988; Taylor et al., 2015). Phenylacetylene also inactivates AMO, 

pMMO and sMMO (Lontoh et al., 2000). 

Both butane monooxygenase and propane monooxygenase-dependent oxidation 

reactions are also sensitive to inhibition/inactivation by acetylene (Hamamura, Storfa, 

Semprini, & Arp, 1999; Mahendra & Alvarez-Cohen, 2006; Sluis et al., 2002). Unlike the 

gaseous alkane-oxidizing strains described above, alkane hydroxylase has not been reported 

to be inactivated by acetylene, However, this enzyme in P. putida GPo1 is inactivated by 1,7-

octadiyne (May & Katopodis, 1986; May, Schwartz, Abbott, & Zaborsky, 1975; Smith & 

Hyman, 2004). 

 

1.3.3 Alkyne Inactivation of Other Bacterial Monooxygenases 

A variety of other bacterial monooxygenases are also known to be inactivated by 

alkynes. Many of these enzymes are able to oxidize gaseous alkenes as opposed to alkanes. 

For example, the propylene-oxidizing alkene monooxygenase in Rhodococcus rhodochrous 

B276 is inactivated by methylacetylene (propyne) (Allen & Ensign, 1998; Fosdike, Smith, & 

Dalton, 2005). It has also recently been shown that longer chain n-alkynes inactivate 2-

methylpropene (isobutylene) oxidation in Mycobacterium sp. strain ELW1 (Kottegoda, 

Waligora, & Hyman, 2015). Although the native substrate for toluene 2-monooxygenase in 

Burkholderia cepacia G4 is toluene, this enzyme can also oxidize a number of gaseous 



 

11 

alkenes and is inactivated more effectively by longer chain n-alkynes (>C5) than shorter 

chain n-alkynes (Hyman et al., 1988; Yeager, Bottomley, Arp, & Hyman, 1999).  

 

1.4 Copper(I)-catalyzed Azide Alkyne Cycloaddition (CuAAC) 

1.4.1 Mechanism 

The Huisgen azide-alkyne cycloaddition involves a metal–catalyzed reaction between 

an organic azide and terminal alkyne to form a 1,2,3-triazole (Meldal & Tornøe, 2008; 

Rostovtsev, Green, Fokin, & Sharpless, 2002; Tornøe, Christensen, & Meldal, 2002) (Fig. 

1.2). In addition to azides and alkynes, these reactions include a source of CuI (often CuSO4) 

as a catalyst, a reductant used to reduce CuII to CuI and remove oxygen (often sodium 

acsorbate) and a ligand to chelate CuI. When copper is used as a catalyst these reactions are 

called copper-catalyzed alkyne azide cycloaddition (CuAAC) reactions. Since the discovery 

of this reaction, it has been applied in the many fields, including polymer and material 

sciences (Binder & Kluger, 2006; R. A. Evans, 2007; Tron et al., 2008). The reaction is 

particularly useful in life sciences as alkyne and azide groups are rare in biomolecules and 

the cycloaddition occurs rapidly at room temperature under mild and aerobic conditions  

(Hong, Presolski, Ma, & Finn, 2009; Rostovtsev et al., 2002; Wang et al., 2003). 
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Figure 1-2: Mechanism of Copper(I)-catalyzed Azide Alkyne Cycloaddition 

 

The type of Cu-chelating ligand, used in CuAAC include tris 

(benzyltriazolylmethyl)amine (TBTA), tris(3-hydroxypropyltriazolymethyl)amine (THPTA), 

and bathphenanthrolinedisulfonic acid (BPDS) (Chan, Hilgraf, Sharpless, & Fokin, 2004; 

Lewis, Magallon, Fokin, & Finn, 2004; Organic Syntheses, 2003). While TBTA is water 

insoluble, THPTA and BPDS are both water-soluble and have been frequently used for in 

vivo and in vitro reactions in biological samples. Unlike THPTA, BPDS is sensitive to 

oxygen and its use typically involves higher concentrations of reductant (e.g. sodium 

ascorbate) than THPTA (Haldón, Nicasio, & Pérez, 2015; Lewis et al., 2004). Recently, it has 

been found that Cu(II)-bis- L-histidine is a useful catalyst as it decreases copper toxicity 

towards living cells (Haldón et al., 2015; Kennedy et al., 2011).  

 

1.4.2 CuAAC Application to Ammonia Monooxygenase (AMO) 

The only currently reported application of ABPP to gaseous alkane-oxidizing bacterial 

monooxygenases focused on ammonia monooxygenase in the nitrifying bacterium N. 

europaea. (Bennett, Sadler, Wright, Yeager, & Hyman, 2016). Using 1,7-octadiyne (17OD) 

as a reactive probe and CuAAC reactions involving AlexaFluor 647 azide, this study 
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demonstrated that the active-site-containing subunit (AmoA) of this monooxygenase is 

specifically labeled after treatment of cells with 17OD, as determined by SDS-PAGE and IR 

fluorescence imaging. The identity of AmoA was confirmed by two proteomic approaches.  

 

1.4.3 Other Applications of ABPP and CuAAC 

ABPP approaches involving CuAAC reactions have been used to detect many other 

classes of enzymes. These include glutathione S-transferases, dehydrogenase, and hydratases 

(Baskin & Bertozzi, 2007; Speers, Adam, & Cravatt, 2003; Speers & Cravatt, 2004a, 2004b). 

It also was utilized in small-molecule binding and glycosidase activity in living cells 

(Cravatt, Wright, & Kozarich, 2008; Evans, Saghatelian, Sorensen, & Cravatt, 2005; Vocadlo 

& Bertozzi, 2004). The CuAAC reaction alone has also been exploited in the arena of cell 

surface labeling and cell visualization. Link and Tirrell (2003) labeled outer membrane 

proteins in cells by replacing methionine with azidohomoalanine and using CuAAC reactions 

with fluorescent alkyne reporters to identify metabolically active cells. This approach has 

also been used to detect new-synthesized bacterial proteins in environmental samples 

(Hatzenpichler et al., 2014). CuAAC reactions targeting alkyne-modified nucleotides have 

also been used to detect modifications of long-chain DNA and protein binding to DNA 

(Amblard, Cho, & Schinazi, 2009; Gierlich, Burley, Gramlich, Hammond, & Carell, 2006; 

Seo, Li, Ruparel, & Ju, 2003). 

 

1.4.4 Activity-based Protein Profiling of R. rhodochrous ATCC 21198 

The research in this thesis has focused on using ABPP and CuAAC reactions to 
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characterize the gaseous alkane-oxidizing monooxygenases in R. rhodochrous ATCC 21198. 

The first part of this study (Chapter 2) describes the physiological characterization of this 

strain, it’s abilities to degrade 1,4-dioxane (14D) and propylene, and the inducing effects of 

14D on monooxygenase expression. The second part of study (Chapter 3) demonstrates the 

application of ABPP to detect monooxygenase expression after growth on different substrates 

and during 14D-dependent induction of monooxygenase activity.  
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CHAPTER 2 

 

Physiological Characterization of Rhodococcus rhodochrous ATCC 21198  
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ABSTRACT 

Rhodococcus rhodochrous ATCC 21198 grew on gaseous short-chain alkanes (C2-C4), 

1o and 2o alcohols, and tetrahydrofuran (THF) as sole sources of carbon and energy. Cells 

grown on gaseous alkanes and THF all had the ability to cometabolically oxidize both 

propylene and 14D although the specific rates of degradation of both compounds were 

different depending on the growth substrate used. In contrast, cells grown on alcohols or 

dextrose had little or no 14D-degrading activity and much lower rates of propylene oxidation. 

Cells grown on isobutanol were able to degrade both THF and 14D and the consumption of 

both cyclic ethers was inhibited by both rifampicin and chloramphenicol. These results 

suggest that cyclic ethers can induce expression of the monooxygenase enzymes required for 

their own biodegradation. 
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INTRODUCTION 

The genus Rhodococcus is a large group of aerobic, nonmotile gram-positive bacteria 

that are commonly found in water and soil systems. (Briglia, Nurmiaho-Lassila, Vallini, & 

Salkinoja-Salonen, 1990; Larkin, Kulakov, & Allen, 2005; Rowbotham & Cross, 1977; 

Ruberto, Vazquez, Lobalbo, & Mac Cormack, 2005; Sorkhoh, Ghannoum, Ibrahim, Stretton, 

& Radwan, 1990). Many Rhodococcus strains have broad metabolic capabilities and can 

catabolize or degrade diverse organic compounds through pathways that are often initiated by 

the activities of oxygenase type enzymes (Finnerty, 1992; Larkin et al., 2005).  

Rhodococcus rhodochrous ATCC 21198 is a versatile hydrocarbon-metabolizing 

bacterium that can grow on gaseous short-chain alkanes including ethane, propane, and n-

butane (Babu & Brown, 1984; Hou, Patel, Laskin, Barnabe, & Barist, 1983). This strain is 

one of the few commercially sourced bacteria that is known to grow on isobutane 

(Macmichael & Brown, 1987). The activities of this strain has been characterized in several 

studies and have shown it is can epoxidize alkenes, convert 2o alcohols to ketones and 

accumulate lipids after or during growth on gaseous alkanes (Hou, Patel, & Laskin, 1983; 

Hou et al., 1983; Kuntz, Brown, Zappi, & French, 2003; Shields-Menard et al., 2014). In 

2014, the draft genome of R. rhodochrous ATCC 21198 was deposited with NCBI (Shields-

Menard et al., 2014). 

1,4-Dioxane (14D) has been widely used as a stabilizing agent for chlorinated solvents 

and frequently occurs in industrial wastewater as a residual solvent. This compound has low 

volatility (Henry’s law constant = 4.8×10
-6

 atm m3 mol
-1

, at 25 oC) and is highly soluble in 
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water (Mahendra & Alvarez-Cohen, 2006; Mahendra, Petzold, Baidoo, Keasling, & Alvarez-

Cohen, 2007; Zenker, Borden, & Barlaz, 2003). 14D is considered to be a probable human 

carcinogen and the main routes of human exposure include inhalation of vapors and ingestion 

of contaminated food or water. Recently, EPA has posted a chronic oral reference dose (0.03 

mg kg-1 day-1) and 0.35μg L-1 concentration in drinking water for 1X 10-6 cancer risk level 

(U.S. EPA IRIS, 2010; U.S. EPA IRIS 2013). Based on the analysis of 14D in the United 

States, many sites, especially ones near wastewater treatment systems, likely encounter 14D 

concentrations higher than EPA water advisory concentration (Simonich et al., 2013). 

Historically 14D has also been widely used as a stabilizer for chlorinated solvents. 

Consequently, many chlorinated solvent-impacted sites also contain 14D. 

Biodegradation of 14D has not been reported to occur under anaerobic conditions. 

However, this compound can be degraded aerobically through two different mechanisms. A 

limited number of bacteria such as Pseudonocardia dioxanivorans CB1190 can grow on 14D 

as a sole source of carbon and energy for growth (Parales, Adamus, White, & May, 1994). 

However, growth on 14D is slow, inefficient, and requires mg L-1 concentrations of 14D that 

are far higher than environmentally relevant concentrations (µg L-1). A number of bacteria 

can cometabolically degrade 14D after growth on compounds such as toluene, propane and 

methane (Mahendra & Alvarez-Cohen, 2006). Recent studies in the Hyman laboratory have 

also demonstrated that isobutane-metabolizing bacteria are capable of cometabolically 

oxidizing very low (<10 µg L-1) concentrations of 14D. In this study the 14D-degrading 

activities of R. rhodochrous ATCC 21198 has been examined after growth on gaseous 

alkanes, alcohols and THF. The results suggest that 14D-degrading activity is induced by 
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gaseous alkanes and THF but not by alcohols. The results also suggest that 14D can induce 

the expression of enzymes required for its own biodegradation even though strain 21198 does 

not grow on 14D.  

  



 

20 

MATERIALS AND METHODS 

Materials: Rhodococcus rhodochrous ATCC 21198 was obtained from American Type 

Culture Collection (Manassas, VA). Ethane (99.9% purity) was obtained from Air Liquid 

USA (Houston, TX). Propane (CP grade) and isobutane (CP grade) were obtained from 

Airgas (Radnor, PA). Butane (99% purity), ethanol (>99.5% purity), 1-propanol (>99.9% 

purity), 2-propanol (>99.9% purity), isobutanol (>99.9% purity), 1-butanol (>99.9% purity), 

2-butnaol (>99.0% purity), THF (>99.9% purity), and 1,4-dioxane (>99.8% purity) were 

obtained from Sigma-Aldrich Chemical Co. Inc (Milwaukee, WI). All other chemicals were 

of reagent grade or better. 

 

Cultivation of Rhodococcus rhodochrous ATCC 21198: R. rhodochrous ATCC 21198 was 

grown on mineral salts medium (MSM) containing (per liter) 2.0 g of NH4Cl, 0.075 g of 

MgCl2. H2O, 0.1 g (NH4)2SO4, 0.775 g K2HPO4, 0.425 g NaH2PO4. The medium was 

supplemented with a trace elements solution (2 mL) that contained (per liter of water) 50 g 

EDTA, 11g ZnSO4 . 7H2O, 4.54 g CaCl2, 5.06 g MnCl2 . 4H2O, 5.0 g FeSO4 . 7H2O, 0.55 g 

(NH4)6Mo7O24 . 4H2O, 1.506 g CuSO4.5H2O, and 0.855g CoCl2. 6H2O.Unless otherwise 

stated, cultures were grown on different substrates in batch culture in glass media bottles 

(700 mL) (Wheaton Scientific, Millville, NJ). The bottles contained MSM (100 mL) and 

were inoculated (initial OD600 ~0.02) with a suspension of cells previously grown on Plate 

Count Agar (PCA) plates. The bottles were sealed with open-top caps fitted with butyl rubber 

septa. Gaseous alkanes (ethane, propane, butane, isobutane) (10% vol/vol gas phase) were 



 

21 

then added to the sealed culture bottles using sterile plastic syringes (30 mL) fitted with 

disposable filters (0.1 μm) (Millipore Co., Bedford, MA). Liquid substrates (0.1% vol/vol 

media) were added using sterile gastight glass syringes (Hamilton Robotics Co., Reno, NV). 

All the bottles were incubated at 30 oC in the dark in an orbital shaker operated at 150 rpm. 

The cultures were grown for 96 h when the culture optical density (OD) was determined 

spectrophotometrically using a Shimadzu 1601 UV/Vis spectrophotometer (Kyoto, Japan). 

To confirm culture purity after growth, a sample of the culture (40 μL) was streaked onto 

PCA plates. 

 

Cell culture harvest: The cells were harvested by centrifugation (10,000 X g, 5 min, 4 oC), 

the cells were washed twice with 50mM sodium phosphate buffer (pH 7.0) (20 mL) and 

finally resuspended in phosphate buffer (1 mL). These washed, resuspended calls were stored 

at 4o C and used within 4 h.  

 

Propylene oxidation by R. rhodochrous ATCC 21198: The ability of R. rhodochrous 

ATCC 21198 to oxidize propylene to propylene oxide was determined in small-scale 

reactions conducted in glass serum vials (10 mL). The vials contained 50mM phosphate 

buffer (900 μL) and were sealed with butyl rubber stoppers and aluminum tear-off seals. 

Propylene gas (1 mL) was then added to the stoppered vials using sterile plastic syringes 

fitted with 0.1 μm disposable filters (Millipore Co., Bedford, MA). The vials were then 

placed for 5 min in a heated shaking water bath (30 oC, 150 rpm) to allow equilibration of the 

gas between the gas and liquid phase. The reactions were initiated by adding aliquots (100 
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µL) of concentrated cell suspension. The reaction vials were then returned to the shaking 

water bath and samples (2 µl) were removed as required for analysis of propylene oxide 

production by gas chromatography. Rates of propylene oxide production were determined 

from plots of propylene oxide production time for samples taken up to 6 hours after the 

addition of cells. The rates were determined by linear regression analyses of these data.  

 

1,4-Dioxane oxidation by R. rhodochrous ATCC 21198: The ability of R. rhodochrous 

ATCC 21198 to degrade 14D was determined in small-scale reactions conducted in glass 

serum vials (10 mL). The vials contained 50mM phosphate buffer (900 μL) and were sealed 

with butyl rubber stoppers and aluminum tear-off seals. 14D was then added to the stoppered 

vials to an initial concentration of 1 mM using a freshly prepared aqueous solution of this 

ether. The vials were then placed for 5 min in a heated shaking water bath (30 oC, 150 rpm) 

to allow equilibration of the ether between the gas and liquid phase. The reactions were 

initiated by adding aliquots (100 µL) of concentrated cell suspension. The reaction vials were 

then returned to the shaking water bath and samples (2 µl) were removed as required for 

analysis of residual 14D by gas chromatography. Rates of 14D degradation were determined 

from plots of residual 14D versus time for samples taken at 0, 1, 2 & 3 h after the addition of 

cells. The rates were determined by linear regression analyses of these data.  

 

Gas chromatography: Biodegradation of 14D and propylene oxidation was quantified by 

gas chromatography by directly injecting reaction samples (2 µl) into a Shimadzu GC-14A 

chromatograph (Kyoto, Japan) equipped with a flame ionization detector and a stainless steel 
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column (0.3 × 61 cm) packed with Porapak Q (80/100 mesh). The gas chromatograph was 

operated with a column temperature of 150 oC for measurement of 14D degradation and 120 

oC for measurements of propylene oxide production. In all analyses the injection temperature 

was 200 oC, and the detector temperature of 220 oC. Nitrogen was used as a carrier gas at a 

flow rate of 15 mL min-1. The gas chromatograph was interfaced to HP3395 integrators 

(Hewlett Packard, Palo Alto, CA) for data collection and analysis. Quantification of 14D and 

propylene oxide was determined by the calibration plots developed using authentic standards. 

 

Induction of alkane-oxidizing system by 1, 4-dioxane: R. rhodochrous ATCC 21198 was 

grown at 30o C in batch culture in screw capped glass media bottles (1 L) (Quark Glass Co., 

Vineland, NJ) that contained MSM (300 mL) and isobutanol (4 mM). Once the cultures 

reached a final OD600 0.6~1.0, the cells were harvested by centrifugation, as described above. 

The cells were washed twice with 50mM phosphate buffer (20 mL) and were finally 

resuspended in phosphate buffer (605 mL). This cell suspension was then subdivided into 

100 mL aliquots and each aliquot was added to a screw-capped glass serum vial (700 mL). 

As required, the cell suspensions were supplemented with 14D or THF to an initial 

concentration of 1 mM using freshly prepared aqueous stock solutions. Rifampicin and 

chloramphenicol were also added as needed to an initial concentration of 100 µg mL-1. The 

reactions vials were incubated in the dark in an environmental shaker operated at 30o C and 

150 rpm. The consumption of 14D and THF was monitored over time by gas 

chromatography, as described above. 
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Determination of cell protein concentration: Protein concentration was determined by 

Biuret protein assay (Gornall, Bardawill, David, & others, 1949). Cell proteins were initially 

solubilized by adding an equivalent volume of 3 N NaOH to a sample of concentrated cell 

suspension and incubating the mixture for 1 h at 65 oC. Insoluble material was then 

sedimented by centrifugation using a microcentrifuge (10,000 rpm, 5 min). Bovine serum 

albumin was used as a standard. 
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RESULTS 

Growth of Strain 21198 on alkanes, alcohols, and other substrates: Batch cultures of R. 

rhodochrous ATCC 21198 were used to define the ability of this bacterium to grow on 

gaseous alkanes, alkane-derived metabolites and other relevant substrates. The bacterium 

grew on all of the gaseous alkanes tested and the final culture density (OD600) after growth 

for 90 h increased with increases in carbon number (Table 2.1). The bacterium also grew 

well on all of the 1o alcohols tested (ethanol, 1-propanol, 1-butanol, and isobutanol (2-

methyl-1-propanol) while growth on 2o alcohols (2-propanol, 2-butanol) was lower than with 

the corresponding 1o alcohol. Growth was also observed on THF although there was an 

extended lag phase of ~200 hours before growth on this substrate was detected.  

 

Propylene and 1,4-dioxane oxidation by R. rhodochrous ATCC 21198: In addition to 

alkane substrates, many alkane-oxidizing monooxygenases are known to also oxidize simple 

gaseous alkenes. As alkane-oxidizing bacteria do not typically have the ability to further 

metabolize epoxides, the epoxides generated from these reactions are sufficiently stable that 

their accumulation can be used to estimate the levels of monooxygenase activity in cells. The 

specific rates of propylene oxide (1,2-epoxypropane) formation from propylene (propene) 

oxidation were determined for cells of strain 21198 after growth on all of the substrates 

described in Table 2.1. The highest rates of propylene oxide production were observed with 

cells grown on gaseous alkanes (≤20 nmol propylene oxide production min-1 mg total 

protein-1) although the rates observed with cells grown on isobutane and n-butane were as 
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much as 4-fold higher than those observed for cells grown on ethane or propane. Low levels 

of propylene-oxidizing activity (≤  3 nmol propylene oxide production min-1 mg total 

protein-1) were observed for cells grown on dextrose and 1o alcohols (ethanol, 1-propanol, 1-

butanol and isobutanol). Cells grown on THF or 2o alcohols (2-propanol or 2-butanol) 

oxidized propylene at intermediate rates (4-5 nmol propylene oxide production min-1 mg total 

protein-1).  

The specific rates of 14D biodegradation were also determined for cells of strain 21198 

after growth on all of the substrates described in Table 2.1. Strain 21198 degraded 14D after 

growth on all of the gaseous alkanes tested and also after growth on THF (Fig. 2.1). In all 

cases 14D degradation occurred without a lag phase and the rate of 14D degradation 

remained constant for at least 3 h. Overall the rates of 14D degradation were slower than the 

rates of propylene oxidation reported in Table 2.2 but showed similar trends. For example, 

the maximal rate of 14D degradation (~0.02 nmol 14D min-1 mg total protein-1) was observed 

for cells grown on n-butane. Cells grown on isobutane or THF oxidized 14D at slightly lower 

rates (~0.01 nmol 14D min-1 mg total protein-1) while cells grown on either ethane or propane 

exhibited the lowest rates (~0.006 to 0.007 nmol 14D min-1 mg total protein-1). Cells grown 

on dextrose or alcohols consistently exhibited minimal or very low rates of 14D degradation 

(≤ 0.001 nmol 14D min-1 mg total protein-1). 

  

Induction of 1,4-dioxane degradation by 1,4-dioxane: Based on the observation that cells 

of strain 21198 could grow on THF (Table 2.1) and that cells grown on alcohols had little or 
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no 14D-degrading activity (Fig. 2.1), we also examined whether 14D could induce 

expression of enzymes required for its own biodegradation.  

Cells previously grown on isobutanol were incubated with either 14D or THF (1 mM) 

and the concentration of each ether was monitored over time by gas chromatography. Little 

or no degradation of either 14D or THF occurred during the first 5 hours of these incubations 

(Fig. 2.1).  However, after 21 hours THF was no longer detected in reactions containing cells 

plus THF alone whereas in similar incubations containing either rifampicin (100 µg mL-1) or 

chloramphenicol (100 µg mL-1), ≥90% of the THF remained at this time.  A similar effect 

was also observed for cells incubated with 14D. In these incubations ~50% of the original 

14D was consumed after 21 hours in reactions containing isobutanol-grown cells plus 14D 

alone. The presence of either rifampicin or chloramphenicol again greatly reduced the 

amount of 14D consumed over the same period of time.  

 

 

 

 

 

 

 

 

 

  



 

28 

DISCUSSION 

Growth on alkanes, alcohols, and other substrates: The results of this study with 

Rhodococcus sp. strain 21198 confirm and extend several previous studies of this bacterium. 

For example, this strain was originally isolated as an n-butane-utilizing strain and has 

previously been reported to grow on propane and isobutane (Kimura, Tanaka, & Yamamoto, 

1973). In contrast, growth on THF has not bee previously reported. While growth on THF 

was not a rapid as growth on gaseous alkanes and their likely initial alcohol products, other 

Rhodococcus species have been described that can utilize THF as a sole source of carbon and 

energy (Bernhardt & Diekmann, 1991; Yao, Lv, Min, Lv, & Jiao, 2009).  

 

Possible enzymes utilized during growth on gaseous alkanes: The annotated genome for R. 

rhodochrous 21198 has been deposited with NCBI (Shields-Menard et al., 2014) and the 

genome encodes two enzymes with known abilities to oxidize gaseous alkanes. One enzyme 

is a methane-monooxygenase (MMO)-like soluble di-iron domain monooxygenase (SDIMO) 

(Shields-Menard et al., 2014). This enzyme has a 59 kDa active site-containing hydroxylase 

subunit and is known to oxidize short-chain alkanes, alkenes and single-ring aromatics, 

(Coleman et al., 2011; Leahy et al., 2003). Primary alcohols are the predominant products 

generated from n-alkanes by sMMO (Lipscomb, 1994; Macmichael & Brown, 1987; 

Stephens & Dalton, 1986) and a similar product profile is expected with other closely related 

SDIMOs. 

The genome of strain 21198 also encodes a propane monooxygenase with a 63 kDa 

active site-containing hydroxylase component. This enzyme has high amino acid sequence 
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identity (>90%) to propane monooxygenases in Rhodococcus sp. strain BCP1, Rhodococcus 

sp. strain RHA1, Rhodococcus sp. strain PD630, Mycobacterium sp. mc2155, and 

Mycobacterium sp. 12523 (Cappelletti et al., 2015; Furuya, Hayashi, Semba, & Kino, 2012; 

Furuya, Hirose, Osanai, Semba, & Kino, 2011; Shields-Menard et al., 2014). The minABCD 

gene cluster in Mycobacterium sp. mc2155, and Mycobacterium sp. 12523 enables these 

strains to grow on propane. However, like other propane monooxygenases (Kotani, Yurimoto, 

Kato, & Sakai, 2007; Rojo, 2009), propane oxidation by these strains is subterminal and 

results in the formation of 2-propanol and not 1-propanol (Furuya et al., 2011). Rhodococcus 

sp. strain 21198 generates both 1-propanol and 2-propanol during propane oxidation (Babu & 

Brown, 1984) and this is a commonly encountered phenomenon with other propane-utilizing 

bacteria (Blevins & Perry, 1972; Macmichael & Brown, 1987; Stephens & Dalton, 1986). 

These physiological observations suggest strain 21198 and other propane-oxidizing bacteria 

may produce two different monooxygenases capable of propane oxidation. Furthermore, 

these enzymes may have different substrate specificities as well as different product profiles.   

 

Propylene oxidation and 1,4-Dioxane degradation by Rhodococcus strain ATCC 21198: 

Monooxygenases have been implicated in the initial step of 14D degradation in numerous 

bacteria (Gedalanga et al., 2014; Li et al., 2013; Mahendra & Alvarez-Cohen, 2006; 

Mahendra et al., 2007; Masuda, McClay, Steffan, & Zylstra, 2012; Vainberg et al., 2006). 

Our results (Fig. 2.1) demonstrate that Rhodococcus strain ATCC 21198 can oxidize high 

concentrations of 14D (1 mM) after growth on either gaseous alkanes or THF, but not after 

growth on either a range of alcohols or dextrose. Similar results were also observed for 
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propylene oxidation (Table 2.2). Collectively, these observations agree with many previous 

studies that the expression of gaseous alkane-oxidizing monooxygenases is strongly induced 

by alkanes but much less effectively by the immediate products of alkane oxidation (Kotani, 

Kawashima, Yurimoto, Kato, & Sakai, 2006; Mahendra & Alvarez-Cohen, 2006; van Beilen 

& Funhoff, 2007). However, our results also indicate that different gaseous alkanes support 

different rates of both propylene oxidation and 14D degradation. For example, ethane- and 

propane-grown cells had consistently lower specific activities for both propylene and 14D 

than cells grown on isobutane or n-butane (Fig. 2.1, Table 2.2). These differences may reflect 

differences in induction patterns for a single alkane-oxidizing monooxygenase. Alternatively, 

these differences may reflect different expression levels of multiple alkane-oxidizing 

monooxygenase similar to those described for propane monooxygenase (Kotani, Yamamoto, 

Yurimoto, Sakai, & Kato, 2003).  

 

Induction of 1,4-dioxane degradation: The results of the experiment shown in Fig. 2.2 

suggest that at least two cyclic ethers (14D and THF) can induce expression of enzymes 

responsible for their own biodegradation in cells grown on non-inducing alcohols such as 

isobutanol. The effect of THF as an inducer is not surprising as strain 21198 can clearly grow 

on this compound. The apparent induction of 14D-degrading activity 14D itself is more 

notable and of potentially more practical value. One of the limitations of in situ 

bioremediation processes using gaseous stimulants is the low water solubility of these gases 

and the resulting difficulties associated with stimulating monooxygenase expression in native 

bacteria in the subsurface. The ability of 14D to induce expression of appropriate 
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monooxygenases needed for its own biodegradation suggests that in situ treatments could be 

developed in which highly water soluble alcohols are added to the subsurface rather than 

poorly water soluble gases.  
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FIGURES AND TABLES 

 

Figure 2-1 1,4-Dioxane degradation by Rhodococcus sp. strain 21198. Cells of strain 

21198 were grown on the indicated substrates and incubated with 14D, as described in the 

Methods section. The figure shows the specific rates of 14D degradation by resting cells 

grown on the indicated substrates. The data presented are the means and range of 3 biological 

replicates.  
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Figure 2-2 Induction of 1,4-dioxane and THF degradation by Rhodococcus sp. strain 

21198 grown on isobutanol. Cells of strain 21198 were grown on isobutanol and incubated 

with either THF (1 mM) or 14D (1 mM), as described in the Methods section. The Figure 

shows the time course of THF (open symbols) and 14D (closed symbols) for cells of strain 

21198 incubated with (□) THF alone, (○) THF plus rifampicin, (△) THF plus 

chloramphenicol, (■), 14D alone, (●) 14D plus rifampicin, and  (▲) 14D plus 

chloramphenicol. Both antibiotics were added at a concentration of 100 µg mL-1. 

  



 

34 

Table 2-1 Growth of R. rhodochrous ATCC 21198 on diverse substrates  

Substrate Final OD after 90 ha 

ethane 0.28 (0.08) 

propane 0.95 (0.11) 

isobutane 0.86 (0.12) 

n-butane 1.33 (0.12) 

ethanol 0.71 (0.13) 

1-propanol 1.22 (0.12) 

2-propanol 0.62 (0.00) 

1-butanol 0.70 (0.10) 

2-butanol 0.46 (0.10) 

isobutanol 0.54 (0.13) 

dextrose 0.77 (0.03) 

THF 0.58 (0.10)b 

1,4-dioxane 0.02 (0.00) 

a  The data reported are the mean and (standard deviation) of three biological replicates  

b OD after 576 h 
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Table 2-2 Rate of Propylene oxide production R. rhodochrous ATCC 21198 a 

Growth 

Substrate 

Propylene oxide 

production rate 

(nmol propylene oxide 

min-1 mg-1 protein) 

Growth 

Substrate 

Propylene oxide 

production rate 

(nmol propylene oxide 

min-1 mg-1 protein) 

ethane 8.87 (0.62) ethanol 2.96 (1.64) 

propane 5.02 (0.48) 1-propanol 1.05 (0.44) 

isobutane 22.20 (3.85) 2-propanol 5.01 (1.00) 

n-butane 20.87 (0.95) isobutanol 2.14 (1.54) 

dextrose 2.88 (2.73) 1-butanol 1.05 (1.29) 

THF 4.42 (0.72) 2-butanol 5.34 (1.70) 

a Data presented are the mean and (standard deviation) of three biological replicates  
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CHAPTER 3 

 

Activity-Based Protein Profiling of Gaseous Alkane-Oxidizing Monooxygenases in  

Rhodococcus rhodochrous ATCC 21198 
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ABSTRACT 

Uptake of gaseous alkanes by actively growing cultures of Rhodococcus rhodochrous 

ATCC 21198 was fully inhibited by a defined mixture of terminal diynes. The fluorescent 

labeling pattern of total proteins from alcohol- or alkane-grown cells was determined by 

SDS-PAGE and IR scanning for cells treated with individual diynes and then conjugated 

with AlexaFluor 647 azide using a CuAAC reaction. Although exposure to different 

individual diynes resulted in different levels of labeling intensity, the labeling patterns were 

similar for cells grown on the same substrate.  The lowest level of labeling occurred with 

alcohol-grown cells while the highest level of labeling was consistently observed for cells 

grown on alkanes. The level of fluorescent labeling in isobutane-grown cells was shown to 

be directly proportional to the amount of cell protein analyzed by SDS-PAGE and IR 

scanning. When cells were grown on gaseous alkanes, a 59 kDa polypeptide was intensely 

labeled following exposure to a diyne mixture and conjugation with AlexaFluor 647 azide. 

This polypeptide was also observed in cells grown on THF but was only present at low levels 

in dextrose-grown cells. A fluorescent 63 kDa polypeptide was also observed for cells grown 

on ethane and propane, but not in cells grown on other gaseous alkanes, THF or dextrose. 

This polypeptide was also observed at low levels in cells grown on 1o and 2o alcohols.  In the 

presence of 14D, fluorescence associated with a 59 kDa polypeptide increased over time and 

as 14D was degraded. The increase in fluorescence and the consumption of 14D were both 

inhibited by the presence of rifampicin or chloramphenicol suggesting that the 59 kDa 

polypeptide is associated with a monooxygenase responsible for 14D degradation. 

  



 

38 

INTRODUCTION 

Activity-based protein profiling is a proteomics method that uses reactive chemical 

probes that target specific enzymes or proteins (Berger, Vitorino, & Bogyo, 2004; Sadler & 

Wright, 2015; Speers et al., 2003). ABPP probes are available for a wide variety of enzymes 

including proteases, lipase, esterases, dehydrogenases, transferases, and hydratases (Speers et 

al., 2003; Speers & Cravatt, 2004a). Although numerous variations exist, many ABPP 

approaches utilize mechanism-based enzyme inactivators as probes. These compounds 

require catalytic activation by the target enzyme and are therefore highly specific and 

typically covalently modify the active site of the target enzyme (B. Cravatt, 2000).  

Alkynes are often mechanism-based inactivators of microbial monooxygenases (Curry, 

Ciuffetti, & Hyman, 1996; Hyman & Arp, 1988; Keener et al., 2001; Pham et al., 2015; Prior 

& Dalton, 1985; Schink, 1985; Yeager et al., 1999). While most studies of alkyne 

inactivation of microbial monooxygenases have employeed terminal n-alkynes, terminal 

diynes are also expected to act as mechanism-based inacivators of these enzymes as these 

molecule present the enzyme with two equivalent alkyne groups rather than the single 

terminal alkyne group offered by terminal n-alkynes. Inactivation of the target 

monooxygenase by diynes is expected to involve enzymatic activation of only one terminal 

alkyne group resulting in the formation of an enzyme-inactivator adduct that retains a second 

unactivated alkyne group. This alkyne group is then available for conjugation with a suitable 

azide-linked fluorescent molecule or affinity purification tag using a CuAAC reaction (Fig. 

3.1).  
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The approach of using diyne probes for studying bacterial monooxygenases was 

recently described for the detection and proteomic identification of ammonia monooxygenase 

in the nitrifying bacterium, Nitrosomonas europaea (Bennett et al., 2016). In the research 

described in this Chapter the same approcah involving terminal diynes has been used to 

detect expression of the putative monooxygenase(s) involved in gaseous alkane oxidation by 

Rhodococcus rhodochrous ATCC 21198. After using a CuAAC reaction to conjugate diyne-

treated cell extracts with AlexaFluor 647 azide, labeled polypeptides were visualized by IR 

fluoresecnce after separation by SDS-PAGE gels. The results of these studies suggest that 

strain 21198 expresses two different monooxygenases in response to gaseous alkane growth 

substrates.  

 

 

 

 

 

 

 

 

  



 

40 

MATERIALS AND METHODS 

Materials: Rhodococcus sp. strain 21198 was obtained from American Type Culture 

Collection (Manassas, VA). Ethane (99.9% purity) was obtained from Air Liquid USA, 

Houston, TX. Isobutane (CP grade), propane (CP grade), and propylene (CP grade) were 

obtained from Airgas, Radnor, PA. N-Butane (99% purity), 1-butanol (>99.9% purity), 2-

butanol (>99.0% purity), 1,4-dioxane (>99.8% purity), ethanol (>99.5% purity), isobutanol 

(>99.9% purity), 1,7-octadiyne (17OD) (98% purity), 1-propanol (>99.9% purity), 2-

propanol (>99.9% purity), propylene oxide (99% purity) and THF (>99.9% purity), were 

obtained from Sigma-Aldrich Chemical Co. (Milwaukee, WI). 1,6-heptadiyne (97% purity), 

and 1,8-nonadiyne (>95% purity) were obtained from TCI America (Portland, OR). 1,5-

hexadiyne (50% v/v in pentane) was obtained from Alfa Aesar (Ward Hill, MA). AlexaFluor 

647-azide (99% purity) was obtained from Invitrogen (Grand Island, NY). All other 

chemicals were of reagent grade or better.  

 

Cultivation of Rhodococcus rhodochrous ATCC 21198: R. rhodochrous ATCC 21198 was 

grown on mineral salts medium (MSM) containing (per liter) 2.0 g of NH4Cl, 0.075 g of 

MgCl2. H2O, 0.1 g (NH4)2SO4, 0.775 g K2HPO4, 0.425 g NaH2PO4. The medium was 

supplemented with a trace elements solution (2 mL) that contained (per liter of water) 50 g 

EDTA, 11g ZnSO4 . 7H2O, 4.54 g CaCl2, 5.06 g MnCl2 . 4H2O, 5.0 g FeSO4 . 7H2O, 0.55 g 

(NH4)6Mo7O24 . 4H2O, 1.506 g CuSO4.5H2O, and 0.855g CoCl2. 6H2O.Unless otherwise 

stated, cultures were grown on different substrates in batch culture in glass media bottles 

(700 mL) (Wheaton Scientific, Millville, NJ). The bottles contained MSM (100 mL) and 
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were inoculated (initial OD600 ~0.02) with a suspension of cells previously grown on Plate 

Count Agar (PCA) plates. The bottles were sealed with open-top caps fitted with butyl rubber 

septa. Gaseous alkanes (ethane, propane, butane, isobutane) (10% vol/vol gas phase) were 

then added to the sealed culture bottles using sterile plastic syringes (30 mL) fitted with 

disposable filters (0.1 μm) (Millipore Co., Bedford, MA). Liquid substrates (0.1% vol/vol 

media) were added using sterile gastight glass syringes (Hamilton Robotics Co., Reno, NV). 

All the bottles were incubated at 30 oC in the dark in an environmental shaker operated at 

150 rpm. The cultures were grown for 96 h when the culture optical density (OD) was 

determined spectrophotometrically using a Shimadzu 1601 UV/Vis spectrophotometer 

(Kyoto, Japan). To confirm culture purity after growth, a sample of the culture (40 μL) was 

streaked onto PCA plates. 

 

Cell culture harvest: The cells were harvested by centrifugation (10,000 X g, 5 min, 4 oC), 

the cells were washed twice with 50mM sodium phosphate buffer (pH 7.0) (20 mL) and 

finally resuspended in phosphate buffer (1 mL). These washed, resuspended cells were stored 

at 4o C and used for experiments within 4 h.  

 

Alkyne inhibition of alkane-dependent growth: Cultures of R. rhodochrous ATCC 21198 

were grown on different gaseous alkanes in batch culture in glass media bottles (700 mL). 

The culture bottles containing MSM (100 mL) and were inoculated (initial OD600 ~0.02) with 

a suspension of cells previously grown on Plate Count Agar (PCA) plates. The culture bottles 

were then sealed with butyl rubber stoppers and aluminum crimp seals and gaseous alkanes 
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(10 mL) were added as an overpressure using sterile plastic syringes (30 mL) fitted with 

disposable filters (0.1 μm) (Millipore Co., Bedford, MA). The cultures were incubated in the 

dark at 30 oC in a shaking incubator operated at 150 rpm.  Consumption of the alkanes was 

determined over time by removing samples (10 µL) of the gas phase for analysis by gas 

chromatography. Once alkane consumption had been initiated, the cultures were divided into 

two equivalent subcultures (50 mL each) that were added to MSM (50 mL) in new culture 

bottles (700 mL). The culture bottles were sealed and either a mixture of diynes (100 µl of a 

mixture of 0.25 M 1,6-heptadiyne, 0.25 M 1,7-octadiyne, 0.25 M 1,8-nonadiyne, 0.25 M 1,9-

decadiyne in DMSO) or sterile H2O (100 µl) was then added. The cultures were then 

returned to the shaking incubator and incubated for 1 h. After this incubation, individual 

gaseous alkanes (16 mL) were added to the sealed culture bottles using sterile plastic 

syringes (30 mL) fitted with disposable filters (0.1 μm) (Millipore Co., Bedford, MA). 

Subsequent changes in the concentration of gaseous alkanes in the gas phase over time were 

then determined by gas chromatography.   

 

Treatment of cells with defined diyne mixture: Unless otherwise stated, cells were 

exposed to a defined mixture of diynes consisting of a 1 M solution in DMSO consisting of 

0.25 M 1,6-heptadiyne, 1,7-octadiyne, 1,8-nonadiyne, and 1,9-decadiyne. Cells were 

incubated in glass serum vials (10 mL) sealed with butyl rubber stoppers and aluminum tear-

off seals. The vials contained buffer and cell suspensions (1 mL total volume) and the 

reactions were initiated by adding 1 µL of the 1 M diyne mixture. The vials then were 

incubated for 1 hour at 30 oC in a shaking water bath operated at 150 rpm. After the 
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incubation, the cells were pelleted by centrifugation (10,000 X g, 5 min), washed 3 times 

with sodium phosphate buffer (50 mM, pH 7.0), and finally resuspended with fresh sodium 

phosphate buffer (1 mL). The resulting cell suspension was then disrupted by two cycles of 

bead beating (6.0 m/s, 45 sec) using lysing matrix tubes (MP Biomedicals, Santa Ana, CA). 

After disruption, the unbroken cells were removed by centrifugation (10,000 X g, 1 min). To 

minimize proteolysis 20 µL of a 1X protease inhibitor cocktail (Sigma Aldrich Chemical, St 

Louis, MO) was added to the cell protein solution. The protein solutions were then stored at -

20 oC until used for further analysis.   

 

Copper(I)–catalyzed alkyne-azide cycloaddition (CuAAC) reactions: Unless otherwise 

stated, CuAAC reactions were conducted using whole cells extracts of R. rhodochrous 

ATCC 21198 incubated in plastic microfuge tubes (500 µL) in a final reaction volume of 75 

µL. Cell protein (~300 µg) was mixed with autoclaved deionized water and 1 μL of 10% 

aqueous solution of SDS (final concentration = 0.13%), 1 μL of 0.6 mM AlexaFluor 647 

azide in DMSO (final concentration  = 8 μM), 1.5 μL 0.1 M aqueous solution of CuSO4 

(final concentration  = 2 mM), and 7.5 μL of 0.1 M aqueous solution of sodium ascorbate 

(final concentration = 10 mM) were then added in the reaction. The reaction was incubated at 

room temperature in dark room for 1 hour. 1 μL of a 1M aqueous solution of 3-butyn-1-ol 

(final concentration = 13 mM) was then added to quench the reaction. The resulting labeled 

cell extracts were stored in the dark at -20 oC prior to analysis by SDS-PAGE. 
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Sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE): Unless 

otherwise stated, all SDS-PAGE analyses were conducted using 8% to 12% polyacrylamide 

gels (1.5 mm × 10 cm × 10 cm) and a Laemmli discontinuous buffer system. Protein samples 

(≤ 100 µg total protein) for SDS-PAGE analysis were prepared by adding one fifth amount of 

6X Laemmli sample buffer (375mM Tris-HCl, 9% SDS, 50% Glycerol, 0.05% bromophenol 

blue, and 9% β-mercaptoethanol). The samples were then heated at 90 oC for 5 minutes, and 

then centrifuged (12,000 rpm for 3 min) using a microfuge. Samples of the supernatant (10-

25 µg total protein) were then loaded onto the gels that were then electrophoresed at room 

temperature for 30 min at a fixed current of 25-35 mA. To visualize fluorescently labeled 

polypeptides, the unfixed gel was immediately scanned with an excitation wavelength of 650 

nm and a detection wavelength of 668 nm using an Odyssey 9120 IR scanner (LI-COR 

Biosciences, Lincoln, NE). The images were obtained and analyzed by Odyssey imaging 

system application software (Version 3.0). An infrared NIR marker protein ladder (Thermo 

Scientific, Waltham, MA) was used to estimate the mass of fluorescently labeled 

polypeptides. When required, the polypeptides separated by SDS-PAGE were visualized by 

staining the polyacrylamide gels overnight with staining buffer (0.1% Comassie blue, 50% 

methanol, and 10% glacial acetic acid). After staining, gels were destained in destaining 

buffer (50% methanol, and 10% glacial acetic acid). 

 

Quantification of fluorescent labeling: Cells of R. rhodochrous ATCC 21198 were grown 

on isobutane for 5 days and were harvested, as described above.  1 mL of concentrated cell 

suspension was divided into two equal 500 µL aliquots. One aliquot was treated with 1 mM 
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1,7-octadiyne for 1 hour while the other aliquot was untreated. Both aliquots of cells were 

separately pelleted by centrifugation (10,000 X g, 5 min), washed 3 times with sodium 

phosphate buffer (50 mM, pH7.0), and finally resuspended in 500 µL of fresh buffer. The 

resuspended cells were broken by two cycles of bead beating (6.0 m/s, 45 sec) using lysing 

matrix tubes (MP Biomedicals, Santa Ana, CA).  After centrifugation (10,000 X g, 1 min) to 

remove unbroken cell, aliquots of the two cell extracts were mixed in varying proportions, 

and then conjugated with AlexaFluor 647 azide using a CuAAC reaction. Samples of each 

protein mixture (25 µg total protein) were then analyzed by SDS-PAGE, IR scanning and 

fluorescence quantification.  

 

Induction of alkane oxidizing system by 1,4-dioxane. Cells of R. rhodochrous ATCC 

21198 were grown on isobutanol (4 mM) in batch culture in 1 L glass media bottles sealed 

with screw cap tops. The culture bottles contained MSM (200 mL) and were inoculated 

(initial OD600 ~0.02) with a suspension of cells previously grown on Plate Count Agar (PCA) 

plates. The culture bottles were incubated in the dark at 30 oC in an environmental incubator 

operated at 150 rpm). The cells were grown for 4 days to the final OD600 0.6~1.0. After 

harvesting the cells by centrifugation (10,000 X g, 5 min, 4 oC), the resulting cell pellet was 

washed twice with sodium phosphate buffer (50 mM pH 7.0) (20 mL) and resuspended in the 

same buffer to a final volume of 305 mL. Three separate samples (100 mL) of this cell 

suspension were added to glass culture bottles (700 mL) sealed with screw caps. The culture 

bottles were all supplemented with 14D (1 mM nominal concentration) added from an 

aqueous stock solution. Rifampicin (100 µg mL-1) and chloramphenicol (100 µg mL-1) were 
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added individually to two of the 14D-containing cultures. The consumption of 14D was 

monitored over time by removing samples (2 µL) for analysis by gas chromatography. At 

selected times samples (20 mL) of each culture were removed using plastic syringes and the 

cells were harvested by centrifugation (10,000 X g, 5 min, 4 oC), the resulting cell pellet was 

washed twice with sodium phosphate buffer (50 mM pH 7.0) (20 mL) and resuspended in the 

same buffer to a final volume of 1 mL. These samples were then exposed to the defined 

diyne mixture, broken, conjugated with AlexaFluor 647 azide using a CuAAC reaction, and 

analyzed by SDS-PAGE and IR scanning, as described in other sections.  

 

Gas chromatography: The concentrations of all hydrocarbon gases were determined by gas 

chromatography using a Shimadzu GC-14A gas chromatograph fitted with a flame ionization 

detector and a DB-MTBE capillary column [30 m × 0.45 mm (i.d.), 2.55 µm film; J & W 

Scientific, Folsom, CA]. In all cases samples (10 µL) of the reaction gas phases were directly 

injected into the gas chromatograph using gastight glass syringes (Hamilton Robotics Co., 

Reno, NV). The gas chromatograph was operated with a column temperature of 35 oC, an 

injection temperature of 200 oC, and a detection temperature of 220 oC. Nitrogen was used as 

a carrier gas at a flow rate of 5 mL min-1. Biodegradation of 14D was quantified by gas 

chromatography by directly injecting reaction samples (2 µl) into a Shimadzu GC-14A 

chromatograph (Kyoto, Japan) equipped with a flame ionization detector and a stainless steel 

column (0.3 × 61 cm) packed with Porapak Q (80/100 mesh). The gas chromatograph was 

operated with a column temperature of 150 oC for measurement of 14D degradation and 120 

oC for measurements of propylene oxide production. In all analyses the injection temperature 
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was 200 oC, and the detector temperature of 220 oC. Nitrogen was used as a carrier gas at a 

flow rate of 15 mL min-1. The gas chromatographs were interfaced to HP3395 integrators 

(Hewlett Packard, Palo Alto, CA) for data collection and analysis. Quantification of 14D was 

determined by the calibration plots developed using authentic standards. 

 

Determination of cell protein concentration: Protein concentration was determined by 

Biuret protein assay (Gornall et al., 1949). Cell proteins were initially solubilized by adding 

an equivalent volume of 3 N NaOH to a sample of concentrated cell suspension and 

incubating the mixture for 1 h at 65 oC. Insoluble material was then sedimented by 

centrifugation using a microfuge (10,000 rpm, 5 min). Bovine serum albumin was used as a 

standard. For measurements of low protein concentrations (< 2.5 mg mL-1), the bicinchoninic 

acid assay (BCA) was used also using bovine serum albumin as standard (P. Smith et al., 

1985). 
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RESULTS 

Effects of diynes of alkane consumption by growing cells: To investigate whether diynes 

were likely to act as irreversible mechanism-based inactivators of alkane-oxidizing enzymes 

in R. rhodochrous ATCC 21198, the effects of a defined mixture of diynes on active alkane-

oxidizing cultures was investigated. In all cases, the addition of a diyne mixture (1 mM 

nominal concentration of total diynes) to a portion of an active alkane-oxidizing culture 

resulted in complete inhibition of further alkane consumption (Fig. 3.2). In contrast, alkane 

consumption in the untreated portion of the culture continued at very similar rates to those 

observed prior to the subdivision of the culture and addition of the diyne mixture.  

 

Effect of diyne mixtures on fluorescent labeling: To determine whether different 

individual diynes resulted in different levels and patterns of fluorescent labeling, cells of R. 

rhodochrous ATCC 21198 were grown separately on two different 1o alcohols (ethanol and 

isobutanol) and a gaseous alkane (isobutane). The cells were then exposed to individual 

diynes for 1 hour and the fluorescent labeling patterns resulting from CuAAC reactions with 

AlexaFluor 647 azide were then determined by SDS-PAGE and IR scanning.  For each 

growth substrates tested, very similar labeling patterns were observed for each diyne (Fig. 

3.3). For example, with ethanol-grown cells, two polypeptides (59 and 63 kDa) were 

consistently fluorescently labeled after cells were exposed to each individual diyne. However, 

the labeling intensity for these polypeptides was higher for cells exposed to 1,8-nonadiyne 

(18ND) and 1,9-decadiyne (19DD) than 1,6-heptadiyne (16HD) or 1,7-octadiyne (17OD). A 

similar effect was also observed for cells grown on isobutanol. However, for cells grown on 
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isobutane, the same polypeptides observed with alcohol-grown cells were also fluorescently 

labeled but the intensity of the labeling was much higher than with alcohol-grown cells. This 

effect is compatible with the increased levels of monooxygenase activity and expression in 

alkane versus alcohol-grown cells reported in Chapter 2.  

 

Relationship between fluorescent labeling intensity and protein concentration: 

Meaningful interpretation of the intensity of the fluorescent labeling shown in Fig. 3.2 and in 

other experiments requires that the relationship between fluorescence intensity and protein 

loading is understood. To investigate this, varying amounts of diyne-treated and untreated 

cells isobutane-grown cells were mixed in known ratios. The total protein from the cell 

mixtures was extracted and reacted with AlexaFluor 647 azide- using a CuAAC reaction. A 

constant amount of protein (25 µg) of each mixture was analyzed by SDS-PAGE and IR 

scanning. The fluorescence associated with the 58 kDa fluorescently labeled polypeptide was 

then quantified using the software package of the IR scanner. This analysis revealed there 

was a linear relationship (r2 > 0.99) between labeled protein loading and detected 

fluorescence (Fig. 3.4). 

 

Fluorescent labeling patterns for cell grown on diverse substrates:  The fluorescent 

protein labeling patterns and intensities were subsequently examined for cells of R. 

rhodochrous ATCC 21198 exposed to a defined diyne mixture after growth on a range of 

substrates including gaseous alkanes, dextrose, THF and alcohols. For cells grown on ethane 

and propane, two major fluorescent polypeptides (59 and 63 kDa) were observed but only 



 

50 

one major fluorescent polypeptide (59 kDa) was observed for cells grown on isobutane, n-

butane and THF (Fig. 3.5A). Only low levels of the 59 kDa polypeptide were observed for 

cells grown on dextrose. These observations suggest that the fluorescently labeled 

polypeptides differ based on the growth substrate and further suggest close similarities 

between the enzyme(s) involved in both the oxidation of gaseous alkanes and cyclic ethers 

such as THF. Compared to propane-grown cells, the overall level of fluorescent labeling of 

alcohol-grown cells was much lower (Fig. 3.5 B) and exhibited a more complex labeling 

pattern. In the case of ethanol- and 1-propanol-grown cells, only a 63 kDa polypeptide was 

labeled while for cells grown on 2-propanol, and both 1- and 2-butanol, the major labeled 

polypeptide had a mass of 59 kDa.  

 

Fluorescent labeling study of putative monooxygenases during induction by 1,4-dioxane. 

In Chapter 2 it was shown that cells grown on isobutanol had little or no ability to oxidize 

14D but this activity could be induced in these cells by 14D itself (Fig. 2.2). This induction 

process was also examined using the fluorescent labeling approach described in this Chapter. 

At the start of the incubation, low levels of two fluorescently labeled polypeptides (59 and 63 

kDa) were detected for cells grown on isobutanol (Fig. 3.6A). For samples taken over the 

next 20 hours no discernable changes were observed for the fluorescence associated with the 

63 kDa polypeptide but the intensity of the 59 kDa polypeptide increased in samples from the 

culture containing 14D alone but not in the cultures containing 14D plus either rifampicin or 

chloramphenicol. Concurrent with this, the concentration of 14D decreased by ~40% in the 
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culture containing 14D alone but no detectable loss of 14D occurred in the cultures 

containing 14D plus either rifampicin or chloramphenicol (Fig. 3.6B).  
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DISCUSSION 

The results of this study show that simple linear diynes may be useful ABPP probes for 

detecting monooxygenase enzymes involved in gaseous alkane oxidation by R. rhodochrous 

ATCC 21198. For example, diynes appear to irreversibly inhibit gaseous alkane oxidation.  

Two polypeptides that were consistently fluorescently labeled in diyne-treated alkane- and 

alcohol-grown cells were of similar masses (59 and 63 kDa) to the active-site containing 

components of two gaseous alkane-oxidizing monooxygenases encoded in the genome of this 

strain. As fluorescence intensity was directly proportional to the amount of labeled protein 

analyzed, the differences in labeling intensity observed between alcohol- and alkane-grown 

cells are likely attributed to difference in monooxygenase abundance. The higher level of 

labeling observed with alkane- versus alcohol-grown cells corresponded well with the higher 

specific activities of 14D and propylene oxidation exhibited by alkane-grown cells. The 

inducing effects of 14D on its own biodegradation by alcohol-grown cells involved the de 

novo synthesis of a 59 kDa polypeptide that may be associated with a soluble di-iron 

monooxygenase. This enzyme has been implicated in gaseous alkane oxidation in other 

bacteria. These main conclusions are further discussed in the following sections.  

 

 Diynes as ABPP probes for gaseous alkane-oxidizing monooxygenases. The ABPP 

approach used in this study is based on the use of diynes as mechanism-based inactivators of 

alkane-oxidizing monooxygenase. The kinetic characteristics of mechanism-based 

inactivators are well defined and include a first-order inactivator concentration- and time-

dependent, irreversible loss of enzyme activity that occurs through covalent modification of 
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the target enzyme. Although many of the criteria have not been characterized in the present 

study, the results presented here are consistent with diynes specifically inactivating alkane-

oxidizing monooxygenases. For example, the results presented in Fig. 3.2 demonstrate that a 

mixture of diynes fully inhibited alkane oxidation by cells of R. rhodochrous ATCC 21198 

grown on different alkane substrates. Evidence that these diynes produce irreversible effects 

on proteins within cells is provided by the fact that the CuAAC-dependent labeling using 

AlexaFluor 647 azide produced detectable fluorescence signals. These CuAAC conjugation 

reactions form covalent bonds and do not occur without free terminal alkyne groups present 

in the reaction mixture. The fact that fluorescent label remains attached to specific 

polypeptides after heating in SDS-PAGE sample buffer further supports the conclusion that 

cellular proteins have been covalently modified during exposure to diynes. The labeling 

patterns observed in this study also demonstrated that two polypeptides of masses 59 and 63 

kDa were frequently labeled in diyne-treated cells. This observation suggests the labeling 

reactions are not arbitrary and involve a limited number of enzymes in whole cells. Lastly, 

the fact that the variations in labeling intensity observed between alkane- and alcohol-grown 

cells followed the same trends as two different monooxygenase activity measurements 

described in Chapter 2 further suggests that diynes specifically target alkane-oxidizing 

monooxygenases. 

 

Effect of diyne mixtures on fluorescent labeling and quantification. The rationale for 

using a diyne mixture as an ABPP probe in this study rather than an individual diyne is that 

at the outset of this project the sensitivity gaseous alkane-oxidizing monooxygenases 
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expressed by R. rhodochrous ATCC 21198 to inactivation by diynes was unknown. The 

different target enzymes may differ in terms of their ability to bind and activate different 

diynes so that the rate of inactivation might vary with different diynes. However, even if the 

diynes inactivate the target monooxygenases at different rates, the mechanism of inactivation 

is expected to be the same in each case. This would mean an enzyme-inactivator adduct 

containing an unreacted alkyne group needed to fluorescently label enzyme components 

using CuAAC reactions would always be produced, irrespective of the actual diyne 

responsible for enzyme inactivation.  

As the concentration of diynes used in these studies fully inhibited alkane-oxidizing 

activity (Fig. 3.2), variations in the observed level of fluorescent labeling observed after 

SDS-PAGE and IR scanning likely reflect differences in the amounts of fluorescently labeled 

monooxygenase components and not differences in the level of enzyme inactivation. Even 

though the protein-associated fluorescence was not quantified in many of the experiments 

described in this study, our results (Fig. 3.4) show there was a direct relationship between 

detected fluorescence and the amount of protein from diyne-treated cells analyzed by SDS-

PAGE and IR scanning. This suggests that qualitative interpretations of monooxygenase 

abundance based on differences in fluorescence intensity are valid in this study. 

 

Fluorescent labeling patterns for cell grown on diverse substrates:  The genome of R. 

rhodochrous ATCC 21198 encodes two known gaseous alkane-oxidizing monooxygenases; a 

methane monooxygenase-like SDIMO and a propane monooxygenase.  The active-site 

containing hydroxylase components of these enzymes have masses of 59 and 63 kDa, 
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respectively. Very similar enzymes are also found in the gaseous alkane-oxidizing bacterium 

Rhodococcus sp. strain BCP1. A recent RT-qPCR-based study of strain BCP1 reported that 

propane monooxygenase gene expression was strongly induced by propane, less strongly 

induced by n-butane and unimpacted by ethane. In contrast, expression of the SDIMO 

remained effectively constant, irrespective of the alkane growth substrate (Cappelletti et al., 

2015). The fluorescent labeling patterns observed in the present study have similar trends to 

those observed with strain BCP1. For example, the fluorescent 59 kDa polypeptide was 

observed for cells grown on all gaseous alkanes while the 63 kDa polypeptide was only 

observed for cells grown on ethane or propane (Fig. 3.5A). If the fluorescent polypeptides 

detected in this study are associated with a methane monooxygenase-like SDIMO (59 kDa) 

and a propane monooxygenase (63 kDa), the fluorescent labeling pattern would suggest the 

methane monooxygenase-like SDIMO was also expressed by cells grown on all gaseous 

alkanes while the propane monooxygenase was only expressed during growth on propane 

and ethane.   

 

Fluorescent labeling patterns associated with cyclic ether degradation: In addition to 

examining the fluorescent protein labeling associated with gaseous alkanes and alcohols, this 

study also examined the patterns associated with cells that could oxidize the cyclic ethers, 

THF and 14D. In the case of THF, only a 59 kDa fluorescent polypeptide was detected after 

growth of cells on THF. This suggests that only the methane monooxygenase-like SDIMO is 

expressed during growth on this substrate. Similarly, the 59 kDa polypeptide was also 

detected when alcohol-grown cells were incubated with 14D, a compound that does not 
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support growth of strain 21198. The slow increase in fluorescence associated with this 

polypeptide corresponded with a decrease in the concentration of 14D. Conversely, 

rifampicin and chloramphenicol independently inhibited both 14D consumption and the time-

dependent increase in fluorescence associated with 59 kDa polypeptide. Taken together, 

these results suggest that the methane monooxygenase-like SDIMO is likely responsible for 

oxidizing both THF and 14D, in addition to gaseous alkanes.  
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FIGURES AND TABLES 

 
Figure 3-1 Activity-Based Protein Profiling: The cartoon shows the two major steps in the 

ABPP approach used in this study. These steps include (A) the initial mechanism-based 

inactivation of monooxygenase enzymes by diynes and (B) the subsequent use of CuAAC 

reactions to conjugate enzyme-diyne adducts with either fluorescent tags or affinity 

purification tags.  
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Figure 3-2 Diyne inhibition of gaseous short-chain alkanes-oxidizing activity. The Figure 

shows the changes in gaseous alkane concentration for cultures grown on (A) ethane, (B) 

propane, (C) isobutane and (D) n-butane. In all cases, the plots show () alkane 

consumption before the culture was subdivided, () alkane consumption by untreated and 

() diyne treated cultures after subdivision. In all cases the arrows indicate the point in the 

incubations where the alkane-oxidizing cultures were subdivided and diynes were added. 
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Figure 3-3 Effect of individual diynes on CuAAC-dependent fluorescent labeling of cells 

grown on alcohols and alkanes. The Figure shows the results of IR scans of SDS-PAGE 

analyses of total proteins obtained from cells grown on (A) ethanol, (B) isobutanol and (C) 

isobutane after treatment with 1 mM 1,6-heptadiyne (16HD), 1 mM 1,7-octadiyne (17OD), 1 

mM 1,8-nonadiyne (18ND), or 1 mM 1,9-decadiyne (19ND). In each case a total of 10 μg 

protein was analyzed by SDS-PAGE. 
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Figure 3-4 Quantification of fluorescence: Cells of R. rhodochrous ATCC 21198 were 

grown on isobutane, exposed to diynes and broken, as described in the Methods section. 

Diyne-treated and untreated cell extracts were mixed in the indicated ratios (100 to 0% diyne 

treated) and reacted with AlexaFluor 647 azide using a CuAAC reaction. Samples (25 µg 

total protein) were then analyzed by SDS-PAGE and IR scanning. Panel A shows the IR 

fluorescence of the SDS-PAGE gel and Panel B shows a plot of fluorescence intensity of the 

~59 kDa polypeptide plotted versus percentage of diyne-treated cells included in the reaction 

mixture. 
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Figure 3-5 Fluorescent labeling patterns for cell grown on alkanes and alcohols. The 

Figure shows the IR fluorescence scans for samples of total cell proteins from cells of R. 

rhodochrous ATCC 21198 after treatment with a defined mixture of diynes. Panel A shows 

the labeling pattern for; (lane 1) NIR markers, and cells grown on (lane 2) ethane, (lane 3) 

propane, (lane 4) isobutane, (lane 5) n-butane, (lane 6) dextrose, and (lane 7) THF.  Panel B 

shows the labeling pattern for; (lane 1) NIR markers, and cells grown on (lane 2) propane, 

(lane 3) ethanol, (lane 4) 1-propanol, (lane 5) 2-propanol, (lane 6) isobutanol, (lane 7) 1-

buatnol and (lane 8) 2-butanol. In all cases a total of 20 μg of total cell protein was analyzed 

by SDS-PAGE and IR scanning.  
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Figure 3-6 Induction of 14D degradation by 14D. Cells of R. rhodochrous ATCC 21198 

were grown on isobutanol and exposed to 14D, as described in the Methods section. Panel A 

shows the time course for 14D degradation for () cells plus 14D, () cells plus 14D and 

rifampicin and () cells plus 14D and chloramphenicol. Panel B shows the resulting 

fluorescent labeling patterns for samples of cells removed from the reactions at the indicated 

times and then reacted with a defined diyne mixture, broken and reacted with AlexaFluor 647 

azide using a CuAAC reaction. In all cases 20 μg of total cell protein was analyzed by SDS-

PAGE and IR scanning.  
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CHAPTER 4 

 

Conclusions and Future Studies 
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In this study, the growth gaseous alkane growth substrate range of R. rhodochrous 

ATCC 21198 has been characterized and it has been demonstrated that cells grown on 

gaseous alkanes can cometabolically oxidize the important ground water pollutant, 1,4-

dioxane (14D).  The 14D-degrading activities of this strain were also very similar to its 

ability to oxidize propylene to propylene oxide. An activity-based protein profiling (ABPP) 

method was developed to identify and characterize the gaseous alkane-oxidizing 

monooxygenases in this bacterium. The results of the ABPP studies suggest that strain 21198 

express two different monooxygenases during growth on alkanes; a propane monooxygenase 

and a methane monooxygenase-like soluble di-iron monooxygenase (SDIMO). The results 

presented in this study further suggest that the SDIMO is induced by cyclic ethers and is the 

enzyme responsible for oxidizing 14D and THF. Additional studies not reported in this thesis 

have demonstrated that the fluorescently labeled polypeptides can potentially be directly 

extracted from soil samples and used to identify catalytically active monooxygenases in 

environmental samples.  

Despite the promising results of this study, there are two clear limitations of the 

approaches and results reported. First, it has been largely assumed rather than rigorously 

confirmed that diynes act as mechanism-based inactivators of gaseous alkane-oxidizing 

monooxygenases in strain 21198. Additional experiments are needed to more carefully 

characterize the kinetics of inactivation caused with diyne probes and to confirm that 

catalytic activity of the putative enzymes is required for inactivation and subsequent 

fluorescent labeling. These studies could also extend to competition experiments that would 

examine the impacts of potential substrates on the enzyme inactivation and subsequent 



 

65 

fluorescent labeling. These competition experiments could help identify which enzyme is 

responsible for oxidizing specific substrates. Second, it is also clear that the identification of 

the putative monooxygenases discussed in this thesis needs to be made at the amino acid 

sequence level rather than on the basis of polypeptide mass. Preliminary analyses using 

MALDI/TOF analyses of peptide fragments from in-gel digestions of fluorescently labeled 

polypeptides from 1D SDS-PAGE analyses have been conducted but have not confirmed the 

excised polypeptides as monooxygenase components. In contrast, shotgun proteomic 

analyses of whole cell extracts conducted as part of another study in the Hyman laboratory 

have clearly demonstrated that both the propane monooxygenase and the methane 

monooxygenase-like SDIMO are present in cells of strain 21198 at high levels and that the 

abundance of these enzymes varies based on the gaseous alkane growth substrate. As an 

extension of the ABPP approach used in the studies reported here, samples of total proteins 

from cells of strain 21198 grown of alkanes, alcohols and other substrates have also been 

submitted to Dr. Aaron Wright (Pacific Northwest National Laboratory) for LC/MS analyses. 

These analyses will target peptide fragments generated from digests of streptavidin/biotin 

affinity purified polypeptides from diyne-treated cells of strain 21198. It is anticipated that 

the results of these analyses will confirm that the major fluorescently labeled polypeptides 

identified in the present study are the hydroxylase components of the putative propane 

monooxygenase and SDIMO.   
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