ABSTRACT
CHEN, KAIYING. Arthropod Vector Biology and Human Health: Mechanical-mineral Filth Fly
Control, Microbiota of Home-caught Mosquitoes and New Perspective about US Chiggers.
(Under the direction of Dr. R. Michael Roe).

Filth flies, mosquitoes and chiggers are of medical and veterinary importance because
they transfer microbes that cause human and animal diseases. Filth flies breed in unsanitary
organic materials and are mechanical carriers of pathogens. It is crucial to search for
environmentally friendly and effective substitutes for chemical insecticides due to resistance and
negative impacts on non-target organisms and the environment. Like with filth flies, Anopheles
mosquitoes moving into homes and interacting with surfaces in the home and people have the
potential of transmitting bacteria that could be harmful to human health. Another understudied
area of arthropod vector biology and especially in the US are chigger bites. Some species in
Leptotrombidium are known to vector Orientia tsutsugamushi causing the disease, scrub typhus,
in humans. Scrub typhus is a life-threatening, febrile illness.

In the first chapter of my dissertation, a novel mechanical insecticide made from volcanic

glass and originally developed to control mosquitoes (Imergard™

WP; ImG) was investigated
for control of the adult grey flesh fly, Sarcophaga bullata (Parker), the secondary screwworm,
Cochliomyia macellaria (F.), and the common house fly, Musca domestica L. In a modified
WHO cone test, the time to 50% mortality (LTso) when applied at 5 g/m? (tested at 30 °C and
50% relative humidity (RH)) was 7.0, 4.3 and 3.2 h, respectively. In dose response studies,
application rates of 2.5 and higher g/m? had the shortest LTsos. The time to the LTso increased for

M. domestica as RH increased but was still active at the highest RH tested of 70%. My results

suggest that Imergard in WHO modified cone tests was as effective against filth flies as



mosquitoes. Studies are now needed to demonstrate the practical use of Imergard against filth
flies.

In the second chapter of my dissertation, I examined the bacterial community of the
external surface and internal body of female An. coluzzii adults collected from homes in Cote
d’Ivoire, Africa, by Illumina sequencing of the 16S V3 to V4 rRNA gene. Mosquitoes had a
greater diversity of bacterial taxa internally compared to the outside. The internal bacterial
communities were similar between homes, while the external body samples were significantly
different between homes. The bacteria on the external body were associated with plants, human
and animal skin, and human and animal infections. Internally, Rickettsia bellii str and Rickettsia
typhi str. were found, potentially of importance since this genus is associated with human
diseases. Further research is needed to determine if the bacteria are transferred from mosquitoes
to humans in the home.

In the third chapter of my dissertation, the biology, systematics, microbiome, pathogen
transmission and control of chiggers with emphasis when possible on what we know about them
in the US were reviewed. | found large gaps in our knowledge of the life history of other stages
of chigger development. North American wide morphological keys are needed for better species
identification, and molecular sequence data for identification are minimal and not clearly
matched with morphological data. The role of chiggers in disease transmission in the US is
especially understudied. The most common chigger in eastern United States was identified as
Eutrombicula alfreddugesi but was likely misidentified. Scrub typhus was originally believed to
be limited to the Tsutsugamushi Triangle and the chigger genus, Leptotrombidium, but there is
increasing evidence this is not the case. The potential of Orientia species establishing in the US

is high. It is possible some of the tick-borne diseases and red meat allergies are caused by



chiggers. More work is needed on chigger systematics and the assessment of their potential to

transfer bacteria and viruses known to cause human illness.
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Overview

Filth flies, mosquitoes and chiggers are of medical and veterinary importance because
they transfer microbes that cause human and animal diseases. Filth flies in the families
Sarcophagidae, Calliphoridae, and Muscidae breed in unsanitary organic materials, e.g., human
food waste, vegetable waste, feces, and carrion. These insects are mechanical carriers of
pathogens that cause human and animal diseases and also are a nuisance. Flies transfer pathogens
from their contaminated appendages, defecation, and regurgitation including transfer directly to
food, urban structures and crop plants. Grey flesh flies, Sarcophaga bullata (Parker), and
secondary screwworms, Cochliomyia macellaria (F.), cause human and animal myiasis. House
flies, Musca domestica L., are associated with over 100 pathogens. The food contaminated by M.
domestica with enteric bacteria, e.g., Escherichia coli and Salmonella spp. is a public health
problem. Traditional filth fly control heavily depends on chemical insecticides where resistance
to these pesticides is increasing. The broad and incorrect use of chemical insecticides also
increases their negative impact on non-target organisms and the environment. Hence, it is crucial
to search for environmentally friendly and effective substitutes. Our discovery of the use of
industrial minerals as a mechanical insecticide for mosquitoes has not been investigated yet for
other arthropod vectors like filth flies.

Mosquitoes are the deadliest animals on earth, killing 725,000 people a year. Mosquitoes
play a significant role in the transmission of disease causing microbes like malaria, Zika fever,
dengue, chikungunya, and yellow fever. Malaria alone accounts for at least 600,000 mosquito-
borne disease deaths annually. Of the medically important mosquito species, An. gambiae sensu
lato (s. 1.), largely anthropophilic, is an important malaria vector in Africa; the disease is caused

by a parasitic protozoan of the genus Plasmodium. Like with filth flies, Anopheles mosquitoes



moving into homes and interacting with surfaces in the home and people have the potential of
transmitting bacteria that could be harmful to human health. This potential mechanical transfer
known to occur in filth flies, has never been studied in mosquitoes. Over the past 10 years,
studies using high-throughput 16S rRNA gene sequencing have shown that mosquitoes harbor
diverse bacterial communities in their digestive system. However, no previous research
examined the total bacteria community inside versus outside of mosquitoes and whether bacteria
found on the outside could represent a potential health threat by mechanical transference like in
filth flies.

Another understudied area of arthropod vector biology and especially in the US are
chigger bites. Chiggers are the larval stage of the mite families Trombiculidae and
Leeuwenhoekiidae, also called red bugs, harvest mites, berry bugs, and scrub-itch mites in
English-speaking countries and sand mites in China. Some species in Leptotrombidium are
known to vector a Gram-negative bacterium, Orientia tsutsugamushi (formerly in the genus
Rickettsia) causing the disease, scrub typhus, in humans. Scrub typhus is a life-threatening,
febrile illness. During the Second World War, a large number of scrub typhus patients were
found in the Asia-Pacific region. Chiggers parasitize many different vertebrates, including
reptiles, amphibians, birds and mammals and are reported to be significant pests of free-range
turkeys in the US. Their bite frequently results in dermatitis in humans (trombiculosis or
trombiculiasis). Chiggers in the US are a greatly understudied disease vector compared to
mosquitoes, ticks, lice, fleas, and filth flies.

In the first chapter of my dissertation, a novel mechanical insecticide made from volcanic
glass and originally developed to control mosquitoes (Imergard™ WP; ImG) was investigated

for control of the adult grey flesh fly, Sarcophaga bullata (Parker), the secondary screwworm,



Cochliomyia macellaria (F.), and the common house fly, Musca domestica L. In a modified
WHO cone test, the time to 50% mortality (LTso) when applied at 5 g/m? (tested at 30 °C and
50% relative humidity (RH)) was 7.0, 4.3 and 3.2 h, respectively. When knockdown was
considered as ecologically death, the LTsos were 5.5, 1.5 and 2.8 h, respectively. In dose
response studies, application rates of 2.5 and higher g/m? had the shortest LTsos. The time to the
LTsoincreased for M. domestica as RH increased but was still active at the highest RH tested of
70%. Scanning electron micrographs showed ImG was present on all body parts, unlike that for
mosquitoes where it was found mostly on the lower legs. This is the first study of the use of ImG
against filth flies or any other vector important arthropod and the first study of the impact of
application rate of ImG on insect mortality. My results suggest that ImG could be an alternative
method for filth fly control. Perlite, the active ingredient of ImG, is generally recognized as a
safe. ImG for insect control can be applied in water with standard spray equipment used in vector
control and provides long-term control for mosquitoes in homes. Additional work is needed like
already conducted for mosquitoes to test the efficacy of ImG under practical conditions for filth
fly control (for example treating vertical surfaces).

In the second chapter of my dissertation, I examined the bacterial community of the
external surface and internal body of female An. coluzzii adults collected from homes in Cote
d’Ivoire, Africa, by Illumina sequencing of the 16S V3 to V4 rRNA gene. An. coluzzii is in the
Anopheles gambiae s. 1. species complex, important in the transmission of malaria. Total 16S
rRNA reads were assigned to 34 phyla, 73 orders, 325 families, and 700 genera. At the genus
level, the most abundant genera inside and outside combined were Bacillus, Staphylococcus,
Enterobacter, Corynebacterium, Kocuria, Providencia, and Sphingomonas. Mosquitoes had a

greater diversity of bacterial taxa internally compared to the outside. The internal bacterial



communities were similar between homes, while the external body samples were significantly
different between homes. The bacteria on the external body were associated with plants, human
and animal skin, and human and animal infections. Internally, Rickettsia bellii str and Rickettsia
typhi str. were found, potentially of importance since this genus is associated with human
diseases. To our knowledge, this is the first study conducted to investigate the external body
bacteria of Anopheles gambiae s.1. and whether Anopheles mosquitoes are potential mechanical
vectors of bacteria. Future work is needed to better define bacteria like Rickettsia using multiple
gene targets, i1.e., the 23S-5S intergenic spacer (IGS) gene, the 17 kDa surface antigen gene and
the citrate synthase gene (gltA). Additional research is needed to assess the potential mechanical
transmission of bacteria by mosquitoes in homes (by examining the microbiota of bed nets and
other surfaces).

In the third chapter of my dissertation, the biology, systematics, microbiome, pathogen
transmission and control of chiggers with emphasis when possible on what we know about them
in the US were reviewed. | found large gaps in our knowledge of the life history of other stages
of chigger development. North American wide morphological keys are needed for better species
identification, and molecular sequence data for identification are minimal and not clearly
matched with morphological data. The role of chiggers in disease transmission in the US is
especially understudied, and the role of endosymbionts in Orientia infection are suggested in the
scientific literature but not confirmed. The most common chigger in eastern United States was
identified as Eutrombicula alfreddugesi but was likely misidentified and should be replaced with
Eutrombicula cinnabaris. Scrub typhus was originally believed to be limited to the
Tsutsugamushi Triangle and the chigger genus, Leptotrombidium, but there is increasing

evidence this is not the case. The potential of Orientia species establishing in the US is high.



Chiggers are also reported to be associated with Hantavirus, Bartonella, Rickettsia and Borrelia
transmission. The role that chiggers play in these disease transmissions in the US needs further
investigation. It is possible some of the tick-borne diseases and red meat allergies are caused by
chiggers.

In summary, I found that Imergard (volcanic glass) in WHO modified cone tests was as
effective against filth flies as mosquitoes. In the case of the latter, field tests with Imergard as a
wettable powder, indoor wall spray in homes in Africa showed efficacy significantly greater than
currently available chemical insecticides. Studies are now needed to demonstrate the practical
use of Imergard against filth flies. Previous research by our team demonstrating the potential for
blow flies mechanically transferring human pathogens was translated for the first time to
mosquitoes in my studies. I found mosquitoes collected from homes in Africa had on the outside
and inside of their bodies, known human pathogens. Further research is needed to determine if
the bacteria are transferred from mosquitoes to humans in the home. Finally, I reviewed what we
know about chiggers in the US, another understudied area of arthropod vector biology. My
research showed more work is needed on chigger systematics and the assessment of their

potential to transfer bacteria and viruses known to cause human illness.
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Abstract

Filth flies are of medical and veterinary importance because of the transfer of disease
organisms to animals and humans. The traditional control methods include the use of chemical
insecticides. A novel mechanical insecticide made from volcanic glass and originally developed

to control mosquitoes (Imergard™

WP; ImG), was investigated for control of adult grey flesh
flies, Sarcophaga bullata (Parker), secondary screwworms, Cochliomyia macellaria (F.), and
house flies, Musca domestica L. In a modified WHO cone test device, the time to 50% mortality
(LTso) when applied at 5 g/m? (tested at 30 °C and 50% relative humidity (rH)) was 7.1, 4.3 and
3.2 h, respectively. When knockdown was included, the LTsos were 5.5, 1.5 and 2.8 h,
respectively. Application rates of 1.25 and greater g/m? had the shortest LTsos. The time to the
LTsoincreased for M. domestica as tH increased, but ImG was still active at the highest rH tested
of 70%. Scanning electron micrographs showed ImG was present on all body parts, unlike that

for mosquitoes where it was found mostly on the lower legs. These first studies on the use of

Imergard WP against flies suggest this could be an alternative method for filth fly control.

Keywords: Grey flesh fly, Secondary screwworm, House fly, Imergard™ WP, Mechanical

insecticide



Introduction

Filth flies in the families Sarcophagidae, Calliphoridae, and Muscidae breed in unsanitary
organic materials, e.g., human food waste, vegetable waste, feces, and carrion (Mingchay et al.,
2014; Onwugamba et al., 2018). These insects are of medical and veterinary importance as
mechanical carriers of pathogens that cause human and animal diseases and also are a nuisance
(Sukontason et al., 2006; Deguenon et al., 2019a, b). Flies transfer pathogens by their
contaminated appendages, defecation, and regurgitation including the transfer directly to food,
urban structures and even to crop plants (Wasala et al., 2013). Grey flesh flies, Sarcophaga
bullata (Parker), and secondary screwworms, Cochliomyia macellaria (F.), cause human and
animal myiasis (James, 1947; Hall, 1991). House flies, Musca domestica L., are associated with
over 100 pathogens (Khamesipour ef al., 2018). The food contamination by M. domestica with
enteric bacteria, e.g., Escherichia coli (Szalanski et al., 2004) and Salmonella spp. (Pava-Ripoll
et al.,2012), is a public health problem.

The traditional control of filth flies greatly depends on the use of chemical insecticides
including pyrethroids, organophosphates, carbamates, and others (Khan ez al., 2013). However,
the development of resistance has been a severe problem (Scott ef al., 2013). The broad and
incorrect use of chemical insecticides also increases the impact on non-target organisms and the
environment. Hence, it is crucial to search for environmentally friendly and effective substitutes.

Mechanical insecticides (Mls) are industrial minerals that provide a physical mode of
action to control arthropod pests. MIs have been shown effective against numerous pests, i.e.,
beetles (Showler, 2002), whiteflies (Liang & Liu, 2002), bed bugs (Doggett et al., 2008), and
cockroaches (Faulde et al., 2006). The potential health risks to mechanical insecticides have been

considered before (McLaughlin et al., 1997; Rice et al., 2001).



We recently discovered a new mineral-based mosquitocide derived from 100% expanded
perlite, now being commercialized as Imergard™ WP (ImG) by the company, Imerys (Deguenon
et al., 2020a, b). ImG tested in Africa as an indoor residual wall spray for mosquito control was
effective in Phase II trials for six months (reaching the 80% control threshold) while the
pyrethroid alternative failed all six months. Perlite is an alumina-silica, volcanic rock typically
formed by the hydration of obsidian. The expanded perlite is prepared by heating the volcanic
rock to 760-980 °C; this increases its volume 4-20-fold (Maxim et al., 2014). Expanded perlite is
used in the construction industry as insulation material (Stanislavovich ef al., 2013) and in
horticulture as a soilless, plant growth medium (Silber ef al., 2010). Perlite is also classified as
“Generally Recognized as Safe Substances” by the US Food and Drug Administration (FDA) for
uses like filter aids in juice processing (Wang et al., 2017) and a whitening agent in toothpaste
(Joiner, 2006) with a Food Chemical Codex as a filter aid in the production of beverages around
the world (FCC, 2020). Perlite has never been considered for use in the control of filth flies. Mls
in general are chemically inert materials of interest for many years for insect control; their
widespread use so far has been limited. The mode of action of mechanical insecticides is thought
to be a physical action that damages the insect’s cuticle by abrasion and/or lipid absorption
resulting in disruption of water balance (Koruni¢ ef al., 2016). This paper is a proof of concept
study to determine if ImG developed for mosquito control could be used to control other

medically important insects like filth flies.



Materials and Methods
Insects and mechanical insecticide:

Sarcophaga bullata (flesh flies), C. macellaria (blow flies), and M. domestica (house
flies) were obtained from laboratory colonies at North Carolina State University (NCSU,
Raleigh, USA). C. macellaria was originally field collected at the NCSU poultry farm in Raleigh
and has been in colony since 2012. The S. bullata colony originated from adults collected on the
NCSU main campus in 2015. M. domestica was from colonies maintained at Cornell University
since 1982. Rearing conditions were 25+2 °C, 50% rH and a photoperiod of 16:8 (L:D). The
larval diet for house flies was a mixture of Calf-Manna (MannaPro®, Manna Pro Products, LLC,
St. Louis, MO, USA), distilled water and wheat bran (The Mennel Milling CO., Fostoria, OH,
USA) at aratio of 1:7.5:15 (v/v). C. macellaria and S. bullata were reared as larvae on dry cat
food (Purina Cat Chow Complete®, Nestlé Purina PetCare Company, St. Louis, MO, USA) that
was soaked in water for 4 h at a ratio of 1.78:1 (v/v). Adults of all three species were fed a
mixture of sugar and non-fat dry milk at a ratio of 3:1 (v/v) and supplied with tap water ad
libitum.

Anopheles gambiae s.s. (Ndokayo strain) were reared at NCSU (Deguenon et al., 2020b).

The mechanical insecticide, Imergard™

WP (ImG), was provided by the company
Imerys (Imerys Filtaration Minerals, Inc., Roswell GA, 30076, USA). Imergard
(https://www.imerys-performance-minerals.com/your-market/healthcare/imergard-wp) is 100%
perlite active ingredient with an engineered particle size distribution to facilitate application with

standard back-pack sprayers, i.e., a top cut control to prevent nozzle blocking and to optimize

+ve charge to facilitate transfer of the particles from the treated surface to the mosquito.



Bioassays for median lethal time (LT50) and 90% lethal time (LT90) for knockdown and death:
A WHO modified, cone test device was used to measure ImG activity (Figure 1). The
assay components included a glass funnel (with a 9.9 cm diameter large opening, a 1.6 cm
diameter small opening and a 12 cm height), an orange stopper to prevent flies from resting in
the neck of the funnel, a cap to prevent escape, and a glass Petri dish bottom (13.8 cm diameter).
ImG (74.8 mg) suspended in 1 ml of absolute ethanol was added to the Petri dish bottom which
after the solvent evaporates results in a coating of 5 g ImG/m?. The control Petri dish bottom was
treated with 1mL of ethanol only. The Petri dishes were placed in a fume hood overnight at room
temperature to allow the ethanol to completely evaporate. Ethanol was used as a carrier to treat
Petri dish bottoms because this method produced a reproducible and reasonably uniform
coverage of the MI on the plate surface (Figure 1), was easy to set up, and did not require the use
and cleanup of spray equipment. This method was shown previously to be a reliable alternative
to spraying ImG in water against mosquitoes in the cone test device (Deguenon et al., 2020b).
Ten 8- to 15-d-old adult flies (mixed ages and sex) were immobilized with carbon
dioxide gas at atmospheric pressure and room temperature for 45 sec for transfer using forceps to
the treated and control Petri dish bottoms. They were placed on the surface ventral side down
being careful not to disturb the ImG in the treatments and using the same care for control tests.
Then the cone with its plug and cap already in place was applied to the Petri dish bottom. Five
replicates were conducted consisting of 3 tests per replicate where each cone test device had 10
flies. Control tests were always conducted the same time as the treatments. The data from all 3
tests for each replicate were pooled to calculate the percentage mortality for that replicate. Each
replicate was conducted on a different day. No cone test device was reused before cleaning. They

were cleaned between tests in a dishwasher using tap water only (no soap) and heat dried by the
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dishwasher. Cone test devices containing insects were placed in an incubator (Model [-66NL,
Percivial Scientific, Inc., Perry, IA USA incubator with temperature and humidity control) at 30+
1°C, 50+ 5% rH and a photoperiod of 16:8 (L:D). Humidity and temperature measurements were
verified using a factory calibrated Model-971 multimeter (Everett, Washington, USA). The
incubator was fitted internally with an add-on light source to achieve the L:D cycle, and the same
(a single) incubator was used for all bioassays in this paper. The incubation time started when the
flies were placed on the Petri dish bottom after which they were transferred to the incubator in
less than 5 min. Flies were considered ecologically dead when they were on their backs but still
able to move. Flies were scored as dead when there was no movement when the cone test was
moved quickly side-to-side a short distance (less than 1 cm). The number of ecologically dead
flies and dead flies was recorded every 30 mins after flies were introduced into the cone test
device. Each assay ended when the mortality reached 90%, or the mortality of the control group
reached 20%.

M. domestica mortality at different application rates of ImG:

Adult house flies were chosen for the studies that follow since they are a common
toxicology model to evaluate insecticides (Scott et al., 2014). ImG was applied as described
earlier to different cone test devices at 0.5, 1.25, 2.5, 5 and 10 g/m? and tests conducted as
already described. Four replicates for each rate and the control were conducted (each replicate on
a different day) where each replicate was 3 separate cone test devices with ten 8- to 15-d-old
flies per device.

Effect of relative humidity on M. domestica mortality:
Ten 8- to 15-d-old adult house flies were transferred to each cone test device treated with

5 g/m? of ImG on the petri dish bottom or ethanol alone for the controls and then incubated at
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30+ 1°C, 16:8 (L:D), and at rHs of 30, 50, 60, and 70+ 5%. Except for humidity differences, tests
were conducted as described earlier. Three replicates consisting of 3 separate tests per replicate
with 10 flies per test were conducted at each relative humidity for treatments and controls. The
controls for each replicate were always conducted the same time as the treatments. The data were
pooled for the 3 tests for each replicate to calculate the response to that replicate. Replicates were
conducted on different days.

Time to mortality of M. domestica for a three-hour exposure to ImG:

To determine the time to mortality of M. domestica after exposure to ImG for three hours,
ten 8- to 15-d-old adult house flies were placed in the cone test device with ImG at 5 g/m? or
treated with ethanol as the control. After a 3 h exposure, the house flies were transferred to a
device without ImG. Fly transfers were described earlier but in this case the carbon dioxide gas
immobilization was only 10-15 sec. The tests were conducted at 30 °C, 16:8 (L:D) and 50 % rH.
The number of ecologically dead flies and dead flies were recorded every 30 mins. Three
replicates consisting of 3 separate tests per replicate with 10 flies per test were conducted. Each
replicate was conducted on a different day. The control tests were always conducted at the same
time as the treatments. The data were pooled for the 3 tests for each replicate to calculate the
response for that replicate.

Statistical Analysis:

Time course data and calculation of the LTso and LT9o was conducted by Probit Analysis
(PROC PROBIT, SAS V.94, Cary, NC, USA). An Abbott’s correction was performed as part of
the probit procedure to correct for control mortality (Abbott, 1925). The LTso and LToo values

were considered to be significantly different when the 95% confidence limits did not overlap.
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Scanning Electron Microscopy:

In order to detect the possible transfer of ImG from the treated surface in the modified
cone test device to house flies, ImG was visualized on a house fly surface using scanning
electron microscopy (SEM). Malaria mosquitoes, Anopheles gambiae s.s., in ImG cone test
devices, were also visualized by SEM. M. domestica were exposed for 2 h using the MI mortality
assay described earlier at the treatment rate of 5 g/m? and then transferred to assembled cone test
devices without ImG. Immobilization with carbon dioxide gas was 10-15 sec for the transfer.
Devices with house flies were placed in an incubator at 30+ 1°C and 50+ 5% rH (light-on). An.
gambiae were transferred to devices at the ImG treatment rate of 8 g/m?, incubated at 32+ 1°C
and 60+ 5% rH, and handled as described before (Deguenon ef al., 2020b). Flies and mosquitoes
approximately 30 min before dying were transferred to 1.5 mL microcentrifuge tubes (1 insect
per tube) and transferred to the Analytical Instrumentation Facility at NCSU. They were
mounted on an aluminum Hitachi SEM mount with double-sided carbon tape, coated for 30 and
10 min, respectively, with 70 nm of a gold-palladium mixture (60 Au/40 Pd), and then scanned

with a Hitachi S-3200N variable pressure scanning electron microscope.

Results
The efficacy of ImG against three species of filth flies:

In cone test devices (Figure 1) to examine percentage mortality of ImG at 5 g/m? versus
time (Figure 2), flesh flies started dying after 3.5 h, and 90% of the flies were dead after 13 h.
Death in this case was defined as no fly movement after the cone test device was shaken side to
side. Blow flies started to die after 2 h with 90% mortality after a 7 h exposure. House flies

began dying after 1.5 h, and 90% were dead after 8 h.
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For all three fly species, flies became quiescent (knocked down), unable to fly and on
their backs but still able to at least move their body parts. These flies were scored as ecologically
dead. At the end of each time course (Figure 2), the percentage mortality and the “combined
percentage dead and ecological dead” (CDED) levels approached the same value. This is
suggestive that once flies were knocked down, they eventually stopped moving and were scored
dead.

Probit models were generated (Table 1) for the time course data in Figure 2, to calculate
the time to 50% and 90% morality for dead flies versus the combination of dead and ecologically
dead (CDED) flies. The LTsos for S. bullata, C. macellaria and M. domestica for mortality were
7.1, 4.3, and 3.2 h, respectively; the LToos were 11.2, 7.8, and 5.7 h, respectively. The LTso of S.
bullata was significantly higher than that for C. macellaria and M. domestica, and the LTy of M.
domestica was significantly lower than that for S. bullata. For CDED, the LTs0s between the
three species were significantly different, 5.5, 1.5 and 2.8 h, respectively.

M. domestica mortality at different ImG rates

Studies that follow were conducted on M. domestica. The LTso and LTy for different
application rates of ImG in the cone test device at 30 °C and 50 % rH are shown in Table 2. The
LTsos for death at 0.5, 1.25, 2.5, 5 and 10 g/m? of ImG were 8.2, 5.4, 4.7, 4.4 and 4.1 h,
respectively. The LToos were 16.9, 8.4, 9.5, 6.6 and 6.4 h, respectively. For the combination of
dead and ecologically dead (CDED), the LTso and LToo showed a similar response. The break
point using death as an end point and where the shortest LTso and LT occurred was the change
from 0.5 to 1.25 g/m?. Higher application rates than 1.25 g/m? had minor effects on time to

death.
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Effects of relative humidity:

The LTsos and LToos of ImG against M. domestica in cone test devices at 30, 50, 60 and
70 % rH are shown in Table 3. The LTsos for death were 3.4, 3.2, 4.1 and 5.5 h, respectively, and
the LToos were 5.2, 5.7, 10.4 and 11.0 h, respectively. The differences in the LTsos and LToos
between 30 and 50% rH and between 60 and 70% rH were not significant, while the LTsos and
LToos between 50 and 70% were significantly different. In the combination of dead and
ecologically dead (CDED), the LTsos at 30, 50, 60 and 70 % rH were 2.2, 2.8, 2.6 and 4.5 h,
respectively, and for the LToos were 7.2, 6.4, 11.0 and 11.2 h, respectively.

Time to death of M. domestica after a three hour exposure to ImG:

Figure 3 shows the time versus mortality against M. domestica for a three-hour exposure
in the cone test device to ImG immediately followed by the house flies being transferred to an
untreated cone test device. The test was conducted at 30 °C and 50 % rH. Seven h after the 3 h
exposure to ImG, 78.33+21.67 (SEM) % of the house flies were dead, and the CDED was
83.33+16.67(SEM) %. The LTsos and LToos for dead flies were 2.7 and 9.2 h, respectively, and
for CDED were 2.0 and 10.2 h, respectively.

ImG on a house fly body:

Figure 4 shows scanning electron micrographs of a house fly outside surface after ImG
exposure in the cone test device. The micrographs show ImG on a house fly head, abdomen,
thorax, and wings. House fly grooming behavior in the treatments appeared to be at a higher
level than in the controls, and they were frequently on their back and circling in the treated plates
with their legs moving fast. Not only their tarsi but also the whole fly body contacted the treated

surface especially the thorax.
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Differences in ImG coverage was found between adult house flies and mosquitoes. There
was no ImG particles on house flies and mosquitoes in the controls (Figure 5 A, C, respectively).
House fly and mosquito (Figure 5 B, D, respectively) lower legs and tarsi were fully covered
with ImG. Deguenon (2020b) reported that ImG particles are mostly on the mosquito lower legs.
However, unlike mosquitoes, house flies were covered with high levels of ImG over the entire

body (Figure 4).

Discussion

Imergard WP demonstrated insecticidal activity against flesh flies, S. bullata, blow flies,
C. macellaria, and house flies, M. domestica, in a modified WHO cone test device. It appears
that ImG at the single application rate tested in these experiments killed blow flies and house
flies faster than flesh flies (Figure 2). Adults of a flesh fly on average weigh 77.5 mg (wet
weight) as compared to blow flies and house flies at 20.1 and 15.8 mg per fly, respectively
(Deguenon et al., 2019a; average weight for the NC State University colonies and rearing
conditions). The size (wet weight) of a flesh fly is 3.86 and 4.91 times greater than that of a blow
fly and house fly, respectively. Volume increases by the cube while surface area increases by the
square as the size of an insect increases and where the general insect shape is similar between
comparative species. The surface area to volume ratio of a fly with a larger body size then is
relatively small compared to flies with a smaller body size (Kiihsel et al., 2017). Thus, it would
be predicted that flesh flies would be less susceptible than blow flies and house flies to a
topically active insecticide based on their greater weight and smaller surface area to volume
ratio. Our research here supports this hypothesis. Dawson (2004) also reported for diatomaceous

earth (DE), the activity was higher for a smaller body size.
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Desiccation tolerance also may affect susceptibility to MIs (Guedes et al., 2015). Korunic
(1998) reported that DE was more effective against true bugs that had setaceous and rough
surfaces. The assumption was that the “hairy” surface provided more area for evaporation and
collection of the MI leading to greater cuticle damage and water evaporation. The reduced
susceptibility of a flesh fly to ImG could be the result of a low surface to volume ratio,
differences in setae density and and/or other unknown factors. More research is needed with ImG
to evaluate these factors.

A modified WHO cone test device was used to determine the impact of the application
rate on the efficacy of ImG against house flies. We found that application rates higher than 1.25
g/m” had a minor impact on shortening the time to death (Table 2). Collins & Cook (2006) also
reported that a low rate of 5 g/m? for DE was as effective as a high rate of 20 g/m?. By
observation, the amount of ImG remaining on the cone test device bottom at the end of the test
was different at different treatment rates. For example, the plates treated with 0.5 g/m? of ImG at
the end of the experiment were similar visually to the control assay where no ImG was applied;
the flies transferred almost all the MI to their bodies. The amount of residual ImG on the plate at
the end of each experiment then increased as the treatment rate increased. Since the total fly
surface area is finite, once the flies have saturated their surface with ImG, increasing the amount
of the MI per unit area on the treated surface of the cone test device will have a minimal or no
impact on time to death. In the field, however, the residual activity effective in killing flies after
an application is also an important factor, essentially “the longer the better” (excluding other
concerns like the evolution of resistance or potential non-target effects). For this reason, we
tested ImG applied at the rate of 8 g/m? to interior hut walls and the ceiling of experimental huts

in Africa for mosquito control; this rate achieved at least six months of control (Deguenon et al.,
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2020a). The same principle could apply for filth fly control, the higher the treatment rate, the
longer the duration of control. More research is needed in the field to optimize the level of
control versus the duration of control for ImG for both mosquitoes and filth flies.

The mortality rate of M. domestica significantly (statistically) decreased as relative
humidity increased (Table 3). This result was consistent with studies on DE. Athaniassiou et al.
(2007) found that the effectiveness of DE against the larger grain borer, Prostephanus truncatus,
decreased as the relative humidity increased from 55% to 75% at three temperatures. Korunic
(1998) reported similar findings for the red flour beetle, Tribolium castaneum, especially at a
humidity above 70%. The same trend between humidity and mortality was also reported for
other mechanical insecticides. Arthur & Puterka (2002) reported that more insects survived at a
relative humidity of 57% and 75% than 40% when exposed to Kaolin-based particle films.
Zeolites were also reported to be more effective as an insecticide at a low and intermediate
relative humidity compared to high humidity (Floros et al., 2018). Stadler et al. (2012) found
that to achieve the same 50% mortality for two different stored grain pests at 80% ambient
humidity, the rate of a nanostructured alumina had to be twice that of a low rate. The efficiency
of ImG also decreased at the high relative humidity tested in our studies, which suggested the
mode of action was desiccation. The rate of water loss from the insect is reduced as the humidity
increases which reduces the mortality rate of the mechanical insecticide (Mewis & Ulrichs,
2001). Cribb et al. (2013) suggested this inverse relationship between humidity levels and
mortality occurs because DE adsorbs water from the air, which reduces its capacity to adsorb
lipids from the insect’s cuticle. However, ImG is not hygroscopic (personal communication,
David Stewart). Another possibility not mentioned before for a MI, this relationship between

decreased efficacy with increased humidity for ImG and other MIs could be decreased static
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transfer from a treated surface to the insect cuticle. This is especially relevant for mosquitoes
discussed in more detail later.

M. domestica were exposed to ImG for three hours at 30 °C and 50 % rH in the cone test
device, and then transferred to untreated devices held under the same environmental conditions.
Delayed mortality was observed (Figure 3) after the transfer. More studies will be needed in the
laboratory and the field to better understand the time of exposure to a treated surface versus
percentage knockdown or mortality. At least after a 3 h exposure in the cone test, InG was
lethal. In field studies with mosquitoes under practical field conditions where the insects could
make choices between treated and untreated surfaces or even have access to hydration, high
levels of control were found similar or greater than the chemical insecticide, positive controls
(Deguenon et al., 2020a, b). It remains to be seen if this will be the case for filth flies.

Deguenon (2020a, b) found that mosquitoes after landing on a treated surface in an ImG
cone test became quiescent. Irrespective of this, the physical interactions between the mosquito
and the treated surface by observation were at a much lower shear force than flies and mostly
limited to landing and standing on their tarsi. In mosquitoes, SEM studies showed most of the
ImG was on the lower legs as shown also in this current study (Figure 5D). House fly
interactions with the treated surface was quite different from mosquitoes. By observation they
constantly flew into the treated bottom surface of the cone test device, walked around the surface
more than mosquitoes, and appeared to increase their overall activity including grooming.
Although they showed similar levels of ImG on their lower legs as mosquitoes (Figure 5B),
house flies had much higher levels on the other parts of their body (Figure 4) than that shown by
Deguenon et al. (2020b) for mosquitoes. From observations by SEM with comparisons to

mosquitoes, the amount of ImG coverage on the outside total surface of a house fly appeared to
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be much greater than mosquitoes. Exactly how the surface became covered like this for a house
fly is not certain, but likely a result of the high force interactions with the treated surface from
flight, the constant walking on the surface, fly-fly interactions and grooming which was not
observed in mosquitoes. In mosquitoes, it appears ImG on the body was by static transfer from
the treated surface. Since we do not understand the site of action on the insect of ImG that causes
death, the widespread coverage of ImG on the fly surface may have no significance relative to
mortality. Mosquitoes died in about the same amount of time but in this case the ImG was mostly
on their lower legs. The exact amount of ImG needed on the insect surface to cause death is also
unknown at this juncture. However, considering that only a small amount of ImG was on the
lower legs of the mosquito and this resulted in death, this raises the possibility that the additional
coverage over a house fly body may not be needed to kill the insect and much lower levels are
needed for death than what appears on the total outside surface of the fly.

The mode of action of MIs is generally thought to be a physical action that damages the
insect’s cuticle by abrasion and/or lipid absorption resulting in disruption of water balance
(Koruni¢ et al., 2016). Deguenon (2020a, b) suggested that the mode of action of ImG against
mosquitoes might not be a physical disruption of their cuticle by abrasion since mosquitoes are
not active once they make contact with the treated surface in the cone test device and do not
appear to be grooming. In our present study, we cannot exclude abrasion as a factor in house fly
death since large amounts of ImG were found over the whole body and the flies were
hyperkinetic. Mortality of M. domestica significantly decreased as relative humidity increased
(Table 3) suggesting the mode of action was disruption of water balance.

This paper is the first study of the use of ImG against filth flies (S. bullata, C. macellaria

and M. domestica) and the first study of the impact of application rate of ImG on insect
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mortality. Our results suggest that ImG could be an alternative method for filth fly control.
Perlite, the active ingredient of ImG, is generally recognized as a safe substance for other uses
(Perlite Institute, 2020). ImG for insect control can be applied in water with standard spray
equipment used in vector control and provides long-term control; for mosquitoes in experimental
huts in Africa, 80% control was obtained for six months (Deguenon et al., 2020a). Since ImG is
an industrial mineral, it does not degrade from abiotic factors like high heat or UV light.
Imergard also does not contain crystalline silica. Additional work is needed like already
conducted for mosquitoes to test the efficacy of ImG under practical conditions for filth fly

control (for example treating vertical surfaces).
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Tables and Figures

Table 1: LTso and LToo of Imergard WP (5g/m?) against the flesh fly, Sarcophaga bullata, the blow fly, Cochliomyia macellaria
and the house fly, Musca domestica in cone tests at 30+ 1 °C and 50+ 5 % relative humidity.

Mortality Fly species n Slope (SE) LTs0(95% CLP) LTo0* (95% CLP) 2

S. bullata 300 6.66(0.85)  7.05A(6.61-7.73)  1121A (9.74-14.13) 4.54

Dead® C. macellaria 300  5.00(0.78)  4.30B(3.85-5.13)  7.76AB (6.19-11.82) 4.80

M. domestica 300 5.01(0.67) 3.17BC(2.91-3.53)  5.71B (4.82-7.58)  4.05

Combination of ¢ 1, 17414 300 8.30(0.84)  5.46A(5.23-5.74)  7.79A (7.15-8.81)  3.13

Dead and

Ecologically  C. macellaria 300  4.54(0.86) 1.51BC(1.32-1.78)  2.89B (2.29-4.63)  0.64
Dead! (CDED)

M. domestica 300 3.61(0.54) 281B(248333)  6.36AC (4.87-10.31) 3.76

 Values are in hours. Results were Abbott corrected.
® In each column, lethal concentrations with overlapping confidence limits (CL) are not significantly different and are indicated by the

same letter.

¢Insects that did not move when the cone test was moved back and forth quickly.

4 Insects that were on their back but still able to move.
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Table 2: LTso and LTy for different concentrations of Imergard WP against the house fly, Musca domestica in cone tests at 30+ 1 °C
and 50+ 5 % relative humidity.

Mortality — hy e @m?  n Slope (SE) LTse* (95% CLY) LTog® (95% CL?) %
0.5 240 4.07(0.51) 8.19A (7.41-9.36) 1691A (13.69-23.77)  7.53
1.25 240 6.84(0.85) 5.44B (5.11-5.86) 837B (7.42-10.12)  4.04
Dead® 25 240 4.17(0.51) 4.69BC (4.27-5.33) 9.52BD(7.76-1321)  3.64
5 240 7.51(0.66) 4.44BC (4.25-4.67) 6.57BC (6.03-7.40)  1.87
10 240 6.57(0.95) 4.09BC (3.79-4.54) 641BC (5.51-834)  3.55
0.5 240 3.15(0.43) 7.93A (6.94-9.54) 20244 (15.13-33.14)  8.60
Combination 1 5 240 2.53(0.55) 5.12AB (4.01-7.89) 16.48A (9.84-57.82)  10.93

of Dead and

Ecologically 25 240 2.72(0.49) 3.41B (2.85-4.44) 10.11A (6.84-22.27)  6.69
((I;)SE)) 5 240 4.49 (0.90) 4.18B (3.61-5.50) 8.06A (5.95-16.07)  6.22
10 240 4.04(1.01) 422AB (3.41-7.26) 8.75A (5.71-31.45)  5.42

?Values are in hours. Results were Abbott corrected.
®In each column, lethal concentrations with overlapping confidence limits (CL) are not significantly different and are indicated by the
same letter.

“Insects that did not move when the cone test was moved back and forth quickly.
dInsects that were on their back but still able to move.
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Table 3: LTso and LTo of Imergard WP (5 g/m?) against the house fly, Musca domestica in cone tests at 30+ 1 °C and 30+ 5, 50+ 5,

60+ 5 and 70+ 5% relative humidity (RH).

2

Mortality RH n Slope (SE)  LTsc* (95% CLY) LToo? (95% CL?) %
30% 180  721(0.67) 3.45B(3.28-3.65)  5.0B (4.78-5.84)  1.79
50% 300 5.01(0.67) 3.17B(2.91-3.53)  5.71B (4.82-7.58)  4.05
Dead®
60% 180 3.12 (0.66) 4'05‘;‘2’3()3'30' 10.41AB (7.16-25.00)  9.17
70% 180 430(0.90) 5.53A (4.78-7.15)  11.00A (8.12-22.54)  6.84
30% 180  2.54(0.69) 2.24AB(1.64-3.91)  7.16A (4.05-50.07)  7.48
Combination of .
Dead and 50% 300 3.61(0.54) 281B(2.48-333)  636A (4.87-1031)  3.76
Ecologically 60% 180  2.04(039) 2.59B(1.98-3.46)  10.98A (6.78-31.27)  5.87
Dead“ (CDED)
70% 180 3.24(0.77)  4.50A (3.64-6.57)  11.19A (7.33-35.60)  8.65

2Values are in hours. Results were Abbott corrected.

®In each column, lethal concentrations with overlapping confidence limits (CL) are not significantly different and indicated by the same

letter.

¢Insects that did not move when the cone test was moved back and forth quickly.

dnsects that were on their back but still able to move.
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bottom

Figure 1: Architecture for the WHO modified cone tests showing five grams per square meter of
Imergard WP on the treated glass Petri dish and house flies, Musca domestica, on the treated
surface. See Materials and Methods for details on the cone test bioassay. The string shown is

attached to the orange plug and is used to raise the plug to the sealed position after the flies are
transferred to the cone test.
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Figure 2: Time versus percentage mortality of adult (A) flesh flies, Sarcophaga bullata, (B)
blow flies, Cochliomyia macellaria, and (C) house flies, Musca domestica exposed to 5g/m? of
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Figure 2: (continued).

Imergard WP in the cone test (Figure 1) at 30 °C and 50 % RH. Insects that did not move when
the cone test was moved back and forth quickly were considered dead. Insects that were on their
back but still able to move were considered ecologically dead. The error bars are £1 SEM.
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Figure 3: Time versus percentage mortality of adult house flies, Musca domestica, after exposed

to 5g/m2 of Imergard WP in the cone test (Figure 1) at 30 °C and 50 % RH for 3 h, then
transferred to a cone test with no Imergard WP present and under the same environmental

conditions. Insects that did not move when the cone test was moved back and forth quickly were

considered dead. Insects that were on their back but still able to move were considered
ecologically dead. The error bars are +1 SEM.
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Figure 4: Scanning electron micrographs of adults of the house fly, Musca domestica, exposed
to Imergard WP in the cone test (Figure 1). M. domestica were transferred to cones for 2 h at the
treatment rate of 5 g/m? and then transfer to assembled cones without ImG. Cones were placed in
an incubator at 30+ 1°C and 50+ 5% RH. Flies within 30 min of dying were transferred to 1.5
mL microcentrifuge tubes (1 fly per tube) for imaging. (A) head, (B) abdomen, (C) thorax, (D)
wing. Boxes in the left bottom corner show the area of each body part in greater magnification.
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Figure 5: Scanning electron micrographs of the tarsi of the adult house fly, Musca domestica,
compared to that of the malaria mosquito, Anopheles gambiae. M. domestica were transferred to
cones for 2 h at the treatment rate of 5 g/m? and then transfer to assembled cones without ImG.
Cones with house flies were placed in an incubator at 30+ 1°C and 50+ 5% RH. An. gambiae
were transferred to cones at the ImG treatment rate of 8 g/m? and placed in an incubator at 32+
1°C and 60+ 5% RH. Flies and mosquitoes within 30 min of dying were transferred to 1.5 mL
microcentrifuge tubes (1 test insect per tube) for imaging. (A) Musca domestica untreated tarsi,
(B) Musca domestica ImG treated tarsi, (C) Anopheles gambiae untreated tarsi, (D) Anopheles
gambiae ImG treated tarsi.
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CHAPTER 2 Internal and external microbiota of home-caught Anopheles coluzzii (Diptera:

Culicidae) from Cote d’Ivoire, Africa: mosquitoes are filthy

Abstract

Over the past 10 years, studies using high-throughput 16S rRNA gene sequencing have
shown that mosquitoes harbour diverse bacterial communities in their digestive system.
However, no previous research has examined the total bacteria community inside versus outside
of mosquitoes and whether bacteria found on the outside could represent a potential health threat
through mechanically transference. I examined the bacterial community of the external surface
and internal body of female An. coluzzii adults collected from homes in Cote d’Ivoire, Africa, by
[llumina sequencing of the V3 to V4 region of 16S rRNA gene. Anopheles coluzzii is in the
Anopheles gambiae s. 1. species complex important in the transmission of malaria. The total 16S
rRNA reads were assigned to 34 phyla, 73 orders, 325 families, and 700 genera. At the genus
level, the most abundant genera inside and outside combined were Bacillus, Staphylococcus,
Enterobacter, Corynebacterium, Kocuria, Providencia, and Sphingomonas. Mosquitoes had a
greater diversity of bacterial taxa internally compared to the outside. The internal bacterial
communities were similar between homes, while the external body samples were significantly
different between homes. The bacteria on the external body were associated with plants, human
and animal skin, and human and animal infections. Internally, Rickettsia bellii and Rickettsia
typhi were found, potentially of importance since this genus is associated with human diseases.
Based on these findings, further research is warranted to assess the potential mechanical
transmission of bacteria by mosquitoes moving into homes and the importance of the internal

mosquito microbiota in human health.
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Introduction

Insects and other arthropods are found in nearly all habitats, are extraordinarily adaptable,
and produce large numbers of progeny in a relatively short time (1). They are able to transmit
bacteria, fungi, viruses, and protozoa by mechanical transmission (physical contact) or by
biological transmission (from inside their body to another host) (2,3). In biological transmission,
some of the pathogens relocate within the body of the vector, moving from the digestive system
to the salivary glands; for example, Rickettsia rickettsii that causes Rocky Mountain spotted
fever, is dormant in the tick’s body and activated after the initiation of tick feeding (4). In
mechanical transmission, house flies that live in filth and garbage carry and transmit on their legs
and mouthparts, the pathogens for cholera, typhoid fever, and dysentery (5-7). Acute respiratory
syndrome coronaviruses (SARS-CoV) were reported to be mechanically transmitted by insects
(8.,9).

Mosquitoes play a significant role in the transmission of diseases like malaria, Zika fever,
dengue, chikungunya, and yellow fever. Of the medically important mosquito species, An.
gambiae sensu lato (s. 1.) (10), largely anthropophilic, is an important malaria vector in Africa;
the disease is caused by a parasitic protozoan of the genus Plasmodium. Globally in 2020, an
estimated 241 million cases were reported, an increase from 227 million in 2019. The WHO
African Region accounted for 95% of these cases and 96% of the deaths with 85% being children
under 5 years old (11).

Vector control is a highly efficacious prevention method for malaria. The main vector

control measures are indoor residual sprays (IRSs) and insecticide-treated nets (ITNs). IRSs and
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ITNs can decrease the vectorial capacity by reducing the adult’s longevity, density, and biting
rate per day. However, the development of insecticide resistance has decreased their efficacy
(12). Recent survey data showed both An. coluzzii (one species of the An. gambiae complex) and
An. gambiae s.s. had high resistance levels to pyrethroid, organochlorine, and carbamate
insecticides (13). New strategies for managing resistance and malaria vector control are needed.
In the last 10 years, microbiota studies have been conducted on Anopheles mosquitoes
from African countries, including Kenya (14—-16), Ghana (17), Mali (18), Ethiopia (19), Burkina
Faso (16,20,21), Cameron (22,23) and the Republic of Guinea (16). The bacterial microbiota of
Anopheles mosquitoes has also been characterized in other malaria-endemic Asian countries, i.€.,
Vietnam (24), Thailand (25), and India (26). Several recent microbiota studies on the mosquito
midgut have revealed the presence of a diverse microbiome, which can significantly affect the
development, digestion, immunity, metabolism, and other physiological functions of the
mosquito (27,28). Additionally, the microbiome affects the ability of insects to transmit
pathogens. For example, the mosquito’s midgut microbiota was involved in the suppression of P.
falciparum by stimulating the basal immune response of An. gambiae s. s. mosquitoes (29,30).
Although microbiomes have been studied in many different mosquito species, our understanding
of bacterial composition and structure in An. coluzzii is limited. Further, mosquitoes are exposed
to a range of microbes according to their ecological niches like larval habitats (31), outdoor
resting sites (32), and plant nectar sources (33). This could play an essential role in malaria
transmission in different environments. Characterizing the bacterial community of An. gambiae
s. . in homes in Cote d’Ivoire will improve our understanding of their microbiome in the human
domestic environment. Additionally, like with filth flies, Anopheles mosquitoes moving from

outside into homes, and interacting with surfaces in the home and people directly has the
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potential of transmitting bacteria mechanically that could be a health concern different from the
well recognized biological transmission by mosquitoes. To our knowledge, this is the first study
conducted to investigate the external body bacteria of Anopheles gambiae s.1. and whether
Anopheles mosquitoes are potential mechanical vectors.

The objective of the study is to investigate the external and internal body bacterial
communities of home-caught adult female 4An. coluzzii using culture-independent methods and
providing a basis for future studies characterizing the biological importance of bacteria in this
species. | hypothesize that the bacterial communities from the external and internal body of the
mosquito potentially differ, and the bacterial communities from the external surface of the
mosquito body between homes would be different. Further, I hypothesized that the mosquitoes

collected from homes in Africa might harbor pathogenic bacteria not previously appreciated.

Material and methods
Mosquito sampling and sample preparation:

In June 2019, adult mosquitoes were collected in the municipality of Tiassalé, Africa, in
the south of Cote d’Ivoire about 110 km North of Abidjan, one of the country’s largest cities
(34). Rice production occurs in the Tiassalé's lowlands, allowing mosquitos to proliferate all
year, and malaria is the primary cause of sickness (34). Sampling was conducted house-by-house
in a five-block area of Tiassalé (5°53'54" N, 4°49'42" W). A total of 80 houses were visited, and
all the adult mosquitoes in the living rooms were collected. A total of 79 female mosquitoes were
collected from 8 houses (most of the homes did not have mosquitoes). Female mosquitoes were
collected using aspirators. Mosquitoes collected from each home were placed in a new 125 mL
plastic cup. Less than 2 hours after collection, the samples were transported from the field back

to the lab. They were chilled in freezer for about 45 seconds, gently picked up with forceps on
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one leg, and placed on a microscope slide to identify species based on their morphology (10).
After identification, mosquitos were placed individually into 1.5 ml microcentrifuge tubes
containing 200 puL of RNAlater and shipped to the North Carolina State University for DNA
analysis. Each mosquito was inspected for intactness (all body parts attached), and then intact
mosquitoes were rinsed four times with 200 uL of sterile 0.01 M phosphate-buffered saline (pH
7.4 at 25 °C). All wash solutions and RNAlater were pooled for each mosquito and stored at -80

‘C for later surface microbiome analysis (external body samples). The mosquitoes were then
stored in 100% ethanol at 4 “C until further use.

DNA Extraction and mosquito molecular identification:

Before DNA extraction, each mosquito was sterilized with 1% bleach for 30 s followed
by five separate washes with 200 pL. PBS (pH 7.4 at 25 °C). The last wash of each mosquito was
kept for further verification of the success of the surface sterilization. After surface sterilization,
mosquitoes were transferred individually to sterile 2 mL screw-capped microcentrifuge tubes
containing glass beads with 200 pL of TNE buffer added, and samples were homogenized using
a FastPrep FP120 cell homogenizer (Thermo Electron Corporation, Waltham, MA, USA). The
external body samples were lyophilized to dryness and resuspended in 200 pL of TNE buffer.
The DNA of internal body and external body samples were extracted separately from each
mosquito using the QIAGEN DNeasy Blood & Tissue Kit based on the manufacturers’
instructions (QIAGEN, Valencia, CA, USA). DNA quality and quantity were assessed using a
Nanodrop (Thermo Fisher Scientific, Waltham, Massachusetts), DNA concentration normalized

to 50 ng/uL, and then samples stored at -40 ‘C until PCR amplification. Anopheles gambiae

complex mosquitoes species were molecularly identified by Short Interspersed Elements (SINE)-

PCR that detects a specific insertion on the X-chromosome (S200 X6.1), present in An. coluzzii
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and absent in An. gambiae s.s. using previously published primers (35,36). SINE-PCR was
amplified using 2 uLL of DNA template extracted from individual mosquito, 12.5 pL of
AmpliTaq Gold™ 360 Master Mix, 1uL (10 pmol) of primer F6.1A, 1uL (10 pmol) of primer
R6.1B, and molecular grade nuclease-free water added to achieve a final volume of 25 pL. The
temperature of the PCR reaction was set as follows: 95 °C for 10 min, 35 cycles of 95 °C for 30
s, 54 °C for 30 s and 72 °C for 30 s, then 72 °C for 10 min. Amplified PCR product was
visualized in a 1.5% electrophoresis gel stained by ethidium bromide under UV light. To further
verify sequence of the PCR products, 10% of the PCR products (eight samples) were chosen
randomly and sequenced by Eton Bioscience (Research Triangle Park, NC, USA).

lllumina Library Preparation and Sequencing:

A total of 157 16S V3—V4 amplicon libraries (79 internal body and 78 external body)
were prepared according to the Illumina metagenomic sequencing library construction workflow.
Briefly, universal 16S primers (341F/806R) were used to amplify the hypervariable V3-V4
region of the bacterial 16S rRNA genes (37). DNA extraction from the pooled last washes
yielded no bands and were not submitted for sequencing. The size of both amplicon and index
PCR products was purified using AMPure XP beads (AXYGEN, Big Flats, NY, USA).
Additionally, four mock community gDNA standard (D6305, ZymoBIOMICS™, Irvine, CA)
amplicon libraries were included as positive controls to determine PCR amplification bias or
sequencing error (38). DNA library concentration was measured with Quant-iT PicoGreen
(Molecular Probes, Inc. Eugene, OR, USA). Final libraries were pooled in equimolar amounts.
[llumina sequencing (300-bp paired-ends) was performed at the Microbiome Core Facility,

School of Medicine, University of North Carolina, Chapel Hill, NC, USA.
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Bioinformatics data processing and statistical analyses:

[llumina FASTQ files were demultiplexed and quality-filtered (q20) using Quantitative
Insights into Microbial Ecology 2 (QIIME2) (39). Reads were then denoised and the paired-end
reads merged with the chimera removed using the DADA2 plugin (40). Primer sequences were
trimmed, and the forward and reverse sequences were truncated at 290 and 280 nts, respectively,
to remove low-quality sequences (--p-trunc-len-f 290, --p-trunc-len-r 280). DADA?2 replaces the
traditional OTU-picking process, and it models the sequence error and constructs the exact
biological sequences in the samples called Amplicon Sequence Variants (ASVs). Sequences
were aligned with the Align-to-tree-mafft-fasttree pipeline, and a phylogeny tree was constructed
with g2-phylogeny. Taxonomy classification was performed on representative sequences that
were generated from DADA? using a trained Bayes classifier from Greengenes 138 with 99%
sequence similarity to the OTU data set (41). The sequences of the taxa with relative abundance
higher than 1% have also been extracted for BLASTn searches against the National Center for
Biotechnology Information (NCBI) database (http://blast.ncbi.nlm.nih.gov/Blast.cgi).

Additionally, the g2—diversity plugin pipeline was used to conduct the alpha and beta
diversity analysis. Alpha diversity (which estimates diversity within samples) was measured by
the Shannon’s diversity index (42), Observed Features and Faith’s Phylogenetic Diversity (43).
To examine the effects of internal body versus external body and sampling locations (different
homes), the non-parametric Kruskal-Wallis test (o = 0.05) was used on alpha diversity. Beta
diversity was measured by the weighted UniFrac distance (44). A PERMANOVA test was run to
test for statistical differences between the internal body and external body samples, among
sampling homes of internal body samples; and the statistical difference among sampled homes

for external body samples. EMPeror (45) was used to visualize the principal coordinate analysis
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(PCoA) plots from the beta diversity analyses. To see if there was a difference in the abundance
of common bacterial taxa between the internal body and external body, t-tests (assuming unequal
variances, o = 0.05) were performed using the JMP® Pro 16 software (SAS Institute Inc., Cary,
NC, USA). The ANCOM (46,47) analysis was performed using QIIME?2 to test the differentially
abundant taxa across different homes.

Phylogenetic analyses of Rickettsia sequences:

Approximate phylogenetic relationships were examined for nine Rickettsia sequence
variants from this study with other Rickettsia sequences obtained from the NCBI database by
BLASTn analysis (accessed on January 18, 2021). Multiple alignments were performed using the
ClustalW program (48). Phylogenetic trees were constructed using the neighbor-joining (NJ)

analyses with the Kimura two-parameter model (49) in MEGA 11 software (50).

Results
Mosquitoes identification:

The SINE gene (~ 479 bp) was successfully amplified for all 79 female An. gambiae
complex mosquitoes. Based on the visualization of PCR products resolved on agarose gels, all
PCR products appeared as a single band, and there was no measurable length variation among
samples. BLAST results for the sequences showed 99.50 to 99.75% similarity to An. gambiae M
from Cameroon SINE S200X6.1 (GenBank Accession number EU881873). Thus, all the
mosquitoes collected in this study were An. coluzzii, formerly known as An. gambiae M form
(51).

Evaluation of the mock microbial community:
The mock microbial community consisted of 8 bacterial species from 8 distinct genera

(Table S1). All the species present in the mock community were identified by ASV assembly
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and taxonomic classification. In addition, the ASV assembly and taxonomic classification
identified an additional bacterial genus, Methylobacterium, which was not present in the mock
community. Due to their low relative abundance and no other plausible explanations for their
detection, I concluded these were likely either contaminant from sample processing or barcode
cross talk from sequencing. Thus, Methylobacterium was excluded from further analysis.

Data Summary of Bacterial Sequences from Anopheles coluzzii:

[llumina sequencing of 16S rRNA produced abundant reads for the bacterial communities
across different homes where mosquitoes were collected. A total of 34,221,107 sequence reads
were obtained across the 157 samples. After quality filtering with the DADA?2 algorithm,
17,267,125 reads were obtained with an average of 109,981.69 reads per sample and were
assigned to 34 phyla, 73 orders, 325 families, and 700 genera.

Alpha Diversity:

The rarefaction curves of the observed ASVs saturation in all the samples indicated that
our sequencing depth was adequate to retrieve most of the taxa present in the samples (Figure 1,
Figure S1 for all homes). The alpha diversities measuring the difference between the internal
body and external surface wash samples differed significantly. The number of observed OTUs
(Figure 2A) was significantly higher in the internal body than in the external surface wash
samples (Kruskal-Wallis, p < 0.001). The Shannon index (Figure 2B), which takes into account
both species richness and evenness, was also significantly higher in the inside (Kruskal-Wallis, p
< 0.001). When taking the phylogenetic relationships into account, the Faith’s phylogenetic
diversity (Figure 2C) was significantly higher (Kruskal-Wallis, p < 0.001) in the internal body
samples. Between seven homes (internal body or external body samples), no significant

differences (Kruskal-Wallis, p > 0.05) were observed (Figure S2 and Figure S3).
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Beta Diversity:

Weighted Unifrac distance using Principal coordinates analysis (PCoA) (Figure 3)
revealed two distinct clusters, the bacterial microbiota on the surface and the internal body of An.
Colluzzii (PERMANOVA, p = 0.001). When analyzing the weighted Unifrac distances metric,
the bacterial communities in the internal body samples from seven homes were similar
(PERMANOVA, p=0.11) (Figure S4). Significant differences were observed when comparing
bacterial communities of external body samples from seven homes using the weighted Unifrac
distance metric (PERMANOVA, p = 0.006) (Figure S5). Specifically, significant differences
were observed between home A and home G (p =0.037), home A and home K (p =0.037), home
A and home N (p = 0.037), and home K and home N (p = 0.021).

Bacterial Community Composition:

At the phyla level of taxonomic analysis, four of the most common phyla found across all
the samples were Proteobacteria, Firmicutes, Actinobacteria, and Bacteroidetes (Figure S6).
These four phyla accounted for 89.04% of all classified reads in all samples. At the order level,
Actinomycetales, Bacillales, Enterobacteriales, Burkholderiales, Lactobacillales,
Sphingomonadales, Pseudomonadales and Rhizobiales were predominant in all samples which
accounted for 70.7% of all reads. At the family level, Enterobacteriaceae, Bacillaceae,
Micrococcaceae, Staphylococcaceae, Sphingomonadaceae, and Corynebacteriaceae were found
to be most abundant (Figure S7). At the level of genus, the most abundant genera identified
across all samples were Bacillus (5.6% of reads), Staphylococcus (4.8%), Enterobacter (4.4%),
Corynebacterium (3.4%), Kocuria (2.8%), Providencia (2.7%) and Sphingomonas (2.5%)

(Figure 4).
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Internally, the predominant genera were Bacillus (7.3% of all internal body reads),
Enterobacter (7.2%), Staphylococcus (5.2%), and Corynebacter (3.3%). Externally, the
predominant genera were Sphingomonas (4.6% of all external body reads), Staphylococcus
(4.5%), Kocuria (4.1%) and Bacillus (3.9%). The BLASTn results of the sequences for the taxa
with relative abundance greater than 1% are shown in Table 1.

Significant differences (t-tests, a = 0.05) in relative abundance for Enterobacter, Kocuria,
Sphingomonas, ZB2, Bradyrhizobium, and Enterobacteriaceae were found between internal body
and external body samples (Table 2). Enterobacter and Enterobacteriaceae were significantly
abundant in the internal body sample, while Kocuria, Sphingomonas, Sphingomonas, and
Bradyrhizobium were significantly abundant in the external body samples (Table 2). Rickettsia
sequences were detected in internal body samples N23 (95.3%), G6 (0.18%) and A5 (0.004%),
and in external body samples G5s (13.5%), K9s (10.8%) and N23s (3.6%).

Differential abundance:

The ANCOM test showed that two ASVs from Sphingobacteriaceae and one ASV from
Delftia significantly differed among different homes in the external body samples (Figure S8).
In 75% of the samples in home C, D, K, and N, one or fewer sequences were observed to have
been assigned to Delftia (Table S2). However, in 75% of the samples in home A, 4550.75 or
fewer sequences were assigned to Delftia, and in 75% of the samples in home B, 6136.5 or fewer
sequences were assigned to Delftia. The genus Delftia was higher in homes A and B than in
homes C, D, K, and N among all external body samples. The ANCOM percentile abundance also
suggested that the two ASVs from Sphingobacteriaceae were higher in home A than in other
homes. In 75% of the internal body samples in homes B, C, D, K, and N, one or fewer sequences

were observed to have been assigned to Dechloromonas (Table S2). However, in 75% of the
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samples in home A, 17395 or fewer sequences were assigned to Dechloromonas. This suggests
that Dechloromonas was higher in home A than in other homes among all internal body samples.
Rickettsia phylogenetic analyses:

To further identify Rickettsia spp. sequences, nine ASVs that were identified in the genus
Rickettsia, and 18 closest related species from BLASTn searches were used to construct a
phylogenetic tree (Figure 5). The phylogenetic analysis suggests that seven of the Rickettsia
ASVs clustered to Rickettsia bellii str. 3691L.42-1 (NR036774) with an over 99.99% similarity;
two of the ASVs clustered to Rickettsia typhi str. Wilmington (L36221) with an over 99.99%

similarity.

Discussion

In this study, I investigated the bacterial community of the internal body versus external
body surfaces of female An. coluzzii adults collected from homes in the West African country of
Cote d’Ivoire, Africa. Our results revealed that An. coluzzii harbor a diverse microbiota, likely
influenced by mosquito development, its ecology inside and outside of homes, and how
mosquitoes feed. Alpha diversity metrics, the number of observed OTUs, Shannon diversity, and
Faith’s phylogenetic diversity were all significantly higher in the internal body samples than
outside of the insect. The principal coordinates analysis (PCoA) of the beta diversity and
weighted unifrac metrics showed two clusters of samples, suggesting that the bacterial
microbiota on the surface and internal to the body of An. Coluzzii were significantly different.
Similar comparisons in other insects are limited. Deguenon et al. (6) compared the internal and
external body microbiota of blow flies trapped on an urban farm on our NC State University
campus. Park et al. (52) conducted similar work for house flies collected from a farm, home,

hospital, and laboratory colony. These two studies found the external body bacterial population
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was more diverse than the internal population in most cases, which was contrary to our work
here with mosquitoes (52). Exceptions for the house fly research of Park et al. (52) were
observed for insects obtained from a hospital and laboratory colony, where no significant
differences were found based on alpha diversity; the mean value of the Shannon diversity and
observed ASVs were higher internally than externally for the laboratory house flies. These
results with blow flies and house flies (6,52) differed from what was found for mosquitoes in
homes in Cote d’Ivoire where diversity was greater internally.

Our working hypothesis based on earlier studies with blow flies (6) was that bacterial
diversity would be greater on the outside compared to the inside. Bacteria found inside have to
be adapted to the internal structure and physiology of the insect and resist its natural immunity.
Bacteria on the outside are mostly a function of physical interactions with surroundings.
Furthermore, blow flies and house flies, might have greater bacterial diversity on their surface
than mosquitoes for several reasons. For example, Anopheles larvae live mostly in rice paddies,
edges of rivers, and streams in the rainy season of Cote d’Ivoire (53), while filth fly larvae live in
bacteria-rich environments, e.g., garbage, waste and manure and are adapted to a saprophagous
diet (54). Also, there are significant differences in the external morphology between filth flies
and mosquitoes that might favor the mechanical transfer of bacteria to the surface of filth flies.
For example, setae size and density and tarsal pads are different between filth flies and
mosquitoes. The longer legs and resting behavior of mosquitoes also might reduce the mosquito
body from touching surfaces. Blow flies and house flies are stronger fliers than mosquitoes, they
interact with different substrates in their habitat with a greater shear force than mosquitoes and

move more frequently and at greater distances (55,56).
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Mosquitoes differ from filth flies because they feed on blood (which is essentially
sterile). The mosquitoes in our study were collected inside of homes early in the morning. Based
on visual inspection at the time of mosquito homogenization, it appears the insects did not
contain blood (no appearance of red color). Mosquitoes immediately after blood feeding become
quiescent within a short distance from where they obtained their blood meal and during this
quiescent period, they digest the blood meal; our collection method would favor the collection of
these mosquitoes. Gusmao et al. (57) and Wang et al. (14) reported that bacterial abundance in
An. gambiae and Aedes aegypti increased dramatically after blood feeding. The bacterial load
peaked at 48h post blood-feeding, with high levels in the posterior midgut, peritrophic matrix,
and around the blood meal, suggesting that bacteria are either benefiting from the nutrients
released in these digestive areas and maybe helping to digest blood (57). Sharma et al. (58) found
that the salivary gland of An. culicifacies harbor a more diverse microbial community than the
digestive system. Our findings of a greater bacteria diversity inside of the mosquito is likely
resulting from a combination of factors including differences in habitat, morphology, behavior
and feeding differences from filth flies, where bacteria diversity was greater on the outside. More
research is obviously needed to obtain a better understanding of this question.

I also observed significant differences in the external body microbiota between homes
which was not the case for the internal body samples. These results support the hypothesis that
internal bacteria diversity is less affected by environmental exposure compared to what is found
on the outside of mosquitoes. Mosquitoes generally are not considered to be filth flies, but at
least the potential is there that when they migrate into homes seeking a blood meal, they could
also be transferring bacteria from their habitat outside of homes. This will be discussed in more

detail later. Mosquitoes also are likely acquiring different bacteria specific to the home. Dunn et
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al. (59) sampled nine distinct locations in forty homes in Raleigh and Durham, North Carolina,
US and found significant bacteria variability between homes. The surface materials, human and
animal occupants, the size and cleaning frequency of the home, and indoor humidity and
temperature are attributed to this bacterial diversity across homes (59). This could explain the
variability in the bacteria microbiota on the surface of mosquitoes between homes in our study. It
is not surprising that the outside surface bacteria microbiota is affected by the mosquito habitat
and also suggests that mosquitoes could potentially mechanically transfer human and animal
pathogens. The latter has been understudied.

Proteobacteria, Firmicutes, Actinobacteria and Bacteroidetes (from highest to lowest
abundance) were the most dominant phyla both internally and externally in our mosquito
samples from homes in Céte d’Ivoire. In internal microbiome studies of other dipterans, the
order of the latter three phyla varied. However, Proteobacteria was always the most predominant
phylum. This was the case for the An. gambiae complex mosquito midgut microbiome
in Burkina Faso (21), eight Anopheles species in Thailand (25), house flies (60), blow flies (6),
and fruit flies (61).

BLAST searches were conducted for all bacterial genera that accounted for more than 1%
of the internal or external body reads. I identified Staphylococcus haemolyticus (external vs
internal abundance 4.48%: 5.18%, respectively), Kocuria rhizophila (4.06%: 1.61%),
Acinetobacter johnsonii (2.29%: 1.83%), Micrococcus luteus (2.30%: 2.03%), and
Cutibacterium avidum (1.21%: 1.00%) found on human skin (62—66). Staphylococcus
haemolyticus is involved in nosocomial infections, is the second most common coagulase-
negative Staphylococcus isolated from clinical sites (67), and is also known to be multidrug

resistant (68).
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In this study, several plant-associated bacteria species of Fructobacillus fructosus
(external vs internal abundance--0.01%:1.30%, respectively), Neokomagataea tanensis
(0.50%:1.15%), Asaia bogorensis (0.09%:1.03%) and Pantoea agglomerans (0.84%:1.80%)
were identified and were more abundant inside versus outside of our mosquitoes. This is the first
identification of a Fructobacillus species inside of a mosquito. Fructobacillus fructosus is a
member of the fructophilic lactic acid bacteria group found in fructose-rich niches (69), for
example, in flowers, fruits (70), honeybees and beehives. Plant nectar is an essential source of
female mosquito nutrition. Female mosquito immediate mortality due to sugar deprivation does
not occur but does reduce fecundity potentially from the reduced production of juvenile hormone
(33). Neokomagataea tanensis was first isolated from lantana flowers and candle bush in
Thailand in 2011 (71). The acetic acid bacterium, Asaia bogorensis, was first isolated from the
flower nectar of the orchid tree, Bauhinia purpurea (72). This bacterium was subsequently found
in Anopheles mosquitoes and reported to impact larval development (73). The discovery of the
natural Asaia/Anopheles mosquitoes/flower nectar cycle was recently considered a possible
delivery tool for Asaia-based paratransgenetic malaria control (74—76). Asaia was also reported
to likely have an indirect role in reducing the vectorial capacity of Anopheles mosquitoes by
inhibiting the Plasmodium sporogenic cycle (74). Our findings of these three bacteria associated
with plant nectar suggest the An. coluzzii mosquitoes in our samples visited plants for nectar
before entering the homes. Pantoea agglomerans also are associated with plants (77) and found
associated with honey bees (78), aphids, and mosquitoes (79). Riehle et al. (80) suggested P.
agglomerans was a good candidate for paratransgenic control of Plasmodium.

Two bacteria species, Corynebacterium casei and Enterobacter xiangfangensis, typically

associated with fermented food were identified in our mosquito samples. Corynebacterium casei
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were found at approximately the same levels external vs internal (3.54%:3.27%, respectively).
Enterobacter xiangfangensis (1.65%:7.16%) were found significantly higher internally.
Corynebacterium casei and En. xiangfangensis were reported before in smear-ripened cheese
(81) and traditional Chinese sourdough (82), respectively. Peach et al. (83) reported that host-
seeking mosquitoes were strongly attracted to homemade cheese. An. gambiae also is attracted to
sugar-fermenting yeast because of the carbon dioxide produced by yeast (84). Corynebacterium
casei and En. Xiangfangensis identified in our samples, suggested the An. coluzzii mosquitoes
might have visited fermented foods in the homes where they were found.

Three bacteria species, Delftia tsuruhatensis (external vs internal abundance--2.64%:
0.90%, respectively), Diaphorobacter nitroreducens (1.05%:0%) and Azonexus caeni
(0%:1.16%) are associated with aquatic habits where mosquito larvae live. These three bacteria
were all isolated from treatment plant wastewater sludge (85-87). Zogo et al. (53) reported
Anopheles larvae live mostly in rice paddies in Cote d’Ivoire. Rice paddies are flooded with
water producing anaerobic conditions similar to sludge in wastewater. Delftia was found both
internally and externally and was identified higher in homes A and B than in the other homes
among all external body samples (Figure S8). The relative abundance of Delftia in external body
samples versus internal samples was 55.7% and 0.4%, respectively; for home B, 35.3% of the
reads were identified as Delftia in external body samples while no reads were found in the
internal samples. This suggests that mosquitoes in homes A and B have been to Delftia rich
environments but did not consume the bacteria. Diaphorobacter was only found in external
samples. Azonexus was found in internal samples and was only detected in samples in home A.
This suggests the larval habit of mosquitoes in home A contained this unique bacterium. It is

possible that Azonexus was transferred internally from the mosquito larvae to the adult. The other
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possibility is the bacteria was acquired from the larval habitat from the consumption of water
after emerging from the pupa.

Rickettsia sequences were detected in three internal sample, N23 (relative abundance-
95.3%), G6 (0.18%) and A5 (0.004%) and three external samples, G5s (13.5%), K9s (10.8%)
and N23s (3.6%). Even though the number of samples detected with Rickettsia sequences were
the same, the number of reads in the internal samples (147,884 reads) were more than in the
external samples (5,244 reads). It is surprising that Rickettsia spp. sequences were detected
outside of the body since they are intracellular bacteria. The mosquitoes were intact when
washing was conducted with PBS buffer to obtain the outside bacteria community. It is possible
that pieces of leg or setae or maybe internal content from a severed body part or the rectum
separated from the rest of the insect during washing which was not noticed. This seems unlikely,
especially considering the Illumina sequencing protocol is not nearly as sensitive as PCR in
detecting bacteria DNA and requires a robust level of bacterial genomic DNA to detect bacteria.
It is also possible that the Rickettsia spp. sequences were from ectoparasitic mites that parasitize
mosquitoes (88). It was shown before that 36.45% of Anopheles mosquitoes were parasitized
with mites (88). I did not anticipate this possibility and did not search for mites on our mosquito
samples.

The closest match of Rickettsia spp. sequences using BLAST searches were Rickettsia
bellii 369L42-1 with a 99.75% similarity (NR_036774) and Rickettsia typhi Wilmington with a
99.75% similarity (NR_074394). Rickettsia bellii was found in mosquitoes in China, and 2.3%
(70/3051) of the sampled mosquitoes, including one Anopheles species, were infected with R.
bellii (89). Rickettsia bellii was widely distributed in multiple tick species in the United States

(90). Rickettsia bellii 1s the ancestral group-Rickettsia species, and it could play a crucial role in
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the ecology and epidemiology of other pathogenic tick-borne spotted fever group rickettsiae
(90). Rickettsia typhi is the causative agent of murine typhus, also known as endemic typhus
(91). Rickettsia typhi can be transmitted to humans by bites and feces of infected fleas. Infected
people can have symptoms like a fever, rash and bronchitis and produce severe disease in
vulnerable populations like the elderly and immune-compromised people. If left untreated,
murine typhus can be fatal, with a 4% death rate (92). Rickettsia typhi was not reported before in
mosquitoes. However, R. felis, reported to be the possible causative agent of murine typhus (93),
was found in An. gambiae from Sub-Saharan Africa (94).

Noteworthy, several food borne pathogenic bacteria were also found both externally and
internally. Bacillus cereus were more abundant among all bacteria in the internal samples
(3.92%:7.30%, respectively). Of the mosquitoes collected, B. cereus was found in 67.1% (51/76)
of the internal samples and 31.2% (24/77) in the external samples. Aeromonas hydrophila
(0.37%:1.26%) were more abundant in the internal samples and found in 22.4% (17/76) of the
internal samples of the mosquitoes collected and 2.6% (2/77) for the external samples. Bacillus
cereus is a pathogen associated with food poisoning, diarrhea and other gastrointestinal disorders
(95). Aeromonas hydrophila is frequently found in fresh water and sewage and can cause
Aeromonas enteritis and is a major bacterial foodborne disease (96). Providencia rettgeri
(2.82%: 2.63%) was found both internally and externally. Providencia rettgeri is associated with
traveler’s diarrhea (97,98). Recent studies found P. rettgeri in stool samples from diarrhea
patients and also in meat samples, suggesting Providencia infection in humans could come
through meat (99). These results suggest that they could be transferred to surfaces in the home by

both mechanical interactions and defecation and potentially cause food borne diseases to
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humans. The role of mosquitoes as a filth fly is an understudied area of science and needs more

research to assess their risk to humans.

Conclusions

Our study provides the first study of bacterial communities from the internal body and
external body of home-caught mosquitoes, i.e., An. coluzzii. The mosquitoes had a greater
diversity of bacterial taxa internally than externally. The internal bacterial communities were
similar between homes, while the external body samples were significantly different between
homes. The bacteria on the external body were associated with plants, human and animal skin,
and human infections. To our knowledge, Fructobacillus was identified in the internal body of
mosquitoes for the first time. Internally, R. bellii and R. typhi were found, potentially of
importance since this genus is associated with human and animal diseases. Based on these
findings, further research is warranted to assess the potential mechanical transmission of bacteria
by mosquitoes into homes as they seek a blood meal and the importance of their internal

microbiota in human health.
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Tables and Figures

Table 1: BLASTn results of the sequences of the taxa with relative abundance higher than 1% in external body or internal body

samples.
Taxa classified by
Closest cultured o o Closest
Greengeens ' Classification ~ Similarity '
' bacteria/sequence from match NCBI Habitats
(External: internal ] (Phylum) (%) ]
NCBI (strain) accession #
abundance%)
Aeromonas Fresh water and sewage;
(0.37:1.26) Aeromonas hydrophila human pathogen-major
Proteobacteria 100 NR 119190
(DSM 30187) bacterial foodborne diseases
(96)
Acinetobacter Acinetobacter johnsonii Skin (63)
Proteobacteria 99.30 NR 117624
(2.29: 1.83) (ATCC 17909)
Alloiococcus Human nasal microbiota
Dolosigranulum pigrum o
(1.00: 0.38) Firmicutes 99.77 NR 113774 (100)
(NBRC 15550)
Bacillus Commonly in the
Bacillus cereus (CCM o .
(3.92: 7.30) 2010) Firmicutes 99.77 MT421928  environment; GI syndrome
(95)
Corynebacterium Corynebacterium casei Smear-ripened cheese (81)
Actinobacteria 99.76 CP004350
(3.54:3.27) (LMG S-19264)
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Table 1: (continued).

Dechloromonas . Sludge of a wastewater
Azonexus caeni (Slu-05)  Proteobacteria 99.30 NR 041017
(0: 1.16) treatment plant (86)
Delftia Delftia tsuruhatensis Sludge of a wastewater
Proteobacteria 99.77 NR 113870
(2.64: 0.90) (NBRC 16741) treatment plant (87)
Diaphorobacter Diaphorobacter
Proteobacteria 99.77 NR 024782 Sludge (85)
(1.05: 0) nitroreducens (NA10B)
Elizabethkingia Elizabethkingia anopheles _ Midgut microbiota of
Bacteroidetes 99.76 CP023401 )
(2.22: 1.33) (R26) mosquito (101)
Enterobacter Enterobacter Chinese traditional
(1.65:7.16) xiangfangensis Proteobacteria 100 CP017183 sourdough (81)
(LMG27195)
Enterococcus Enterococcus raffinosus
Firmicutes 99.77 NR 026499 Human blood culture (102)
(0.11: 1.70) (1789-79)
Erwinia Pantoea agglomerans )
Proteobacteria 100 CP077366 Eucalyptus leaves (77)
(0.84:1.80) (FDAARGOS 1447)
Fructobacillus Fructobacillus fructosus
Firmicutes 100 LC062898  Fructose-rich niches (69)
(0.01: 1.30) (JCM 1119)
Gluconobacter Neokomagataea tanensis .
Proteobacteria 99.75 CP032485 Flowers of candle bush (71)
(0.50:1.15) (AH13)
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Table 1: (continued).

Kocuria Kocuria rhizophila
Actinobacteria 99.51 NR 026452 Skin (66)
(4.06: 1.61) (TA68)
Micrococcus Micrococcus luteus
Actinobacteria 100 CP035298 Human skin flora (62)
(2.30: 2.03) (ATCC 4698)
Propionibacterium Cutibacterium avidum . . .
Actinobacteria 100 KF906606 Skin (65)
(1.21:1.00) (ATCC 25577)
Proteus Proteus mirabilis (ATCC Water, soil, and GI tracts of
Proteobacteria 100 NR 114419
(0.33:1.75) 29906) humans and animals (103)
Providencia Providencia rettgeri Soil and water;
Proteobacteria 99.77 NR_115880 .
(2.82:2.63) (NCTC 11801) travelers’ diarrhea (97)
Pseudomonas Pseudomonas alcaligenes
Proteobacteria 99.77 NR 113646 Swimming pool water (104)
(1.99: 1.46) (NBRC 14159)
Rickettsia Rickettsia bellii (369L42- . .
Proteobacteria 99.75 NR 036774 Tick (90)
(0.36: 1.26) 1)
Rickettsia typhi
o Proteobacteria 99.75 NR 074394 Flea (91)
(Wilmington)
Sphingomonas Sphingomonas
(4.61: 0.42) paucimobilis Proteobacteria 99.75 CP065670 Soil and water (105)

(FDAARGOS_908)
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Table 1: (continued).

Spironema
(0.14:1.84)
Staphylococcus
(4.48:5.18)

Streptococcus

(2.21: 0.32)

Swaminathania
(0.09:1.03)
Thorsellia
(0.15:1.01)

Alkalispirochaeta .
Spirochaetes
cellulosivorans (JC227)
Staphylococcus
haemolyticus (ATCC Firmicutes
29970)
Streptococcus
dysgalactiae Firmicutes
(FDAARGOS 1157)
Asaia bogorensis (NBRC .
Proteobacteria
16594)
Thorsellia anopheles .
Proteobacteria

(CCUG 49520)

83.26

100

100

99.75

99.77

NR 148863

KT989857

CP068057

AP014690

AY837748

Gut of a wood-eating

cockroach (106)

Skin (64)

Bovine pathogen (107)

Flowers of the orchid tree
(Bauhinia purpurea) (72)
Midgut of the malaria
mosquito Anopheles

arabiensis (108)
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Table 2: Differences in the abundance of common microbiota taxa in internal body and external

body samples.
Average (= SE) abundance (%)
taxa Internal body  External body df P
(n=76) (n=77)

Bacillus 7.30 (1.76) 3.92 (1.26) 136.26 0.0605
Staphylococcus 5.18 (0.84) 4.48 (0.75) 148.65 0.2678
Enterobacter 7.16 (2.23) 1.65 (1.04) 106.22 0.0137*
Corynebacterium 3.27 (0.67) 3.54 (0.71) 150.69 0.3888
Kocuria 1.61 (0.49) 4.06 (1.06) 106.58 0.0193*
Providencia 2.63 (1.68) 2.82 (1.52) 149.26 0.4674
Sphingomonas 0.42 (0.16) 4.61 (1.32) 78.31 0.0011*
p__ODIl;c_ ZB2 1.31(0.23) 3.33(0.59) 98.59 0.0009*
Micrococcus 2.03 (0.40) 2.30 (0.65) 127.57 0.3658
Acinetobacter 1.83 (0.40) 2.29 (0.54) 139.40 0.2470
Bradyrhizobium 0.20 (0.10) 3.66 (0.94) 77.66 0.0002*
Elizabethkingia 1.33 (0.51) 2.22 (0.83) 125.41 0.1808
Pseudomonas 1.46 (0.43) 1.99 (0.53) 144.93 0.2178
f Alcaligenaceae 2.88 (1.65) 0.18 (0.18) 76.84 0.0547
Delftia 0.90 (0.04) 2.64 (0.96) 76.32 0.0050
f Enterobacteriaceae 1.71 (0.45) 0.55 (0.23) 112.79 0.0123%
Propionibacterium 1.00 (0.17) 1.21 (0.38) 104.83 0.3077
Proteus 1.75 (1.35) 0.33 (0.23) 79.46 0.1519
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Figure 1: Rarefaction curves of the mean number of observed ASVs in internal versus external

body samples.
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Figure 2: Alpha diversity measures of the internal and external body microbiomes of Anopheles
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Figure 5: Molecular phylogenetic analysis of Rickettsia amplicon sequence variants (ASVs)
identified in this study.



Supporting information

Table S1: Bacterial mock community expected from ZymoBIOMICS™ Microbial Community
DNA and actual taxonomic abundances in our samples.

Species Theoretical Actual composition
p composition (%) (%)
Pseudomonas aeruginosa 49 Pseudomonadaceae 59
Escherichia coli 10.1 Enterobacteriaceae 23
Salmonella
Salmonella enterica 10 4 enterica 2.9
Salmonella
Lactobacillus fermentum 18.4 Lactobacillus 219
Enterococcus faecalis 99 Enterococcus 31
Staphylococcus aureus 15.5 Staphylococcus 23
Listeria monocytogenes 14.1 Listeria 73
Bacillus subtilis 17.4 Bacillus 1.0
Methylobacterium 0 0.4
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Table S2: Significantly differing taxa from ANCOM differential abundance testing resulted and

the percentile abundance of taxa by group.

External body

Internal body

Home  percentile Sphingobacteriaceae-
1

Sphingobacteriaceae-

Delftia )

Dechloromonas

0 1 1 1
25 309.25 1261.25 1
50 389 3563.5 233
75 2242.75 4550.75 1689.5
100 4800 6536 6216
1033 221
3328.5 595.5
5624 970
6136.5 1077

6649 1184

home

25
50
75
100

home

25
50
75 165
100 329

home

504.5
1008

—

25
50
75
100

home

25
50
75
100

home

25
50
75
100

home

Pt e ek ek e e e ek e e ek e ek ek ek e e ek

25
50
75
100

home

b b e e e e e e e e e e e e e () e e

1904
17395
34566

—t ek e e e ek ek b ek e e e e e e e ek bk ek bk e e e e e e e e ek
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Figure S1. Rarefaction curves of the mean number of observed ASVs from seven homes.

80



350+

300-

250

2004

1504

Observed otus(ASVs)

1004

Home A Home B Home C Home D Home G Home K Home N

Shannon diversity index
w
T

Horlne A Honlﬂe B Hoﬁe C Hom'e D Homé G Hoﬁe K Homle N

26 -

Phylogenstic diversity
N
1

Hor:'le A Horrl1e B Hon';e c Hom;e D Homle G Hun';e K Homn‘e N

Figure S2. Alpha diversity measures of the internal body microbiomes of Anopheles coluzzii
mosquitoes from seven homes. (A) Observed OTUs, (B) Shannon diversity and (C) Faith’s
phylogenetic diversity.




90
80 A
70
60 - —

50

40

Observed otus{(ASVs)

20 -

T T T T T T T
Home A Home B Home C Home D Home G Home K Home N

6.0 )
55 B
50

4.0 : I
N ——
3.01 R

25 i

2.0

Shannon diversity index

1.5
1.0 1
054

HOI’T‘IE A Homle B Homé c Homel D Homé G Homé K Homé N

85+
8.0+

7.5
7.0
6.5
6.0
5.5

5.0 i R

4.5+
4.0

Phylogenetic diversity

s | i
2.5 i : :
2.0
15

Home A Home B Home C Home D Home G Home K Home N

Figure S3. Alpha diversity measures of the external body microbiomes of Anopheles coluzzii
mosquitoes from seven homes. (A) Observed OTUs, (B) Shannon diversity and (C) Faith’s
phylogenetic diversity.

82



Axis 2 (17.35 %)

8
o
®
(®) Q )
o
O o O
0 Qo ®
@] (@] @) -
® 6@0 O“' b
® og o 8 °©
DOO 8 o, Q o
® 0 - o Cb o
° o o
@
e O

AXis 124.81 %)

Axis 3 (6092 %) ©

Figure S4. Principal coordinate analysis (PCOA) of the bacterial composition of the internal
body Anopheles coluzzii mosquitoes from seven homes. Analysis was based on the weighted
Unifrac metric.



Axis 2 (

Axis 3 (97326 %)

Figure SS. Principal coordinate analysis (PCOA) of the bacterial composition of the external
body Anopheles coluzzii mosquitoes from seven homes. Analysis was based on the weighted

Unifrac metric.

1.20 %)

o
(e @]
®
® o
0
oOOO. |
g o
0
®

home A

home B

home C

home D

heme G

home K

heme N

O AEENNE

6.25 %)

84



@ Proteobacteria
@ Firmicutes
( Actinobacteria
@ Bacteroidetes
@ Other phyla

Figure S6. Relative abundances of major bacterial taxa at the phylum level.

85



100%

5%
=
S
S
hat
P
8
(=
5
k]
g
2

& 50%
©
£
[=}
2
S
g
i}
L
(=]
juf
2
E

25%

0%

ather taxa (<0.75)
B Methylobacteriaceae
B Hanthomonadaceas
B Ricketisiaceae

B Denmabactaracean
- = B Rhodabacteraceae
B Propionibacteriaceac
. [p—
. - W Sorelizceae
- -
Asromonadaceae
Sphingebacteriaceae
. = . Erterscoceaceas
. Oxalobacteraceae
|| Nocardioidaceas
Tissisrellaceas
Leuesnostecaceas
Alcaligenaceae
Intrasporangiaceac
Pseudomonadaceae
Bradyrhizobiaceae
Acetobacteraceas
Moraxellaceae
p_ODic_ZB2
Comamonadacaaa
1 Weeksellaceae
W Corynebacteriaceae
W Sphingomonadaceae
B Staphylococcaceas
Micrococcaceas
. . W Bacillacese

Endo-A Endo-B EndurC Ende-D Endo-E  Endo-G  Ende-l Endo-K Endo-N Exu—A Exo-B  Exo-C Exo-D Exo-E Exo-G Exod Exo-K  Exo-N B Enterabacteriaceae

Figure S7. Relative abundances of major bacterial taxa at the family level. ‘Other’ group
represents all taxa with relative abundance below 0.75%.

86



160+

1404

1004

80+

60

40

A

.20 |External body

Delftia
{clr:14.55, W:220)

Sphingobacteriaceae
{clr:15.76, W:217)

Sphingobacteriaceas
(clr:39.62, W:221)

| Internal body

20 25
clr

clr

Dechloromonas
{clr:17.30, W:505)

Figure S8. ANCOM differential abundance testing result for (A) External body and (B) internal
body. Significantly differing taxa from ANCOM differential abundance testing resulted and the

percentile abundance of taxa by group are shown in Table S2. QIIME2 was used for ANCOM

analysis.

87



CHAPTER 3 Review: Biology, systematics, microbiome, pathogen transmission and

control of chiggers (Acari: Trombiculidae, Leeuwenhoekiidae) with emphasis on the U.S.

Abstract

Chiggers are the larval stage of Trombiculidae and Leeuwenhoekiidae mites and of
medical and veterinary importance. Some species in Leptotrombidium vector Orientia
tsutsugamushi, the bacteria that causes scrub typhus disease in humans. Scrub typhus is a life-
threatening, febrile disease. Chigger bites can also cause dermatitis. There were 248 chigger
species reported from the US from almost every state. However, there are large gaps in our
knowledge of the life history of other stages of development for chiggers, North American wide
morphological keys are needed for better species identification, and molecular sequence data for
identification are minimal and not clearly matched with morphological data. The role of chiggers
in disease transmission in the US is especially understudied, and the role of endosymbionts in
Orientia infection are suggested in the scientific literature but not confirmed. The most common
chiggers in eastern United States were identified as Futrombicula alfreddugesi but was likely
misidentified and should be replaced with Eutrombicula cinnabaris. Scrub typhus was originally
believed to be limited to the Tsutsugamushi Triangle and the chigger genus, Leptotrombidium,
but there is increasing evidence this is not the case. The potential of Orientia species
establishing in the US is high. Chiggers are also reported to be associated with Hantavirus,
Bartonella, Rickettsia and Borrelia transmission. The role that chiggers play in these disease
transmissions in the US needs further investigation. It is possible some of the tick-borne diseases
and red meat allergies are caused by chiggers.

Keywords: Chiggers; Biology; Systematics; Microbiome; Pathogen transmission; Chigger
control
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Introduction

Chiggers are the larval stage of the families Trombiculidae and Leeuwenhoekiidae mites
(Phylum Arthropoda, Class Arachnida, Superfamily Trombidioidea, Order Trombidiformes and
Family Trombiculidae, Ewing, 1929; Family Leeuwenhoekiidae, Womersley, 1945). They are
also called red bugs, harvest mites, berry bugs, scrub-itch mites in English-speaking countries,
and sand mites in China. Chiggers are of medical and veterinary importance. Some species in
Leptotrombidium are known to vector a Gram-negative bacterium, Orientia tsutsugamushi,
(formerly in the genus Rickettsia) causing the disease, scrub typhus, in humans. Scrub typhus is a
life-threatening, febrile disease. During the Second World War, a large number of scrub typhus
patients were found in the Asia-Pacific region (Philip 1948), which resulted in greater attention
and research on all aspects of the disease. Humans are only an occasional host for chiggers.
Chiggers parasitize many different vertebrates, including reptiles, amphibians, birds and
mammals. Chiggers were reported to be significant pests for free-range turkeys in the US (Kunz
et al. 1969). Their bite frequently results in dermatitis (trombiculosis or trombiculiasis).

Publications of chigger studies in the US were searched on the Web of Science on March
3, 2022 (Table S1), showing 115 papers of which 83 were directly on chiggers. The number of
publications on chiggers in the US is shown in Figure 1 and Table S2. Publications were
summarized and shown in Table 1. The publications mainly focused on taxonomy (identification
methods), ecology, and reports of the discovery of chiggers on various hosts in the US. Chigger
research in the US started in the 1910s. The number of publications gradually increased from
1920 to 1979 followed by a drop in the 1980s. From 1990 till now, the number of publications
per decade on this topic was 13-16. However, these data do not include all of the existing

published papers, especially the older papers. For example, as stated in the world checklist of
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Trombiculidae and Leeuwenhoekiidae from Nielsen et al. (2021), H.E. Ewing described 64 new
chigger species from 1913 to 1950. Nielsen et al. (2021) listed 23 Ewing’s publications and five
were marked as cited by other researchers. Based on our search results, there were only 10
papers published by Ewing that were available on the Web of Science, however others were
available at our institutional library. It is challenging to find papers about chigger studies in the
US published 50-90 years ago. Even for the publications that can be found on the Web of
Science, some are not easily accessible for review. Publications after the 1990s were better
documented with 13-16 papers published per decade from 1990 till now. It is clear that chiggers
in the US are greatly understudied taxa in general and especially as compared to other vector
important arthropods like mosquitoes, ticks, lice, fleas, and filth flies. The goal of this paper was
to review the biology, systematics, microbiome, pathogen transmission and control of chiggers

with emphasis when possible on what we know about them in the US.

Chigger biology
Life cycle:

The life cycle of chigger mites is comprised of seven stages: egg, quiescent prelarva (also
called deutovum), parasitic larva, quiescent protonymph, soil free-living deutonymph, quiescent
tritonymph and soil free-living adult (Figure 2). The two active post larval stages, deutonymph
and adult, have eight legs, live in soil, and are predators feeding on arthropod eggs and other life
stages of small, soil-dwelling insects and other arthropods. The parasitic larval stage, so-called
chiggers, have six legs. Unengorged chiggers are about 0.2 mm long and deep-red in color, while
engorged chiggers are about 0.4 mm long and pale yellow (Pritt et al. 2012, Rashmir-Raven

2018).
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Chiggers do not burrow into skin and feed on blood as many may think. Instead, chiggers
feed on saliva digested lymph and skin cells. They insert their chelicerae into the skin and secrete
saliva containing proteolytic enzymes into the skin. The epidermal and cutaneous host tissue is
liquefied, and the liquid is consumed. As the feeding progresses, a hard tube-like structure, called
a stylostome, is formed by the salivary secretions and the host immune system responds to the
foreign enzymes in the chigger saliva (Lee et al. 2006). The stylostome functions as a straw,
allowing the chiggers to consume the exo-digested skin. The saliva secretion and stylostome
formation from feeding cause an inflammatory dermal reaction in the host (Shatrov 2009), which
is called trombiculiasis. Chiggers will attach to a host and feed for 1-12 days if not scratched off
(Neal and Barnett 1961, Everett et al. 1973, Santibanez et al. 2015), the duration variable
depending on the host species. After engorgement, chiggers drop naturally from the host to the
soil and become quiescent.

Overall, the available data for the developmental time for each stage both in the field and
lab are limited. In optimal lab conditions (25-30°C, 100% relative humidity), a generation of
Leptotrombidium deliense is 59-135 days, with an 89 days average (Lv et al. 2018). The
development time of a complete generation for boreal species can take anywhere from 150 to
400 days (Shatrov and Kudryashova 2006). In the field, local climate conditions will obviously
affect the developmental time since chiggers are ectotherms. Wharton and Fuller (1952) reported
Eutrombicula alfreddugesi produced one to two generations a year in Ohio, three generations in
North Carolina and developed year-round in Florida, US. Direct copulation between males and
females has never been observed. The adult female is inseminated by making contact with a
spermatophore deposited by males in the habitat that they share (Lipovsky et al. 1957). The male

spermatophore is made up of a flexible stalk (about 5 pm thick and 45 pm tall) that is linked to

91



the substrate and bears a sperm sac at the distal end (Lipovsky et al. 1957, Everett et al. 1973).
When the female encounters the spermatophore, she will walk over the spermatophore with her
genital plates fully opened and pick up the sperm sac. Lipovsky et al. (1957) observed chigger
females could acquire multiple spermatophores. Females normally undergo one to three
oviposition cycles with gaps between them throughout their lives (Shatrov and Kudryashova
2006).

Host and habitat:

The host spectrum of chiggers is broad. For example, Eutrombicula alfreddugesi, the
most widespread chigger species in the US, were found to parasitize reptiles, birds and
mammals. Walters et al. (2011) listed that 145 species of reptiles, 129 species of birds, and 225
species of mammals in the US were reported to be parasitized by chiggers. Some chigger species
or genera were only reported to parasitize a particular group of hosts. For example, almost all
Neoschoengastia americana parasitize birds (Walters et al. 2011), and this species was reported
to be a significant pest of turkeys in the US (Kunz et al. 1969). Chiggers in the genus
Hannemannia primarily fed on reptiles (Walters et al. 2011). However, the preference of
chiggers to a specific host species is low. Chiggers are habitat-specific rather than host-specific.
Chiggers are known to have preferences for a certain local habitat, where they attack and feed on
all or the majority of the vertebrate species in the same location (Sasa 1961, Shatrov and
Kudryashova 2006, Walters et al. 2011, Zhan et al. 2013). The low host specificity of the chigger
and broad host range may enhance their chances of contacting humans, as well as the spread of
scrub typhus across diverse hosts. Scrub typhus so far has not been reported in the US

(discussed in more detail later).
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Chiggers prefer moist areas with overgrown vegetation (Wharton and Fuller 1952), like
abandoned plantations, tall grass, and river banks. Chiggers are found to be most abundant in
early summer in temperate regions when the vegetation is heaviest. Clopton and Gold (1993)
reported the abundance of E. alfreddugesi peaked in late June to early July. In the summer,
adults were most common near the soil surface, and in the fall and winter, they were found
deeper in the soil (Wharton and Fuller 1952). Shatrov and Kudryashova (2006) reported the eggs
of some boreal chigger species can diapause for up to 400 days. This suggests they have
temperature preferences likely related to their life cycle and survival when environmental
conditions are not favorable for development.

Collecting methods:

Trapping animals. This work requires approval from Institutional Animal Care and Use
Committees (IACUCs). Rodents can be live-trapped with Sherman traps (Figure 3-A) placed on
the ground overnight at any place where chiggers and potential hosts are expected to be found
(Li et al. 1997). Chiggers then can be collected from rodents the next day. Sherman traps are
usually baited with bird seed (Durden et al. 2000) or a peanut butter and oats mixture
(Ponnusamy et al. 2022). Ketamine hydrochloride and xylazine sulphate (1:10) are given
intramuscularly to anesthetize the captured rodents (Durden et al. 2000). Captured rodents are
examined thoroughly for the presence of chiggers and particular attention should be paid to the
ears, groin, foot, and belly side, as well as the areas surrounding the genitals (Ponnusamy et al.
2022). Removed chiggers are preserved in a vial containing 70% ethanol (Durden et al. 2000).
Similar approaches may be used for other types of animals like birds, lizards, or larger mammals.
One advantage of this approach, the rodents are traveling throughout their natural geographical

range foraging for food, obtaining nesting materials and mating and have a greater chance of
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acquiring chiggers from their habitat than other collection methods (discussed later). Also the
chiggers are easy to collect from the animal after trapping, since they are attached to specific
areas locations, e.g. in the ears of mice. This approach is only effective for obtaining feeding
chiggers. Since they are feeding on animals that could be infected with a human pathogen, for
example, their microbiomes might reflect that of the host and not necessarily that of a free-living
chigger.

Plate method. Unengorged chiggers can be attracted to foreign objects of almost any kind
(Krantz and Walter 2009), for example, a porcelain plate, plastic disk, or oilcloth (Li et al. 1997,
Krantz and Walter 2009). Black plates (Figure 3-B) are attractive to unfed chiggers when heated
by the sun, and the black color makes it easy to see the reddish color of chiggers on the plate and
especially when they are crawling. Thus, black plates were commonly used to collect
unengorged, free-living chiggers in rodent runways and near nests (Upham Jr et al. 1971, Rohani
and Cromroy 1979, Nadchatram and Dohany 1980, Tanskul and Gingrich 1986). A set of black
plates (10 cm by 10 cm) are laid at a possible breeding site at intervals. Each black plate is
observed for any movement after a certain amount of time, for example, 10 mins. Chiggers can
be collected with an ethanol-dipped pipette and then transfer to a tube containing 70% ethanol. A
hand lens helps ensure a successful transfer. Another collecting method is using an inverted
white tray placed on the ground in a chigger infested area overnight; when the tray is righted the
next day, free-living chiggers can be collected from what was on the undersurface of the tray (Li
et al. 1997, Krantz and Walter 2009).

The advantages of the plate method, free-living chiggers are collected alive and in good
viable condition, in case the researcher wanted to develop a laboratory colony or study the live

biology, physiology or microbiome of the chiggers. The challenge with this method is finding an
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exact location where the chiggers are found. This is typically a random approach within a
potential geographical location where chiggers are expected. Sometimes, picking a place to
collect can be enhanced by incidental reports of chigger problems, frequently provided by park
rangers or comments from visitors to a particular area.

Berlese funnel. A Berlese funnel (Figure 3-C) can be used to collect chigger mites from
soil simply by placing the litter sample into the inverted funnel. The mites will crawl downward
from the light shining into the top, large opening of the funnel as the soil dries and fall into a
bottom collection chamber filled with ethanol (to kill and preserve the mites) positioned below
the end of the inverted funnel (Sasa 1961). The challenge with this approach would be the need
to collect enough soil samples to find the mites and have enough Berlese funnels to process the
soil samples, since the free-living chiggers are not typically widely and evenly distributed in the
landscape. Also, other soil animals will drop into the ethanol and will need to be separated from
the free-living chiggers. If there is an interest in the external microbiome of the chigger, there
would be cross contamination between animals. The chiggers collected by this method are killed
by ethanol.

Light trapping. Johns (1950) developed a light trap to collect unengorged chiggers in
vegetation using the natural tendency for the unengorged chiggers to be positively phototropic
with a preference to climb higher (Jones 1950). The trap was made of a piece of 60.96 cm by
60.96 cm waterproof and lightproof paper with a 7.62 cm by 7.62 cm hole cut in the middle. A
celluloid window measuring 8.26 cm by 8.26 cm was placed over the hole and attached to paper
with adhesive tape to make a central window frame about 6.35 cm by 6.35 cm (Figure 3-D). The
trap was laid in the desired location with the celluloid window in contact with the soil surface or

the vegetation so the chiggers could climb from the dark field to the celluloid window (Figure 3-

95



E). The edges of the traps were secured by bricks, stones or wood pieces to hold the sheet to the
ground and assure the only light entering the trap was from the top celluloid window. When
collecting the chiggers, the trap was turned over completely and the chiggers were transferred by
wet brush into moistened filter paper and put in a collecting jar.

Chigger lab rearing:

A chigger colony can be started from field-collected engorged larvae taken from trapped
hosts. The larvae are allowed to detach from the host naturally to avoid killing them
(Nadchatram 1968). This will require a different [UCUC protocol for holding the wild-caught
host longer than typically needed for collecting chiggers from a trapped host and released the
same day. Collecting chiggers for starting a lab colony is more challenging because the wild
animals have to be maintained in environmental conditions to preserve the health and well-being
of the host. For biosecurity reasons, wild hosts cannot be held in a rearing facility with other
research animals because of the threat of introducing a disease.

Chiggers throughout their life cycle are maintained in 3.5 diameter plastic containers, 1/3
filled at the bottom with hardened plaster of Paris: charcoal (9:1), saturated with water (Frances
and Khlaimanee 1996). Eggs of collembola, e.g., Sinella curviseta (Neal and Lipvsky 1959) or of
mosquitoes, e.g., Culex pipiens (Sasa 1961), are provided ad libitum to nymphs and adults as
food. Eggs before hatching are separated from the adults by flooding the container since adults
are floated in the container and eggs remain at the bottom (Nadchatram 1968).The unfed larvae
are placed on a laboratory mouse in a tight-fitting wire-mesh cage where the activity of the
mouse is restrained. After the chiggers have attached to the mouse for feeding, they (mouse and
chiggers) are transferred to a loose-fitting cage (Nadchatram 1968). A tray (slightly bigger than

the cage) filled with water and the cage is held above the surface of the water, is used to catch
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engorged larvae when they drop from the mouse (Nadchatram 1968). For chiggers that do not
parasitize mammals, snakes and turtles can be used to feed larvae (Jenkins 1947). The
temperature for rearing L. delisense and L. fletcheri was 27°C £ 3°C (Frances and Khlaimanee
1996). The optimal relative humidity was usually 80%-100% (L1 et al. 1997, Shatrov and
Kudryashova 2006).

One challenge of starting a colony from the field is the potential the engorged chiggers
could be infected with human pathogens, especially if the chiggers were collected from known
endemic areas of the disease. Also, there are areas where the status of chigger pathogens have
not been investigated nor the transmission potential. These unknown concerns complicate
starting a laboratory colony, since BSL level III containment that involves the use of vertebrate

animals are needed, before issues of human infections can be resolved in chigger rearing.

Systematics status
Taxonomy:

Classification systems for chiggers are in flux: (7) all chiggers are in the family
Trombiculidae (Ewing, 1929) with three subfamilies, Trombiculinae (Ewing, 1929),
Leeuwenhoekiinae (Womersley, 1944) and Apoloniinae (Wharton, 1947) (Goff et al. 1982,
Fernandes and Kulkarni 2003, Chaisiri et al. 2016, Stekolnikov 2021); (if) all chiggers are in two
families, Trombiculidae and Leeuwenhoekiidae (Womersley, 1945) (Reeves et al. 2004, Walters
et al. 2011, Nielsen et al. 2021); and (#ii) all chiggers in three families, Trombiculidae,
Leeuwenhoekiidae and Walchiidae proposed by Wen (1999) (Wen 1999, 2004, Zhang et al.

2011). There is disagreement on whether the taxa should be included in the family
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Trombiculidae (Antonovskaia 2018). In this review, I adopted the classification that chiggers are
the larval mites of the families Trombiculidae and Leeuwenhoekiidae.

Walters et al. summarized all publications from 1923 to 2009 that reported chiggers in
North America (Walters et al. 2011), the chigger species reported in each publication, the hosts
that the chiggers were found and the US state or Canadian province where they are associated.
The list contained 42 species in Leeuwenhoekiidae and 205 species in Trombiculidae in the US
(Walters et al. 2011). In 2015, Crossley and Clement (2015) reported a new species,
Hoffmanniella solickiana, from the Rafinesque’s Big-Eared Bat in Georgia, US, making a total
of 248 chigger species from the US, containing 42 species in Leeuwenhoekiidae and 206 species
in Trombiculidae. The chigger species richness by state in the US is diverse (Figure 4).

Chiggers are reported in every state except Hawaii in the United States. The states that
reported more than 30 chigger species were California (97 species), Texas (74), Utah (52),
Kansas (47), Colorado (30) and Nevada (30). The chigger species were more diverse in the
Southwest. Some species in the genus Leptotrombidium were found in the US, i.e.,
Leptotrombidium myotis, L. panamensis, and L. peromysci. The genus Leptotrombidium is
known as the vector of O. tsutsugamushi, the causative agent of scrub typhus.

Based on the list from Walters et al. (2011), Eutrombicula alfreddugesi (Oudemans,
1910) was the most widely spread chigger in the US, found in 22 states from 179 host species,
including reptiles, amphibians, birds and mammals. However, Bennett et al. (2014) argued that
the most common chigger in the eastern United States, Eutrombicula alfreddugesi, was possibly
misidentified and should be replaced with E. cinnabaris. Loomis and Wrenn (1984) investigated
the systematics of the genus Eutrombicula and found that this genus in Eastern United States

needed revision since some of the records were misidentified. This species was named by
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Oudemans as Microthrombidium alfreddugesi in 1910 based on four specimens collected from
Temascaltepec, close to Tejupilco, Mexico, which was the type species for the genus
Eutrombicula (Ewing, 1938) (Ewing 1946). Fuller (1952) revisited the two representative
specimens of Oudemans’ collection and found these two specimens were shrunken and not
transparent enough for study. W. J. Wrenn argued that it was unlikely that the two improperly
mounted specimens belonged to the common Eutrombicula species in the Eastern US, where
there is a large number of species in the genus Eutrombicula in the US (Loomis and Wrenn
1984, Bennett et al. 2014). Another synonym on Fuller’s list for this species is Trombicula
cinnabaris (Ewing,1920) (Fuller 1952). D. A. Crossley rechecked Ewing’s specimens named
Trombicula cinnabaris and found several morphological characteristics were in accordance with
the illustrations of E. alfreddugesi (Bennett et al. 2014). Thus W. J. Wrenn concluded that E.
cinnabaris was the most suitable name for the species that was formerly classified as E.
alfreddugesi (Bennett et al. 2014). Wrenn continued to use E. cinnabaris for his publications
(Wright et al. 1988, Tuegel and Wrenn 1998). In the world checklist (Nielsen et al. 2021) and the
North American checklist (Walters et al. 2011) of Trombiculidae and Leeuwenhoekiidae, E.
alfreddugesi and E. cinnabaris were listed as two species. The possible reason for this could be
the new name for this species was proposed but others treated it as another species and still used
the old name. It was suggested that the genus Eutrombicula needed revision and this revision is
greatly overdue.
Identification:

The taxonomy of chiggers almost exclusively relies on larval morphological
characteristics (Mertins et al. 2011, Garvin et al. 2015, Bakkegard et al. 2019, McAllister et al.

2021). A chigger’s body is divided into two sections, the gnathosoma and idosoma. The
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gnathosoma is the chigger mouthparts comprised of three parts: the cheliceral blade, palp, and
cheliceral base. The shapes of the scuta (the only sclerotized plate on the idosoma, next to the
gnathosoma), the arrangement of dorsal setae, leg segmentation, and different forms or length of
the gnathosoma (the cheliceral blades, the galeal setae, the palpal setae and the palpal claw), etc.
are used for chigger identification.

Chiggers typically were cleared in lactophenol for them to be transparent and easy to
observe under the microscope. After clearing, chiggers are then mounted dorsal-ventrally in
mounting media like Hoyer’s medium (Anderson 1954) or Berlese fluid (Swan 1936) on glass
slides and dried at 50 °C before identification under a high magnification microscope. More
recently methods to clear and mount ectoparasites has improved (Philip Samuel et al. 2021). The
identification relies on published dichotomous keys based on morphological characteristics.
Some of the published keys are specific for a particular region. For example, Nadchatram and
Dohany (1974) provided keys for Southeast Asian chiggers to the subfamily, genus and subgenus
(Nadchatram and Dohany 1974); Brennan and Goff (1977) provided a key to the western
hemisphere (Nearctic and Neotropical regions) to the genus level (Brennan and Goff 1977); and
Fernandes and Kulkarni (2003) provided a key of Indian chiggers to the subfamily, tribe, genus
and species (Fernandes and Kulkarni 2003). There is also separate guidance for species-level
identification. For example, VercammenGrandjean and Langston (1976) and Stekolnikov (2013)
provided keys to Leptotrombidium which can be used to identify Leptotrombidium chiggers into
species (Vercammen-Grandjean and Langston 1976, Stekolnikov 2013).

Identifying chiggers using morphological characteristics is complicated and also time-
consuming as chiggers are tiny and require days for sample preparation before identifying them

under a high magnification microscope. Another challenge is to find a suitable key to guide the
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identification process and sometimes no keys are available for certain species since the keys are
not up to date. This identification largely relies on personal experiences. Researchers often need
to send samples to experts to verify their identification (Pearce and O’Shea 2007, Alghamdi
2019). Current knowledge of intraspecific variance is not sufficient, and some species are
described from only a few specimens (Bennett et al. 2014). For measurements of body parts of
chiggers, different researchers will likely have different results depending on how the
measurements are made. In the future, chigger identification should consider not only
morphological characteristics but also molecular tools to improve accuracy.

The molecular data for chigger identification are limited, especially in the US. The
nucleotide data on chiggers in GenBank (Access date: 03/23/2022) was examined and
summarized in Table 2. There were 10,465 entries in total and molecular data for 47 chigger
species. Data for 36 species were published in a peer-reviewed journal while 11 species have not
been published. Given the number of species of chiggers worldwide, the molecular data in
GenBank is greatly limited, only making up 1.5% (47/3013) of the total number of species. This
was surprising considering the significant health risks to humans from these mites. I categorized
the published chigger data available in GenBank by country. The molecular data were mostly
found in Southeast Asian and South American countries. The only species with molecular data
available from the US was for Eutrombicula splendens (Pepato and Klimov 2015, Klimov et al.
2018) with a complete sequence provided of the small and large subunit ribosomal RNA gene.
The Neighbor-Joining tree of small subunit rRNA sequences of chigger collected from American
countries was shown in Figure 5. The chigger small subunit rRNA sequences data were
downloaded from GenBank that were also published in peer-reviewed journals. Eutrombicula

tinami, Quadraseta trapezoids and Trombewingia bakeri are three species in different genera,
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however they were clustered together in the tree. Arisocerus hertigi, Blankaartia sinnamaryi, and
Eutrombicula daemoni are more closely related to each other than they are to Eutrombicula
splendens and Eutrombicula goeldi in the tree. These results suggest that using the current
available sequences in GenBank to identify chiggers would most likely lead to
misidentifications.

Obtaining chigger molecular data for the US is long overdue. One of the reasons this is
lacking is the difficulty in making a morphological identification and at the same time obtaining
molecular data. The sample preparation process for chiggers requires the use of lactophenol or
acidic phenol for clearing and heat drying (discussed earlier). This process destroys the DNA.
There are two solutions available for researchers to resolve this issue. Lee et al. (2011) modified
the method from Dohany et al. (1978) and Ree et al. (1991) for the detection of O. tsutsugamushi
from chiggers using a fluorescent antibody test (Dohany et al. 1978, Ree et al. 1991, Lee et al.
2011). Lee et al. (2011) used a fine needle to puncture the dorsal-posterior part of the chigger
and squeezed out internal tissue for DNA extraction while the exoskeleton was retained mostly
intact for morphological identification. Kumlert et al. (2018) argued that this method affects the
morphological identification, and the DNA extraction process is challenging because of the
limited amount of tissue obtained by this method. Kumlert et al. (2018) alternatively used the
autofluorescent characteristics of the chigger exoskeleton and developed an identification
method using a combination of autofluorescent and brightfield microscopy imaging. Chiggers
were mounted in sterile water or ethanol to prevent DNA damaged by clearing agents and saved
for molecular identification later.

Having a database containing the sequences of mitochondrial cytochrome oxidase subunit

I gene (COI) and nuclear genome fragments is essential to building a reliable molecular

102



identification method for chiggers. A substantial systematics investment is needed to achieve
this objective for chiggers in the US. This is a poorly understood group of arthropods with a
significant importance to human health that in toto, are understudied. Molecular tools not only
can be used to identify the chiggers into species easily and correctly, but also can be used to

describe the free-living deutonymph and adult correlated to what we know about the larval stage.

Chigger microbiome

Ponnusamy et al. (2018) extracted DNA from Orientia tsutsugamushi infected and
uninfected Leptotrombidium imphalum laboratory colonies at different life stages: larvae
(chiggers), deutonymph, male adults and female adults from Thailand. The 16S rRNA V3-V4
region amplicons were amplified from the extracted DNA and sequenced using Illumina MiSeq.
They reported Orientia, Ralstonia and Propionibacterium were the only three taxa that
represented >5% of the relative bacteria abundance for O. tsutsugamushi infected chiggers. For
O. tsutsugamushi uninfected chiggers, the Ralstonia, Propionibacterium, Streptococcus and
Corynebacterium genera represented >5% the bacteria relative abundance (Ponnusamy et al.
2018). Notably, unidentified taxa of Amoebophilaceae were found predominantly in O.
tsutsugamushi infected female L. imphalum mites but with low relative abundance in larvae
(chiggers) and male adult mites. This suggested a mutualistic relationship between
Amoebophilaceae and O. tsutsugamushi in L. imphalum mites that needs further study
(Ponnusamy et al. 2018).

Alghamdi (2019) extracted DNA from ten species of chiggers collected from rodents in
southwestern Saudi Arabia: Ascoschoengastia browni, Ericotrombidium caucasicum,
Ericotrombidium kazeruni, Microtrombicula microscuta sp. nov., Pentidionis agamae and

Schoutedenichia saudi sp. nov., Gahrliepia lawrencei, Schoutedenichia thracica,
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Schoutedenichia zarudnyi and Helenicula lukshumiae. Chigger species were identified using the
autofluorescence method (Kumlert et al. 2018). Alghamdi amplified the 16S rRNA V3-V4
region from the extracted DNA and sequenced the 16S rRNA libraries using Illumina.
Corynebacterium, Mycobacterium, Staphylococcus, Candidatus Cardinium, Burkholderiaceae
and Wolbachia were found to be dominant in all the chigger samples. Especially, Wolbachia had
a high relative abundance in P. agamae. Alghamdi (2019) reported that Orientia OTUs were
observed from E. kazeruni and P. agamae with a low relative abundance and had 98.88%
similarity with the Orientia chuto sequence in NCBI. Alghamdi suggested that scrub typhus
might exist in Saudi Arabia, and more work is needed to confirm the Orientia sequence in
chiggers.

Chaisiri et al. (2019) studied the microbiome of nine chigger species that were collected
on small mammals from 11 provinces in Thailand: Ascoshoengastia indica, Blankaartia
acuscutellaris, Helenicula kohlsi, Helenicula pilosa, Leptotrombidium deliense, Schoengastiella
ligula, Walchia micropelta, Walchia minuscuta, and Walchia kritochaeta. The chiggers were
identified by autoflorescent imaging (Kumlert et al. 2018). The 16S rRNA gene V4 region was
amplified by PCR and sequenced by Illumina MiSeq. They reported that the dominant taxa
across all the chigger samples were Sphingobium, Mycobacterium, Neisseriaceae and Bacillales.
Geobacillus was found to be a potential arthropod endosymbiont. Cardinium, Pseudonocardia
and Rickettsiella were presented at 20-45% of the pooled chigger sample while Wolbachia was
detected at 3.08% of the pooled samples. O. tsutsugamushi and Borrelia spp. were detected in L.
delicense. Potential human pathogens, Staphylococcus and Haemophilus parainfluenzae, were

found in several chigger species.
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The microbiome of chiggers from a Thailand lab colony and field samples from Thailand
and Saudi Arabia was highly diverse. Not surprisingly, O. tsutsugamushi was detected in the
Thailand chigger samples. However, the finding of Borrelia spp. in chiggers (Chaisiri et al.
2019) suggested they could be the vector for Borreliosis (Lyme disease), currently believed to be
transmitted only by ticks. Chiggers might also harbor other human and animal pathogens like
Staphylococcus. More work is needed to characterize the microbiome of different chigger
species from different habitats to better understand if bacteria will affect the vector competence
of chiggers, and to better understand if there are any other pathogens that chiggers can vector

other than Orientia.

Do chiggers transmit Rickettsia and Orientia in the US?
Summary of zoonotic bacteria and viruses transmitted by chiggers:

Leptotrombidium spp. are vectors of Orientia tsutsugamushi and cause Scrub typhus,
which is a life-threatening disease with up to a 50% fatality rate if left untreated (Jiang and
Richards 2018). There are 46 chigger species reported to be infected with O. tsutsugamushi
(Elliott et al. 2019), and 11 Leptotrombidium species were proven to be vectors of scrub typhus
(Santibafiez et al. 2015). Leptotrombidium spp. are both the vector and reservoir of O.
tsutsugamushi (Xu et al. 2017). The high transovarial and transstadial transmission rates among
some chigger species play an important role in maintaining the disease in nature, since chiggers
only feed on the host once (Phasomkusolsil et al. 2009). Whether rodents also serve as the
reservoir for O. tsutsugamushi needs further investigation; rodents could only be dead-end hosts
(Paris et al. 2013).

Scrub typhus was originally endemic in a triangle which is called the tsutsugamushi

triangle. This traditional triangle extends north to Japan and Russia, south to Northern Australia,
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and west to Afghanistan and Pakistan (Kelly et al. 2009). Recent studies suggest scrub typhus is
not limited to this triangle. Scrub typhus cases were reported in the United Arab Emirates, and a
new Orientia species O. chuto was i1solated from a patient in 2006 (Izzard et al. 2010). Scrub
typhus cases reported in Chile (Balcells et al. 2011, Weitzel et al. 2016) and serologic evidence
in Peru (Kocher et al. 2017) suggested scrub typhus is endemic in South America. Furthermore,
Orientia sequences were detected in rodents from France (Cosson et al. 2015), Senegal (Cosson
et al. 2015) and Kenya (Masakhwe et al. 2018). Besides some Leptotrombidium species,
Schoengastiella ligula has been implicated as a vector of scrub typhus in India (Tilak et al.
2011). Thus, a larger geographic distribution of scrub typhus, potential new Orientia species and
new vector chigger species should be taken into account. The potential of Orientia species
establishing in the US is high given the number of chigger species found throughout the US
(Walters et al. 2011).

Chiggers are also reported to play a role in Hantavirus transmission, a disease previously
thought to be transmitted through aerosol exposure to rodent saliva, urine and feces (CDC
https://www.cdc.gov/hantavirus/). Hemorrhagic fever with renal syndrome (HFRS) and
hantavirus pulmonary syndrome (HPS) are the two clinical syndromes caused by Hantavirus
when transmitted from rodents to humans (Peters et al. 1999). In the United States, hantavirus
cause hantavirus pulmonary syndrome (HPS) instead of HFRS, and HPS is a severe and
sometimes life-threatening respiratory disease (CDC 2019). Wu et al. (1996) studied the role of
L. scutellare in the transmission of Hantavirus that cause HFRS in China. They reported
Hantavirus were isolated from (1) rats trapped in the HFRS endemic areas of Shaanxi Province,
China and also from chiggers on the rats; (2) from eight previously Hantavirus negative mice

placed in metal cages in the field to lure chiggers; (3) from mice bitten by virus-positive
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chiggers; and (4) from larvae hatched from eggs collected from endemic areas. Wu et al. (1996)
concluded that L. scutellare could be the vector of Hantavirus and able to transmit the virus to its
offspring and rodents hosts by biting. A review of the recent studies of mites and Hantavirus in
China also indicated that the Hantavirus can be maintained in chiggers by transovarial
transmission (Yu and Tesh 2014). Rodent ectoparasite screening in Texas detected two chiggers
collected from these rodents and one free-living chigger collected from the soil was positive for
Hantavirus specific RNA (Houck et al. 2001). Although cumulative cases in the US have
occurred predominately in the western states, only 10 states have been immune to its presence
(https://www.cdc.gov/hantavirus/surveillance/index.html). The possible role of chiggers in the
transmission of Hantavirus in the US needs further investigation.

Bartonella tamiae was isolated for the first time from patients to determine the etiology
of three febrile cases in Thailand (Kosoy et al. 2008). In another study, chiggers in the genus
Leptotrombidium, Schoengastia, and Blankarrtia were collected from rodents in Thailand and
the 16S—-23S intergenic spacer region and citrate synthase gene (gltA) region were targeted by
PCR to screen for B. tamiae DNA in those chiggers (Kabeya et al. 2010). 29 of the 40 chigger
samples were tested positive for B. tamiae DNA and there were 97.7-100% of the sequence
homologies between the Bartonella DNA detected in this study and those Bartonella species
isolated from three patients in Thailand. This suggests that chiggers play a potential role in the
transmission of Bartonella to humans.

Rickettsia species have also been found in chiggers. Rickettsia spp. TwKMO02 and
TwKMO03 were identified in Leptotrombidium chiggers from rodents in two isolets in Taiwan;
the two Rickettsia species were close to R. australis and R. felis URRWXCal2 based on a

phylogenetic tree constructed on the partial g/t4 gene sequences (Tsui et al. 2007). R. australis,
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R. japonica, R. felis, R. typhi, R. akari, Rickettsia sp. TwWKMO02, R. conorii and Rickettsia sp.
Cf15 were detected in chiggers collected from rodents in South Korea (Choi et al. 2007). A new
Rickettsia species found in L. scutellare from rodents in Shandong, China was close to R.
australis and R. akari (Huang et al. 2017). Rickettsia spp. were detected in chiggers,
Herpetacarus hertigi, Quadraseta trapezoides and Trombewingia bakeri, collected from rodents
in Brazil and was identical to “Candidatus Rickettsia colombianensi” based on the amplified
gltA and ompA genes (Jacinavicius et al. 2019). Rickettsia spp. found from soil-inhabiting unfed
L. scutellare chiggers in Japan were close to R. akari, R. aeschlimannii, R. felis and R. australis
(Ogawa et al. 2020). Since chiggers in this study were unfed, this suggested Rickettsia spp. were
transstadially and/or transovarially transmitted in chigger mites (Ogawa et al. 2020).

Except for O. tsutsugamushi that cause scrub typhus, chiggers mostly are not considered
as vectors for rickettsioses. Given that some Rickettsia spp. found in chiggers were very close to
species in the spotted fever group (SFQG), e.g., R. aeschlimannii, R. felis and R. australis, the
infectivity and pathogenicity of that Rickettsia spp., the possible role chiggers might play in the
transmission of Rickettsia to humans deserves further investigation. What’s more, the pool of
chiggers with Rickettsia spp TwKmO02 were also positive for O. tsutsugamushi in Taiwan (Tsui
et al. 2007). Therefore, the possibility of coinfection of SFGR and scrub typhus in chiggers
needs investigation. Additionally, R. felis was detected in chiggers collected in the US
(Ponnusamy et al. 2022). It is possible that rickettsioses in the US attributed to ticks might also
originate from chiggers. Since the chigger microbiomes in the US have been minimally studies,
this remains a possibility.

Borrelia species have also been found in chiggers. Borrelia burgdorferi sensu lato (s.1.)

was screened on 634 Neotrombicula autumnalis chiggers collected on 100 wild-caught rodents
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and 1380 questing chiggers on vegetation using PCR and DNA hybridization in Germany;
Borrelia DNA was detected from a chigger collected from a greater white-tooted shrew
(Kampen et al. 2004). An infection experiment also was conducted by Kampen et al. (2004) by
placing 305 questing unfed chiggers on Borrelia garinii infected laboratory mice and on Borrelia
afzelii infected laboratory Mongolian gerbils. Borrelia DNA was detected on a pool of four
chiggers fed on B. garinii infected laboratory mice, and a nymph kept from a larva that was
previously fed on B. afzelii infected laboratory Mongolian gerbils. Results suggested a possible
transmission of Borrelia spp. from N. autumnalis to mice and gerbils. Borrelia spp. DNA was
also screened on 509 chiggers in the genus Neotrombicula that were collected from 1080 wild
birds at Certak, Czech Republic (Literak et al. 2008). One sample pooled with five
Neotrombicula chiggers removed from one Eurasian blackcap (Sylvia atricapilla) tested positive
for B. burgdorferi s.1. by PCR and reverse line blotting assay (Literak et al. 2008).

Role of endosymbionts in Orientia infection:

Takahashi et al. (1997) reported that the adults in O. tsutsugamushi infected
Leptotrombidium fletcheri, L. arenicola and L. deliense colonies were almost entirely made up of
females and this female-biased sex ratio is feminization. After treating the O. tsutsugamushi
infected L. fletcheri colonies with antibiotics, a high ratio of adult males occurred. Takahashi et
al. (1997) suggested O. tsutsugamushi inhibits the development of males. Recent microbiome
studies detected Wolbachia and Cardinum sequences in chiggers (Alghamdi 2019, Chaisiri et al.
2019). Wolbachia and Cardinum are facultative bacterial endosymbionts of arthropods,
commonly maternally inherited and associated with reproductive manipulation such as
feminization and parthenogenesis (Duron et al. 2008). It is possible that Wolbachia and

Cardinum can also cause feminization in some chigger species infected with O. tsutsugamushi.
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Feminization also occurred in O. tsutsugamushi infected F1 generation adults of L.
imphalum (Phasomkusolsil et al. 2012). A microbiome study of a L. imphalum laboratory colony
found an unidentified species, Amoebophilaceae, which dominated in O. tsutsugamushi infected
female adults and found at a very low relative abundance in O. tsutsugamushi uninfected mites
(Ponnusamy et al. 2018). The results suggested a mutualistic relationship between O.
tsutsugamushi and the unidentified species in the Amoebophilaceae (Ponnusamy et al. 2018). It
is possible that this unidentified species in Amoebophilaceae was responsible for the
feminization of L. imphalum adults. Further characterization and pathogenicity of this
Amoebophilaceae species is needed and provide a better understanding of its role in

pathogenesis.

Possible misdiagnosis of tick-borne diseases and allergies

Tick-borne diseases in the US include spotted fever rickettsioses, Lyme disease,
ehrlichiosis, anaplasmosis, tularemia, babesiosis, Colorado tick fever, and relapsing fever
(Rodino et al. 2020). Until recently, most patients with tick-associated rickettsiosis were
considered to have Rocky Mountain spotted fever (RMSF), caused by R. rickettsii. Serological
techniques like indirect immunofluorescence assay (IFA) was commonly used for the routine
diagnosis of RMSF (Robinson et al. 2019, Zhou et al. 2022). However, other rickettsia species in
the Spotted Fever Group (SFG) can also elicit antibodies that are cross-reactive with R. rickettsia
(serological cross reactions) (Rodino et al. 2020). Also, other SFG rickettsia species, including R.
parkeri and Rickettsia species 364D (Shapiro et al. 2010) can cause illness that was diagnosed
as RMSF. SFG rickettsia species have been detected in chiggers (Choi et al. 2007, Tsui et al.
2007, Huang et al. 2017, Jacinavicius et al. 2019, Ogawa et al. 2020, Kuo et al. 2021), suggesting

that reported tick-associated rickettsiosis may have some level of chigger associated.
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Borrelia spp. DNA was detected from Neotrombicula autumnalis collected from wild
birds in Czech Republic (Literak et al. 2008). Also, a recent microbiome study of L. deliense
collected from rodents in Thailand showed that Borrelia spp. were found in 49.23% of the
chigger samples (Chaisiri et al. 2019). Larval ticks, sometimes known as "seed ticks," bite
humans and are nearly impossible for non-professionals to distinguish from chigger bites. In a
sero-epidemiological study conducted on France forestry workers, a large number of people who
were seropositive to B. burgdorferi were unable to recall a tick bite (Zhioua et al. 1997). The
reasons could be those workers were bitten by larval ticks or chiggers.

It is now well recognized that the carbohydrate galactose-a-1, 3-galactose (alpha-gal)
which is present in some tick spices can elicit an alpha-gal specific IgE immune response
(Crispell et al. 2019). People who were reported to be bitten by ticks have developed a
hypersensitivity to red meats, including beef and lamb, and this is called red meat allergy
(Commins and Platts-Mills 2013). The symptoms of a red meat allergy range from mild to
severe, some can be acute and fatal (Crispell et al. 2019). Notably, people in three cases who had
severe red meat allergy later on reported having pruritic bites from chiggers either on their lower
legs or at the waistband area (Stoltz et al. 2019). It is possible that chiggers could also contribute
to the prevalence of red meat allergy. The searching for alpha-gal antigens in chiggers should be

investigated to determine if chiggers can also cause red meat allergy.

Chigger control

Chiggers are frequently difficult to control chemically (“Chiggers” 2022). For successful
management, large areas would have to be sprayed numerous times (“Chiggers” 2022). The best
way to prevent chigger bites is to avoid them (Houseman 2011). The methods of avoiding

chigger bites are summarized in Table 3.

111



When venturing into chigger habitat, wearing permethrin-treated clothing and applying
repellents containing DEET (diethyltoluamide) is effective against chiggers (Anderson and Oi
1998). Wearing tightly woven long sleeves, long pants, closed-toe shoes and tucking shirts into
pants and tucking pants into socks can keep chiggers on the outside of your clothing. There are
also non-insecticidal garments available commercially that claim to protect from chiggers,
mainly based on preventing access under the garments.

When outdoors, stay in the middle of the trail and avoid high bushes and tall grass that
might come across chiggers. It is also suggested to avoid sitting directly on the ground to reduce
chigger encounters (Moore and Merchant 2005). Upon return, it is recommended to remove
clothing wash and dry clothing immediately. Also helpful to wipe down shoes and boots to avoid
bringing chiggers into the home. Taking a hot and soapy shower with a vigorous skin massage
will help remove the chiggers attached to your body (Houseman 2011).

To reduce the chigger populations in the yard, keep turf grass short and vegetation
trimmed since the high temperature and low humidity conditions are inhospitable for chiggers.
Another approach is trying to keep small mammals out of the yard by putting up a fence and

keeping trash can lids secured to make it less attractive (Anderson and Oi 1998).

Summary, Conclusions and Future Perspectives

Overall, chiggers have been understudied world-wide but especially so for the US. The
published research mainly focused on taxonomy (identification methods), ecology, and reports of
the discoveries of chiggers on various hosts in the US. However, the life history of other stages
other than larvae needs further study.

There are 248 chigger species reported from the U.S. to date. Chiggers are reported in

every state except Hawaii in the United States. The taxonomy of chiggers almost exclusively
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relies on larval morphological characteristics; molecular data on chiggers are limited. It is likely
that the most common chigger in North America, Eutrombicula alfreddugesi, has been
misidentified and should be replaced with Eutrombicula cinnabaris. Building a reliable
molecular identification method for chiggers correlated with morphological explicit characters is
greatly needed. The molecular data are needed to better identify and study not only the parasitic
stage but also free-living deutonymphs and adults correlated to what we already know about the
larval stage. Three microbiome studies of chiggers were conducted from Thailand
Leptotrombidium imphalum lab colonies, ten chigger species collected from rodents in Saudi
Arabia, and nine chigger species collected from small mammals in Thailand. More work is
needed in this area to characterize the microbiome of different chigger species from different
habitats to better understand if bacteria will affect the vector competence of chiggers, and to
better understand if pathogens in addition to Orientia are transmitted by these mites. Thus far,
data suggests pathogen competence in chiggers for scrub typhus might be associated with co-
infection with other bacteria.

Scrub typhus was reported outside of the Tsutsugamushi Triangle. In addition to
Leptotrombidium species, new chigger species were reported to vector the bacteria that causes
scrub typhus. The potential of Orientia species establishing in the US is high given the number
of species found throughout the US but has been minimally investigated. Chiggers are reported
to harbor Hantavirus, Bartonella, Rickettsia and Borrelia suggesting a need for further study in
North America. The role that chiggers play in disease transmission dynamics in the US is
essentially unknown. It is possible some of the tick-borne diseases and red meat allergies are

caused by chiggers.
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Tables and Figures

Table 1: Summary of publications of chiggers in the US. Publications were searched through the Web of Science on May 3, 2022.
The search strategy was in Table S1.).

References Hosts States Chigger species Summary of paper
Mississippi, “The American chigger mite”

(Ewing and Omaha, Nebraska, | .., . . . HEEer mike : :

Humans, Locust, . . the irritating chigger mite”, Reviewed of chiggers reported from
Hartzell Oregon, Missouri, . ;

House fly . Euthrombidium trigonum, Europe and the US
1918) New York, Illinois -

Thrombidium muscarum
and Iowa
(Ewing Humans NA! Trombicula tlalzahuat! Taxonomy and distribution of
1923) (Murray) common North American chigger
Taxonomy: Provided a list of
(Ewing . o synonymies of Trombicula irritans;
1925a) NA NA Trombicula irritans Provided a key to the American
chigger species

(Ewing . o Report of the adult stage of common
1925b) NA NA Trombicula irritans North American chigeer

Field sparrow,

Towhee,

Prothonotary

. warbler, C.

(Ewing Maryland V1rg11.11a and North Trombicula irritans Survey of chiggers on birds
1929) Carolina

yellowthroat,

Redstart, Carolina

wren, Blue-gray

gnatcatcher
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Table 1: (continued).

(Ewing ' Chigger taxonomy: provid§d a
1931) NA NA 45 species catalog of 45 species of chiggers of
New World and a key to nine genera
Taxonomy and Host relationships:
(Ewing NA NA Euschongastia, Eutrombicula, Provided a key to the genera of
1938) Hemitrombicula, Gateria chiggers with descriptions of new
genera and species host relationships
Schongastia lynni, Trombicula
rohweri, Trombicula Taxonomy: Remarks on the
(Ewing NA NA californica, Comatacarus taxonomy of some American
1942) occidentalis, Comatacarus chiggers including the descriptions of
americanus, Acomatacarus new genera and species
arizonensis and Walchia americ
(Ewing Taxoqomy, host and distribut.ion:
1943) NA NA Acariscus Described a new Genus Acariscus of
the American Chiggers
Pine squirrels,
mantled ground
(Brennan squirrels,. white- Montana and Idaho | Chatia Taxonomy and.host: Report of a new
1946) footed mice, genus and species of chiggers
wood rats,
woodchucks, pika
Chigger Taxonomy: Provided a key
(Ewing to chigger' subfamilies with
1946) NA NA Speotrombicula redescriptions of two old genera and
descriptions of a new subfamily and a
new genus
(Jenkins Eutrombicula alfreddugesi and . .
1947) NA NA E. masoni and E].(batatis Chigger rearing methods
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Table 1: (continued).

(Doctschman Report of chiggers attacking man in
and Furman | Humans California Eutrombicula batatas p - chigg &
1949) California
(Jenkins . Taxonomy, geographic distribution,
1949) Humans NA Eutrombicula splendens and hosts of Eutrombicula splendens
(Brennan and Systematics, geographic distribution,
Wharton NA NA Subgenus Neotrombicula seasgnal occurrence, and host
1950) relgtlons of thg most common .
chiggers; provided key to species
(L1povsky. Kansas, Oklahoma . . Taxonomy: described a new species
and Loomis | NA . . Euschongastia jonesi .
and Missouri of chiggers

1954)
(Crossley Colorado wood . . Taxonomy: described a new species
1955) rats Colorado Euschongastia finleyi of chiggers
(Hyland southern leopard Florida Hannemania hegeneri Taxopomy: described a new species
1956) frog of chiggers
(Lipovsky et NA NA Eutrombicula splendens and The mode of insemination of
al. 1957) Hannemania sp. chiggers

Perissopalla flagellisetula,

Euschongastia staffordi,

Trombicula tibbettsi,

Euschongastia pipistrelli, ) _ .
(Brgnnan and Bats Alabama Euschongastia hamilton:, Taxonorpy. descriptions of chiggers
White 1960) . . on bats in Alabama

Eutrombicula alfreddugesi,

FEutrombicula batatas,

Trombicula gurneyi and

Whartonia senase
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Table 1: (continued).

(Johnston
and DeGiusti
1961)

Michigan and
Ontario

Gabhrliepia (Walchia)
americana, Leptotrombidium
myotis, Miyatrombicula
esoensis, Trombicula gurneyi,
Euschongastia blarinae and
Euschongastia crateris

Taxonomy and Ecology: descriptions
of collections of chiggers from soil
and leaf litter.

(Powder and

Odontacarus arizonensis,
Odontacarus shawi,
FEutrombicula belkini,

If;)g;r)ns Reptiles Southern California Trombicula arenicola, Survey of chiggers on reptiles
Euschongastia lacerta and
Euschongastia longitarsala
Desert Wood Rat, | Joshua Tree Taxonomy: Report the discovery of
(Loomis Canyon Mouse, National Microtrombicula nasalis and y: Bepo Y
3 . . two new species in the nasal passages
1963) Cactus mouse, Monument of Microtrombicula wrenni o
. : . of rodents from California
Pinon mouse California
Euschoengastoides sloomi,
Neotoma lepida, Pseudoschoengastia aeci, Taxonomy: Provided descriptions
(Brennan o Nevada and : . .
1965) Pipistrellus Arizona Trombicula sprocssi, and figures of five new species from
hesperus Trombicula univari and Southwestern United States
Trombicula veanda
Odontacarus cognatus,
Euschoengastoides ryckmani,
Sasacarus whartoni,
(Brennan Neotoma lepida, . . Euschoengastia lacerta, Taxonomy: Provided descriptions of
California - : . . .
1966) Peromyscus sp. Leptotrombidium panamens, new chigger species in California

Trombicula allredi, Trombicula
Jjessie, Trombicula lacerticol
and Trombicula thompsoni
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Table 1: (continued).

(Johnston et

Taxonomy: Found an error in the
original description of Fonsecia

Woodrat, Bushy-
tailed Woodrat,
Pacific Shrew,
Vagrant Shrew and
Trowbridge's Shrew

al. 1966) Pilot black snake Ohio Fonsecia palmella palmella by Brennan and Loomis,
1959
Taxonomy: Describe a new
(Webb and subgenus of intranasal chiggers of the
Loomis NA NA Subgenus Crypticula genus Microtrombicula from North
1970) America and Korea; provided a key
to species
(Crossley Nasal cavities of Alabama and . . Taxonomy: Describe a new
and Atyeo . ! Blankaartia pauli . ) :
1972) clapper rails Florida intranasal species of chigger
Cardinal, House
Sparrow, .
(Everett et al. | Mockingbird, Texas Neoschoengastia americana ]vaszihﬁzgogszgzeizvei%?nf Cf;)(tﬁf .
1972) Bobwhite, House g &
: Texas
Wren, Painted
Bunting
Townsend's
Chipmunk, Deer
Mouse, Western Red-
backed Mouse, . .
Creeping Vole Euschoengastia oregonensis, .
’ Neotrombicula harperi, Hosts: Survey of chiggers on rodents
(Easton Montane Vole, Western . .
Comatacarus americanus, in two forested areas of western
1975) Dusky-footed Oregon

Neotrombicllla cavicola and
Chatia setosa

Oregon
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Table 1: (continued).

(Brennan and Taxonomy: Provided keys to the
NA NA 87 genera genera of chiggers of the western
Goff 1977) hemisphere
Black racer, Corn
snake, Eastern
S\;;lft’s El?isrieerlnBox Eutrombicula alfreddugesi, Taxonomy and Distribution: Survey
tgo rt}c])is% In di’ o Eutrombicula splendens, of chiggers from litter samples, tree
(Rohani and snake éas te I‘%l Northeentral Fonsecia (Parasecia) gurneyi, holes, black plates, and vertebrate
Cromroy swift iizar J Florida Walchia americana, hosts in northcentral Florida;
1979) Common ’ Euschongastia rubra, Provided a key to the chigger species
opossum Miyatrombicula jonesae and collected and provided a list of the
Barbour’s pigmy Leptotrombidium peromysci hosts of collected chiggers
rattlesnake,
Yellow rat snake
(Goff and . . . Report of a new host of Eutrombicula
Judd 1981) tortoise Texas Eutrombicula alfreddugesi alfreddugesi
(Pomeroy Western North Euschoengastia furmani, Taxonomy: Proposed a new genus
and Loomis America Dermadelema mojavense Dermadelema and described four
1984 erie D. sleeperi and D. [ynnae species
P Y p
(Ludwig et Piedmont habitats . . Host relationships and seasonal
al. 1985) Small mammals of Georgia Eutrombicula alfreddugesi distribution
White-footed Comatacarus americanus,
(Durden and . . . .
Wilson 1991) mice (woodland central Tennessee Euschoengastia peromysci, and | Report of chiggers on rodents
mice) Leptotrombidium peromysci
FEutrombicula alfreddugesi,
g
(Wilson et al. | Urban . E. splendens, Leptotrombidium .
1991) Gray Squirrels Northern Florida peromysci and Parasecia Report of chiggers on rodents
gurneyi
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Table 1: (continued).

(llggéc)len Meadow voles Maryland Neotrombicula whartoni Report of chiggers on rodents
Ecology: Geographical and seasonal
(Clopton and Eutrombicula alfreddugesi distribution and diurnal activity
Gold 1993) NA Nebraska patterns of chiggers in a forest edge
ecosystem
(Goldberg ) . Eutrombicula lipovskyana Ecology: Duration of attachment on
and Bursey lizard Arizona
hosts
1993)
Ouachita
(Anthony et Mountains of Male salamanders have more
Salamanders Oklahoma and Hannemania dunni .
al. 1994) chiggers than females.
Arkansas
(Goldberg . . .
and Bursey lizard Arizona Eutrombicula lipovskyana Prevalence of chigger infestation on
lizard
1994)
(Pung et al. Opossums and Southeastern Eutrombzcu{a 'alfreddugesz, . .
. Leptotrombidium peromysci, Survey of chiggers on rodents
1994) Raccoons Georgia i .
and Neotrombicula whartoni
gl;olrgegsgr et white-tailed deer | Southern Florida Eutrombicula splendens Survey of chiggers on deers
(Durden et South Carolina and | Eutrombicula peromysci and .
al. 1997) Eastern woodrats Georgia Eutrombicula alfreddugesi Survey of chiggers on rodents
(Goff and Taxgnpmy: descrlbéd a new species
. e . Hexidionis garfieldi collected from a
Mckown Domestic cat Texas Hexidionis garfieldi :
1997) cat, and given a key to the genus
Hexidionis
(Little et al. white-tailed deer | Georgia Yery 51m1'lar to Neotrombicula Reports of trombidiosis (dermatitis)
1997) richmondi in deers
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Table 1: (continued).

(Spalding et . . o . Reports of trombidiosis (dermatitis)
al. 1997) Sandhill cranes Florida Blankaartia sinnamaryi i1 sandhill cranes
Cotton mouse, Cheladonta ouachitensis,
Cotton rat, Euschoengastia peromysci
(Durden et eastern woodrat, | Northwestern & P V5L .
. Neotrombicula whartoni, Survey of chiggers on rodents
al. 2000) golden mouse, Florida . . .
castern gray Eutrombicula cinnabaris,
squirrel Leptotrombidium peromysci
(Pung et al. Southern flying southeastern - . .
2000) squirrels Georgia Leptotrombidium peromysci Survey of chiggers on rodents
North
(Sladky et al. Tree frog Carolina Hannemania sp. Report of chiggers on tree frogs
2000) .
Zoological Park
(Williams et | Northern . . . .
al. 2000) Bobwhite Quail Eastern Kansas Neotrombicula whartoni Report of chiggers on quails
(Cunningham . . Reports of trombidiosis (dermatitis)
et al. 2001) Black bear Florida Eutrombicula splendens i black bear
White-footed
mouse, marsh rice Provided the first evidence of
(Houck et al. | rat, fulvous . . .
Texas Eutrombicula splendens hantavirus-specific RNA from
2001) harvest mouse, .
. Eutrombicula splendens
pigmy mouse,
hispid cotton rat
(Durden et . southeastern Eut{fombzcu.la splendens, .
Gray squirrels . Myiatrombicula cynos and Survey of chiggers on rodents
al. 2004) Georgia . )
Neotrombicula whartoni
(Klukowski | Eastern Fence . . Ecology: seasonal distribution of
2004) Lizards middle Tennessee | Eutrombicula sp. chiggers on lizards
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Table 1: (continued).

(Reeves et al.

Comatacarus americanus,
Euschoengastia blarinae,
Euschoengastia jamesoni,
Euschoengastia peromysci,
Euschoengastia pipistrelle,
Eutrombicula alfreddugesi,
Eutrombicula splendens,
Fonsecia palmella,

Report 15 chigger species in South
Carolina based on records from

2004) NA South Carolina Miyatrombicula cynos, Clemson University Arthropod
Neoschoengastia americana, Collection and relevant literature
Neotrombicula autumnalis,
Neotrombicula fitchi,
Neotrombicula waynensis,
Neotrombicula whartoni and
Parasecia gurneyi
(Malone and CIiff chirpin Report of Hannemania monticola
Paredes-Leon fro fping Texas Hannemania monticola from frogs; the first record of
2005) & Hannemania monticola in the US
Microtrombicula boneti,
Microtrombicula carmenae,
(Kurta et al. . . Perates discors, Perates .
2007) Mormoopid Bats | Puerto Rico monops, Whartonia Survey of chiggers on bats
guerrerensis
(Pearce and
O’Shea big brown bats Colorado Leptotrombidium myotis Survey of chiggers on bats
2007)
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Table 1: (continued).

(Torrence et | two spadefoot Texas Hannemania s Report of Hannemania sp. infestation
al. 2007) toads p- on toads
Oldfield mice, . .
(Nims et al castern harvest Euschoengastia peromysci and
2008) ’ mouse and short- Southeastern Leptotrombidium Peromysci, Surveys of chiggers on rodents
tailed shrews Georgia Comatacarus americanus
Patterns of Hannemania dunni
parasitism among salamanders:
comparison of chigger abundance
Western piedmont from different boy locations of
(Westfall et | Plethodontid . . salamanders; evaluation of the
of Hannemania dunni . .
al. 2008) salamanders North Carolina relationship between salamander
body size and chigger abundance,
sample location and chigger
abundance; examining seasonal
variation in chigger abundance
Chiricahua
(Bulté etal. | Yarrow’s spiny mountains of . . . .
2009) lizards southeastern Not identified to genus Report of chiggers on lizards
Arizona
Taxonomy: Described a new species
(Mertins et . Whartonacarus floridensis sp. mn th? genus WhartO'n acarus;
cattle egret Florida Keys provided a taxonomic review and
al. 2009) nov. .
revised key of the genus
Whartonacarus
(Corn et al. . Eutrombicula splendens and Reports of chiggers from wild-caught
2011) Burmese pythons | Florida Eutrombicula cinnabaris exotic reptiles
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Table 1: (continued).

Reexamined the chiggers reported
from Torrence et al. 2007 and found

(Mertins et Spadefoot toads Soqthern high Eutrombicula alfreddugesi the chiggers identified previously as
al. 2011) plains of Texas . .
Hannemania sp. were Eutrombicula
alfreddugesi
. Provided a list of chigger species,
(Walters et NA NA 247 species (reported from the states and hosts reported from the US
al. 2011) US)
and Canada
the Florida sand
skmk and the Ecology: Assessed the influence of
(McCoy et Florida scrub . . =0
. Florida Eutrombicula sp. fire histories on the prevalence of
al. 2012) lizard, and the . .
o Eutrombicula sp. on lizards
six-lined
racerunner
(McAllister .
et al. 2013) Ozark zig-zag Northern Hannemania dunni Survey of chiggers on salamanders
salamanders Arkansas
Taxonomy: argued Eutrombicula
(Bennett et . . . cinnabaris should be the best
al. 2014) NA NA Eutrombicula cinnabaris available name for the species
previously called E. alfreddugesi.
(Crossley Rafinesque’s Bio- Described the first record of one
and Clement d g Georgia Hoffmanniella solickiana species in the genus Hoffmanniella
Eared Bat
2015) from the US
Eutrombicula splendens and
(Garvin et al. | Lizards and Oklahoma Eutrombicula cinnabaris Survey of chiggers on reptiles

2015)

snakes
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Table 1: (continued).

(McAllister

et al. 2015) Southern Toad Florida Hannemania hegeneri Survey of chiggers on toads
(Ott-Conn et Amargosa vole California Neotrombicula microti Report of chiggers on endangered
al. 2015) Amargosa vole
Rio Grande
g:/giAzllol?t;)r i’elzri)r?getzggrznd Texas Hannemania dunni Survey of chiggers on amphibians
frog
%11 171)e y etal. community cats Ohio Not identified to genus Survey of chiggers on cats
g?:i( kze(‘)gf ;;1 I;;gtrl;zrr? dikc,my Alabama Hannemania dunni Survey of chiggers on salamanders
(Harrity and Yuma Ridgway’s | southwestern . Report of severe chigger infestation
Conway . . Blankaartia spp. . )
2019) Rails Arizona on an endangered bird species
(Bassini- . ) . .
Silva et al. NA NA Parasecia Ecology: provhlded a revision of the
2020) genus Parasecia and a key to species
. Ocala National Relationship between sexual color in
g(o)gt(;))n ctal 1:011(')1§lladlaizar ds Forest (ONF) of Eutrombicula cinnabaris male Florida
central Florida scrub lizards and chigger infestation
Provided some stereoscopic
photographs of Euschoengastia
(McAllister pipistrelli infestation and a scanning
etal. 2021) Bats Oklahoma Euschoengastia pipistrelli electron micrograph of this chigger

species; Provided a summary of host
and state records for this chigger.
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Table 1: (continued).

(Nielsen et

Annotated world checklist of the

al. 2021) NA NA NA Trombiculidae and
] Leeuwenhoekiidae (1758-2021)
. Chiggers have been
Sl\/l%nzn;)s °INA NA NA indicated in alpha-gal
) hypersensitivity.

'NA, not applicable.

147



Table 2: Summary of chigger molecular data in GenBank in peer-reviewed publications.

Different Peer
. chigger | . . .
Continent  Country specios in % reviewed Chigger species reported
Cr})enBa nk publications
Ascoschoengastia indica
Blankaartia
acuscutellaris
Leptotrombidium deliense
Microtrombicula
hamlongi
(Kumlert et ¢
Laos 1 30.56 7 2018) Schoengastia kanhaensis
Walchia alpestris
Walchia ewingi
Walchia ewingi lupella
Walchia kritochaeta
Walchia micropelta
Walchia minuscuta
. . (Dong et al. - .
Asia Thailand 1 2.78 2018) Leptotrombidium deliense
. (Zhou et al. Neoschoengastia
China ! 2.78 2020) gallinarum
Helenicula miyagawai
Park et al.
Korea 2 5.56 (Park et a Leptotrombidium
2015)
scutellare
(Shao et al. Leptotrombidium
Japan ! 2.78 2005) pallidum
. (Shao et al. Leptotrombidium
Malaysia 1 2.78 2006) fletcheri

Target genes’

cor
corl

18S, COI, whole
genome shotgun

corl

corl
corl
corl
corl
corl
corl
corl

Mitochondrial (mt)
DNA complete
genome

small subunit rRNA,
large subunit rRNA,
5.8S, internal
transcribed spacer 2,
large subunit rRNA,
col

18S

mt DNA complete
genome, COI, 188,
5.8S

COI, mt DNA
complete genome,
5.8S, whole genome
shotgun

mt DNA complete
genome
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Table 2: (continued).

(Young et . L
Canada 1 2.78 al. 2012) Neotrombicula microti

North (Pepato and

America Klimov ]
US 1 2.78 2015, Eutrombicula splendens

Klimov et
al. 2018)

278 (Klimov et Acomatacarus

Mexico 1 al. 2018) arizonensis

Arisocerus hertigi
Blankaartia sinnamaryi
Eutrombicula daemoni

Eutrombicula goeldii

Eutrombicula tinami
South (Ja and Dm

A .
Menea g azil 12 3233 217
Jacinavicius

etal. 2019) Hannemania yungicola

Fonsecia ewingi
Hannemania hepatica

Quadraseta brasiliensis

Quadraseta pazca
Quadraseta trapezoides

COI

large subunit rRNA,
small subunit rRNA,
288, 188, Efi-a,
Srp54, Hsp70, COI

28S, 188, COI, Efl-
o, Srp54, Hsp70
small subunit rRNA
small subunit rRNA
small subunit rRNA
small subunit rRNA
small subunit rRNA

18S

18S

18S

small subunit rRNA,
18S

small subunit rRNA
small subunit rRNA

Trombewingia bakeri small subunit rRNA
(Moniuszko Hirsutiella zachvatkini cor
Poland 3 8.33 etal. 2015, Miyatrombicula muris col
Europe 2018)  Neotrombicula inopinata col
. (Soller et al.
Spain 1 2.78 2001) Morelacarus sp. col
Africa Madagascar 1 2.78 (Kiene et al. Schoytedenzghza small subunit rRNA
2020) microcebi

1'%: Percent of different chigger species from each country out of the total 36 different species in

GenBank in peer-reviewed publications.

2Gene abbreviations: COI, cytochrome c oxidase I; 18S, 18S ribosomal RNA gene; 5.88S, 5.8S
ribosomal RNA gene; Ef7-a, elongation factor 1alphal00E; Srp54, signal recognition particle

protein 54k gene; Hsp70, Hsc70-5 heat shock protein cognate 5 gene.

149



Table 3: Methods of avoiding chigger bites. References: Anderson and Oi 1998, Moore and

Merchant 2005, Houseman 2011, “Chiggers” 2022.

Methods of avoiding chigger bites

Before you go outdoors

When you are outdoors

After you come inside

Yard

Wear permethrin-treated clothing
Apply repellents like DEET

Wear tightly woven long sleeves, long pants, and closed-
toe shoes

Tuck shirts into pants, tuck pants into socks

Stay in the middle of the trail, avoid high bushes and tall
grass

Avoid sitting directly on the ground

Remove clothing immediately and launder it in hot water

Wipe down shoes and boots

Take a hot and soapy shower with a vigorous skin
massage

Try to keep small mammals out of the yard by putting up
a fence and keeping trash can lids secured

keep turf short and vegetation trimmed
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Number of publications
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AN 9307 9807 05079607 910798079007 000 10\’0010301

Figure 1: Bar chart of publications of chiggers in the US. Publications were searched through the
Web of Science on May 3, 2022. The search strategy was in Table S1).
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hosts

Parasitic larva, six-
legged, feeds on
host's lymph and

skin cells
Engorged larva drops

off host

Eggs hatch into

deutovum (prelarva), |
which are quiescent
with regressive

o
|
|

ERRELERUEE Protonymph develops
‘ 2-3hgeneratlons inside larva, is quiescent
Adult female @ pac year ) , and does not feed
oviposts / in temperate regions /
Adult female, takes up @
spermatophore into its _ Deutonymph, the first active
genital tract, not by postlarval stage, eight-legged,
direct copulation @ i . preys on arthropod eggs and
p ritonympn, 1s their other stages in the soil
Adult male ¥——  quiescent and ]
produces Adult, free-living inthe  does not feed
spermatophore soil, preys on arthropods

eggs and their other
stages in the soil

Figure 2: Typical life cycle of chiggers. Created with BioRender.com.
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https://biorender.com/

Funnel

Screen

Celluloid window

6.35 cm

«~—— Waterproof and
lightproof paper

Ethanol 60.96 cim

Celluloid window Light source

/Watcrproof and lightproof paper

Figure 3. Chigger collecting methods. A, live-trapped rodents in Sherman traps (photo credit to
Reuben Garshong); B, black tile on the ground; C, Berlese funnel; D, design of light trap
(modified from Johns, 1950); E, horizontal view of the light trap, arrows inside the trap show the
paths taken by chiggers (modified from Johns, 1950).
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Chigger
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Figure 4: Chigger species richness in the US. Created with Datawrapper. Data sources: Walters
et al. 2011, Crossley and Clement 2015.
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Arisocerus hertigi (MG817637)

51

Blankaartia sinnamaryi (MG783391)

Eutrombicula daemom (MG707783)

Eutrombicula splendens (KP325057)

Eutrombicula goeldit (MG 817639)

Quadraseta brasiliensis (KY934464)

Quadraseta pazca (MG817644)

>4

Lutrombicula tinami (IMG817641)

84 — Quadraseta trapezordes (MG817645)

52

Trombewingia bakeri MG817646)

0.0020

Figure 5. Neighbor-Joining tree of small subunit rRNA sequences of chigger collected from
American countries. The chigger small subunit rRNA sequences data were downloaded from
GenBank that were also published in peer-reviewed journals. The percentage of replicate trees in
which the associated taxa clustered together in the bootstrap test (1000 replicates) are shown
below the branches. The tree is drawn to scale, with branch lengths in the same units as those of
the evolutionary distances used to infer the phylogenetic tree. The evolutionary distances were
computed using the Kimura 2-parameter method and are in the units of the number of base
substitutions per site. This analysis involved 10 nucleotide sequences. All positions containing
gaps and missing data were eliminated (complete deletion option). There were a total of 403
positions in the final dataset. Evolutionary analyses were conducted in MEGA11.
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Supporting information

Table S1. Search strategy used for Figure 1 was #1 AND #2 from Web of Science Core
Collection.

Concept 1 #1 (((((TS'= ("Larval mite*")) OR TS=("larval trombiculid

(Chiggers) mite*")) OR TS=("Chigger*")) OR TS=("Harvest
Mite*")) OR TS=("berry bug*")) OR TS=("trombiculid
mite*")

Concept 2 #2 (CCcccceeeeaQQQQrrrccccccccccccccccUTS=("New

(United States) world")) OR TS=("U.S.A.")) OR TS=("U.S.")) OR

TS=("US")) OR TS=("USA")) OR TS=("United
States")) OR TS=("Alabama")) OR TS=("Indiana")) OR
TS=("Alaska")) OR TS=("Arizona")) OR
TS=("Arkansas")) OR TS=("California")) OR
TS=("Colorado")) OR TS=("Connecticut")) OR
TS=("Delaware")) OR TS=("Florida")) OR
TS=("Georgia")) OR TS=("Hawaii")) OR TS=("Idaho"))
OR TS=("Illinois")) OR TS=("Iowa")) OR
TS=("Kansas")) OR TS=("Kentucky")) OR
TS=("Louisiana")) OR TS=("Maine")) OR
TS=(Maryland)) OR TS=(Massachusetts)) OR
TS=(Michigan)) OR TS=(Minnesota)) OR
TS=(Mississippi)) OR TS=(Missouri)) OR
TS=(Montana)) OR TS=(Nebraska)) OR TS=(Nevada))
OR TS=("New Hampshire")) OR TS=("New Jersey"))
OR TS=("New Mexico")) OR TS=("New York")) OR
TS=("North Carolina")) OR TS=("North Dakota")) OR
TS=(Ohio)) OR TS=(Oklahoma)) OR TS=(Oregon)) OR
TS=(Pennsylvania)) OR TS=("Rhode Island")) OR
TS=("South Carolina")) OR TS=("South Dakota")) OR
TS=(Tennessee)) OR TS=(Texas)) OR TS=(Utah)) OR
TS=(Vermont)) OR TS=(Virginia)) OR
TS=(Washington)) OR TS=("West Virginia")) OR
TS=(Wisconsin)) OR TS=(Wyoming)) OR TS=("Puerto
Rico")

I'TS : Topic (Searches title, abstract, author keywords, and Keywords Plus)
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Table S2. Number of chigger species reported in each US states. Data sources: Walters et al.
2011, Crossley and Clement 2015.

US states Number of chigger species reported
Alabama 13
Alaska 3
Arizona 29
Arkansas 16
California 97
Colorado 30
Connecticut
Delaware 4
District Of Columbia
Florida 21
Georgia 21
Idaho 24
Illinois 11
Indiana 27
Iowa 2
Kansas 47
Kentucky 3
Louisiana 5
Maine 4
Maryland 11
Massachusetts 8
Michigan 15
Minnesota
Mississippi
Missouri 11
Montana 22
Nebraska 11
Nevada 30
New Hampshire 1
New Jersey 10
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Table S2. Number of chigger species reported in each US states. Data sources: Walters et al.
2011, Crossley and Clement 2015 (continued).

New Mexico
New York
North Carolina
North Dakota
Ohio
Oklahoma
Oregon
Pennsylvania
South Carolina
South Dakota
Tennessee
Texas
Utah
Vermont
Virginia
Washington
West Virginia
Wisconsin
Wyoming

Hawaii

16
14
22

21
24
21
16
14
13
75
52

10

10
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